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Fish as model systems

Paolo de Girolamo, Livia D’Angelo
Department of Veterinary Medicine and Animal Production, University of Naples Federico II,

Naples, Italy

Fishes exist in a multitude of forms and have many unique physiological,
behavioral, and ecological specializations, thanks to the enormous evolu-
tionary radiation of fishes comprising at least 27,000 species (Nelson, 2006).
Thus they are useful indicators of environmental quality and ecological
integrity, and their individual adaptations and physiological specializations
make them suitable for use as physiological and biomedical models. Although
fish diverged from humans more than 400 million years ago, there are enough
commonalities to justify conducting research that is relevant to humans in
these animals (Schartl, 2014; D’Angelo et al., 2016). Small fish have several
advantages for biomedical research:

1. embryos develop externally in many species, allowing easy visualization of
embryological processes;

2. generation times are relatively fast allowing genetic experiments to be
performed within a short time frame;

3. development of genetic modification tools has sped up the rate at which
genes related to human diseases can be tested in fish through the generation
of mutant models;

4. large embryo clutch sizes enable many individuals to be tested simulta-
neously and it is considerably easier to reach statistically significant
experimental numbers;

5. these animals are ideal models for large-scale analyses, i.e., any soluble
chemical compound can be tested in a multiwell plate approach by sub-
mersion of animals.

In addition, fish can be bred and maintained in large numbers easily and at
low cost.

Therefore the use of small fish in biomedical research has grown quickly,
aided also by the acquisition and application of the principle of relative
replacement, suggesting wherever possible the use of animals with a simpler
central nervous system (Russell & Burch, 1959).
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In terms of scientific rigor, the fish species chosen for experimental study
must be appropriate to the scientific objectives. Therefore choice of species
requires knowledge of their life history, behavior, physiology, and genetics
along with husbandry requirements for laboratory studies (Sneddon et al.,
2017), to ensure reproducibility and repeatability of results. In addition, hus-
bandry and experimental conditions require standardized parameters to control
undesirable effects of factors that may affect results and the challenge of repli-
cability from study to study. Standardization aims also to reduce the number of
subjects and increase the comparability of results within and between labora-
tories (Lieggi et al., 2020). The parameters that require standardization depend
on the experimental objections, the sensitivity of the readouts, and the possible
impact of standardization on animal welfare. However, a strictly standardized
study may fail to detect the effects of experimental manipulations, either
because the environmental and developmental conditions and/or the test envi-
ronment may not promote the expression of a phenotype, or because the test
environment provides conditions hardly ever seen in replication but under
which an experimental outcome becomes visible (Lieggi et al., 2020). The
consistency of research reproducibility and repeatability relies on further
relevant aspects, such as variations in husbandry and environmental condi-
tions, including the environmental conditions before and during experiments.
Variations in any biotic and abiotic environmental parameters (Fig. 1) can
potentially induce physiological responses in the animal and may

FIGURE 1 Representation of biotic and abiotic factors that can affect physiological responses in

fish and may consequently affect the experimental results.
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consequently affect the experimental results. The control and standardization
of environmental parameters are thus crucial to ensure the welfare of animals,
other than the quality and reproducibility of the scientific outcome. Depending
on the species considered, knowledge of the effects of such variations may be
more or less incomplete, and therefore not completely predictable. The natural
history of each organism must be used as a template for developing appro-
priate husbandry practices and ensuring animal welfare. Welfare assessment
implies deep knowledge of the species-specific behavioral responses to the
different environmental situations, other than the traditional definitions of pro-
duction in terms of fecundity and growth.

Multiple environmental factors affect fish health and welfare, including
housing systems, water supply and quality, feeding, circadian rhythms, noise,
and the environment within and surrounding the tank.

Housing tanks vary in size, shape, and materials (glass, fiberglass, polycar-
bonate, etc.) according to the fish species, its ecology, and research needs.
Tank size has influence on fish activity levels and behavior during different
developmental stages.

Water supply and quality depends on the local water supply and on the
water system in place. Most housing systems are recirculating, in which pumps
feed water into the tanks and, through an overflow system, remove an equal
amount of water. These systems are fully integrated with filter systems,
germicidal irradiation and light and temperature control units, and rate of
water flow. The water flow is an important variable particularly for those
species living in slow-flowing water bodies, such as zebrafish, where higher
water flow increases aggression between conspecifics (Suriyampola et al.,
2017). Water quality parameters must be set according to the different life
stages and physiological status of each species. Among water parameters to
consider and control are:

- oxygen: fish, as with all aerobic organisms, require oxygen for breathing.
The concentration of O2 dissolved in water affects fish activity and meta-
bolism and alters the swimming behavior with related effects on many
aspects of fish life;

- nitrogenous compounds: derive as waste products from the amino acid
catabolism, and the most abundant nitrogen products of excretion are
ammonia (sum of NH3 and NH4

þ) and urea;
- pH: the great majority of freshwater aquatic organisms live at pH 6.5e8.5,

which corresponds to the same range found in most freshwater lakes,
streams, and ponds. pH variations affect the metabolism and homeostasis of
cells and the whole organism;

- salinity: fish species are subdivided in euryhaline, able to tolerate large
variations in salt concentration, and stenohaline, more sensitive to salinity
changes. The high tolerability is due to their regulatory systems of ions and
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water (gills, digestive system, kidney) able to undergo structural and
functional reorganizations in response to altered salinity;

- temperature: fish are ectothermic or poikilothermic organisms whose body
temperature corresponds to water temperature, and thus variations in
ambient temperature strongly affect fish biology and influence growth rate,
food consumption, feed conversion, physiology, and behavior along with
other body functions in addition to modifying the pH and environmental
parameters.

Feeding includes the amount and quality of food sufficient to ensure the
intake of calories and nutrients necessary to meet the metabolic needs of the
animal without producing excessive waste in the aquatic system. Based on
feeding habits, fish species are grouped as herbivorous, carnivorous, detritivo-
rous, and omnivorous, and acquisition of food is a process based on different
sensory systems, including vision, chemoreception, acoustics, lateral line, and
electroreception all of which may contribute to aspects of the feeding behavior
in fish.

Light/dark cycle is relevant for the entire life cycle, from embryonic devel-
opment to sexual maturation into adulthood and regulation of the circadian
rhythm and activity of species. Fish must be maintained under an appropriate
photoperiod where natural light does not allow a suitable light/dark cycle and
controlled lighting with an intensity adapted to the reared species must be pro-
vided to satisfy biological requirements (Toni et al., 2019).

Noise is an important parameter affecting the welfare of animals. Teleost
fish can be separated into two nontaxonomic groups based on their sensitivity
to sound: hearing specialists and hearing generalists (Popper, 2003). The hear-
ing specialists, such as the goldfish, have small bony connections (Weberian
ossicles) or other structures that bridge the swim bladder with the inner ear,
enabling these species to detect higher-frequency sounds. Hearing generalists,
which are the majority of fish species, lack these specialized connections and
only perceive frequencies below 500e1000 Hz (Popper, 2003). Intense noise
(over 140 dB) in fish may induce temporary hearing loss, damage in the inner
ear sensory epithelium, and endocrine stress responses (Amoser & Ladich,
2003).

Enrichment of environment, either structural and social, is an important
variable to consider for ensuring reproducible and valid data (Volgin et al.,
2018). Structural enrichment (such as plants, gravel, images depicting gravel
substrates, etc.) exposes fish to sensory stimuli (visual, motor, cognitive, and
somatosensory) and represents an alternative and/or complementary approach
to reduce stress and promote animal welfare, with a positive effect also on
reproduction and survivorship of larvae (Volgin et al., 2018). Social enrich-
ment depends on the ethology of housed fish species. Zebrafish, for instance,
are highly social animals and display typical shoaling behavior (swim in
aggregated groups). Interestingly, shoaling behavior can be observed among
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fish that are separated by glass, remaining in visual but not in physical contact
(Kistler et al., 2011).

In addition to these abiotic factors, in the aquatic environment it is equally
important to consider normal species behavior, group dynamics, stocking den-
sity, and importantly the genetic background, all aspects that can influence
research results. Behavioral patterns such as locomotion, hunting, prey avoid-
ance, exploration, reproduction, and territory protection are tightly dependent
on the biology and ecology of the fish species and require a profound knowl-
edge to interpret experimental data.

The genetic background of fish is of high importance within certain model
species. There are genetic strains that may differ phenotypically (Crim &
Lawrence, 2021) and the most appropriate strain for the experimental question
must be considered. When choosing a fish species, the genetic background is
critically important to experimental outcomes, interpretation, reproducibility,
and replicability. This is still an unresolved issue with regards of some fish spe-
cies, including zebrafish (van den Bos et al., 2019). Standardization of geno-
types using inbred strains or selected lines, consisting of genetically identical
“clones” that are in principle precisely replicated across studies, is commonly
applied to a wide range of vertebrate model organisms, including mammals
and some fish species, i.e., Medaka and platyfish, which have been inbred
for more than 100 generations. However, in the case of zebrafish, the common
laboratory fish, inbred strains are not in place yet, although zebrafish wild-type
lines are often reported and treated as inbred strains, implying a uniformity of
genetic background that does not exist. Different zebrafish lines display a wide
array of differences, including various behavioral traits, swimming ability,
growth, and gene expression to strain (van den Bos et al., 2019).

Altogether, recognition of all these abiotic and biotic factors is essential to
ensure fish welfare and a high-quality study design. Empirical evidence for
nociception has demonstrated the evolutionary conservation of nociception
and pain from invertebrates to vertebrates, and the biology of the nociceptive
system is strikingly similar between fish and mammals (Sneddon, 2019). Ev-
idence of nociceptors in fishes comes from molecular biology, neurobiology,
and anatomy, as well as from the whole animal behavioral responses. When
experiencing a painful stimulus, fish do not show appropriate fear or antipred-
ator responses. Furthermore, changes in behavior are prevented by drugs that
provide effective analgesia, providing evidence that these changes are driven
by nociception and pain mechanisms (Sneddon, 2019).

In conclusion, the wonderful diversity of fish and their amenability to
conduct research, together with the acquisition and application of the principle
of relative replacement (Nelson, 2006), have led to an explosion of fish as
model systems in science. However, rigorous approaches respectful of
species-specific welfare needs, environmental and husbandry conditions, as
well as genetic background represent the pillar to design experiments with
fish as well as ensure reproducibility and repeatability of research data.
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Chapter 1

Biology and research
applications

Bräutigam Lars1, Filipek-Górniok Beata2
1Comparative Medicine, Karolinska Institutet, Stockholm, Sweden; 2Department of Organismal

Biology, Uppsala University, Uppsala, Sweden

The biology of the zebrafish

The zebrafish was first described by Francis Hamilton in 1882 who found this
“beautiful fish with several blue and silver stripes on each side” near the Ganges
river in India (Hamilton, 1822). After George Streisinger first used the zebrafish
in the 1980s to study vertebrate development, it became one of the most
important laboratory animals at an unprecedented pace. Detailed knowledge of
the biology, ecology, and natural behavior of zebrafish is essential for opti-
mizing zebrafish husbandry in research laboratories and for improving animal
welfare, which in turn is an essential part of generating reliable scientific data.

Geographic distribution

The zebrafish is native to much of the Indian subcontinent, stretching from
Pakistan in the west across India, Nepal, and Bangladesh to Myanmar in the
east. The zebrafish can be found in a diverse range of habitats, from fast-
flowing streams on the foothills of the Himalayan mountain range to the
natural wetlands of the Indo-Gangentic plains as well as rice fields, ponds, and
drainage ditches (Spence et al., 2006). Those habitats are all located in the
monsoon region with an extreme seasonal climate variation, from cold and dry
winter months to the hot and extremely wet period of the monsoon that brings
heavy rains that submerge much of the floodplains of the Indian subcontinent.
The zebrafish is clearly well adapted to drastic environmental changes and
field expeditions have found zebrafish in water habitats with an astonishingly
broad range of water conditions and floor substrates (Spence et al., 2006;
Arunachalam et al., 2013). Most of these habitats were associated with aquatic
vegetation; however, zebrafish were also found in barren waters. Aquatic
vegetation likely provides larval and adult zebrafish shelter as well as a reliable
source of food (Spence et al., 2007).

Laboratory Fish in Biomedical Research. https://doi.org/10.1016/B978-0-12-821099-4.00013-4
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In summary, the zebrafish occupies a wide range of natural habitats with
highly variable environmental conditions, which makes the fish well suited to
being bred in captivity. Although zebrafish thrive in diverse environments,
standard conditions for husbandry and care are required to generate reliable
and repeatable scientific data (Alestrom et al., 2020).

Zebrafish appearance and life span

The adult zebrafish is between 2 and 4 cm long and is characterized by a
fusiform, laterally compressed shape (Fig. 1.1). Whereas the male is torpedo
shaped (Fig. 1.1B), the female has a characteristically whitish belly
(Fig. 1.1A). Both sexes have dark-blue stripes on each side interspaced with
either gold (male) or silver (female) stripes.

The zebrafish possesses a pair of pectoral and pelvic fins and a single
dorsal, anal, and caudal fin. The large caudal fin is often partly amputated for
genotyping purposes and has, as have many other tissues of the zebrafish, a
remarkable potential for regeneration. Wild zebrafish are thought to be pri-
marily an annual species, most likely due to the extreme seasonal variation that
occurs in their geographic distribution (Spence et al., 2007). In captivity,
however, zebrafish can live for 3e4 years (Gerhard et al., 2002) even though
most colony fish are sacrificed at 2 years of age for health management and
breeding reasons (Kent et al., 2020).

Zebrafish phylogeny and genetics

The zebrafish, Danio rerio, is one of many members of the genus Danio, the
taxonomy of which has only recently been resolved with the profound impact
of molecular taxonomy (McCluskey and Postlethwait, 2015). The genus Danio
itself is part of the cypriniforms, which belong to the teleostei infraclass
(Betancur et al., 2017). Importantly, the ancestor of the teleostei infraclass
underwent an additional whole-genome duplication. After a partial redi-
ploidization, a substantial number of zebrafish genes remain duplicated and
those paralogs often show functional diversification or neofunctionalization
(Force et al., 1999), which needs to be kept in mind when dissecting gene
function and conservation. Besides Danio rerio, many other Danio species

FIGURE 1.1 Representative drawing of the adult zebrafish: (A) female; (B) male.
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have been described (McCluskey and Postlethwait, 2015). All those strains
populate the same habitats and share most of the intrinsic traits that make
Danio rerio such a powerful model organism. Among them is Danionella
translucida, an almost completely transparent member of the Danio species,
which will be described in detail in this book.

Zebrafish embryonic development

The zebrafish egg is relatively large (w0.7 mm), completely transparent, and
fertilized ex utero. The sperm enters the egg through the micropyle, which
corresponds to the future animal pole (Amanze and Iyengar, 1990). The
vegetal pole is located on the opposite site and the animalevegetal axis de-
termines the anterioreposterior axis that forms during gastrulation. After the
sperm has entered the egg, the first cell appears at the animal pole within
30 min. A meroblastic cleavage period starts, i.e., the blastula phase, during
which the embryonic cells divide synchronically every 20 min. This incredible
speed of division is only possible since the cells skip the G1 and G2 phase and
solely run through M- and S-phase (Kimmel and Law, 1985). Three hours into
embryonic development the first milestone is reached: the maternal-to-zygotic
transition. At that stage four dramatic changes take place: (1) an increasing
number of zygotic genes are transcribed, (2) the cell divisions become asyn-
chronous and start to include an interphase (G1/G2), (3) the cells become
increasingly restricted in their fates, and (4) the first cellular rearrangements
take place, which mark the onset of gastrulation and the establishment of the
three germ layers. During this gastrulation phase, the cells start to migrate
toward the vegetal pole around the yolk in a process called epiboly. When the
cells cover approximately 50% of the egg, the shield stage is reached and a
thick ring called the germ ring is formed. The cells located in the germ ring
subsequently begin to involute and move underneath the surface cell layer.
During that process, the endoderm, mesoderm, and ectoderm are specified.
Besides the macroscopic cellular rearrangements, a complex pattern of
signaling pathways is established, among others from the organizer during the
shield stage, which determines the cellular fate of most of the embryonic cells
(Shih and Fraser, 1996). After the gastrulation phase is completed, somito-
genesis starts during which one segment appears every 20 min. The number of
segments is often used for precise staging of the early embryo. The precursors
of almost all organs are formed during somitogenesis and after only 24 h
postfertilization (hfp) the zebrafish embryo has a functional axonal network.
Soon thereafter the heart starts to beat (at ca. 30 hpf) and the zebrafish hatches
(at ca. 48 hpf). See also Fig. 1.2.
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The history of the zebrafish as laboratory model

Behind each new idea and discovery stands a person with a great mind driven
by its hunger for knowledge, determination, and an urge to seek new, better
solutions.

Very few researchers have contributed to the emergence of a new vertebrate
model system as has George Streisinger, establishing this amazing new tool of
research for thousands of scientists worldwide. Zebrafish had already been
used since 1950 to study embryology and toxicology (van Raamsdonk et al.,
1980; Weis, 1968; Weis, 1968; Laale, 1977; Hisaoka and Battle, 1958);
however, it is George Streisinger who is recognized as the founder of zebrafish
model-based research. His primary efforts in the field date back to the late
1960s when his work on recessive mutations pushed him to seek and establish
a new functional vertebrate model. He and his group considered several spe-
cies of fish with zebrafish ultimately being selected due to the same reasons for
which they are still valued today. Zebrafish are easy and fast to breed in
laboratory conditions year-round. The transparent eggs are big, easy to
manipulate, and externally fertilized, same as the embryos which are trans-
lucent and large, enabling manipulation as well as phenotypical and behavioral
observations. One of Streisinger’s biggest achievements was the development
of a method for the production of homozygous diploids of zebrafish (Strei-
singer et al., 1981).

Another researcher whose name has gained well-deserved respect and
recognition in establishing zebrafish as a model system is Charles Kimmel,
whose primary neurobiology focus eventually resulted in the development of
fluorescent techniques allowing for neuronal lineage tracing and the discovery
of the zebrafish brain’s segmental structure (Grunwald and Eisen, 2002). Few
publications have been so influential for the zebrafish field as the paper from

FIGURE 1.2 (A) One-cell stage (0.5 h postfertilization [hpf]), (B) 64-cell stage (2 hpf), (C) 14-

somite stage (16 hpf), (D) prim-6 stage (25 hpf), (E) 72 hpf.
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Kimmel and colleagues on the stages of embryonic development of zebrafish
published in 1995 (Kimmel et al., 1995). It described the early embryonic
development in unprecedented detail and provided the conceptional and hus-
bandry framework for all laboratories worldwide, enabling standardization of
conditions and comparability of data.

A name not to be forgotten among those who have made a great impact on
the zebrafish research field is Christiane Nüsslein-Volhard, Nobel Prize winner
and leader of the ambitious ENU (N-ethyl-N-nitrosourea) point mutation
mutagenesis project, which had been inspired by a similar study from her
group conducted in Drosophila. Her project involved 65 scientists and students
conducting embryonic screens and resulted in the discovery of more than 4000
novel mutants.

“(.) when I realized that zebrafish was a system that might allow us to
exploit the genetic approach in a vertebrate, I saw a fascinating challenge,
particularly as genetics had worked so successfully in Drosophila to dissect
early patterning processes,” said Christiane Nüsslein-Volhard for the Spotlight
series of Development articles. Nearly 1200 mutants displayed phenotypes
affecting development or organogenesis, which, with immense effort, were
characterized and classified. The final results were summarized into a
Development special issue containing 37 papers gathered on 481 pages pub-
lished in 1996, becoming one of the most recognized sources of early zebrafish
development references (Nusslein-Volhard, 2012).

Resources for the zebrafish model

Growing interest in using zebrafish as a research animal model led to the first
small zebrafish meeting hosted at Streisinger’s home campus in Oregon in
1990, followed by the foundation of the Zebrafish International Resource
Center (ZIRC). Later, in 1994, the online-based Zebrafish International
Network (ZFIN) was founded, setting the goal to give access to data resources,
including genetic, genomic, and developmental information, to the research
community (https://zfin.org/). In practice, the ZFIN website provides a
comprehensive linkage between genomic and expressional data, publications,
references, protocols, training availabilities, job opportunities, and re-
searchers’ laboratory descriptions. The availability of manually cured and
detailed genomic DNA sequence is crucial to most, if not all, studies involving
zebrafish. The first efforts to sequence and annotate the zebrafish genome were
initiated in 2001 at the Wellcome Trust Sanger Institute (Howe et al., 2013).
The latest assembly coordinated by the Genome Reference Consortium and an
international collaboration between ZFIN and several other big research in-
stitutes was released in 2018. This assembly included nearly 26,000 coding
and an additional 6600 noncoding genes (http://genomeref.blogspot.com/
2020/05/zfin-and-genome-reference-consortium.html).
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The zebrafish as a model for development and pathology

The zebrafish as model in developmental biology

The zebrafish is a member of the phylum Chordata, more commonly known as
vertebrates, and has proven to be an excellent model system to unveil answers
to essential questions asked by developmental biologists. The seemingly
chaotic processes of cell division, differentiation, cellecell communication,
migration, and morphogenesis have been in the scope of their interest. The
zebrafish has been used as a tool to help understand the fundamental aspects of
functional organism formation, as high levels of body organization and genetic
conservation between different vertebrate species, therefore allowing for
broader conclusions, based on findings in this model. The zebrafish has been
utilized in studies on early development ranging from cell cleavage, deter-
mination of body axis, trunk segmentation, different aspects of nervous system
development, organogenesis, and cardiovascular and lymphatic system for-
mation, while investigations of Kupffer’s vesicle and its ciliation, equivalent to
mammalian embryonic node, has allowed for better understanding of organ
laterality (Gokey et al., 2016). The administration of dyes and the development
of transgenesis techniques, such as the Tol2 or CRISPR/Cas9 system, allowed
for the generation of thousands of transgenic lines. Prominent examples are
strains such as Tg(cmlc2:EGFP) (Huang et al., 2003), Tg(elavl3:EGFP) (Kim
et al., 1996), and Tg(fli1a:EGFP) (Lawson and Weinstein, 2002) in which the
precursor cells of the heart, the neurons, and the blood vessels are labeled with
green fluorescent protein (GFP) providing unprecedented insights into the key
organ systems of vertebrates. Those techniques also enabled whole-brain
functional imaging with single-neuron resolution, giving insights into the
neuronal activity of a living organism (Ahrens et al., 2013). Furthermore, the
growing field of single-cell RNA transcriptomics combined with CRISPR/
Cas9 technology led to the development of new tools for large-scale cell
lineage tracing (Ahrens et al., 2013). Those advanced techniques, com-
plemented with laser-ablation methods using the KillerRed protein, which
allows for cell-specific optogenetic ablations dissect the role of specialized
cells such as pericytes, immune cells, and renin cells (Buckley et al., 2017).

The zebrafish as model in pathology

Due to the large mutagenesis screens published in the 1990s (Driever et al.,
1996), the sequencing of the zebrafish genome (Howe et al., 2013) and the
outstanding technical advances thereafter, the field of zebrafish research has
also grown to include a countless number of disease models. Those models can
generally be divided into three different categories: (1) genetic models in
which a gene has been mutated to recapitulate a human disease-causing ge-
netic variant, (2) chemical models in which a pathological condition is
mimicked by exposure to chemical molecules, and (3) transplantation models
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in which cancer cell lines or patient-derived xenografts are transplanted into
the zebrafish. Besides powerful disease models, many transgenic lines are
available that allow for the screening of phenotypic and physiological changes
upon exposure to small molecules. The Tg(cmlc2:EGFP) line, which expresses
GFP in the heart, can be used to study the cardiotoxicity similarly as the
numerous reporter strains, which are used for ecotoxicology screens (Bambino
and Chu, 2017). Those disease and screening models can be analyzed either
with imaging-based methodology or with behavior-based analytical tools.

The zebrafish as a model for cancer research

Cancer is one of the major health condition that kills millions of people every
year. Although the number of cancer cases is continuing to rise worldwide, it is
not a “modern” disease. The ancient Egyptians suffered from cancer and the
medical name came from Hippocrates around 400 BCE because of its simi-
larities to crabs: “karkinos” in Greek. Since ancient times, humans have tried
to find a cure for cancer, but it was in the mid to late 1940s when Sidney
Farber started his famous experiments with antifolates to treat childhood acute
lymphoblastic leukemia (ALL) that chemotherapy became a weapon in the
fight against cancer. Soon, animal models were needed not only to test thou-
sands of chemicals for their antitumorigenic activity, but also to understand the
underlying cause of cancer. In the 1980s, a new laboratory animal, a small
tropical fish, started to appear in the scientific literature. After the seminal
mutagenesis screens from Christiane Nüsslein-Volhard and Wolfgang Driever
in the 1990s (Driever et al., 1996), and the sequencing of the zebrafish genome
(Howe et al., 2013), it became clear that genetic programs regulating both
tissue and organ development as well as oncogenes and tumor suppressors
were remarkably conserved in zebrafish (Howe et al., 2013). The extensive
conservation of organs and tissues together with the technical advances for
creating transgenic zebrafish paved the way for the zebrafish to enter the arena
of cancer modeling.

Transgenic cancer models

In 2003, Langenau and colleagues reported the first zebrafish cancer model in
a seminal publication in which they described that the overexpression of c-myc
under the control of a lymphoid-specific promotor led to the development of
ALL in zebrafishdsimilar to human patients. After that groundbreaking work,
numerous stable transgenic cancer models rapidly appeared. Again, the sim-
ilarity between zebrafish cancer models and human patients was striking.
Transgenic zebrafish expressing the BRAFV600E mutation develop pigmented
moles, just like human patients. Combining the expression of this oncogene
with the knockout of the tumor suppressor p53 led to the development of
malignant melanomas in almost 100% of the stable double transgenic
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zebrafish. Emerging techniques, like CRISPR/Cas9 for specific gene knock-
down (Hwang et al., 2013) or the Tol2 system for rapid creation of the
transgenic zebrafish (Kawakami, 2007), opened new ways for combinatorial
transgenic cancer modeling in zebrafish. Multiplexing CRISPR/Cas9 guide
mRNAs were shown to efficiently recapitulate complex genetic interactions in
human cancers and placing the Cas9 sequence under a tissue specific promotor
allowed for the creation of tissue-specific lesions or mutations. Furthermore,
combining CRISPR/Cas9 with the Tol2 system for efficient generation of
transgenic zebrafish enabled researchers to study different oncogenic mutation
profiles of malignant melanoma or T-ALL (Burns et al., 2018) among others.

Engraftment cancer models

Zebrafish embryos are particularly suitable for engrafting cancer cells. Hus-
bandry costs for zebrafish are much lower than rodents and a single female can
lay more than 200 eggs per week. Due to the optical transparency of embryos,
fluorescent transplants can easily be monitored and the interaction with host
cells can be studied in hundreds of reporter strains that are readily available
through zebrafish resource centers. Zebrafish embryos develop very fast and
although most components of the innate immune response are already differ-
entiated in 2-day-old embryos, the adaptive immune system is not functional
until 2 weeks after fertilization so no immunosuppressants are needed for em-
bryonic engraftment. The small size of zebrafish embryos allows for in vivo
high-throughput drug discovery screens or precision medicine applications.

The first engraftment of human and murine cancer cells into zebrafish
embryos was reported in 2006 and 2007. Remarkably, those xenotransplants
were found to induce tumor neovascularization by secretion of fibroblast
growth factor and vascular endothelial growth factor, exemplifying the high
conservation of human signaling pathways in zebrafish (Nicoli et al., 2007).
The successful engraftment of many other cancer types was published during
the following years and culminated in 2017, when the group of M. Ferreira
described the first patient-derived xenotransplantation (PDx) in zebrafish
embryos together with a phenotypic drug-response screen (Fior et al., 2017).
With that outstanding work, the zebrafish entered the field of precision cancer
medicine. Today, after more than a decade of optimizing cell culturing and
transplantation techniques, zebrafish PDx models show an accurate prediction
of patient response and have begun to revolutionize precision cancer medicine
(Xiao et al., 2020) (Fig. 1.3). Embryonic engraftment models have also
significantly added to our understanding of the tumor microenvironment,
especially hypoxia, which is an important contributor to cancer metastasis, cell
quiescence, and therapy resistance. Zebrafish embryos can, in contrast to mice
and rats, be exposed to severe hypoxic conditions and, due to their optical
transparency, provide a unique platform to study tumor microenvironment in
disease progression and drug resistance.
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There are, however, inherent limitations to using the zebrafish embryo as a
model for malignancies. The early zebrafish embryo is relatively small
allowing for only around 150 cancer cells to be transplanted, which may not
recapitulate the intrinsic heterogeneity and drug response observed in human
tumors. Furthermore, transplantation experiments must be carried out at
temperatures below 37�C, which may lower the proliferation rate compared to
malignancies in humans. Lastly, the embryo is quickly developing with cas-
cades of developmental-specific signaling pathways being activated as
opposed to the adult human patient.

Some of those issues can be circumvented by performing xenografts into
adult zebrafish. Recently, the Langenau group generated an adult zebrafish
transplantation model that allowed for long-term engraftment of human cancer
cells. In this model, two genes essential for the adaptive immune system are
homozygously inactivated so that chemical immunosuppressants or irradiation
are not required (Yan et al., 2019). Adult zebrafish can be transplanted with
significantly more tumor cells and, importantly, they can be kept at 37�C when
slowly acclimatized.

Since the 1980s, when George Streisinger first used the zebrafish animal
model to understand the genetics of vertebrate development, the zebrafish has,
despite inherent limitations, matured into an indispensable platform to un-
derstand and dissect cancer genetics, the cancer microenvironment, and to
design, develop, and optimize novel anticancer therapies. The remarkable
conservation of tissue and organ architecture, signaling pathways, and tumor
pathology will pave the way for zebrafish in the field of precision cancer
medicine.

The zebrafish embryo in drug discovery and high-throughput
screens

Two fundamentally different strategies are employed in drug-development
pipelines: target-based and phenotypic-based screens. In a target-based
screen, druggable target molecules (e.g., signaling molecules, enzymes, hor-
mones) involved in pathological processes are identified and characterized in

FIGURE 1.3 Human primary glioblastoma cells transplanted intracranially into zebrafish em-

bryos. The tumor microtubules are clearly visible. Pictures reproduced from Pudelko, L., et al.,

2018. An orthotopic glioblastoma animal model suitable for high-throughput screenings. Neuro

Oncol. 20, 1475e1484. https://doi.org/10.1093/neuonc/noy071.
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the laboratory. Subsequently, chemical libraries are screened in vitro to find
substances modulating those targets. In a phenotypic-based screen, chemical
libraries are tested in a disease model (either in cellulo or in vivo) and mol-
ecules that alter the disease phenotype, i.e., killing cancer cells, are selected
for further characterization. In both strategies, “hits” which are identified,
undergo intense medical chemistry, in vitro in vivo testing, and clinical trials
before they reach the market. The zebrafish, with its intrinsic traits favorable
for translational and clinical research, genetic accessibility, conservation of
disease-causing genes, and availability of transgenic lines and disease models,
has become an important link in the bench-to-bedside process of drug dis-
covery. It is employed in (1) target identification and validation, (2) lead
optimization and (3) toxicology/side-effect characterization (Cully, 2019).

Robotics and tools for automated screening

All drug screens involving zebrafish embryos require the ability to produce a
large number of developmentally staged embryos. For that, chambers for mass
production of zebrafish eggs (Adatto et al., 2011) as well as robotic systems for
sorting fertilized and unfertilized eggs have been published and commercialized
(https://bionomous.ch). The optical clarity and the small size of zebrafish em-
bryos make them ideal for image-based automatic screening to follow the onset
and progression of a disease or the efficacy of a drug treatment in vivo and in
real time. Several robotic solutions for automated imaging are available.
Zebrafish embryos, either alive or fixed, can be arrayed in 96-well plates by
means of agarose molds that keep them fixed in a dorsal or ventral position
(Wittbrodt et al., 2014). These plates can be handled in common automated
imaging systems designed for cell-based screens. Another solution for auto-
mated imaging, the VAST system, has been published and commercialized by
UnionBiometrica. This system aspirates embryos automatically into a glass
capillary, which can be rotated along the x-axis to precisely position the animal
for imaging or filming. Besides image-based methods for screening, the
zebrafish embryo has behavioral traits that make them highly amenable for
large-scale analysis. Embryos can be positioned in multiwell plates and the
swimming pattern of up to 96 embryos can be recorded and analyzed simul-
taneously with commercially available systems. Among others, this approach
has been used to find and characterize novel anticonvulsive compounds (Dinday
and Baraban, 2015; Baxendale et al., 2012). The swimming behavior of
zebrafish embryos can not only be altered genetically or chemically, but a highly
stereotypical escape response can be triggered with light or sound. This reaction
to stimuli as well as short- and long-term memory and habituation is used in
neuropharmacological screens (Basnet et al., 2019) as well as in drug screens
for Parkinson’s disease and other movement disorders (Vaz et al., 2018). Lately,
the current technology for image- and behavioral-based screening has been
complemented with microfluidic devices. This lab-on-a-chip technology offers
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fascinating possibilities for precise orientation of embryos, exposure to small
molecules, exposure to precisely controlled compound gradients and compound
combinations, as well as embryo manipulation and imaging (Khalili and Rezai,
2019). The increased importance of zebrafish in contemporary drug screening
pipelines propels the development not only of novel instruments but also of
analytical software tools for quantitative assessment of morphological features
(Teixido et al., 2019; Schutera et al., 2016).

Relevance and limitation of the zebrafish embryo for chemical
screening

The zebrafish has become an attractive animal model from bridge cell culture
studies to traditional rodent animal models in drug discovery screens. About
80% of human disease-causing genes are conserved (Howe et al., 2013) and
much of the underlying genetics, pathology, and physiology is surprisingly
similar in zebrafish embryos (MacRae and Peterson, 2015). Furthermore,
important structures like the bloodebrain barrier have a similar architecture in
zebrafish (Quinonez-Silvero et al., 2020). However, despite the clear advan-
tages of this small vertebrate for preclinical drug discovery, it has intrinsic
limitations and lacks characterization in important aspects. The zebrafish
embryo develops very fast and the regulatory circuits are mainly primed on
growth, development, and differentiation in contrast to those in adult patients.
Also, the adaptive immune response is lacking in embryonic zebrafish. The
different regulatory pathways as well as the lack of the adaptive immune
system provides an environment that clearly differs from human patients
despite the overall conservation of physiological processes. In cancer drug
discovery, the zebrafish provides a powerful model, but the small size of the
embryo limits the number of cancer cells that can be transplanted, which in
turn might not reflect the complex tumor heterogeneity. Additionally, zebrafish
embryos cannot survive at temperatures above 34�C, which might affect the
growth and division speed of malignant cells. Furthermore, although most
chemical substances are taken up from the embryo, the update routes and
pharmacokinetics (uptake speed, metabolism, and excretion) are not as well
characterized as for rodents (Cassar et al., 2020).

The zebrafish as a model for toxicology

The field of toxicology is of ever-increasing importance due to the expanding
repertoire of chemicals, including plastics and nanomaterials, being produced
by today’s society. The zebrafish model offers a powerful in vivo platform to
address central questions of environmental and developmental toxicology such
as acute toxicity, latent and transgenerational effects, biomonitoring, and in-
sights into the mechanism of action of toxicants. The intrinsic traits of the
zebrafish, such as their optical clarity and ex utero development, provide a
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unique possibility to study the teratogenic effects of toxins, chemicals, and
drugs during embryonic development, which is of extraordinary importance
for medications administered to pregnant females or babies (Felix et al., 2019).
After initial studies more than 60 years ago (Battle and Hisaoka, 1952),
pharmaceutical companies joined efforts in 2009 to harmonize zebrafish
toxicity assays and the classification of teratogenic effects (Gustafson et al.,
2012). Technological and methodological advances improved those screening
efforts and today robotic imaging, computational approaches for data analysis,
and the availability of transgenic reporter strains make the zebrafish indis-
pensable for state-of-the-art toxicological analysis (Bambino and Chu, 2017).
The most common readouts for toxicity profiling in zebrafish are (1) gross
morphological changes, (2) changes in embryonic behavior, or (3) changes in
reporter gene expression. It is the generation of reporter strains that has pro-
pelled the zebrafish into the center of toxicological screening. In those strains,
specific biosensors regulate the expression of fluorescent proteins upon
exposure to chemicals, pollutants, and toxins that can be monitored and
evaluated with high-throughput imaging systems. Zebrafish reporter lines
allowing exposure redouts for aromatic hydrocarbons (Xu et al., 2015), heavy
metals (Liu et al., 2016), endocrine disrupting substances (Gorelick et al.,
2016), bisphenol A (Cano-Nicolau et al., 2016), and others are well established
and readily available from international stock centers such as ZIRC and the
European Zebrafish Resource Center (www.zebrafish.org; www.ezrc.kit.edu).
Besides reporter lines for specific substance groups, more general cellular
stress reporters are available that provide amenable first-line models for
pollution monitoring. Those reporters react to different chemicals with distinct
patterns of GFP expression, which indicate the cell types and organs being
affected (Lee et al., 2014).

However, there are certain limits in using the zebrafish as a model for
toxicology. The most prominent gene family for xenobiotic metabolism and
biotransformation contains the cytochrome p450 genes. The zebrafish genome
encodes for 87 cyp genes; however, besides the overall strong conservation of
those genes, the distribution pattern and substrate specificity might differ and/
or is not yet characterized (Saad et al., 2016). Humans take up many chemicals
through the gastrointestinal system, whereas zebrafish embryos are mostly
exposed by immersion, which foremost recapitulates dermal exposure (em-
bryonic zebrafish do not swallow water for breathing). The different exposure
route can substantially affect absorption, tissue distribution, and accumulation
of pollutants and chemicals. Moreover, chemicals that are difficult to solubi-
lize in water would need to be injected into the fishda clear limit for high-
throughput screens. Another aspect to consider is that drug-discovery
toxicology requires absorption, distribution, metabolism, and excretion
profiling of drug candidates. However, sampling zebrafish embryo plasma and
urine is difficult to impossible although technical advances are being made
(Villacrez et al., 2018; Grech et al., 2019).
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The zebrafish as model for neurodegenerative diseases

Neurodegenerative diseases (NDs) are a wide range of disorders involving
progressive structural and functional degeneration of the central and peripheral
nervous system leading to movement malfunctions (ataxias) or affected mental
function (dementias). ND causes can vary between metal poisonings, mito-
chondrial disfunctions, or genetic mutations.

The zebrafish system has several advantages, which make this animal
model relevant for studies that give insights into ND pathologies. Based on
comparative neuroanatomy, the human and zebrafish nervous systems exhibit
similar organization of the forebrain, midbrain, hindbrain, as well as the
sensory and motor functions of the peripheral nervous system (Lieschke and
Currie, 2007). Like other higher vertebrates, the zebrafish has a functional
bloodebrain barrier from as early as 2.5e3 days postfertilization, which
makes this fish a relevant model for pharmaceutical studies conducted in
higher vertebrates (Quinonez-Silvero et al., 2020; Jeong et al., 2008).
Furthermore, all primary neurotransmitter systems critical to sustaining brain
function, affecting behavior and memory and learning ability known to play
role in both Parkinson’s and Alzheimer’s disease (AD), have been character-
ized in the zebrafish model (Horzmann and Freeman, 2016). Despite the many
similarities, the organizational brain regions, including the amygdala, sub-
stantia nigra, and hippocampus, are missing in the zebrafish with their func-
tions believed to be carried out by other brain regions, including the lateral
pallium (Kalueff et al., 2014). Furthermore, the absence of the corticospinal
and rubrospinal tracts in the zebrafish central nervous system limits the rele-
vance of studies of upper motor neuron disorders (Babin et al., 2014). Another
important aspect to consider when using the zebrafish as a model for neuro-
degeneration is that the zebrafish possesses a remarkable capacity to regen-
erate neurons and brain structures, which is much greater compared to
nonhuman primates and humans (Kizil et al., 2012).

Alzheimer’s disease

Among neurodegenerative diseases, AD and Parkinson’s disease have the
highest prevalence in society (Ballard et al., 2011). As societies get older and
the number of people affected by these diseases increases, so does the demand
for therapeutic solutions. The zebrafish is a powerful model for preclinical drug-
discovery projects, closing the gap between cell culture studies and experi-
mentation in murine models (Santana et al., 2012). The majority of the zebrafish
gene orthologs involved in familial Alzheimer’s, including psen1, psen2, appa,
appbpsenen, ncstn, aph1b, bace1, bace2, mapta, maptb, apoea, and apoeb, have
been identified, which allows for the genetic modeling of the disease in
zebrafish. Furthermore, several transgenic and chemical models mimicking AD
pathologies have already been established (Koehler and Williams, 2018).
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Amyotrophic lateral sclerosis

The zebrafish has also served as an animal model for genetic studies on the
etiology of amyotrophic lateral sclerosis (ALS), a fatal upper and lower motor
neuron degenerative disease. The disease is typically diagnosed in individuals
after 40 years of age and leads to death within 2e5 years after the diagnosis
(Sathasivam, 2010). Several genetic mutations have been associated with
human ALS. To address the heritability of the disease, several zebrafish
morpholino knockdown as well as mRNA injection-based studies have been
conducted. Among others, a zc9orf72 loss-of-function model, which has been
associated with axonal degeneration in motor neurons, exemplifies the use-
fulness of this system for future therapeutic screens (Ciura et al., 2013).
Similarly, the zebrafish vapb knockdown has been shown to lead to axonal
defects and motor impairment (Kabashi et al., 2013). More recently, CRISPR/
Cas9 technology combined with single-stranded oligodeoxynucleotide donor
template injections, with the latter enabling site-directed single nucleotide
editing, resulted in the generation of two missense mutations, tardbpA379T and
fusR536H, which have been associated with ALS (Armstrong et al., 2016).

Lessons from the zebrafish model on muscle dystrophies

Muscular dystrophies (MDs) have a prevalence of approximately 20e25 cases
per 100,000. Patients with MDs exhibit symptoms such as weakening of mus-
cles and joints, which can have profound effects. Phenotypes can vary from
severe congenital muscular dystrophy to mild limb-girdle muscular dystrophy
with adult onset (Theadom et al., 2014). Efforts to create mammalian models,
including pigs, dogs, and rodents, allowing for the dissection of the pathogen-
eses behind MDs, have been conducted for decades (Larcher et al., 2014).
However, considering the large number of genes that have been associated with
MDs (Bansal et al., 2003), the zebrafish model offers a unique opportunity for
large-scale genetic studies to unravel the cellular and molecular details of MD
phenotypic variability. The first report on the usage of the zebrafish as an MD
model dates back to 2003, when Bassett and colleagues identified the zebrafish
sapje gene as an ortholog of the Duchenne muscular dystrophy (DMD) gene
(Bassett et al., 2003). More models for DMD followed, including sapje-like and
dmdpc2 mutants, exemplifying the importance of the zebrafish for both un-
derstanding MDs and finding potential cures (Waugh et al., 2014; Kawahara
et al., 2014; Giacomotto et al., 2013). Importantly, several rodent models were
not able to recapitulate the severity of human disease, while the zebrafish model
served this purpose much better. One example of this is a study on Ullrich
congenital muscular dystrophy where zebrafish was used for the preliminary
novel therapeutic screens (Telfer et al., 2010). Zebrafish have also been widely
used for both the identification and validation of gene candidates for orphan
MDs (Schindler et al., 2016).
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While this section mainly references the care, housing, and maintenance of
zebrafish, the context of this chapter is applicable to the care of other small
teleost species utilized in biomedical research. The scope of this chapter is not
extensive, and references are included for further reading. The target audience
for this section is technicians/facility managers and entry-level researchers.

Introduction to the model

Zebrafish (Danio rerio) are endemic to a range that covers much of India,
Bangladesh, and into Nepal. They are found in the tributaries of the Ganges
and Brahmaputra rivers in the north through to paddies, irrigation, and flood
plain areas in the south. The range extends from as far west as Pakistan
through to Myanmar (Spence et al., 2008; Engeszer et al., 2007). There is a
documented temperature range of 8e35�C within the species’ natural range
(Spence et al., 2006; McClure et al., 2006). Under laboratory conditions the
zebrafish has demonstrated an ability to survive temperature ranges from 6.7
through to 41.7�C (Cortemeglia and Beitinger, 2005). Zebrafish are a shoaling
species with groups in the wild ranging from a few animals to over 2000 in-
dividuals. Water flow appears to have an influence on the number of animals in
any given group. The higher the flow is, the larger the group, with several
leadership and fissionefusion changes (Suriyampola et al., 2016; Shelton
et al., 2020).
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The small size and fecundity enable large numbers of embryos to be
produced within a tight footprint, achieving a high level of economy relative to
mammal models. The species is a nonseasonal, crepuscular breeder with a
strong preference, like many cyprinids, for shallow water areas and pebble
substrates (Sessa et al., 2008; Schroeder et al., 2014). Hence, the species can
be easily manipulated for production of timed embryos.

Defining your needs from an animal model and the impact on
facility design

In setting up an aquatic facility, the design will be impacted by the research
needs and these should be considered during the planning stages. Will the
research involve behavioral work, or is the focus on genetics, toxicology, or
development? Are resources to be shared with other research groups? What is
the start-up and ongoing budget availability? Large-scale behavioral works are
likely to require considerably increased floor space than a centralized high-
density housing system targeting high levels of embryo production.

Heavily centralized recirculating aquaculture systems (RAS) may not be
the best choice where water quality influences in a study, may affect neigh-
boring animals. In those specific cases, flow-through systems or multiple
smaller independent RAS may be more suitable.

System choice: Investing in top-quality husbandry equipment should be a
very high priority, but this is not always a possibility for every research group.
There are distinct benefits to utilizing the services and latest offerings available
from technology leaders, as this provides the best chance of implementing
stable, reliable, and repeatable husbandry results. However, aquatic research
does not exclude those working on a tight budget.

A small-scale research program can potentially be operated from one or
more independently filtered “hobbyist-style” aquaria used to house adult
zebrafish for embryo production or to investigate behavioral questions. This
approach is impractical for large-scale support but may be an entry path into
teleost research for some groups, or it may be an appropriate solution for some
simple projects. Simple support systems will generally leave researchers
looking for better, more scalable solutions as the limitations are quickly
realized. Variation in water quality in basic installations tends to be greater
than where larger volumes of water are utilized. Stocking densities that are
able to be held in smaller “hobbyist” tanks are likely to prove to be a limiting
factor and the labor inputs required to maintain multiple small tanks become
impractical as the scope of the project increases.

The logical step forward is to move to RAS that allow for centralized
filtration and control of water parameters (Fig. 2.1).

Small to medium-scale RAS can be developed using resources available to
hand, either as a “self-build” or by utilizing the services of one of the
numerous small to medium enterprises operating in the aquaculture industry.
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These providers may be able to assist in the engineering, design, and creation
of systems of various levels of complexity, refinement and automation. If
pursuing this path, it would be wise to do a thorough and realistic costing of
the build for comparison against options from the specialist technology
leaders. A list of some specialist providers is included in the references of this
chapter (Fig. 2.2).

The technology leaders have vast experience in the research field and have
invested time and resources in the production and refinement of dedicated,
research-specific RAS. Solutions range from small benchtop racks, through
intermediately sized scalable systems that can be expanded as budget and
research allows, to large-scale turnkey solutions. These vendors will be able to
provide detailed technical drawings and dedicated room layouts to assist with
facility design and construction and can often provide solutions for other
aquatic research models such as medaka, killifish, platyfish, cavefish, stick-
leback, goldfish, and Danionella translucida.

As the system design is formulated, it is very important to consult with
other facilities to seek opinions and experience. Since there is a high degree of
cross-over in the husbandry of teleosts, much can be learnt from those working
with a variety of species. Gaining insights into the advancement of installation
phases can prevent expensive design flaws that may lead to bottlenecks and
potentially expensive reworks. Be aware of facility-level biocontainment re-
quirements in your locale, as failing to meet compliance can be a costly
mistake and is easily avoided by careful forward planning. When designing a
facility, it may be wise to include a containment engineer within the design
team as well as working with designers/architects who have broad experience
in this type of work, particularly for larger projects.

FIGURE 2.1 A typical advanced recirculating aquaculture system design layout showing the key

elements and water flow patterns. RO, reverse osmosis; UV, ultraviolet. Drawing: Courtesy of

Tecniplast SpA.
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The most common facility layout for zebrafish housing racks tends to be
within a single large room rather than in a series of smaller spaces (Zynda,
2020). This assists in efficient management of heat and humidity by the
heating ventilation air conditioning (HVAC) system. The volume of water
within a housing system can create a large thermal mass that helps with sta-
bility of room ambient conditions.

A factor that is always a driving force in facility design is the effective use
of space, with an emphasis on grouping similar equipment, research, and
operational spaces together. This can provide a better idea of personnel and
equipment flow, which is important to consider in facility biosecurity design.

At the time of writing (2020), the SARS-Cov-2 pandemic has brought
attendant requirements for social distancing and reduced occupancy limits,
highlighting problematic constraints within many existing facilities. Workflow
patterns in some units have proven to be difficult to manage where equipment
or resources are heavily concentrated in small spaces. It is hard to predict the
situation long term, but those preparing for a facility built in the current public
health and social climate should evaluate where the bottlenecks and workflow
problems are likely to occur.

FIGURE 2.2 (1) Two “self-build” recirculating aquaculture systems (RAS) at the Federal Uni-

versity of Jatai. Brazil. Photo Prof. Monica Rodrigues Ferreira Machado. (2) A commercially

produced “Educational” standalone RAS. Photo Aquaneering Inc. (3) A large-scale, highly

automated rack system with mass spawning devices attached. Photo Bruce Newell, Deakin Uni-

versity. (4) A small zebrafish set-up utilizing “hobbyist” equipment used for approximately

12 months before expansion into a commercially produced RAS system. Photo Dr. Suzita Mohd

Noor, Universiti Malaya. (5) Automation control panel monitoring a centralized RAS. Photo

Tecniplast SpA.
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Aisle widths in multirack set-ups have proven to be difficult, not allowing
for suitable physical distance when two or more people are simultaneously
working. Moreover, workstations for scientific procedures have been tradi-
tionally clustered by use either within, or very close to, the main animal
housing area and are not able to provide a necessary degree of separation in
many cases.

Consider how the organization of workstations may provide temporal
spacing. Fin clipping, for instance, is not time limited in the same way
microinjection is. Interspersing workstations that are likely to be used at
different times can result in greater physical separation without requiring more
space. Ensuring that activities that are not as time critical are moved into the
“off-peak” time slots can have large positive impacts on space utilization.

Personnel movements through building entries and exits have shown to be
“pinch points” that impact effective flows of staff in a socially distanced
manner.

While it is unlikely that a facility already laid out with rack systems will
substantially change its configuration, when thinking about a new layout, if the
space is available, decentralizing animal holding spaces to a degree may be
advantageous in light of recent public health restrictions. There are distinct
advantages from a building maintenance, operations workflow, HVAC and cost
perspective to having all of the animal housing in one space, but it remains to
be seen if this continues to outweigh public health considerations in a post-
pandemic world.

Smaller racks in suites that can be set up for one or two operators may
incur a considerable cost in duplications and floor space, but could possibly
end up being seen as advantageous in small facilities due to the increased level
of flexibility this may provide. Filtration systems can still be centralized and
provide the same degree of life support and quality control.

Facility design is a complex and multifaceted subject that relies on many
different disciplines for success. Professional facility design companies exist,
and the specialist technology leaders can assist in facility layouts, including
provision of 3D drawings of completed systems.

Further reading can be found in Zynda (2020).

Primary housing

The choice of tank designs will be determined by the manufacturer if you are
using a specialist supplier to deliver a turnkey solution. For those who are
“self-building,” directing funds to obtain tanks from a specialist manufacturer
is highly recommended. The primary housing units (tanks) in which zebrafish
are maintained on a RAS are principally constructed of molded thermoplastics
such as polycarbonate or polysulfone; however, glass, fiberglass, polyethylene,
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or acrylic may also be utilized for more specific purposes. Primary housing
units of a mix of configurations and sizes can be found in most facilities. The
specific mix will depend upon the needs of the research and the groupings in
which the animals may be required to be held. Tanks must be easily cleanable,
and have integrated methods of solids removal designed in, as rapid and
efficient removal of solids is of high importance. Most primary housing units
utilize an arrangement that allows for solids to be collected from the bottom of
the tank (Cockington, 2020). There are a large range of styles and tank formats
available with new variations being developed and released regularly.
Spawning solutions have been developed ranging from static housing tanks of
less than 1 L designed for small group spawning through to large-scale mass
spawning devices capable of holding hundreds of fish. Detailed information on
spawning solutions can be found in breeding and larviculture (Chapter 3 of this
publication).

Tank hygiene

Attention to the efficient cleaning and washing of primary housing units has
seen a huge increase over the years. The move from static glass tanks into
banks of injection-molded, lightweight plastic tanks has allowed for easier and
safer handling. The aim for cleaning is to remove biofilms, algae, and other
debris efficiently and effectively from the tank surfaces. Manual scrubbing
with sponges and tap water followed by a rinse step with reverse osmosis water
is often adopted by facilities that do not have the benefit of automated washing
systems. Manual options can be ineffective, time consuming, and a potential
source of ergonomic issues for personnel. There is also potential for abrading
the plastic surfaces of the tanks. Scratches in the surfaces increase the areas
that biofilms can lodge making the cleaning process more difficult. Laboratory
glassware washers and domestic/small commercial dishwashers have been
utilized with varying degrees of success. The usage of chemical products for
fish tank washing was often considered risky from a residual contamination
aspect, and this has resulted in some washers being run on a chemical-free hot
water cycle, often after a presoaking routine.

Recently, it has been demonstrated that a dedicated mix of chemicals,
including liquid hydrogen peroxide (H2O2), can be safely used, especially
when combined with efficient rinsing cycles and appropriate pressurized
washing. This approach can provide a certain degree of disinfection by
combining these chemical and temperature profiles accurately. With reduced
physical damage to surfaces, improved removal of algae and knockdown of
potential pathogenic organisms, the time between required wash cycles may be
extended. There are aquatic-specific tank-washing solutions emerging that
provide high-level sanitation in an automated format (Tecniplast SpA, 2020).

For further information on tank washing see Sanders (2020).
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Aquatic concepts

Moving toward the more technical aspects of aquatic husbandry, it is important
to address the basic concepts. These allow for successful maintenance of an
animal that has vastly different respiratory mechanisms and home environment
requirements to most other vertebrate laboratory research models.

Mechanical filtration

Effective mechanical filtration is a major factor that must be considered when
designing laboratory aquatic model holding systems, both within the primary
housing unit and in any subsequent filtration systems. An arrangement that
allows the accumulation of debris will likely suffer detrimental effects and not
perform as expected, with potential negative consequences on water quality
and on the health of the housed aquatic species. Mechanical filtration is a
generalized reference to the physical trapping of particulate matter, which
allows for the removal of solids such as fecal casts, uneaten foods, and other
organic and inorganic debris. Effective mechanical filtration, usually down to
below 50 mm, helps maintain water clarity, reduces the build-up of dissolved
nitrogenous compounds, and assists in the suppression of heterotrophic bac-
terial populations, opportunistic organisms, and potential pathogenic species.

Methods of mechanical filtration can range from basic gravel filter beds and
foam sponge elements of the type utilized in “hobbyist” equipment, through
filter cloths and screens of variousmesh sizes formed into cartridge or bag filters,
parabolic screens, or automated drum filters. Other methods of mechanical
filtration include depth-based media such as sand filters and bead filters and
techniques including foam fractionation and vortex swirl separators. It is the job
of the design engineer to select themost appropriate combination of technologies
considering scale, available space, and scope of the system, together with the
budget for both capital equipment and for ongoing maintenance.

Mechanical filters will have some degree of cross-over to other filtration
styles as biological action is likely to occur on the surfaces of equipment as the
microorganisms that act upon the nitrogenous and organic wastes have a
chance to colonize these areas. Chemical filtration elements can also be
coopted into housings designed for mechanical filtration.

Maintenance of mechanical filtration elements is of critical importance,
with the level of input required and the cost varying by equipment choice. The
key to efficient mechanical filtration lies not only in the trapping capabilities,
but also the effective and timely removal of the captured materials. A device
featuring automatic removal of trapped materials is likely a more effective unit
than one that captures and holds materials within the water column exposed to
biological action able to break that waste down. Flushing will assist in the
removal of accumulated colloidal solids, refractory organics, and nitrogenous
wastes, thus increasing RAS overall performance. These options will come at
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the cost of water and buffering compound consumption, as well as energy
expenditure, particularly if these are not well engineered. Automated back-
washing may not be a suitable choice in an environment where water con-
servation is a key criterion. On any aquatic research system there will be a
water budget that must be considered. The water budget needs to account for
not only the monetary cost of water usage, but also the environmental costs. If
an automated backflushing system uses less than the allotted water budget for
the system, the impact is reduced and may not be significant.

The selection of mechanical filtration elements for a given task is some-
thing that should be discussed and evaluated with the assistance of experienced
system designers and facility operators. A combination of different approaches
may be incorporated into the design of a functioning zebrafish RAS.

Chemical filtration

Chemical filtration is the use of a compound that through adsorption, catalysis,
oxidation, or dissolution will chemically change the makeup of water. The most
commonly used forms of chemical filtration in zebrafish housing systems are
granular activated carbon (GAC) and aragonite or other calcareous materials.

GAC is used to adsorb chemicals from thewater column; it is widely adopted
for the neutralization of chlorine from water supplies used in aquatic culture.
GAC will adsorb volatile organic compounds, tannins, and active or inactivated
medications from the water column. Activated carbon will also bind some
pheromones from the water column (Jonker and Van Mourik, 2014).

When utilizing GAC, it is important to choose a dedicated carbon for
aquaculture purposes that will not have an effect on the pH of the recirculating
water.

When the activated carbon reaches its saturation point, the material is no
longer capable of efficiently binding compounds from the water column. This
is most frequently judged on a time interval basis, and often this may not be
based on quantitative information. In some facilities the use of empirical
measurement of the adsorptive capacity of activated carbons is being under-
taken in an attempt to extend usage cycles on carbon filters (ASTM interna-
tional, 2013; Baumann, 2020). In RAS, activated carbon is seen by some
facilities as a somewhat optional element, especially when water sources such
as reverse osmosis are utilized for water supply. GAC and chemical media
should be installed downstream of mechanical filtration steps to prevent rapid
clogging.

There are various adsorptive and ion exchange resins that may prove useful
in specific situations. For example, Cuprisorb (Seachem Laboratories Inc.,
2020) will preferentially take up copper and other heavy metals from a water
column. This type of material can be very useful for some applications where
an environmental contaminant may be present within a system that is not
easily controlled by other methods.
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Water disinfection and biological control

Broadly broken into two mainstays of the aquaculture industry, the main op-
tions here are ozone and ultraviolet C (UVC) radiation, with the latter being by
far the more prevalent in small-scale, indoor aquaculture. Ozone gains a brief
mention because, while it is not a common option in research zebrafish RAS, it
may provide benefits in certain applications. One of the main reasons UVC
radiation is so widely and commonly used in RAS is because nothing but
energy is applied to the water stream. There are no potentially dangerous
chemicals involved. The energy addition will add heat to the recirculating
water and there are potential occupational health issues with exposure to
unshielded UV tubes.

For clarity, a UVC radiation device is often referred to with the misnomer
“ultraviolet sterilizer” (UVS); a more appropriate way of thinking of these
devices is “ultraviolet disinfection.” The effect is not sterilization of the water,
but rather a suppression of the load of microorganisms able to survive post-
treatment. UVC radiation (200e280 nm) disrupts the DNA of exposed mi-
croorganisms, fungi, algal cells, etc.

The key figure that has to be examined is the calculated “irradiation
dosage” usually expressed as mW/cm2/s that organisms are exposed to during
their path through the UVC device. This is a complex matter and is impacted
not only by the wattage and design of the reaction chamber, but also by the
flow rates and clarity of water moving through the device. In RAS for
biomedical research purposes, independently from the volume of water treated,
a usual disinfection value ranges between 100,000 and 150,000 mW/cm2/s
at the end of the operational life of the bulb.

Effective mechanical filtration is a critical part of this picture, since bac-
teria and other microbials can be shielded by suspended solids. This leads to
reduced system performance and has the potential to negatively impact the
health of the housed animals.

UVC devices must be maintained regularly following the manufacturer’s
specifications. Particular attention needs to be paid to cleaning of the quartz
glass sleeves and the timely replacement of the irradiation sources. In most
UVC units likely to be found in a small to medium RAS, the radiation source
takes the form of low-pressure fluorescent tubes. UVC wavelength LEDs do
exist but have not yet found wide application in aquatics.

Ozone (O3), when used at the correct concentrations and with appropriate
controls in place, should present few problems to human health; however, in
the event of failures of design or control, there is the potential for exposure to
an aggressively oxidative gas, particularly in indoor applications. This ionized
form of oxygen may produce irritation to respiratory and mucous membranes
(McDonnell et al., 1983).

Ozone disinfection works predominantly via the oxidation of organics on
contact. Being highly reactive, the ozone molecule is usually produced close to
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the point of use and does not tend to remain as a residual component in the
downstream water if control and dosage systems are appropriately imple-
mented. Ozone use will encourage microflocculation of particulates within the
water column and it is often integrated into foam fractionation as the floc-
culation improves organics removal (Timmons and Ebeling, 2007). The two
main options for generation of O3 are high-voltage corona discharge or UV
radiation of 140e190 nm to excite oxygen molecules into the O3 form. Corona
discharge is the more energy efficient process of the two.

Automated control in an ozone system is essential; this is usually achieved
by monitoring and responding to variations of the redox potential of the water.
A freshwater system should be maintained at around 300 mV redox potential
but the needs of the species being cultured should be investigated. If consid-
ering ozone for a research system, it is strongly suggested to obtain advice
from a systems design engineer familiar with its application. The use of ozone
and UVC equipment is not mutually exclusive.

An emerging field of photocatalytic reactors that may develop useful
techniques for water disinfection is also covered briefly in the “New and
emerging technologies” section.

Biological filtration

Biological filtration is the reliance on a cohort of chemoautotrophic bacteria,
and archaea that oxidize nitrogenous wastes from cultured specimens and
associated organic inputs to our colonies, in an oxic environment. For con-
venience the author will refer to these cohorts as “biofilters” or “biological
filtration”; to delve into the dynamics of the specific organisms involved in
these oxidizing processes is outside the scope of this chapter. If this subject is
of interest, further reading can be found (Sauder et al., 2011; Hovanec et al.,
1998; Silke Ehrich et al., 1995).

Effective biological filtration is a crucial factor in the captive maintenance
of aquatic species.

While it is possible to dilute, capture, or oxidize ammonia from a culture
environment by nonbiological means (Zhou and Boyd, 2014; Ben-Asher and
Lahav, 2016; Gendel and Lahav, 2013), by far the most typical approach is
reliance on the biofilter to oxidize total ammonia nitrogen (TAN) into nitrite
(NO2) and then further into nitrate (NO3).

Heterotrophic bacteria are also involved in the breakdown processes of
wastes, and these bacterial populations can compete with the chemoautotrophs
and archaea for oxygen supply within a culture medium (Timmons and
Ebeling, 2007; Hammer, 2020).

The advantage of encouraging autotrophic breakdown of wastes over het-
erotrophic breakdown is that autotrophic processes tend to create lower quan-
tities of bacterial biomass in comparison to heterotrophic processes and result in
lower carbon dioxide (CO2) production (Timmons and Ebeling, 2007).
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The nitrification process is a large consumer of both oxygen and carbonates
from a water column. For each gram of ammonia-N oxidized in a system,
4.57 g of oxygen as well as 7.05 g of a carbonate source (CaCO3) will be
consumed (Timmons and Ebeling, 2007).

Establishing biofiltration

It is very important to understand how to best manipulate microorganisms in
the biofilter, as the health of the animal colonies relies upon it. If a new or
restarted system is to house animals of the same health status of an existing
colony, then cross-seeding of filtration material from the existing colony can
be used to quickly introduce the biofilter organisms and establish effective
nitrification, but there are distinct disadvantages with this.

Cross-seeding will transfer a host of organisms between the systems and
can compromise the health status of the new system. If this is not desired, a
different method of “starting” the biofilter will need to be undertaken.

One method is the “cold start” (DeLong and Losordo, 2012). This involves
introducing a small number of animals to an “unseeded” environment. In this
scenario the animals that are introduced to the new environment will carry
microorganisms with them that will be suited to forming a functional biofilter,
with the waste those animals produce, providing the base ammonia compounds
for biofilter development.

This approach also has disadvantages, both from a time taken and an
ethical point of view. The establishment of suitable numbers of microbes can
be slow, and the accumulation of potentially toxic nitrogenous compounds
within the water column may result in undue stress, potential disease, or even
death of fish exposed to this process.

The more effective and certainly more ethically appropriate method is the
use of specifically grown starter cultures, which are then fed using a source of
ammonia other than excreted wastes. One example of a biofilter starter culture
is “one and only” (DrTim’s Aquatics, LLC, 2020) but numerous others are
available.

Ammonium chloride (NH4Cl) is used to feed biofilter populations in the
absence of fish.

Levels of ammonia in a culture that exceed 5 mg/L will impede the
development of biofilter populations and must be avoided. It is possible to
calculate the ammonia production of any given population based upon food
inputs, so from this it is possible to fully mature a filter to deal with any load of
stock without exposing any animals to risk.

If the provider of the biological starter culture presents specific instructions
for use, then follow that set of guidelines. It is important to ensure that water
conditions are within a suitable range for the microorganisms to develop and
multiply.
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A carbon source is needed, and the most common approach is to ensure
that a level of carbonate hardness (KH) in the range of 150e250 mg/L is
available (Timmons and Ebeling, 2007; DeLong and Losordo, 2012). Sodium
bicarbonate (NaHCO₃) is the most frequently used additive for increasing
carbonate levels in solution, but the addition of potassium hydrogen carbonate
(KHCO3) or sodium carbonate (Na₂CO₃) may also be used. Biological filtra-
tion in fresh water will establish most rapidly in a pH range of 7.0e8.0 and a
temperature between 25 and 30�C (Timmons and Ebeling, 2007).

Denitrification

Denitrification processes, while utilized in some forms of aquaculture, appear
to still be an uncommon approach in the zebrafish research husbandry field. As
the management and conservation of water resources continues to gain
importance, these processes may become more widely incorporated into sys-
tem designs (Lee et al., 2000).

Husbandry

Water parameter targets and dealing with anomalies

The water parameters for zebrafish husbandry tend to fall within a range rather
than adherence to a standardized set point. This may be as a response to local
factors such as available water sources, budgetary pressures, or a result of
protocol definition by research needs. The increased inclusion of water pa-
rameters and husbandry details within the methods of research publications,
highlights the widely perceived need for a more standardized approach. Once
water parameter target values are established, sudden and large changes should
be avoided. Well-designed RAS will include dedicated water monitoring
systems able to constantly oversee the main water parameters and deliver
dedicated alarm notifications when values are outside preset optimal safe
ranges. In most advanced set-ups, these systems will automatically control
dosing of buffering solutions to normalize parameters.

The following section looks at the individual water parameters, how they
interact, and basic troubleshooting for each parameter.

When problems arise:

1. DON’T PANIC.
2. Take a moment to think before reacting.
3. Cross-check to make sure what you think you are seeing is actually the

case. A rapid response to an apparent problem may make things worse if
the cause has been misinterpreted.

4. Withhold feeding during problem evaluation and resolution.
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pH

pH is measured on a logarithmic scale that expresses the inverse log of the
presence of hydrogen ions (Hþ) within a solution. The scale runs from 1 (acid)
to 14 (alkaline). The higher the concentration of Hþ, the lower the pH reading.
A pH reading of 7.0 indicates a neutral solution that is neither acidic nor basic.

pH has effects not only on the animals, but also on the practical efficiencies
of biofilters.

Data from wild habitats generally place the zebrafish in slightly alkaline
waters (McClure et al., 2006; Spence et al., 2008; Harper and Lawrence, 2011)
but seasonal variations in pH occur during monsoonal conditions (Engeszer
et al., 2007). An optimal pH for the zebrafish has not yet been determined.
While the zebrafish may have a tolerance for a wide pH range, stability within
a range of 7e8 is generally considered an appropriate compromise for this
species in a research situation (Harper and Lawrence, 2011; Masser et al.,
1992; Aleström et al., 2019). Very high (11) or low (4) pH exposures will
cause excessive mucous production at the gill epithelium and the lower pH
ranges will interfere with the ability of hemoglobin to bind with oxygen
(Hammer, 2020; Zahangir et al., 2015).

In an aquatic environment, there are constant pressures from oxidation of
ammonia, respiration and decay of organic compounds, driving the pH of the
water toward acidic values.

If it becomes necessary to alter pH values, then the process should be done
gradually, as alterations of pH levels come at an energetic cost to the animals.
pH variations greater than 0.2e0.5 units within a 24-h period should be
avoided. Testing of pH should occur at least once per day.

Troubleshooting low pH values

1. Water aeration, surface agitation, and surface films: Poor gas diffusion can
lead to a build-up of CO2, which can drive pH down. Degassing will help to
restore proper pH values.

2. KH should be tested, as high inputs of organics into a system may deplete
KH reserves. If automated buffer dosing is implemented, then ensure that
these are operational. Test dosing pumps and ensure dosing hoses are not
blocked or that dosing pump intake hoses have not suffered a puncture,
which may cause loss of prime. Very low pH levels will negatively affect
biofilters. It is imperative to test ammonia levels prior to raising pH.

3. Check water influx points for potential low pH/low KH water that may
contribute to the pH drop.

4. Overfeeding: If a pH drop is associated with an overfeeding event, actively
remove as much uneaten food and organics as possible from the system.

Compounds to raise pH include sodium bicarbonate (NaHCO₃) and sodium
carbonate (Na₂CO₃).
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Troubleshooting high pH values

1. Check dosing systems: Dosing system failures are the most common cause
of an elevated pH in a zebrafish RAS. A likely cause will be a failure of the
KH doser that has allowed excess buffer compound to be added to the
system. Check the content of the buffer reservoir to establish if it has been
significantly emptied. Test the KH of the water. As KH dosing systems are
run by monitoring pH values, then something that affects the reading
delivered by a pH probe may cause an automated dosing system to
continually deliver buffer.

Compounds to lower pH are monosodium phosphate (NaH2PO4), dilute
hydrochloric acid (HCl), and dilute phosphoric acid (H3PO4). Addition of
acidic compounds will also lower KH.

Temperature

Zebrafish are poikilothermic animals and as such temperature affects meta-
bolic rates, growth, appetite, physical activity, waste production, oxygen de-
mand, reproductive processes, sex determination, and more.

Temperature will also affect environmental parameters in the water, with
increased temperature directly influencing oxygen saturation (Timmons and
Ebeling, pp. 397e410). Higher temperatures decrease oxygen-carrying ca-
pacity while causing an increase in the animal’s biological demand for oxygen
due to an elevation of metabolic rate. The equilibrium of ammonia between
ionized and unionized is also impacted by temperature (refer to the “Nitrog-
enous wastes” section).

The zebrafish is one of the most eurythermal fish on record, but the tem-
perature range for zebrafish culture is most frequently limited to between 23
and 29�C (Matthews et al., 2002; Westerfield, 2007; Harper and Lawrence,
2011). Most facilities the author is aware of target close to 28�C.

Early developmental works, including embryo staging, were conducted at
28.5�C (Kimmel et al., 1995), and staging points seen as standard in zebrafish
are based upon this temperature point. 28�C is seen as close to the optimum for
growth rates in the species as well (Harper and Lawrence, 2011, p. 110;
Schaefer and Ryan, 2006; Hammer, 2020).

Temperature control is a critical factor in the care and stability of a
research colony. When designing housing systems it is better to include
multiple heating elements within the life support, this will provide some
redundancy in the event of failure. In facilities where ambient temperatures are
likely to exceed the target set point at times throughout the year, then chiller
units may be a requirement to maintain the target temperature. Testing of
temperature should occur at least once per day.
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Temperature troubleshooting

Low temperature: Unless you are dealing with a species with a very narrow
temperature tolerance, a failure of heating elements in a culture situation is
likely to be less harmful than a failure of control systems that allows water to
overshoot the target temperature. Lower temperatures result in a higher dis-
solved oxygen content, combined with a decreased demand for oxygen from
both the fish and the biofilter. If lowering temperature, keep in mind that the
appetite of the fish will decrease in line with the temperature drop and
therefore will require adjustments to feed inputs. As a guide, a drop of 5�C will
result in a reduction of metabolic rate of around 50% (Dr. Robert Jones,
personal communication, 2020).

In the event of a complete failure of heating systems, one approach to
maintain temperature is to fill sealed containers from the building hot water
supply, these are immersed in the culture water to help maintain temperature.
This is practical only in the smallest of systems; if a failure of this kind should
occur in a large RAS installation, then adjusting the operation of HVAC
systems may provide a short-term fix.

Overheating is much more problematic. As temperature increases, dis-
solved oxygen decreases rapidly while metabolic oxygen demand is rising. If
thermostat failure is suspected, isolate the heating elements until a replace-
ment or repair can be affected. If the high temperature is due to environmental
conditions such as a failure of HVAC systems during extreme weather, then a
similar approach can be used to the previous paragraph, but with the substi-
tution of ice or very cold water inside the sealed containers. Increasing airflow
across the surface of the water will increase evaporation, this decreases the
temperature of the remaining water. Heavy water aeration or surface agitation
will additionally aid evaporation.

Total hardness

The language traditionally used around hardness can be potentially confusing:
total hardness is a measure of the combined carbonate hardness (KH) and
general hardness of water.

Carbonate hardness (KH) is sometimes referred to as alkalinity, or tem-
porary hardness. If a sample of water is boiled, the KH components will be
predominantly driven off, hence the “temporary hardness” reference. General
hardness (GH) is occasionally referred to as permanent hardness as boiling
does not change this significantly.

Carbonate Hardness (KH)

KH is closely interlinked to the pH of water, as it is a measure of bases
available that are able to neutralize acids. KH can be thought of as the buff-
ering capacity of water and its resistance to changes in pH.
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KH is most often expressed in mg/L (ppm) of calcium carbonate (CaCO3),
but it may also be expressed in dKH (German degrees hardness) or meq/L
(milliequivalents per litre) depending upon the manufacturer of the testing
equipment (10 dKH ¼ 18 mg/L) (1 meq/L ¼ 50 mg/L) (Timmons and Ebeling,
2007, p. 56). The most important components of KH in freshwater are car-
bonates, bicarbonates, and hydroxides (Hammer, 2020). With the constant
creation of acids there is a corresponding depletion of KH. The KH level will
determine if the pH change is significant or not under any given loading and
feeding regime. With ammonia oxidation using carbonates at a 7:1 ratio it is
very important to ensure a KH reserve is maintained, particularly in an aquatic
system where stocking densities and feeding rates are high. A suggested target
range of 50e75 mg/L is appropriate, and a higher level may not be detrimental
if the pH is stable (Hammer, 2020, p. 327).

Testing of the KH value should be undertaken at least weekly. Most
dedicated zebrafish RAS builders include some form of automated dosing
systems that monitor pH and will deliver sodium bicarbonate solution into the
water in a measured manner to help replenish depleted carbonates. It is
important that these systems are cleaned and calibrated in accordance with
manufacturers’ recommendations both in manner of servicing and frequency.

Aragonite, crushed coral skeleton or crushed oyster shell, are all potential
sources for increasing both GH and KH within an aquatic system. Often a
small amount of calcareous material will be included somewhere in the water
flow within the system. There is a release of carbonates in this reaction
contributing to the temporary hardness (KH), though typically the amount of
carbonates released is not enough to meet all the needs of the system.
Calcareous materials will dissolve slowly if the pH is below 7.8. Sodium bi-
carbonate additions are by far the most common method of maintaining the
KH within a zebrafish system. Other compounds that may be used for raising
KH include sodium carbonate (Na2CO3) and potassium hydrogen carbonate
(KHCO3).

General hardness

GH is a measure of divalent ions within the water, these being predominantly
calcium and magnesium, but selenium, manganese, and iron also play a role
(Hammer, 2020; Harper and Lawrence, 2011). GH of naturally occurring
water bodies will be variable due to the local geography and geology.

A reliance on groundwater or municipal water supplies in an area with a
high limestone geology, may result in naturally high hardness levels in
incoming water. If using reverse osmosis or deionized water as a basis for
system water, there will be minimal to zero hardness ions in the incoming
water, and these ions will need to be added to the water separately. Research
the specific needs of the subject species.
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The ions involved in GH support important biological functions within fish
and need to be supplied either from the culture water or from food sources,
with some diet manufacturers adding specific mineral blends. Calcium is
required for bone and scale development, blood clotting, brain function and
muscular and neurological processes (Wurts, 2002; Hammer, 2020). Mainte-
nance of GH levels can be achieved in many ways. When using calcareous
materials, solubility can be accelerated using a reaction chamber that allows
fluidization, or enhanced dissolution of the aragonite by the addition of small
amounts of carbon dioxide. Use of these “calcium reactors” is not a common
approach in zebrafish husbandry but may be worth evaluating in large-scale
systems or with hard water species.

Most automated dosing systems will add calcium and magnesium as
components of artificial sea salts that are dosed to control conductivity. It is
possible that these additions will not provide sufficient quantities of calcium
and magnesium. The ratio of sodium to calcium in these artificial sea salt
blends is also potentially skewed beyond what may be found naturally in
freshwater environments. Testing of GH should be performed weekly. As the
optimum hardness level is not well defined for the zebrafish, a target range of
75e200 mg/L is generally accepted for zebrafish culture (Hammer, 2020;
Harper and Lawrence, 2011; CHEN et al., 2003; Lawrence, 2007; Wurts,
2002).

Specific targeting of calcium, magnesium, and other mineral profiles can
be undertaken in culture environments by blending mineral “conditioners” to
match the natural environment of a subject species. This type of species/
biotope-specific mineral blend is commercially available from numerous
manufacturers. Some compounds used for this type of conditioning blend
include calcium chloride (CaCl2), sodium chloride (NaCl), and magnesium
sulfate (MgSO4).

Conductivity/salinity

Conductivity is a measure of the ability of water (or any material) to conduct
electricity, this is directly related to the total dissolved ions within the water
and this includes the ions involved with hardness. Conductivity is measured in
a unit called micro-Siemens per centimeter (mS/cm).

Ultrapure water will have a conductivity reading of close to zero mS/cm,
whereas seawater will be approaching 50,000 mS/cm or above. The target
range for conductivity will vary with species. Zebrafish will tolerate very low
conductivities of 0.2 mS/cm but this is not conducive to egg production and
also has impacts on other metabolic processes of the animal (Uliano et al.,
2010), (Boisen et al., 2003). Zebrafish are found in ranges from 10 to 2000 mS/
cm and in laboratory conditions are generally held within a range of
200e3000 mS/cm (Harper and Lawrence, 2011). Maintaining fish at lower
conductivities has an energetic cost for the animal, as freshwater fish live in a
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hypotonic solution and constantly need to excrete water as dilute urine to
enable them to maintain osmotic balance. Increased salinities are sometimes
employed to reduce the osmoregulatory demands during times of stress such as
transport and disease outbreaks (Harper and Lawrence, 2011). FELASA
guidelines suggest a range between 150 and 1700 mS/cm.

The unit part per thousand (ppt) is often used when measuring dissolved
salts: 1 ppt ¼ 1,000 mg/L.

Larvae are regularly raised in a brackish salt solution of 3e5 ppt in a
polyculture with Brachionus plicatilis rotifers (Best et al., 2010).

Conductivity troubleshooting: Generally, addressing conductivity issues is
straightforward. In the case of elevated levels, check that the water change
regime is being followed and there are no problems with dosing systems
overrunning or syphoning content from buffer dosing vats. Check that buffer
dosing vats contain the correct solutions. For low conductivities, again check
buffer vats for content and dosing systems for operation and ensure that there
is not an uncontrolled inflow of low conductivity water.

Dissolved gases

Dissolved oxygen

Dissolved oxygen is one of the most limiting factors within an aquatic culture
environment. While atmospheric oxygen is present at around 21%
(210,000 mg/L), it has relatively low solubility in water. Dissolved oxygen is
most often expressed as a percentage of saturation rather than as mg/L and
saturation is interrelated to temperature, atmospheric pressure and altitude.

One hundred percent saturation level of dissolved oxygen in water under
typical zebrafish culture conditions equates to around 7.7 mg/L.

The gill membranes of a fish are well adapted to obtain oxygen at these
levels, but this does come at a higher energetic cost compared to a terrestrial
animal.

Oxygen consumption by both the respiratory process of our culture animals
and the biofilter will drive this level downward constantly. RAS engineers will
incorporate methods of ensuring that dissolved oxygen levels remain close to
saturation during normal operation within a system design. For those looking to
create “build your own” solutions, the inclusion of heavily cascading overflows
within thewater path is beneficial, as are the use of degassing towers or areas of a
technical sump that include heavy aeration. When using “home aquaria,” or
nonrecirculating systems, it is critical to ensure that there is direct agitation of the
water surface to ensure adequate gas exchange can occur. Aeration or direction
of powered filtration outlets across the surface of water will prove helpful. Be
aware that some diets can result in the accumulation of lipid films that blanket the
surface of a tank and can impinge on efficient gas exchange. This in turn can
result in a low pH value as carbon dioxide accumulates in the water (Table 2.1).
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Carbon dioxide

Carbon dioxide (CO2) forms carbonic acid (H2CO3) when dissolved in water.
CO2 accumulations may become problematic in tanks where there is an inade-
quate disruption of surface tension to allow for adequate gas exchange. Carbon
dioxide is produced in aquatic environments not only by the respiration of the
fish, but also from the breakdown of organic materials and the acidebase re-
actions that occur within an aquaculture system (Summerfelt et al., 2000).
Carbon dioxide has a relatively high solubility in water, and accumulation can
cause physiological problems for teleosts, including interferencewith the ability
of blood to transport oxygen. CO2 has an anaesthetic effect on fish as levels
approach 15e20 mg/L (Timmons and Ebeling, 2007; Hammer, 2020). It is best
to maintain levels as low as possible, and certainly below 10 mg/L. Heavily
aerating water to disrupt surface tension will degas CO2 from the water.

TABLE 2.1 Chart of dissolved oxygen in mg/L at 100% saturation in fresh

water and brackish water.

Saturation of dissolved oxygen in mg/L in fresh water and at 7.2 ppt salinity

Temperature

(�C)
0 ppt

salinity

7.2 ppt

salinity

Temperature

(�C)
0 ppt

salinity

7.2 ppt

salinity

1 14.24 13.54 16 9.89 9.44

2 13.84 13.18 17 9.67 9.26

3 13.45 12.84 18 9.47 9.07

4 13.09 12.51 19 9.28 8.88

5 12.75 12.18 20 9.11 8.7

6 12.44 11.86 21 8.93 8.54

7 12.13 11.58 22 8.75 8.38

8 11.85 11.29 23 8.60 8.22

9 11.56 11.02 24 8.44 8.07

10 11.29 10.77 25 8.27 7.92

11 11.05 10.53 26 8.12 7.78

12 10.80 10.29 27 7.98 7.64

13 10.56 10.07 28 7.84 7.51

14 10.33 9.86 29 7.69 7.38

15 10.10 9.64 30 7.56 7.25

Adapted from information in Timmons, M.B., Ebeling, J.M., 2007. Recirculating Aquaculture.

Cayuga Aqua Ventures, Ithaca New York, p. 52. (Table by Bruce Newell, Deakin University).
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CO2 levels can become elevated in a transport container resulting in a
lowering of pH in the transport water. A lower pH reduces toxicity of ammonia
by ionization. If ammonia has accumulated during transport, this can rapidly
become more toxic when the transport container is opened and the CO2 dis-
perses. Some shippers may include “biofilter starter culture” in the transport
container to help control ammonia accumulation in this phase.

Gas supersaturation

There are situations where atmospheric gases will be present in the water at
levels higher than would naturally occur. Supersaturation events can rapidly
cause lethal damage to your animals as the oversaturated gases come out of
solution within the fish’s tissues forming emboli that block capillaries and
damage tissue. This is commonly known as Gas Bubble Syndrome (Fig. 2.3).

Total gas pressure (TGP) monitoring devices are available and included in
the most advanced and professionally built RAS to constantly monitor gas
saturations. TGP devices can be programmed to automatically shut down
systems as a response to elevated total dissolved gas pressure levels.

The critical action when a supersaturation event is suspected, is to
immediately stop water circulation by shutting down system pumps. Examine
water levels within the sumps to ensure that air is not being drawn into the
intake of pumps. Provide agitation to the housing tanks to assist in off-gassing
the excess dissolved gases. Carefully examine the plumbing on the intake side
of pumps with particular attention to alignment of fittings and presence and
condition of O-rings and security of barrel unions. Signs of gas supersaturation
may include small bubbles forming on tank surfaces, microbubbles visible in
the water flow from the tank inlets, and the appearance of emboli within tis-
sues of deceased animals.

FIGURE 2.3 Fish exhibiting gross clinical signs of a gas supersaturation event. Note the visible

emboli in the fin tissue and the inflammation around the opercula. Photo: Gillian Lawrence.

University of Queensland.
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Nitrogenous wastes

As seen in biological filtration, nitrogenous compounds are normally found in
RAS in three forms: ammonia TAN (NH3/NH4), nitrites (NO2), and nitrates
(NO3).

It is suggested to test nitrogenous waste levels at least once per week and
more frequently if problems are experienced, biofiltration is being established,
or when large increases in stocking densities occur.

Ammonia is the principal source of waste from teleost metabolism and is
primarily excreted across the gill epithelium by passive diffusion (Schreier
et al., 2010; Shih et al., 2008; Wilkie, 2002). Ammonia is also formed from the
breakdown of organic materials such as animal tissue, foods, and fecal
material.

Ammonia is found in solution both as ionized ammonium (NH4) and
unionized ammonia (NH3), in an equilibrium influenced predominantly by
temperature and pH. The combined summary of both the ionized and union-
ized forms is referred to as TAN (Total Ammonia Nitrogen) or ammonia-N.

Most test kits will provide results in TAN and this figure must be read in
conjunction with conversion charts such as Table 2.2.

Ionized ammonium is relatively harmless to fish life below certain con-
centrations (Eshchara et al., 2006). Unionized ammonia is far more toxic to
fish and must be removed from the culture media. Levels exceeding 0.05 mg/L
are generally considered problematic for aquatic animals.

To use Table 2.2 to calculate the unionized ammonia content in a sample of
water with TAN 1.2 mg/L, pH 7.2, temperature 26�C, multiply the TAN value
by the conversion factor 0.0096. This results in a NH3 concentration of
0.0015 mg/L. The same example at a pH of 8.4 results in a NH3 concentration
of 0.159 mg/L, which is far more problematic. TAN should be maintained as
low as possible. Unionized ammonia should not be allowed to exceed 0.05 mg/
L and overall TAN should not be allowed to exceed 1 mg/L (Timmons and
Ebeling, 2007). If TAN readings exceed 0.25 mg/L on a regular basis, inves-
tigate possible causes, and cross-check the testing equipment you are using.

Nitrite

Nitrite accumulation is more problematic in freshwater than in marine envi-
ronments as chloride and hydrocarbonate ions help to mitigate some of the
effects of nitrite toxicity. Nitrite should be maintained as close to 0 mg/L as
practicable and if levels approaching 0.5 mg/L are detected, then the under-
lying cause should be identified. Nitrite crosses the gill epithelium and binds
with hemoglobin forming methemoglobin impinging on the ability of the
blood to carry oxygen to bodily tissues. Methemoglobin turns blood into a
brownish color as the nitrite preferentially binds to the hemoglobin precluding
oxygen uptake. Nitrite toxicity can cause respiratory distress and possibly
death.
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TABLE 2.2 Ammonia equilibrium factors at various temperatures and pH.

pH

Temperature Celsius

16 18 20 22 24 26 28 30 32

7.00 0.0029 0.0034 0.0039 0.0046 0.0052 0.0060 0.0069 0.0080 0.0093

7.20 0.0046 0.0054 0.0062 0.0072 0.0083 0.0096 0.0110 0.0126 0.0150

7.40 0.0073 0.0085 0.0098 0.0114 0.0131 0.0150 0.0173 0.0198 0.0236

7.60 0.0016 0.0134 0.0155 0.0179 0.0206 0.0236 0.0271 0.0310 0.0369

7.80 0.0182 0.0211 0.0244 0.0281 0.0322 0.0370 0.0423 0.0482 0.0572

8.00 0.2860 0.0330 0.0381 0.0438 0.0502 0.0574 0.0654 0.0743 0.0877

8.20 0.0445 0.0514 0.0590 0.0676 0.0772 0.0880 0.0998 0.1129 0.1322

8.40 0.0688 0.0790 0.0904 0.1031 0.1171 0.1326 0.1495 0.1678 0.1948

8.60 0.1048 0.1197 0.1361 0.1541 0.1737 0.1950 0.2178 0.2422 0.2768

8.80 0.1566 0.1773 0.1998 0.2241 0.2500 0.2774 0.3062 0.3362 0.3776

9.00 0.2273 0.2546 0.2836 0.3140 0.3456 0.3783 0.4116 0.4453 0.4902

From information in Emerson, K., Russo, R., Lund, R., Thurston, R., 1975. Aqueous ammonia equilibrium calculations: effects of pH. J. Fish. Res. Board Can. 32 (12),

2379e2383. (Table by Bruce Newell, Deakin University).
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Nitrate

Zebrafish have been shown to be moderately tolerant of nitrate at levels up to
200 mg/L in the larval rearing period (Learmonth and Carvalho, 2015). Nitrate
has a similar hemoglobin-binding quality to nitrite (Camargo et al., 2005), but
nitrate does not cross the gill epithelium as easily as nitrite, hence exhibiting
lower toxicity than nitrite (Hammer, 2020, p. 330). Nitrate levels should also
be maintained as low as practicable and in the absence of denitrification
strategies, dilution by water exchange is the most common approach. Where
water resources are particularly scarce, then denitrification strategies should be
pursued. The recent FELASA guidelines for zebrafish culture suggest main-
taining nitrate levels at less than 25 mg/L (Aleström et al., 2019).

Nitrogenous waste troubleshooting

“The solution to pollution is dilution”: Water changing can assist greatly in
reducing overall concentrations of an unwanted compound. Ammonia and
nitrite levels can become elevated due to many different causes such as
overfeeding, breakdown of the biofilter, and massive pH changes. Numerous
commercially available compounds will bind ammonia and nitrite and reduce
acute toxicity. As always, research the contents of the products you keep for
these contingencies, and ensure they will not adversely affect research if you
need to use them. In an emergency situation these can prove very valuable.
Products that may be of value in your emergency kit include Prime (Seachem
Industries Inc., 2020) and Ammo Lock (Mars or Affiliates, 2020). Zeolite in
any of its commercially available forms, or other compounds capable of
controlling ammonia levels, may be used to mitigate the effects of ammonia
toxicity while remedial actions are undertaken.

Important actions for reducing the severity of ammonia toxicity are pH
reduction close to neutral, as this will improve the ammonia/ammonium
equilibrium in your favor. Cease feeding for the short term while investigations
and remedies are put into place and accelerate the normal water change pro-
gram. While dilution is an effective method to reduce concentrations, be aware
of the pH of the incoming water. It may be prudent to allow the temperature to
drop in the system by a couple of degrees if it is expected that the resolution
will take some time. This will lower the metabolic rate of the animals reducing
ammonia output, as well as having marginal improvements on the equilibrium
reaction. As nitrite toxicity is mediated by the sodium concentration in the
culture water, increasing conductivity levels may have a slightly beneficial
effect.

Chlorine

It is not unheard of to have free chlorine breakthrough into tanks either by
engineering failure, human error, unanticipated surge dosing of chlorine/
chloramine by municipal water suppliers, or failure of prefiltration systems for
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incoming water. The most effective treatment for a chlorine breakthrough is
the use of sodium thiosulfate (Na2S2O3) solution. Sodium thiosulfate will
rapidly bind up chlorine when dosed at a rate of 7 mg/L per mg/L of free
chlorine present. If the source problem is a breakthrough of chloramine, then
there will be a secondary ammonia problem to deal with. Previously
mentioned ammonia blockers may be helpful in this situation. When utilizing
a municipal water source, research the disinfection agent utilized in your lo-
cality. Strong aeration will disperse chlorine, but it is mostly ineffective
against chloramine.

Lighting

Zebrafish are crepuscular spawning animals that are easily manipulated by
regular lighting patterns.

The most common practice is to utilize a 14:10 light:dark cycle and it is
important when designing facilities that the main housing space is protected
from unwanted light sources (Adatto et al., 2016; Villamizar et al., 2014; Di
Rosa et al., 2015). Pay particular attention in the design phase to eliminate
unwanted light sources such as exit signs and backlit light switches and dis-
plays. Ensure that the building engineers understand that you need to create a
“darkroom” in the animal housing zone. This may require that you receive
exemptions from certain building regulations around exit sign illumination.

With LED lighting becoming far more common in installations, there is an
opportunity to manipulate light intensities easily. The authors facility uses a
system with gradual dawn and dusk features as well as the ability to very
gradually ramp intensities automatically when the room is not occupied for
long periods. When choosing LED lighting pay attention to the color tem-
perature of the unit (� kelvin). To achieve good color rendition and contrast,
recommendations are for a light with a color temperature from 5000 to 6500 �K.
Targets of between 54 and 334 lux at the tank face are suggested (Matthews
et al., 2002; Aleström et al., 2019). It is a good idea to put a data logger into
the tank holding spaces to ensure the night/day cycle is not interrupted as this
can have highly detrimental effects on fish physiology and breeding
performance.

Feeding

Feeding and nutrition is an area undergoing considerable research and
development (Fowler et al., 2020).

In reality, it is not at all clear that feeding practices that are typically in use
in zebrafish research settings today achieve the stated goal of producing and
maintaining “representatively normal, healthy” research subjects. One primary
reason for this is that the nutritional requirements of zebrafish are still largely
unknown (Watts et al., 2012, 2016).
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The original zebrafish husbandry works undertaken by Streisinger relied
upon commercial flake foods. These flake foods are still utilized in some
zebrafish facilities and may be more common with other species. Flake foods
will quickly leach water-soluble vitamins into the water column in comparison
to pelletized, crumbled, or encapsulated food stocks. Due to a high surface/
volume ratio, flake foods will tend to oxidize more rapidly. For these reasons
flake foods have to a large degree been replaced in the zebrafish field. Feeds
utilized for laboratory fish will vary depending upon species requirements and
availability in any particular locale.

At the time of writing there are a number of suppliers providing zebrafish-
specific diets; however, none have achieved a universal uptake within the
research community. A nutritionally defined, purified, open-source reference
diet has yet to be fully developed for the zebrafish in the same way that has
been undertaken for other research models used in biomedical settings, e.g.,
rodent models, but work on this is continuing. Nutritional studies clearly
demonstrate that variations in dietary ingredients and corresponding nutrient
composition among commercially available diets can affect growth, repro-
duction, disease, and consequently response to experimental manipulation
(Fowler et al., 2019; Smith et al., 2013; Siccardi et al., 2009; Gonzales, 2012;
Gonzales and Law, 2013; Markovich et al., 2007) (Table 2.3).

For some methods of delivering dry and live foods to zebrafish in
controlled manners, see the “New and emerging technologies” section.

Live foods

Live foods are an area constantly undergoing review. Traditionally there has
been a high reliance on paramecium, Artemia, and rotifers in the culture of
zebrafish and other species. This has been predominantly due to a combination
of the balanced nutritional content, digestibility, and small gape size of the
zebrafish at the onset of exogenous feeding (Kaushik et al., 2011).

Some microparticulate dry foods have been demonstrated to provide
reasonable growth and survival levels, and some facilities use dry feeds
exclusively.

There are some potential benefits from an environmental enrichment point
of view in feeding live foods and this features as a suggestion in the FELASA
guidelines (Aleström et al., 2019).

Organisms used for live feeding can serve as concentration vectors for
pathogens such as Mycobacteria marinum (Peterson et al., 2013; Chang et al.,
2019). There are a growing number of facilities moving away from the use of
live foods, particularly of Artemia, as a response to the biosecurity issues
presented by the use of a wild collected organism in a research environment.
Rotifer cysts that have been produced in cultured conditions and undergone
surface disinfection with ethanol are available (Florida AquaFarms Inc., 2016).
Decapsulating Artemia can reduce the risk to a degree by exposing the cysts to
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TABLE 2.3 A range of feeds commonly in use in the zebrafish field can be seen here:

while some of these feeds are manufactured specifically for research using zebra-

fish, others are adapted to use from other finfish aquaculture applications. Com-

mercial aquaculture for finfish tends to be targeted at maximum food conversion to

body mass and it is unclear that this is the best strategy for a laboratory animal.

Manufacturer

Product

name Size range (mm) Format Production location

DanioLab ZRD-1 80e100 Granule Los Angeles, USA

ZRD-2 100e200 Granule Los Angeles, USA

ZRD-3 200e300 Granule Los Angeles, USA

ZRD-4 300e500 Granule Los Angeles, USA

INVE NRD 3/5 300e500 Granule Nonthaburi, Thailand

NRD 5/8 500e800 Granule Nonthaburi, Thailand

NRD G8 800 Granule Nonthaburi, Thailand

NRD G12 1200 Granule Nonthaburi, Thailand

INVE
(O-Range)

START-S 100e200 Granule Nonthaburi, Thailand

START-L 200e300 Granule Nonthaburi, Thailand

WEAN-S 200e400 Granule Nonthaburi, Thailand

WEAN-L 300e500 Granule Nonthaburi, Thailand

GROW-L 500e800 Granule Nonthaburi, Thailand

Marubeni
Nisshin Feed
Company

Otohime A1 75e150 Granule Japan

Otohime A2 150e250 Granule Japan

Otohime B1 250e360 Granule Japan

Otohime S1 600e1400 Granule Japan

Skretting Gemma
Micro 75

50e100 Granule Fontaine Les Vervins, France

Gemma
Micro 150

100e200 Granule Fontaine Les Vervins, France

Gemma
Micro 300

200e500 Granule Fontaine Les Vervins, France

Gemma
Micro 500

400e700 Granule Fontaine Les Vervins, France

Sparos Zebrafeed <100 Granule Olhao, Portugal

Zebrafeed 100e200 Granule Olhao, Portugal

Zebrafeed 200e400 Granule Olhao, Portugal

Zebrafeed 400e600 Granule Olhao, Portugal
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sodium hypochlorite and sodium hydroxide; however, this is an exothermic
reaction that carries inherent occupational health and safety issues. The
chorion of Artemia is relatively indigestible and can cause gut impaction
particularly in juvenile animals (Fig. 2.4).

Feeding frequency

As ad libitum feeding of fish is problematic in most cases beyond larval stages,
the most commonly adopted approach is to feed to satiation or to a ration,
either singly or multiple times per day. Recent work suggests that feeding
routines affect behaviors and anxiety responses in fish (Dametto et al., 2018).

Adult zebrafish have been shown to perform well on a single larger feed per
day (Lawrence et al., 2012); however, many facilities feed smaller feeds at mul-
tiple points during the day. In some instances, it is possible to automate this process
with the use of robotics. This can be particularly helpful in raising juvenile animals

TABLE 2.3 A range of feeds commonly in use in the zebrafish field can be seen here:

while some of these feeds are manufactured specifically for research using

zebrafish, others are adapted to use from other finfish aquaculture applications.

Commercial aquaculture for finfish tends to be targeted at maximum food

conversion to body mass and it is unclear that this is the best strategy for a

laboratory animal.dcont’d

Manufacturer

Product

name Size range (mm) Format Production location

Zebrafish
Management

ZM-100 80e200 Granule Hampshire, United Kingdom

ZM-200 200e300 Granule Hampshire, United Kingdom

ZM-300 300 Granule Hampshire, United Kingdom

ZM-400 400 Granule Hampshire, United Kingdom

ZM-500 500 Granule Hampshire, United Kingdom

Zeigler Zebrafish
Feed

1 mm Granule Gardners, Pennsylvania, USA

Aquatox Variable Flake Gardners, Pennsylvania, USA

AP100 1 <50 Granule Gardners, Pennsylvania, USA

AP100 2 <100 Granule Gardners, Pennsylvania, USA

AP100 3 100e150 Granule Gardners, Pennsylvania, USA

AP100 4 150e250 Granule Gardners, Pennsylvania, USA

AP100 5 250e450 Granule Gardners, Pennsylvania, USA

Produced with kind assistance from Carrie Barton. (Table by Bruce Newell, Deakin University).
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as multiple small feeds can be delivered over the course of a day (Erik Sanders,
personal communication, November 2020; Tecniplast SpA, 2017).

A previous section mentioned withholding foods as a response to system
failures and upsets in biological filtration where a reduction in ammonia
production would be advantageous. This is an approach that should only be
considered for very short timeframes and only in an emergency situation.
Fasting zebrafish for between 7 and 21 days is an area that has undergone work
in the past (Jia et al., 2019; Ahi et al., 2019; Meyer et al., 2013).

There appears to be variations in responses to fasting between genetic lines
in the zebrafish, but overall, in an emergency situation, fasting animals for up
to 48e72 h is unlikely to cause long-term problems to animals. It is best to
achieve a speedy resolution to the problem and resume normal feed as quickly
as possible. A consideration is that the resilience of very young animals to
fasting will be appreciably lower than it would be for older animals.

Maintenance programs

Preventative maintenance safeguards against equipment failure and can avoid

potential loss of valuable research animals.

Pandolfo and Aliucci (2020).

There is a need to maintain mechanical and biological systems to ensure
reliable and optimized operation. This is of course particularly critical when
dealing with systems that are responsible for the life support of our animals.
The specifics of any maintenance program will vary depending on design and
implementation of the venture.

FIGURE 2.4 (L) A photograph of a Hydra sp. organism attached to the outer chorion of a hy-

drated Artemia cyst (circled). (R) Unhatched Artemia cysts in the gut of an adult zebrafish. (L)

Photo Carrie Barton, Sinnhuber Institute. (R) Photo Marco Brocca. Tecniplast.
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It is important that there are thorough and accurate records of both routine
maintenance and repair works. The age of existing equipment and critical
spare part stock holdings are to be given proper consideration as well. These
records can be helpful to create a more robust maintenance program. Record
keeping can take many forms and does not need to be a centralized record set.
Some aspects such as environmental monitoring of the housing rooms, water
parameter test results, feed records, etc. may suit being recorded in a log book
within the facility, whereas records of service visits from technicians, changing
of UV tubes and pumps, etc. may be more appropriately maintained in an
electronic log where events with a lower frequency can be easily discerned or
searched for. The approach and the tools used to achieve the outcome are open
to individual preference of those designing the maintenance program.

Whatever approach is undertaken, precise records will enable detailed
running costs and efficiencies to be evaluated, predictions to be made, and give
foresight of problems that may develop.

A preventive rather than a reactive maintenance program is best.
Timely replacement of equipment may prevent an avoidable failure that

could threaten the life of research animals; however, replacement of equipment
that still has a long service life is wasteful and counterproductive. It is
important to carry a range of spare parts on hand for items that will cause
serious problems in the event of a failure, but it is unrealistic for most facilities
to maintain a complete inventory of every part that could ever fail.

Holding spare parts on a shelf for a long period of time can be detrimental
as equipment may perish while in storage and provide a false sense of security.
Poor storage conditions could cause bearings or seals in a pump to seize or pit
and the unit may be nonfunctional when needed. Equally, rubber O-rings and
seals stored for years may not be in a usable condition if they have been stored
in a poor environment.

Ideally, systems should have a level of functional redundancy built in,
particularly around the key items of water parameter management. Having two
pumps capable of supplying most or all the water needed, stands a far better
chance of avoiding loss of animals in the event of a pump failure. This
approach allows for the regular changeover of the pumps to avoid excessive
wear on one unit in a “lead/lag” arrangement. When a pump needs to be
serviced in this arrangement, there should be no impact upon the performance
of the system. Similarly, if heating is supplied from two separate heating el-
ements, the chance of both of those failing at the same time is much lower than
that of a single unit.

Evaluating the duty cycle of equipment is important. Most manufacturers
of quality equipment will provide documentation of the life expectancy of the
equipment they produce. Plan to replace equipment before the predicted
failure is reached. This may not be a straightforward process when equipment
does not operate continually. A dosing pump may only operate for a total of 3
or 4 min a day; the manufacturer may state the diaphragm has a life
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expectancy of 3000 h. At 3 min per day, this amounts to a predicted working
life of over 160 years. This would influence the frequency of service intervals
and whether you would hold spare parts.

Some degree of risk evaluation and management must be taken into ac-
count. When replacement parts are readily and quickly available, the impetus
to carry stock is lower. If parts are scarce, hard to come by, or may involve
considerable transit times, then the impetus to have spares to hand increases.

It is important to factor in repair costs and spare part inventories in the
original and ongoing equipment budgets.

One essential part of a maintenance program that is often overlooked is the
experience of the operators within the space. An observant, well-trained, and
interested operator who has been taught to seek out changes in operation of
equipment will potentially spot an emerging problem long before it becomes a
critical failure. Noticing small changes such as a shift in audible tone or
operating temperature of a pump can make a huge difference. Encourage staff
to observe, investigate, and report these changes.

Continuity planning

Anything that can go wrong, will go wrong.

Continuity planning or “disaster planning” warrants extensive consider-
ation and preparation. Every facility and program are different; two facilities
equipped in exactly the same manner are unlikely to face exactly the same
challenges, so each facility continuity plan will be unique. There are obvious
recurrent themes seen between different facilities; a series of prompts and
scenarios that highlight the major points to consider is presented.

Human

The first goal must always be the health and welfare of the people involved,
with animal welfare a very close second. Legislative guidelines exist that set
out minimum requirements for human occupational health, welfare, and safety,
as well as animal welfare requirements and it is important to be familiar with
the relevant local requirements.

Healthy, well-cared for animals that are managed in a repeatable and well-
documented manner will help the third goal, which is research. Avoidance of
nonprotocol-induced variations is a key factor in the gathering of robust data.
Ensuring rapid, effective responses to problems will reduce these variables in
research.

The more complex a system is, the greater the number of components that
may individually break, fail, or not perform to expectations. Proactively seek
out these potentials for failure and plan effective responses before a failure
occurs. This applies not only to mechanical systems but also to human
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systems. Develop a proactive relationship with the local service engineer of
your system manufacturer. A collaborative approach assists in knowledge
sharing and helps strengthen understanding of system dynamics.

Ask “What might go wrong, and how can those eventualities be best
prepared for?”

From a human point of view, consider: What motivates the people involved
in the research; where do they live; are they traveling long distances; if so,
how? During environmental challenges such as extreme weather events or
natural disasters, who among the team is going to be able to help out, and are
they capable of filling gaps that may be left in the workgroup?

Environmental conditions and natural threats are widely variable depend-
ing on location. Floods, storms, blizzards, dust storms, bushfires, hurricanes,
and earthquakes are all realities for people living in various parts of the world.
Consider the local exposures; with changes occurring in long-term climate
patterns, adverse weather events are expected to become more frequent and
severe. Search the historical record for the locale. Consider local history to
determine probabilities of different disasters. At the time of writing, the impact
of public health emergencies is being highlighted.

Evaluate the skills that each team member possesses and identify overlaps
or potential gaps.

Researching this part of your continuity plan highlights the need for
effective and useful standard operating procedure (SOP) documents that will
enable tasks to be completed by operators unfamiliar with a task should the
need arise. Detailed, functional SOP documents are invaluable in an emer-
gency situation. Pictorial guides and even video guides can be very useful for a
novice. Technologies such as quick response codes that link to web or cloud-
hosted videos can be very useful, particularly for complex tasks. These should
not form a replacement for well-written documents as the technology has
multiple points of potential failure, but can serve as a useful adjunct.

Ensure that the people who you may come to rely upon in emergency
situations are aware of what you do. Having technical and facility support
people who understand the priorities required in keeping a research colony
alive and healthy is very important. Also consider the services you may not
think of straight away. Having local emergency services on side when things
go severely wrong may make a difference.

Mechanical and infrastructure

From a mechanistic point of view, you have a great reliance on factors that are
totally or partially outside your control. Some of these factors may include:

Continuity of electrical supply, communications channels, reticulated wa-
ter supply. You may suffer supply chain problems for items that you normally
take for granted, or failure of mechanical components within your housing and
supply systems, shutdowns of HVAC systems etc.
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Electrical supply continuity is a major issue: The ability to withstand loss
of power without losing animals will vary based on system design, stocking
densities and other factors. It is highly recommended to ensure that a power
supply such as a generator, which is independent of the local grid, can be
connected to ensure life support system continuity. If your facility has its own
backup generator, ensure it is serviced regularly and fueled. If you share a
backup system with other users, then make sure all are aware of what you do
and why continuity is critical for you. Load shedding is often required, so
make sure that your critical equipment is not sidelined by developing a pre-
determined hierarchy of importance. If you are running a very small-scale
facility or are in a situation where you do not have facility support, consider
purchasing a small generator capable of running the essentials and test the
generator regularly.

Load-shedding priorities: Consider reducing HVAC support first, as this is
generally a high-energy consumption item. The next high-energy consider-
ation would be water heating; water has a high thermal inertia and a gradually
decreasing water temperature will slow down the metabolism of the animals
with an attendant drop in ammonia production and oxygen demand. The
highest priority for power continuity is biofilter mechanisms and water cir-
culation pumps to maintain dissolved oxygen levels and minimize loss of
biological function.

Reticulated water supply: There are likely to be many points of failure to
consider. If you are reliant on reverse osmosis water, how will you cope with a
failure of your equipment? If you are on well or artesian water supplies, do you
have a plan if you experience quality issues with this water? If you use
municipal water, do you have systems in place to provide a buffer for a period?
Are you familiar with the supply systems, and who do you contact when things
go wrong? Document and make it a regular timed event to revise your plan and
contacts. Make direct contact with the people who control your water supply
and let them know your reliance on the water. This contact may result in some
degree of forewarning of upcoming changes to your incoming water supply.

Spare parts

Equipment failure: Identify what is most likely to fail in your system. Develop
an understanding of how your systems work. Have a set of spares available on
hand for the critical items. A fractured quartz sleeve on a UV unit can be a
simple thing to replace if you have a spare. At the start of a long weekend or
protracted holiday break when no spares are available, the system may be
compromised for a significant period of time. Likewise, plan for how a failure
of a main circulation pump can be addressed. If you are designing a system for
a “self-build,” it is critically important to include the ability to bypass sections
of the filtration unit in a breakdown situation.

54 SECTION | 1 Zebrafish (Danio rerio)



Spare parts to keep in stock should include: Spare UV tubes and quartz
sleeves, main circulation pump if there are no inbuilt redundancies, an
emergency repair kit that contains spare barrel unions, O-rings, spare valve
bodies, and a quantity of replacement hoses and fittings for pressure appli-
cations. Spare heating elements and fuses, a spare air pump rated to your
system, a spare dosing pump and connection hoses can all be very valuable. If
the system is reliant on an integrated electronic control system, then consider
having a spare power supply to hand.

It is important to have an independent method of checking pH, conduc-
tivity, and temperature. If these are digital instruments, then they must be
regularly maintained and calibrated, so they are ready and reliable when
needed. A well-thought-out “emergency kit” can be invaluable.

Talk to the system manufacturer, to other facility operators, and to your
staff and facility support people. Ask both simple and complex questions and
pay attention to the responses.

Continuity planning should consider the value of a well-organized cryo-
preservation program. It is possible to do this in house if you have the re-
sources, and protocols can be found through ZIRC (Matthews et al., 2018).
ZIRC also provides line preservation services (ZIRC, 2020). There is at least
one commercial provider of cryopreservation services working in the zebrafish
field who can service facilities on site in some countries (Cryogenetics AS
Hamar, Norway, 2020).

New and emerging technologies

There are emerging technologies and products that are currently making im-
pacts within the aquatic field, or look to hold promise as they are developed.
As space is limited for this section, pointers to investigate have been provided,
if these are of interest. In most cases, web addresses can be found in the
references section.

As the uptake and reliability of 3D printers improves, methods of rapidly and
easily creating equipment are advancing. Additive printing can reduce long lead
times and high developmental costs. Prototyping using these types of printing
devices can enable fine tuning of designs to be undertakenwithminimal fuss and
sharing of designs by computer code. Some uses for this technique are feed
dispensers such as those described in Sketchfab (2020) and Tangara et al. (2019)
and isolation caging for zebrafish during dosing for chemical screening
(Monstad-Rios et al., 2018). The scope of uses for this technology is very broad.
A factor to consider is the material used by the 3D printing process. Some
polymers used for this work may present toxicity issues, so it is important to test
the compatibility of your polymers prior to use (Walpitagama et al., 2019).

The type of three-axis movement involved with these printers is also being
utilized to create equipment such as the automated zebrafish embryo sorter
described in Breitwieser et al. (2018).
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Of course, there are a number of feed delivery solutions available off
the shelf. Examples are units by Danio Lab (2020), Gigafloaquatics (2020),
Pentair AES (2020).

In line with the 3R’s in research is the “Zebrafish Embryo Genotyper” from
wFluidX (2020). This device is based on research work at the University of
Utah (Lambert et al., 2018). The device allows for the nonlethal harvesting of
cells from a zebrafish embryo to enable polymerase chain reaction (PCR)
genotyping to be performed before the onset of exogenous feeding.

The use of PCR techniques also has a positive influence for the 3Rs when it
comes to health and environmental monitoring. Traditionally, sentinel animals
and environmental samples are used for health monitoring, and some sentinel
programs involve large numbers of animals to achieve statistical significance.
Tecniplast SpA (2020) has recently released a standardized method of envi-
ronmental screening for pathogens using the outfall water from a RAS. This
sampling/testing arrangement relies on a set of graduated screens (patent
pending) that are installed on a system for a minimum period of 5 weeks
before the screens are packed in a standard 50 mL centrifuge tube and dis-
patched for PCR screening. Bacteriology as well as parasitology screening can
be achieved using this process by adding a defined quantity of liquid Carye
Blair transport media to the centrifuge tube. Freezing of the sample may not be
required if delivery times are less than a week in moderate temperatures. This
will result in considerably lower freight costs in some circumstances, and may
assist with reduction of animal numbers required to reliably monitor the mi-
crobial status of RAS.

For those using Artemia as part of their feeding regime, Inve Technologies
(2020) provide a magnetically coated Artemia cyst that allows for separation
of unhatched cysts and chorion debris from a culture using magnetic attraction.
Separation of cyst debris reduces the chance of gut impaction in larval fish that
are consuming Artemia.

Shallow profile tank systems for breeding and housing are becoming popular.
The zebrafish is a shoaling animal and can benefit from a more lateral envi-
ronment during breeding and shoaling, particularly where an enriched bottom
structure is included. A new, horizontally oriented tank that encourages more
natural spawning interactions in shoals of zebrafish than usually found in more
vertical housing in laboratory set-ups was recently released. This unit is adapt-
able for use across multiple manufacturers’ platforms (Tecniplast SpA, 2020).

A water-testing solution that is making inroads into the zebrafish field is
Spin Touch (LaMotte Company, 2020). Originally developed for the pool
industry, this device is capable of producing results for GH, KH, pH, TAN,
nitrite, nitrate, and phosphate using an integrated disk that allows all tests to be
run in parallel in approximately 2 min. This can provide considerable time
saving for facilities that are operating multiple systems. Disks are available for
both fresh and saltwater applications.
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While not necessarily new, imaging systems for zebrafish movement
tracking for a wide range of behavioral and screening purposes. There are a
number of suppliers, including Noldus Information Technology BV (2020) and
Viewpoint Life Sciences Inc. (2020) among others.

An area of research that is developing currently is photocatalytic processes
for water treatment.

These processes rely on compounds such as TiO2, ZnO, WO3, BiVO4, and
silicon doped with various nanoparticles. These processes involve creating
hydroxyl radicals that then react with organic substances, or by directly
stripping electrons from compounds resulting in degradative oxidation. An
electrophotocatalytic process currently in developmental research by Exciton
Clean LLC (2020) relies upon titanium dioxide nanotube materials as an
electrode within a UVC chamber (Kropp et al., 2009). This technology pro-
vides a combined benefit from the UVC exposure chamber providing disin-
fection as well as the capability to oxidize other compounds within the water
column.

An overview of some uses of photocatalytic processes can be found in
Peleyejuaband and Arotiba (2018). At the time of writing, these technologies
show some promise in control not only of microorganisms but also of some
nuisance organisms such as bryozoans. There is a potential for electro-
photocatalytic processes at some point to obviate reliance on microbial pop-
ulations for ammonia oxidation, but time will tell how these develop and if
they will translate well into the zebrafish field or wider aquaculture industry.

At the time of writing there is at least one company trialing a gel-based diet
delivery system that appears to offer a more ad libitum feeding profile in
comparison to bolus feeding using pelleted or granulated foods. The gel matrix
can be cut to size and manipulated for drug and compound delivery and dietary
manipulations if required (https://www.clearh2o.com/, 2020).

The following are specialist suppliers of husbandry equipment: Aquaneering
Incorporated (2020), Aqua Schwarz GmbH (2020), Aquatic_Enterprises_
Inc. (2020), Danio Lab (2020), Iwaki Aquatic (2020), and Tecniplast SpA
(2020).

Web addresses can be found in the references section.
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Chapter 3

Breeding and larviculture of
zebrafish (Danio rerio)

Benjamin Tsang, Robert Gerlai
University of Toronto Mississauga, Department of Psychology, Toronto, ON, Canada

Introduction

Zebrafish (Danio rerio), or as it has been known in the aquarium hobby, zebra
danio, has been bred in captivity for several decades. It has become one of the
most common aquarium fish species as a hobby, but has also been gaining
recognition and popularity in scientific research. Although the earliest publi-
cations of zebrafish appeared almost a century ago (Goodrich and Nichols,
1931; Creaser, 1934), until about four decades ago the zebrafish was not very
well known to science. This, however, changed when a developmental biol-
ogist, George Straisinger, started to employ the species (Streisinger et al.,
1981). By now zebrafish have been utilized in practically every subfield of
biology, from cancer research (Hason and Bart�un�ek, 2019) to behavioral
neuroscience (Levin and Cerutti, 2009). One reason for the popularity of this
species is that it is easy to keep and breed in captivity. In fact, in the aquarium
hobby it is considered a beginner fish. Indeed, it can be found in most
aquarium pet stores, and is rather cheap to buy. It tolerates a wide range of
water conditions and temperatures, and accepts all sorts of dried and live fish
foods. It is small, highly social, so a large number of zebrafish can be housed
in small tanks, and is extremely prolific. Despite the ease of its maintenance
and prolific nature, numerous publications have discussed the methods of its
breeding and husbandry. In this chapter, we distill what is known about these
aspects of zebrafish and add our own personal perspective. Our goal is to
provide detailed information on how to keep and breed this species. We also
discuss the reasons why optimization of these procedures and keeping their
parameters standard may be of value to the scientist.
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Should we mimic nature, or should we ignore it in
laboratory breeding and husbandry of zebrafish:
theoretical considerations from the perspective of
experimental biology

The first topic we briefly discuss is the natural habitat of the zebrafish. Why do
we start a chapter on breeding and larviculture with this topic? Numerous
facilities and laboratories have bred and kept zebrafish under conditions that
are distinctly different from those in the natural habitat of this species. Pro-
ponents of such conditions argue that “it does not matter how these fish live in
nature” because “from an aquaculture standpoint” these conditions make good
sense. One example is salinity, a point to which we will return later. Here, we
just note that some zebrafish facilities employ NaCl to raise salinity to 2000
and sometimes 3000 mS. Their argument is that this is useful as it limits
bacterial growth and thus keeps the water cleaner and the fish healthier. We
believe that using such artificial conditions is a mistake. If we force zebrafish
to breed, grow, and live under unnatural conditions, we may be testing the
limits of their physiology and their ability to maintain homeostasis without
stress. Zebrafish have so far been complying with our methods, and thus some
may argue that there is nothing wrong with the way we breed and keep them,
even though the conditions do not resemble those in nature. This is a strong
argument, except that up to recent times, zebrafish were only used to uncover
robust biological effects, e.g., major genes affecting organogenesis. Variations
in salinity, for example, are unlikely to be able to appreciably modify major
gene effects in studies where mutation-induced alterations of fundamental
developmental processes were examined (Grunwald and Streisinger, 1992).
However, nowadays we are probing genes and biological mechanisms
underlying such processes as learning and memory (Norton and Bally-Cuif,
2010), effects of trace amounts of toxicants in the environment (Dai et al.,
2013), mild embryonic alcohol exposure (Facciol et al., 2019b), and so on. In
such studies, subtle changes in biological processes resulting from experi-
mental manipulations may be significantly altered by unnatural environmental
conditions.

Let us first briefly examine how, in principle, unnatural conditions may be
deleterious. Although zebrafish have been found in a variety of habitats living
under a wide range of conditions (briefly reviewed later), pushing water
conditions outside of this already broad range may make the fish more
vulnerable to fluctuations in the laboratory environment. Taking salinity as a
hypothetical example, if the upper tolerable level of salt concentration is, say,
3100 mS, keeping the fish at 3000 mS means that occasionally, due to, e.g.,
crowding, excess food, lack of appropriate water changes coupled with
evaporation-induced water loss, actual salinity levels may reach or exceed the
upper threshold of tolerability. At that moment, homeostatic processes cannot
compensate for the high salt concentration and the fish suffer physiological
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stress. As this stress manifests in certain but not all fish tanks, and perhaps as
this stress affects the weaker, smaller, and perhaps already less healthy fish
more, the population as a whole will experience increased variability. This
variability will manifest as increased error variance in research results, which
then leads to reduced statistical power to find effects of experimental
manipulations significant. Furthermore, elevated error variance may also lead
to reduced reproducibility of findings, because higher sampling error may seep
into the result. In sum, for these reasons it is a good idea to keep and breed
zebrafish under environmental conditions that are in the mid-range of the
values one can observe in the natural habitat of this species.

Zebrafish in nature

What are these values? A few studies have already explored the natural habitat
of zebrafish and started to address this question (Engeszer et al., 2007; Sundin
et al., 2019). Thus, we know that zebrafish live across a wide range of habitats
whose abiotic features vary in terms of geographic location as well as
seasonality. Zebrafish are found in India, Pakistan, Nepal, Bangladesh, and
Myanmar in freshwaters near sea level all the way up to 1500 m elevation
(Spence et al., 2006, 2007a, 2007b; Engeszer et al., 2007; Whiteley et al.,
2011; Arunachalam et al., 2013; Suriyampola et al., 2016 Daniels, 2002). The
temperature of the water in these habitats ranges between 12 and 39�C, pH
between 5.9 and 9.2, and conductivity between 10 and 271 mS (for review, see
Engeszer et al., 2007; Parichy and Postlethwait, 2020). Organic waste load,
e.g., levels of ammonia, nitrite, or nitrate, likely also vary between being
completely absent to high levels depending on the habitat.

Based upon these observations, in a recent paper we recommended the
following optimal environmental parameters for zebrafish maintenance: tem-
perature 27e29�C, pH 6.5e7.5, conductivity 100e200 mS, ammonia, nitrite,
and nitrate levels 0 ppm (Tsang et al., 2020). However, we emphasize that the
parameters of zebrafish maintenance have not been systematically analyzed
using controlled parametric empirical studies, and thus our recommendations,
just like those of others, are based upon experience and our best guesses. We
also note that most zebrafish facilities focus on the absolute value of these
parameters and ignore the question of the speed with which they change. This
is a mistake. For example, the salinity may be out of range, but bringing it back
to the desired level must be achieved slowly and gradually. The speed of
change is a particularly acute problem for pH, low pH that is, which is often
corrected by dumping sodium bicarbonate (baking soda) into the water,
inducing an abrupt jump in its value. Adjustment of out-of-range parameters
must be achieved gradually. For most parameters this means several hours, or
perhaps even better days. We also note that the desired salinity in almost all
zebrafish facilities we know of and almost all zebrafish publications we
reviewed are achieved by adding NaCl, a salt that is practically absent in
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natural waters of the zebrafish. Calcium carbonate (CaCO3) is the salt that is
found almost ubiquitously in freshwater habitats of the zebrafish. It has an
advantage over NaCl also in that it is able to buffer the water against low and
fluctuating pH. Thus we have recommended the use of aragonite, a crystal
form of CaCO3 that is relatively easy to obtain (from pet stores, for example)
and dissolves well in water (when placed in filters or system water reservoirs
in mesh bags) (Tsang et al., 2020). However, we note again that systematic
parametric analysis of environmental parameters, including salt concentration/
composition and pH, has not been carried out.

Light is also an important factor in zebrafish maintenance. In their natural
habitat, zebrafish live in shallow water. These natural waters usually have a lot
of aquatic vegetation, and thus the zebrafish can hide from open and well-
illuminated waters. Nevertheless, the fish are often exposed to strong and
direct sunlight. The question of light versus dark preference has been
controversial in the literature because investigators often confuse background
shade (black vs. white) with level of illumination (dark vs. well lit) among
other factors (Facciol et al., 2019a). According to our own studies, zebrafish
appear to prefer tanks with a dark background/bottom but with strong
illumination (e.g., Facciol et al., 2019a). In our hands, zebrafish thrive in well-
illuminated tanks. The light cycle in the natural habitat of zebrafish is around
14 h light and 10 h dark, which most zebrafish facilities match.

Assuming we have established these ideal environmental conditions, the
next most important question is how to get the parental fish up to good
breeding condition.

Preparing zebrafish for breeding

Aquarists, and by now zebrafish scientists too, know that perhaps the most
important aspect of breeding fish is properly preparing them for spawning.
Keeping the parental zebrafish under optimal conditions, feeding them well
and thus bringing them up to excellent spawning condition is a must. We have
briefly dealt with maintenance conditions, including water chemistry param-
eters and temperature; here, we further examine some of these questions more
specifically according to their relevance to breeding, and we will also discuss
how to feed the parental fish.

Zebrafish have been found to breed throughout the year in nature; never-
theless, as with other tropical freshwater species, breeding activity of zebrafish
is expected to be highest during the rainy season (Spence et al., 2007b). Rain
brings organic nutrients, which leads to elevation of microorganisms as well as
macroorganisms in the water that serve as food for both adult and juvenile
zebrafish. The rainy season also brings two important changes in water
parameters: salinity decreases and temperature increases. Mimicking such
changes in the laboratory also enhances breeding success. Thus a couple of
days before the expected spawning, we reduce salinity from 200 to 100 mS and
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increase the temperature from 27 up to 30�C. We emphasize that these changes
are gradual and occur over the period of 2 days preceding spawning, as abrupt
alterations of water chemistry or temperature have been found stressful for
the zebrafish (Abozaid et al., 2020).

An appropriate amount and quality of food are perhaps even more
important in keeping zebrafish healthy and preparing them for spawning. The
mouth structure of the zebrafish suggests that this species forages near or from
the surface of the water. In nature, zebrafish consume a variety of foods,
including nonaquatic organisms that fall into the water as well as aquatic
organisms, for example, insects and crustaceans. Some of the aquatic organ-
isms zebrafish consume forage on algae, and thus zebrafish eat this foodstuff
indirectly too. In captivity, zebrafish accept a variety of foods, including live as
well as dried foods. Most zebrafish facilities employ dried foods, in the form
of pellets or flakes. Live foods are also available, but their use risks the spread
of bacterial or other infections. There are dried foods specifically formulated
for zebrafish available from commercial vendors (e.g., Zeigler, Aquaneering).
Systematic comparison of the appropriateness of such foods is often lacking,
but the question of food quality and consistent quality control for commer-
cially available dried fish food has started to be discussed (Certal, 2016). In our
facility, we feed our adult zebrafish with a 50%:50% mixture of Omega One
(or Tetramin) flakes and Jehmco Spirulina, but we also had success with
Zeigler tropical fish micropellets. In addition, and especially for zebrafish that
we expect to breed, we supplement this dried food diet by offering our parental
fish, once a day, freshly hatched nauplii of brine shrimp (Artemia salina). Last,
again borrowing from what we know in nature, we note that the frequency of
feeding is almost as important as the quality of food offered. In nature, the
food items zebrafish capture and eat are distributed both spatially and
temporally, i.e., these fish tend to consume food throughout the day continu-
ously. We have seen zebrafish facilities where the fish are fed once a day. This
latter method is rather suboptimal as fish cannot consume enough food in one
eating that they would need for optimal growth and optimal breeding condi-
tions. Although, unlike with rodents, continuous ad libitum feeding is not
possible with tropical fish, increasing the frequency of feeding (and decreasing
the amount of food per feeding occasion) is highly recommended. We found
that feeding three or four times a day is a reasonable compromise. This may
seem like a tremendous amount of work in large facilities; however, technical
solutions have already been worked out to achieve it. For example, automated
robotic feeding systems have been developed. If these expensive systems are
not feasible for financial or technical reasons, a cheap and simple alternative is
to employ battery-powered tropical fish feeders available from aquarium pet
stores. Some of these feeders can dispense dried food (crushed flakes and
small pellets) four to six times per dayda reasonably high frequency of
feeding for zebrafish.
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Another question we consider for how to prepare the parental zebrafish for
spawning is their sex-specific housing. In nature, zebrafish form mixed sex
groups and thus separating the sexes before spawning is undoubtedly an
unnatural manipulation. Nevertheless, it ensures that spawning can be timed
precisely, and also facilitates spawning if done properly. In a mixed sex
holding tank, zebrafish will spawn without the knowledge and control of the
experimenter. The deposited eggs will be quickly eaten by the fish in the tank,
and thus females with ripe eggs will likely be less willing/able to spawn when
subsequently placed in their breeding tank. Thus separating the sexes before
the scheduled spawning may be a good idea. However, separating the sexes for
prolonged periods of time carries a risk, as females can become “egg bound,”
i.e., can develop serious health issues as a result of the unreleased aging eggs
inside. We have found a 3e4-day long isolation of the sexes to be optimal.

The last question we consider in this segment is the age of the parents.
Under ideal conditions, zebrafish may reach sexual maturity by their age of
3 months. However, the fish start spawning reliably only after 4 months of age.
Zebrafish, similarly to several other fish species, continue to grow throughout
their life and remain sexually active until they die. However, the ability to
spawn usually does decline with age. The best egg yield and fertilization ratio
can be achieved with fish that are between 5 and 10 months of age.

We already mentioned that spawning may be achieved by moving the
females and males into a breeding tank. However, this is only one of the
possible breeding methods, a question we discuss next.

The breeding tank

There are two fundamentally different ways zebrafish may be bred: (1) in a small
breeding or spawning tank in which only a few males and females are placed,
and (2) in large breeding cylinders. The latter is employed as a continuous
breeding method, providing a large number of fertilized eggs/embryos in a
consistent basis and thus does not require separating the sexes. The former is
employed if the goal is to breed specific individuals, e.g., mutants, or if the
precise timing of fertilization must be controlled, or when continuous supply of a
large number of fertilized eggs is not required. We also note that breeding
cylinders, due to their large volume and the number of breeding zebrafish
inside, will allow preservation of genetic variance, if desired, whereas breeding
only a few zebrafish, as employed in small breeding tanks, will likely lead to
random genetic drift and unintended inbreeding.

We first describe the large-scale breeding cylinder method. The concept is
simple. Place a large number of adult female and male zebrafish into a large
cylindrical tank. Place a mesh underneath the adults that would allow eggs to
fall down but would not allow the adults to follow and eat the eggs, and collect
the eggs in the conically shaped bottom of the tank. As zebrafish spawn in
nature at dawn, all one needs to do with the breeding cylinder method is to
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harvest the eggs every morning. The volume of these large-scale cylinders
varies between 15 and 100 L, and depending on this, they can accommodate
20e250 breeders. There are, of course, many other considerations one has to
be aware of when designing or purchasing such large-scale breeding systems.
For example, filtration of water can be achieved via external canister filters, or
by connecting the breeding cylinder to the central filtration system of the
zebrafish facility. Temperature, light, pH, and salinity must all be controlled
and maintained at desired values. Feeding must also be provided as discussed
earlier. It is also important to consider what happens with the eggs after they
have been released and fertilized. Properly designed mass-breeding cylinders
should provide appropriate oxygenation to the eggs collecting in the bottom. In
nature, the eggs would be scattered around and would thus be able to breathe
well. In the collection cone of the cylinder, however, they accumulate in large
numbers and are packed on each other, and thus may experience hypoxia,
unless appropriate oxygenation via, e.g., an air compressor-driven air stone is
provided.

The alternative method to breeding cylinders is the more often-employed
small spawning tank (Figs. 3.1 and 3.2). These tanks are usually only
2e3 L in volume and would have a total of two to six adult breeders at a time.
The modern zebrafish spawning tank usually contains a center divider that
allows the experimenter to separate males and females. The spawning tank is
set up the night before the expected spawning with females on one and males
on the other side of the divider. The central divider is removed either after dusk
(after lights turn off) or before dawn (before lights turn on the next morning).
The spawning tank is also usually equipped with a mesh bottom that allows the
eggs to fall through thereby protecting them from being eaten by the parents.
Newer designs have a sloping bottom mesh, creating a shallow “beach,” which
mimics the natural habitat and utilizes natural behavior of the zebrafish.
Zebrafish have been observed to spawn in the shallowest areas of their natural
waters, likely because eggs deposited in this area are less accessible to fish that
would eat them.

Although numerous spawning tanks specifically developed for the zebra-
fish are available from commercial vendors, a regular pet store variety glass
tank may also be sufficient. In fact, in the past, these tanks were more often
employed. The bottom of the tank was usually covered with marbles and thus
the eggs falling down to the glass bottom in between the tightly spaced
marbles were protected from hungry parents. These tanks, as well as the newer
professional zebrafish spawning tanks, can be equipped with artificial (plastic)
plants. These plants mimic the natural environment of the zebrafish and also
provide hiding places for subordinate males or females that are not yet ready to
spawn.

The sex ratio in large breeding cylinders is usually kept at 50:50. In small
breeding tanks, this ratio is debated. Some argue that having more females
than males minimizes the potentially negative, stress-inducing, effect of being
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FIGURE 3.1 Panel (A): A typical zebrafish holding tank used in high-density zebrafish rack

systems. This particular tank is 1.5 L in volume and can be employed to hold up to five zebrafish. A

single adult zebrafish (Tubingen longfin strain) is shown in the tank for relative size comparison. A

tank like this may be appropriate for isolating the sexes for a few days before spawning to increase

spawning success. Panel (B): A typical small-scale breeding tank (this particular example was

manufactured by Aquaneering Inc., San Diego, CA). The volume of such breeding tanks is usually

2e3 L. The tank can hold two to six zebrafish. Note the center divider in the middle of the tank,
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constantly chased by males for the female. Others argue that having a larger
number of males increases the ratio of fertilized eggs. Although no systematic
studies on the optimization of spawning techniques and the factors that
influence spawning have been published, decades of experience and anecdotal
evidence allow us to make recommendations. Based upon this and our own
experience, a 2e3 female:1e2 male ratio should work well, but we suspect
this value may change according to the age and, perhaps more importantly, the
genotype (strain or population origin) of the zebrafish.

Raising zebrafish juveniles is not as easy as often stated

Although adult zebrafish are easy to maintain, and making the adults spawn is
also not that difficult, rearing juveniles is another matter. Unlike in the case of
other favorites of biomedical research like the house mouse and the rat, the
initial difficulty with larviculture may surprise those new to this species, given
the general consensus from the literature that paints this fish as “easy to keep
and easy to breed.” The novice may encounter issues of early mortality and/or
morbidity, and/or a large number of unfertilized eggs. The underlying issues
may be plenty, but most often include inappropriate water parameters (pH,
hardness, organic waste, temperature) and suboptimal food or feeding regime.
Next, we discuss several such issues along with methods that we believe would
make rearing conditions optimal for the zebrafish juveniles. We start the
discussion with how to hatch the eggs collected from the spawning tanks.

Hatching the eggs and caring for the larvae

After collecting the eggs, experimenters may employ different methods for
hatching them. Perhaps the most often-employed method is to collect the eggs
into large Petri dishes and keep the eggs in them until they hatch. At 28e29�C
this happens at around 3 days postfertilization (dpf). To ensure temperature is
kept constant at this optimal level, the Petri dishes may be placed into an
incubator or into a thermostat-controlled heated water bath. It is also important
to remember that the photoperiod of 14 h light 10 h dark must also be
maintained for the eggs and hatching larvae. Without this photoperiodicity,

which is kept lowered to separate the sexes until the morning of desired spawning. A perforated

bottom layer is also visible. The perforated bottom is employed so that the fertilized eggs can fall

through its openings to protect them from being eaten by the parents. Panel (C): The breeding tank

components set apart. Clockwise, starting from top left: breeding tank insert with the perforated

bottom, breeding tank outer shell, tank cover with feeding and airline holes, center divider, plastic

plants. The plastic plants are usually employed to provide hiding places, especially for females, to

reduce stress. Panel (D): An alternative breeding tank set-up in which three breeding tank inserts are

lowered into a larger (10 L) breeding tank outer shell. This set-up allows simultaneous breeding of

three breeding groups of zebrafish. The eggs from the three spawnings fall into the bottom of the tank

and thus will mix.

=
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FIGURE 3.2 Examples of zebrafish at different stages of their development. Panel (A): Zebrafish

embryos at 3 days postfertilization (dpf). At this age, the chorion of most eggs is intact, i.e., the

embryos are still inside the egg, but a few have already hatched. Note the visible yolk sac in the

hatched embryo, which will provide nutrients for the embryo until it reaches free swimming stage

at around 5 dpf. Panel (B): 14 dpf old zebrafish measuring about 5.5 mm standard length photo-

graphed from above. At this age, juvenile zebrafish are free swimming, capture food, respond to all

sorts of stimuli, but do not yet show strong shoaling responses. Panel (C): Young adult, 3 months

old, zebrafish of a genetically heterogeneous wild-type population. At this age, zebrafish are

becoming sexually mature and, if kept under optimal conditions, may start spawning. Note that

these particular fish carry a mutation that manifests as enlarged fins.



increased lethality and numerous development abnormalities have been
observed (e.g., Villamizar et al., 2014). It is important to realize that in the
Petri dish, there is no water filtration or oxygenation employed. Thus to allow
proper oxygen exchange and to enhance water quality, it is advisable to use
larger Petri dishes (e.g., 10e15 cm diameter) and to fill the dish only to a low
depth (about 1 cm), i.e., to increase the surface-to-volume ratio. It is also
important to replace the water once a day with fresh water of identical
chemistry and temperature.

Opinions are divided as to the requirement of sterile conditions (e.g.,
bleaching the eggs and using sterile media), and whether antifungal or anti-
bacterial agents (e.g., methylene blue, antibiotics) should be employed for the
embryo medium used in the Petri dish. According to our experience, such
measures are usually not necessary for regular healthy zebrafish of standard
laboratory or wild-type strains and populations. Although for certain studies
they may be required (e.g., Stagaman et al., 2020), the potentially long-lasting
consequences of sterile environment and also the consequences of application
of disinfecting agents during development are not fully understood.

After hatching, i.e., around 3 dpf, the embryo enters the larval stage, called
“wiggler” in the aquarium hobby. At this stage, although the larval zebrafish is
already outside the chorion (eggshell) and responds to stimuli and is mobile, it
cannot swim and fully relies on its yolk sac for nutrition. This stage lasts until
about 5 dpf, by which time the larva has become free swimming; a fully
formed zebrafish measuring about 3 mm in length. The zebrafish literature
calls these little fish “larvae” up to about their age of 2e3 weeks post-
fertilization (Fig. 3.1), and thus we will include discussion on maintenance of
zebrafish of this age in this chapter under the term larviculture. However, we
note that this terminology (larva and larviculture) that has become accepted in
zebrafish research is misleading. Zebrafish do not undergo metamorphosis
after hatching. Although numerous developmental changes occur after 5 dpf,
and the fry (the colloquial term for baby fish) also undergo rapid growth, these
changes do not require substantial reorganization of structures/functions or the
body plan of the organism, as it happens in metamorphosis, for example, in
insects. For these reasons, in this chapter we call the stage from 5 to 21 dpf
early or young juvenile stage.

Caring for young juveniles

At 5 dpf, the young juvenile zebrafish is fully mobile. Its organs are formed,
and among other systems, it has a well-developed central nervous system that
allows the fish to respond to stimuli. It hunts for food, avoids danger, and,
overall, exhibits a fairly complex behavioral repertoire (Kalueff et al., 2013).
Because at this stage the juvenile fish consumes food and excretes waste,
starting filtration of its holding water is important. For this reason, moving
the fry as soon as they reach free swimming stage out of the Petri dish and
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into a filtered nursery tank is a good idea. There are commercially available
standalone zebrafish nursery racks that are designed to provide an appro-
priate level of filtration/oxygenation without the danger of damaging or
filtering out the tiny fry. Regular zebrafish tanks retrofitted to serve the needs
of the fry are also available, and these converted nursery tanks may be placed
on, and integrated to utilize the filtration system of, standard zebrafish racks
(shelf systems) zebrafish facilities often employ. One usual problem with the
commercially available nursery tanks and nursery racks is setting the water
flow (filtration) rate. Too much water flow can physically damage or stress
the young juveniles and can also remove dispensed food too fast, i.e., before
the fry can capture and eat it. We have successfully used an alternative
method that solves these issues. We often raise our young juveniles in 40-L
glass tanks (available from most pet stores). These tanks are equipped
with sponge filters, a sponge cylinder into which an air stone is lowered. Air
pressed through the stone serves two functions: (1) it provides oxygenation to
the water, and (2) as the air bubbles move upward, they move water from the
internal lumen of the sponge cylinder out to the top opening of the cylinder,
thereby sucking water from the outside through the wall of the sponge. The
large surface area of the sponge on which beneficial bacteria can live
provides excellent biological filtration in addition to mechanical filtration,
but the force with which water is moved into the sponge is distributed
throughout the sponge’s surface and thus it is weak enough so the small fry
can easily escape from it. Furthermore, the relatively large volume of this
tank allows for increased stability of water parameters, including tempera-
ture, salinity, and pH. One potential downside of the large volume of this tank
is that food may be diluted/distributed (but not filtered out), and thus the
small fry may not be able to find it as efficiently as in smaller nursery tanks.

Perhaps the most important factor in larviculture of zebrafish is the type of
food the small juveniles are given. There are a variety of dried as well as live
foods available. In nature, zebrafish fry eat a variety of microorganisms, and
thus live food is what these fish prefer in the laboratory too. We start our
discussion with this food type.

The most often-employed live food in tropical fish aquaculture is brine
shrimp (A. salina). The nauplii of brine shrimp are readily consumed by fry of
a variety of tropical fish species. However, the 5 dpf old zebrafish juvenile is
too small to eat the nauplii and thus this food should not be offered before the
zebrafish juveniles are about 14e15 dpf old. The first live food the zebrafish
fry may be able to eat include paramecium and rotifers. As our laboratory
employs the latter, we will briefly describe the pros and cons of cultivating
rotifers. Rotifers are tiny, often microscopic, invertebrates that numerous
zebrafish facilities across the globe have adopted for larviculture in part due to
their rapid reproduction and our ability to gut load them with additional
nutrients. There is a variety of both freshwater and saltwater rotifers
commercially available. In our facility, we employ the SS-type Brachionus
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rotundiformis, obtained from Reed Mariculture. This species is a saltwater
rotifer that has a body length of approximately 100 mm. Details of saltwater
rotifer culture set-up and maintenance have been given elsewhere (Lawrence
et al., 2016). Here, we only emphasize some of the pros and cons of employing
these rotifers. Rotifer cultures require daily harvesting to maintain both water
chemistry and rotifer population in check. Rotifer cultures are susceptible to
crashes if the water chemistry fluctuates as a result of rapid overpopulation.
Thus it is often the cause of complete colony losses requiring the repurchasing
of starter colonies. For any zebrafish facility considering implementing rotifer
cultures for raising young juveniles, we recommend to first evaluate whether a
rotifer culture is needed by considering the manual labor required and the
operational expenses of rotifer feed and maintenance of the salt medium.
Second, we suggest scaling the rotifer culture appropriate to the needs of the
facility to reduce unnecessary waste of rotifers and their associated costs. For
smaller facilities with one to four racks (about a 1000e5000 zebrafish
capacity), a DIY bottle method using emptied 2L soda bottles can be suffi-
cient. For our facility, we find the use of two 18-L buckets of SS-type rotifers
more than sufficient for maintaining a 15-standalone six-shelf/rack operation
(about 40,000 adult zebrafish and their offspring), with one bucket often kept
as a backup colony.

The advantage of these live food items is that they are readily consumed by
young zebrafish and also that rotifers stay alive for hours in the water and
provide a steady source of nutrition. For these reasons, they can robustly speed
development and growth of the fry. The disadvantage of these food items is
that they, and also their culture medium, may potentially carry infectious
agents, e.g., bacteria that can cause disease. To avoid such infections, some
zebrafish facilities employ only dried food, which can be sterilized and kept in
the freezer to practically eliminate the possibility of introducing diseases.
There are a variety of dried foods available for the zebrafish sometimes labeled
“artificial plankton” or “artificial rotifers.” Irrespective of these names, the key
feature of these food items is their size. They tend to be not larger than 100 mm
in diameter and thus even 5 dpf old juvenile zebrafish can consume them.
Another advantage of dried foods is that they may be dispensed using auto-
mated feeders. However, a major disadvantage of these dried foods is that they
are not as readily consumed by the zebrafish juvenile as the aforementioned
live foods, and thus the juvenile fish fed on them may not grow as fast.
Furthermore, in case of overfeeding, the excess amount of leftover food may
impair water quality, unless promptly removed manually. Despite these
complications, however, we have successfully employed dried foods in our
larviculture.

Similarly to other environmental factors, optimization of feeding strate-
gies and types of food employed in larviculture of zebrafish have not been
systematically explored by empirical studies. Nevertheless, based upon
decades of experience from zebrafish laboratories and on our own, we
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recommend the following. Start feeding the zebrafish juveniles with rotifers.
Ideally, offer this food at least two to three times a day. Continue with
this food and feeding regimen up to 15 dpf. Start offering a small amount of
dried food from 10 dpf by administering the food once a day. Time this
so that you offer the dried food before administering live food, i.e., when the
juveniles are most hungry. Observe whether the juveniles accept the
dried food. If they do, slowly increase the amount of dried food offered over
days, and slowly decrease the amount of live food offered. After the fish
reach 15 dpf, start offering artemia nauplii instead of rotifers, but continue
offering dried food too. At this age (15 dpf), you may switch to the type
of dried food the adult zebrafish receive in the laboratory, but make sure
this dried food is ground/milled to a small enough size so that the juveniles
can consume it.

The last question we consider in this segment is housing density. Usually,
this factor is not discussed in zebrafish larviculture as the number of fish per
volume of tank ratio is less limiting for the tiny juvenile zebrafish. For adults,
it is a different matter, however, as recent studies have uncovered alarming
evidence that the current industry standard of keeping adult zebrafish densely
packed into tiny tanks is not an optimal husbandry practice (Shams et al.,
2017), as it may induce both physiological and psychological stress. Because
the small size and the little overall organic waste output the small juveniles
produce, a much larger number of them may be housed in small tanks than
would be possible with adults. Nevertheless, crowding-induced stress has
already been noted in juvenile (“larval”) zebrafish screening (Stephen Ekker,
personal communication). Our recommendations for housing density for
juvenile zebrafish are as follows. In the aforementioned 40-L juvenile housing
tank, 500e1000 5 dpf old zebrafish juveniles may be housed. This number,
however, must be reduced by moving some fish out to additional tanks as they
grow. For example, by age 14 dpf, the number per 40-L volume should be
down to about 200, and by the age of 1 month, this number should not exceed
100. As a comparison, consider that the same (40 L) tank could house up to
about 25 adult zebrafish.

Standardization of breeding and larviculture practices: the
question of replicability and reproducibility

The last topic of this chapter considers the question whether we should
standardize our breeding and larviculture practices. Up until now, we implicitly
assumed that standardization is required. This is because, as we argued, the
zebrafish performs best somewhere in the middle in between its homeostatic
tolerance limits. Thus the environmental parameters and procedures that
maintain them should be the same for all laboratories. When bred, raised, and
kept under these specifically controlled optimal conditions, we argued, zebrafish
should yield reliable results when employed in all our experiments.
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The question of standardization, however, is not this trivial. Its pros and
cons have been discussed and debated in more general terms both for the
zebrafish (Gerlai, 2019) and for other laboratory organisms of biomedical
research (Kaflkafi et al., 2018). We will not rehash all the points here, and will
only discuss what we believe are the central questions. These questions
concern how best to achieve replicability and reproducibility (Gerlai, 2019).
For example, if breeding and larviculture procedures are standardized and thus
employed in a highly similar, or identical, manner across laboratories, some
argue that results obtained with zebrafish from these laboratories should be
more comparable. Thus a repeated experiment, for example, is expected to
reproduce the results of the original one, which we call reproducibility.
Similarly, if the breeding and maintenance conditions and procedures across
facilities are standardized, experiments asking similar questions with the use
of different techniques should give compatible/comparable results, which we
call replicability. However, others point out that local conditions always vary
across laboratories, and thus standardization is not really possible. Proponents
of laboratory-specific methods also argue that laboratory-specific idiosyncratic
conditions are appropriate from the standpoint of experimental biology
because both the treatment and control groups experience the same conditions.
This argument, however, implicitly assumes that there is no interaction
between the employed treatment and facility-specific conditions, i.e., it as-
sumes that these effects are additive. The validity of this assumption, however,
is almost never checked, and thus laboratory-specific conditions may influence
the difference between the treatment and control groups. Should, thus, we
standardize? Perhaps not, according to yet another argument. This argument
concerns the robustness of our results and perhaps is best illustrated by dis-
cussing the difference between replicability and reproducibility.

Assume everything is standardized. All breeding, rearing methods, and
environmental parameters are kept identical within and across laboratories. If
achieved, this would reduce environmentally induced error variation both
within the laboratory and across laboratories. This is a good thing from the
perspective of gaining statistical power as the reduced error variation will
enhance our ability to find significant effects of our experimental manipula-
tion, the effect of treatment we employ compared to control. But do we really
want this? If the goal is reproducibility of even the least important result, then
yes. However, if the goal is to find significance of experimental treatment
effects only when these effects are robust and truly meaningful, perhaps it is
not the best idea to eliminate environmental error variation. If the treatment
effect is so “finicky” that it can be reproduced only if everything is done
precisely the same manner, perhaps it is not worth discovering at all, goes the
argument by those who are against standardization. The concept of replica-
bility cuts to the heart of the matter. The concept of replicability, unlike that of
reproducibility, does assume variations in procedures, and despite such vari-
ations expects similar, i.e., compatible, results.
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Thus should we or should we not standardize our breeding and larviculture
parameters and procedures for zebrafish? Given the lack of systematic ana-
lyses that could answer this question, we can only provide our personal
perspective. We believe that identification of the optimal conditions and the
most appropriate procedures for zebrafish breeding and larviculture is crucial.
Identification of the optimal values of environmental parameters and the
methods of their establishment should be based upon the features of the natural
habitat of the zebrafish. Nevertheless, optimization of such values and the
methods of their laboratory control must be achieved/developed by systematic
parametric empirical analyses. Once identified, an optimal range of values for
the environmental factors/parameters should be established as standards across
all zebrafish laboratories. This should be our baseline. This baseline condition
set should be employed in all our pioneering studies, making them comparable
within and across laboratories. That is, we should strive for reproducibility.
However, once the pioneering studies have been performed, we should allow,
and in fact we should explicitly explore, deviations from the baseline and how
these deviations may alter our results. Only this way we will be able to tell
whether our findings are robust across variable conditions.
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Introduction

In 2017, about 500,000 zebrafish (Danio rerio) were “used for the first time
(naı̈ve animals) for research and testing” under the European Directive 2010/63/
EU (European Commission, 2020). This makes the species the third most used in
the European Union, behind mice and rats. One can argue that it is an under-
estimation since wild-type fish only used to produce eggs, and all larvae
terminated before they are capable of independent feeding, are not represented in
these statistics. Still, it reveals the importance of aquatic animals in modern
research. This European Directive sets requirements for the daily care of animals:
“Animals shall be checked at least daily by a competent person. These checks
shall ensure all sick or injured animals are identified and appropriate action is
taken”; and more specifically about their health monitoring: “Establishments
shall have a strategy in place to ensure that a health status of the animals is
maintained that safeguards animal welfare and meets scientific requirements.
This strategy shall include regular health monitoring, a microbiological sur-
veillance program and plans for dealing with health breakdowns and shall define
health parameters and procedures for the introduction of new animals.”

Beyond legislation compliance, the justification for such a program relies
on three pillars: preserving animal welfare, scientific data, and staff health.
Animal welfare can be scrutinized through the Five Freedoms spectrum (Farm
Animal Welfare Council, 2012). This includes the need to protect animals
from unnecessary suffering, and to aim for their freedom from pain, injury, and
disease by prevention of contamination, rapid detection of disease, and
treatmentdalbeit remediation to infection often means euthanasia for labo-
ratory zebrafish. Scientific data can also be compromised by fish disease
because the animal physiology is disturbed and the experiment’s
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reproducibility and translatability are compromised (Lieggi et al., 2020;
Midttun et al., 2020). Finally, staff health can be affected by transmission of
pathogens from fish to humans, i.e., zoonotic disease. For example, Mason
et al. (2016) described a Mycobacterium marinum outbreak in a zebrafish
laboratory, significantly affecting fish and personnel.

The European Directive summarizes the aims of a health monitoring
program and sets questions we will address in this chapter. First, we will focus
on good husbandry practices to monitor population health, i.e., daily care.
Then, we will detail relevant zebrafish pathogens and disease, and sample
types and diagnostic techniques. This will allow us to introduce the concepts
of epidemiological unit (EU) (i.e., the fish population to health monitor) and
specific pathogen free (SPF), to calculate the number of fish to sample, and to
propose screening patterns with number and frequency of samples, including
environmental samples. Nevertheless, the microbiological surveillance pro-
gram must be accompanied with a biosecurity program to preserve the EU
health status. This involves the introduction of fish in a bio-contained quar-
antine, and triaging imports to avoid excluded pathogens. Biosecurity barriers
also prevent contamination from any introduced goods and personnel, and
from other epidemiological units in the facility, which is particularly relevant
in multispecies set-ups.

Controlling and monitoring population health

Husbandry, environmental conditions, and infection pressure

Husbandry is a key process to master for the control of fish health. Good
practices for zebrafish have been described (Harper and Lawrence, 2011;
Alestrom et al., 2019; Lee et al., 2019). A sound husbandry warrants stable
water conditions (e.g., filtration, nitrogen, temperature, and pH) and feed
supply, whereas variations in these key parameters distract fish physiology and
immunity from optimal defense against diseases. Clinical signs of noninfec-
tious disease may then appear (e.g., buoyancy issue following abrupt change of
diet), or commensal pathogens may trigger opportunistic infections. Pathogens
may be present in the environment as biofilm (Chang et al., 2019b), in live
feed diets (Chang et al., 2019a), or already contaminating fish at a low
prevalence (Mocho, 2016). The more pathogens present in the system, the
higher the infection pressure, the more an outbreak is likely to affect fish.
Therefore husbandry processes should aim at controlling two aspects poten-
tially interfering with fish health: stable environmental conditions and the
reduction of pathogen load in the system by thorough cleaning and disinfec-
tion routines and prompt removal of biofilms and cadavers.

Monitoring performance

Feeding regimens have an obvious direct impact on growth rates. However,
nutritional requirements of zebrafish remain unknown, and distribution
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protocols (i.e., quantity and frequency), as well as tank fish density according
to developmental stages, are not standardized. Water parameters vary too
(Alestrom et al., 2019). In consequence, there is an opportunity for labora-
tories to define their growth curves, at least for their most used wild-type lines.
This can be done by setting time points at which fish wet weights are measured
without sedation or anesthesia. For example, a container is weighed, 10 fish
are added, and the container is weighed again. The difference divided by 10
gives an average wet weight per fish. Similarly, body condition scoring is a
noninvasive method to assess relative weight to fat cover of zebrafish (Clark
et al., 2018). Unexpected changes in growth curves between clutches, or de-
parture from body condition score expected range, allows detection of devi-
ation from expected husbandry output (Lee et al., 2019), thus potentially
triggering further investigation regarding husbandry practices and potential
pathogen contamination (Sanders et al., 2020). Fish performance can also be
monitored by recording trends in egg production and embryo survivability,
although this might be affected by other parameters not directly related to fish
health, like spawning contexts (Wafer et al., 2016).

Daily recording of morbidity and mortality

Researchers, animal caretakers, technicians, and veterinarians take part
routinely in monitoring and controlling laboratory fish health. Detection of
animals with clinical signs should be recorded. A plan of action depending on
the welfare impact of clinical signs and their severity should be in place,
allowing action to be taken promptly upon detection. Morbidity recording
helps monitoring the percentage of a population that is affected by a specific
clinical sign. For example, a line may be affected with deterioration of
operculum cover. This may be due to inbreeding and an increased prevalence
of genetic defect within the line. An outbreeding scheme could be adopted in
consequence. Monitoring more severe signs of disease (e.g., ulcers, chronic
buoyancy disorder) and mortality is key to detect a surge in infections (e.g.,
Mycobacterium spp., contamination of the EU by a pathogen) or noninfectious
disease, for example, due to uncontrolled husbandry parameters. First, a
baseline mortality rate needs to be determined for specific husbandry condi-
tions, period of recording, and population defined by an age group (e.g.,
0e5 days postfertilization [dpf], from 5 dpf to juvenile tank splitting, adults,
fish over 18 months of age). Variation from this baseline can then trigger
further veterinary investigation to identify the cause of increased mortality
(Mocho, 2016).

Pathogens and diseases to monitor

Zebrafish can be contaminated by many microbes (we use the terms microbes
and microorganisms to regroup bacteria, fungi, parasites, and viruses). The
pathogens relevant to monitor in zebrafish laboratories depend on the fish
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sources of the facility, the import and quarantining process, and the biosecurity
measures in place. For example, fish imported from pet shops or the wild are
usually of an unknown microbiological status, whereas fish from research
resource centers are rederived and intensively screened (Kent et al., 2011). The
risk of contamination in the former case is increased compared to the latter. In
consequence, it is advisable to screen twice a year for pathogens like
Edwardsiella ictaluri, Flavobacterium columnare, Ichthyophthirius multifiliis,
Piscinoodinium pillulare, and Pleistophora hyphessobryconis zebrafish col-
onies deemed at low risk of contamination, and more frequently in the case of
unknown microbiological status of fish sources.

Similarly, pathogenic viruses are not commonly detected in Danio rerio
(Cartner et al., 2020). However, multispecies facilities may want to screen
their zebrafish for potential viral contamination from other fish colonies. For
example, nervous necrosis virus and infectious spleen and kidney necrosis
virus have triggered high mortality events in Danio rerio laboratories (Binesh,
2013; Bermudez et al., 2018). Another virus has been extensively detected in
zebrafish colonies: picornavirus (Altan et al., 2019), though the impact on fish
health and science has not been determined yet. Another prevalent microbe,
Myxidium streisingeri, can be classified in the same category for which
contamination has unknown consequences. Researchers would decide whether
such pathogens are a risk for their animal models, and whether it is therefore
necessary to include them in the health monitoring program.

Further information on fish pathogens are extensively available in the
literature (Noga, 2010; Smith, 2019) with proposition of eradication programs
(Erlacher-Reid, 2018; Cartner et al., 2020). Once pathogens are detected in the
colonies, options are to treat and rederive fish and to eradicate the microbe
from the system and EU, or to accept its presence with mitigation measures to
prevent further impact on fish welfare, science, and staff health. Further
screening may thereafter help monitor pathogen prevalence and control miti-
gation measure efficiency. Presence of microorganism deemed of lesser rele-
vance may be acceptable with no further need to pursue specific screening
against the microbe.

Here, we will focus on the most relevant laboratory zebrafish pathogens.
These microorganisms are the most frequently detected pathogens in sub-
missions to the Zebrafish International Resource Center diagnostic laboratory
(Zebrafish International Resource Center, 2020a). They impact fish health and
scientific output of experiments, and some present a zoonotic risk. We
recommend that, whatever the context, Danio rerio colonies are monitored
quarterly for these pathogens.

Mycobacterium spp.

Zebrafish as well as other fish species are commonly infected with myco-
bacteria. Up to eight Mycobacterium species, all potentially zoonotic, are
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described in zebrafish mycobacteriosis: Mycobacterium abscessus, Mycobac-
terium chelonae, Mycobacterium fortuitum, Mycobacterium gordonae,
Mycobacterium haemophilum, Mycobacterium marinum, Mycobacterium
peregrinum, and Mycobacterium saopaulense (Cartner et al., 2020). These
species and their strains can have different epidemiological, clinical, and
prognostic traits. Mycobacteria in aquatic settings are ubiquitous in water and
biofilms. Hence, it is expected to detect mycobacteria in fish and environ-
mental samples. These environmental bacteria would not always be the strains
inducing fish disease (Chang et al., 2019b). It is therefore necessary to monitor
species prevalence. For example, M. marinum and M. haemophilum, less
commonly found in zebrafish colonies, are more problematic due to their
potentially higher morbidity and mortality (Mason et al., 2016; Mocho, 2016).

In zebrafish, mycobacteriosis is frequently detected with a subclinical
presentation. However, it can also induce acute to chronic clinical infections.
Common clinical signs and lesions can be loss of body condition, cutaneous
ulcers, aerocystitis, and coelomitis. Diagnosis can start at gross necropsy with
detection of yellow to whitish granulomas in gills and in other organs. Acid-
fast stains such as ZiehleNeelsen modified according to Fite can reveal acid-
fast positive bacilli, mostly mycobacteria, at cytology (e.g., tissue imprint) or
histology, either in the granulomas or nongranuloma associated (e.g., diffuse
presentation is not uncommon for M. haemophilum). Use of a ZiehleNeelsen
stain modified according to Fite is more effective than the classic Ziehle
Neelsen stain for the observation of acid-fast bacilli in fish (Romano et al.,
2020). Not all granulomas are associated with acid-fast bacilli. Diagnostic
confirmation and speciation can be done swiftly by polymerase chain reaction
(PCR). Bacterial culture is a slower approach due to the mycobacterial
fastidious growth. Mycobacterium species from biofilms, water, water surface,
or tank sludge can also be identified by PCR (Crim et al., 2017; Mocho et al.,
2017) (Fig. 4.1).

No antibiotic treatment is advisable due to the risk of increasing antibiotic
resistance in these relevant zoonotic pathogens. In case of high mortality,
depopulation and disinfection of the system may be necessary (Rácz et al.,
2019). It is thus of utmost importance to prevent outbreak of clinical disease,
even more so considering the zoonotic risk. Transmission can be through
ingestion. The presence of infected material or heavily contaminated biofilms
should be minimized by husbandry measures such as prompt removal of dead
or sick animals, and optimized cleaning and disinfection of the system (e.g.,
ultraviolet filter). Live feed culture should be controlled too (e.g., paramecia,
brine shrimp, and rotifers). Mycobacteriosis affects predominantly immuno-
compromised fish and older animals, which may also increase pathogen
shedding in the system. Older (over 18 months) and immunocompromised fish
should be removed from recirculation and isolated in bio-contained epide-
miological units (Kent et al., 2009). Import of fish protocols should be
designed to mitigate entrance of contaminated animals (e.g., exclusion of
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M. marinum and M. haemophilum, introduction of surface disinfected eggs
only) (Borges et al., 2016; Cartner et al., 2020; Mason et al., 2016).

Pseudocapillaria tomentosa

The intestinal nematodePseudocapillaria tomentosa can infest a broad number of
fish species and can reach up to 12 mm in length. Infection occurs by ingestion of
parasite eggs, which have distinctive bipolar plugs and can be seen inside female
parasite, free in the fish intestinal lumen, or at the tank bottom. Infected fish may
display chronic clinical emaciation. Morbidity and mortality can be severe.
Detected lesions are chronic enteritis and coelomitis (Gaulke et al., 2019; Murray
and Peterson, 2015). The parasite is associated in zebrafish with an increased
incidence of tumors (intestinal carcinomas). Even a subclinical infection may
therefore impact on fishwelfare and experimental outcomes (Gaulke et al., 2019).

Diagnosis can be done by environmental screening of the sump sludge or
quarantine tank. Eggs are easily identifiable under a compound microscope using
fecal flotation techniques (Mocho et al., 2017; Murray and Peterson, 2015).

FIGURE 4.1 Histology images of acid-fast bacilli stained red by ZiehleNeelsen (ZN), visible

inside typical zebrafish mycobacteriosis granulomas or with an intracellular location. (A)

Two clearly visible granulomas (/) located in the mesentery near the liver (ZN, 10�). (B1) Two

granuloma (/) located in the ovarian stroma. Granuloma without acid-fast bacteria are frequently

observed in ovaries and not necessarily linked with egg-associated inflammation (ZN, 20�). (B2)

Same granuloma of B1 with visible acid-fast bacilli (/) (ZN, 40�). (C) Two granulomas (large

arrows) in different stages of evolution and both with visible acid-fast bacteria. Intracellular bacilli

in the surrounding macrophages (thin arrows) (ZN, 40�). Images from zebrafish of Instituto

Gulbenkian de Ciência, Oeiras and Chronic Diseases Research Center (CEDOC), Nova Medical

School, Lisboa.
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Worms and eggs can also be easily detected in the intestine wet mounts at
necropsies and in intestinal histology slides. Furthermore, they can be identified
by PCR in fish and environmental samples (Crim et al., 2017; Mocho et al.,
2017). Observation of adult nematodes in the sludge does not allow diagnosis
since there are many other free-living metazoans, often nonpathogenic, that
thrive in aquatic systems (Mocho, 2016). Several treatments against P. tomentosa
are described in the literature for the fish (Kent et al., 2019a; Cartner et al., 2020)
and at the scale of the whole water system (Kent et al., 2019b).

Pseudoloma neurophilia

Pseudoloma neurophilia is a pyriform parasite infecting several fish species.
Affected zebrafish frequently present a subclinical form of disease. Clinical
presentation varies from loss of body condition, emaciation, spinal de-
formities, and, more rarely, diminished fecundity and discrete mortality
(Murray et al., 2011; Ramsay et al., 2009; Sanders et al., 2020). Due to the
presence of parasites in the central nervous system and associated tissue
inflammation, the parasite infection, even subclinical, can cause disruption of
normal behavior and impact scientific data. Whenever possible, P. neurophilia-
free animals should be used in behavior and neuroscience studies (Kent et al.,
2011; Midttun et al., 2020).

At histological examination, P. neurophilia is detected as clusters/aggre-
gates or free spores, mainly in the hindbrain, spinal cord, and nerve roots, and
also in gonads (intra- and extrafollicle), muscles, or other organs (Murray
et al., 2011; Ramsay et al., 2009; Sanders et al., 2020). Histology, contrary to
PCR, allows evaluation of the disease extension in the fish (Murray et al.,
2011; Sanders et al., 2020). Spores will stain with hematoxylin and eosin stain
but are better highlighted by other stains as ZiehleNeelsen, Gram, and in
particular Luna (Murray et al., 2011; Sanders et al., 2020). Using more than
one of these stains in histology for zebrafish health screening increases the
probability of diagnosing light infections, due to the better visualization of
sparse located spores, and by the fact that more tissue is covered in the various
stains/slides per fish. With practice, spores can also be detected with the
compound microscope in wet mounts of brain and spinal cord (Murray et al.,
2011). Spores can be highlighted by phase-contrast microscopy to decrease the
risk of false-negative results. Environmental PCR can be performed in the
water, namely in spawning tanks, but may lead to a significant number of false
negatives (Crim et al., 2017). Fish PCR is therefore preferred (Kent et al.,
2011; Murray et al., 2011) (Fig. 4.2).

There is no reported treatment against P. neurophilia. Control measures
include depopulation or isolation of affected fish, and epidemiological inves-
tigation of horizontal and (pseudo)vertical transmissions. The former is by
ingestion of infected tissues. Hence, the importance of promptly removing

Health monitoring, disease, and clinical pathology Chapter | 4 87



cadavers to prevent cannibalism (Murray et al., 2011). Spawning released
extraovum spores can lead to pseudovertical transmission (Murray et al.,
2011). The parasite is also transmissible by true vertical transmission (intra-
ovum), implying that egg surface disinfection cannot inactivate spores inside
eggs (Ramsay et al., 2009). Still, it is recommended to only introduce, in
quarantine or in main holding systems, surface-disinfected eggs (Murray et al.,
2011). Progression of the disease can be accelerated in the presence of stress,
and optimized husbandry helps limiting disease prevalence and morbidity
(Ramsay et al., 2009). Immunosuppressed fish can have a disseminated pre-
sentation and old animals act as a reservoir (Murray et al., 2011; Ramsay et al.,
2009). Therefore husbandry and biosecurity measures should be implemented
to decrease transmission risk and reduce parasite presence in the facility, for
example, by isolating more sensitive populations (Murray et al., 2011).

Noninfectious diseases

Diseases with noninfectious causes are frequently encountered in zebrafish
facilities, often associated with husbandry problems. Comprehensive

FIGURE 4.2 Histology images of Pseudoloma neurophilia aggregates of spores in different

locations. (A1) Four aggregates (/) in the spinal cord (hematoxylin and eosin [HE], 10�). (A2)

Magnification of these aggregates around a blood vessel (/) (HE, 20�). (A3) Spores highlighted

in red by Luna staining (/) (Luna, 20�). (B1) Aggregates in the spinal nerve roots (/) (Luna,

20x). (B2) Same in a higher magnification (Luna, 40�). (C1) One aggregate in the ovarian stroma

(/) (ZiehleNeelsen, 10�). (C2) Same aggregate stained with Luna (/) (Luna, 20�). Images

from zebrafish of Instituto Gulbenkian de Ciência, Oeiras and Chronic Diseases Research Center

(CEDOC), Nova Medical School, Lisboa.

88 SECTION | 1 Zebrafish (Danio rerio)



descriptions of these diseases are available in the literature. Only essential
aspects are described here, mostly husbandry related (Harper and Lawrence,
2011; Cartner et al., 2020). So-called “environmental diseases” are directly
connected with poor water quality and parameters imbalance (e.g., ammonia,
nitrite, chlorine, chloramine and heavy metal toxicities, and supersaturation).
Diagnosis in fish is done by clinical observation and histology of affected
tissues, and corroborated by water analysis.

Nephrocalcinosis, another common environmental disease, is elusive in
early stages. It is diagnosed histologically by the observation of calcium
precipitates in the renal tubules and ducts. It is mainly associated with high
concentration of dissolved carbon dioxide. It usually has a subclinical pre-
sentation in zebrafish, but, in other fish species, advanced stages show lesions
responsible for clinical renal insufficiency. Nephrocalcinosis lesions can also
be secondary to other diseases. If prevalence of these renal lesions increases,
an increase of dissolved calcium dioxide should be suspected, and measures
should be taken (e.g., control eventual stock density, increase water aeration,
and exchanges) (Harper and Lawrence, 2011; Cartner et al., 2020).

Gill inflammatory lesions, branchitis, associated with environmental dis-
ease can be common in zebrafish facilities and present an acute or chronic
evolution. Gill epithelial hypertrophy and hyperplasia with eventual clubbing
and fusion of gill lamellae, diagnosed mainly by histology, can be caused by
chemical pollution (e.g., nitrogen, chlorine) or bacteria (e.g., gliding bacteria)
similar to bacterial gill disease of salmonids (Smith, 2019; Cartner et al.,
2020).

Other diseases may have unknown causes. The most common idiopathic
disease is egg-associated inflammation and fibroplasia. It is associated with
egg retention and the diagnosis is done by histological observation of
degenerated egg material (e.g., follicular atresia) with associated inflamma-
tion. The lesions can extend to periovarian tissues, as the coelomic wall, with
transdermal migration and the formation of ulcers. Granulomatous lesions
are often present and acid-fast staining should be used to rule out myco-
bacteriosis. The subclinical disease may reach a clinical presentation when
fishes display a distended coelomic cavity, compromised fecundity, and
cutaneous ulcers. To decrease incidence of the disease, egg retention should
be minimized by maintaining both females and males in tanks and by
spawning females regularly (Harper and Lawrence, 2011; Cartner et al.,
2020) (Fig. 4.3).

Finally, neoplasia are frequently encountered in zebrafish facilities, with a
subclinical or clinical presentation. The majority have an internal location.
Definitive diagnosis is done by histology. The most common lesions are
seminomas, soft tissue sarcomas as peripheral nerve sheath tumors, and in-
testinal tumors which can be associated with pathogen infections (e.g.,
P. tomentosa) (Spitsbergen et al., 2012; Cartner et al., 2020).
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Fish and environmental samples

Colony fish

When a microbial contamination hits the EU, it usually enters in a tank, fish, or
live feed culture, etc. It does not affect all fish at once. If fish are sampled when
the contamination happens, it is likely that the contamination will not be
detected. When sampling fish from the colonies, we rely on the pathogens to
spread to the sampled fish. It takes time for the pathogens to spread to other
fish and tanks; this is why the health screening should be repeated regularly.
Statistically, as detailed later, the chances of detecting a pathogen depend on
the pathogen prevalence and on the number of sampled fish. However, the

FIGURE 4.3 Histology images of noninfectious diseases lesions in zebrafish. (A1) Egg-associated

inflammation and fibroplasia (EAIF). Abundant eosinophilic material depots are seen in the ovary,

surrounded by oocytes (large arrow), associated with inflammatory cell infiltration of the visceral

cavity extending to periovarian tissues (thin arrow) (hematoxylin and eosin [HE], bar¼ 2,5 mm).

(A2) Inflammatory adhesions to the coelomic wall. Muscle and skin infiltration by inflammatory cells

(/) (HE, bar¼ 10 mm). This transdermal migration can in a later phase produce skin ulcers like that

shown in (A3) (HE, bar¼ 250 mm). (B1) Gill inflammatory lesions, branchitis, with extensive diffuse

hyperplasia of the epithelial cells with clubbing and fusing of the space between the secondary

lamellae (/) (HE, bar¼ 100 mm). (B2) Detail of the loss of the interlamellar spaces through fusion

via epithelial cell hyperplasia (/) (HE, bar¼ 25 mm). (B3) Normal gills with preserved inter-

lamellar spaces are depicted for comparison (/) (HE, bar¼ 50 mm). (C1) A zebrafish kidney with

nephrocalcinosis within the collecting tubules. The tubular lumen shows basophilic deposits of

calcium salts precipitate (thin arrows), which can cause tubular blockage and tubular dilation (*).

(C2) Detail of a renal tubule with the lumen filled with the calcium basophilic deposits (HE,

bar¼ 50 mm). Images from zebrafish of Instituto Gulbenkian de Ciência, Oeiras and Chronic Dis-

eases Research Center (CEDOC), Nova Medical School, Lisboa.
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selection of colony fish to sample can be directed toward detection of path-
ogens more likely to affect a specific population. For example, P. neurophilia
and some Mycobacterium spp. are more likely to be detected in older fish
(Kent et al., 2009; Murray et al., 2011; Ramsay et al., 2009). Fish with clinical
signs are an obvious choice to investigate disease. Nonetheless, it is important
to remember that health monitoring also aims to survey microbes in the col-
onies, and fish of all ages, genders, and genetic backgrounds should be
sampled to support the detection of unknown pathogens.

Sentinels

The sentinel method is used to increase the chances of pathogen detection.
Sentinel fish are exposed to water leaving colony fish tanks before it is filtered.
This is deemed to increase the risk that prevalent pathogen will contaminate
sentinel fish, compared to colony fish. Hence, prefiltration sentinel fish would
be exposed to pathogens before pathogens have reached a high enough
prevalence in the colonies to allow detection by a low number of sampled
colony fish. The exposure of prefiltration sentinel fish to sump water is ach-
ieved by use of a water pump set in the sump, or by manual changes of
prefiltration sentinel tank water three times a week (Mocho et al., 2017).
Sentinel fish can be selected to control gender, age, genetic background, and
exposure length. For example, the wild-type line most representative of the
facility colonies can be used (e.g., AB), selecting 25 females and 25 males,
3e6 months of age. Fifty fish are set in the prefiltration sentinel tanks, and 10
fish are sampled quarterly. At the end of a 12-month period, the sentinel tank is
renewed.

Environmental samples

There are various options and methods to monitor chemical and microbial
environmental contaminations. For the screening of specific zebrafish patho-
gens, described sampling methods consist of water filtration (Crim et al.,
2017), biofilm swabbing at the water surface, and sludge collection from the
tank bottoms (Mocho et al., 2017). All techniques allow detection of potential
bacterial pathogens like Mycobacterium spp. However, the presence of such
commensal microbes is expected. Therefore care should be taken to identify
the mycobacterial species, and to monitor any impact on fish health with
morbidity and mortality records, as well as confirmation from clinical cases.
Sludge analysis also allows prompt detection of parasites (or their eggs, e.g.,
P. tomentosa) by microscopy (or PCR) (Mocho et al., 2017), and of other
forms of life thriving on the life support systems (Mocho, 2016). Environ-
mental samples bring another dimension to the monitoring of fish health
(Mocho, 2016), though they do not suffice as a sole screening technique, as
much as a fish-only approach would be limited by its sample number. Fish and
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environmental samples should both be performed regularly for a complete
approach. It can also be judicious to stagger samples monthly, rather than to
sample all media together quarterly, so that routine and continuous surveil-
lance is established.

Diagnostic assays

Necropsy and fresh mounts

Freshly dead animals, either by natural death or euthanasia, should be
immediately necropsied or be directly processed for histopathology. Gross
necropsy is a diagnostic tool for most external parasites and fungi, and can
provide clues regarding infectious and noninfectious diseases that will deter-
mine other diagnostic examinations (e.g., microbiology, molecular biology,
and histopathology). It should be done, along with histopathology exams, as a
routine health screening test in sentinel fish and in nonroutine testing (e.g., sick
or surplus fish). The first step of necropsy is an external and internal gross
examination, performed under a stereoscopic dissecting microscope due to the
zebrafish small dimensions, and using small dissecting instruments. Cutaneous
mucous and scales, gill and fin biopsies are observed in wet mounts between
coverslip and glass slide with a compound microscope. Small pieces of organs
like the liver, intestine, spleen, kidney, and central nervous system tissues are
observed under the microscope in squash preparations. These wet mounts and
squash preparations are important for the detection of external parasites, fungi,
gliding bacteria like Flavobacterium spp., granulomas or cysts, intestinal
nematodes, and even microsporidian like P. neurophilia in central nervous
tissue smears. These spores are better visualized by phase-contrast micro-
scopy. Necropsy procedures are identical to what is described for larger fish
and scale-related adaptations need to be done for zebrafish (Borges et al.,
2016; Cartner et al., 2020; Noga, 2010; Smith, 2019; Yanong, 2003).

Histopathology

Histopathology is an essential diagnostic tool to assess pathogen load and
noninfectious disease severity and morbidity. Due to the rapid onset of fish
autolysis, which renders this technique practically worthless, samples should
be fixed immediately after death (e.g., maximum of 10 min after cessation of
opercular beats). Traditionally, various tissue samples of an animal are sub-
mitted separately for histology processing, and this can also be done with
zebrafish in the case of a gross necropsy. Yet, a major advantage of zebrafish is
that, due to their small size, it is possible to submit the entire animal to his-
tology processing for a single slide preparation. To help fish body fixation, the
coelomic cavity can be nicked, trying not to disrupt internal organs, and
the tail can be removed by cutting through the caudal peduncle well behind the
anal fin (unless the tail presents lesions) (Cartner et al., 2020; Zebrafish
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International Resource Center, 2020b). The whole fish is fixed in Davidson’s
or Dietrich’s solutions (preferred) (Fournie et al., 2000; Ramsay et al., 2009;
Zebrafish International Resource Center, 2020b), or in 10% neutral buffered
formalin for at least 48 h. The following decalcification with 10% formic acid,
which will not interfere with an eventual ZiehleNeelseneFite staining, should
be done in different lengths according to fish dimensions. The next step is
paraffin embedding through standard methods (Meyers, 2000). Mid-sagittal
histological 3-m sections should be done in a way to attempt observation in
the same plane or section of brain, spinal cord, gills, gonads, and kidney. These
sections need skills with a nonimmediate learning curve (Cartner et al., 2020).
Ideally, three routine stainings should be done. Hematoxylin and eosin for
general purposes, ZiehleNeelseneFite for detection of acid-fast bacteria, and
Luna to highlight P. neurophilia spores. Additional Gram staining can be
performed to differentiate any visible bacteria. For cutaneous ulcers, imprint
smears stained with ZiehleNeelsen can be performed, transverse sections of
the whole animal can be done, or the ulcerated skin can be carefully dissected
and processed in an independent paraffin block. To optimize results, histo-
pathology slides should be evaluated by a fish veterinary pathologist.

Polymerase chain reaction

PCR consists of detecting a piece of DNA deemed specific to a sought path-
ogen. The main advantage is that a wide range of material can be used as
sample, although care should be taken to ensure the diagnostic laboratory has
validated their PCR assay to any submitted material. Otherwise, for example,
uncontrolled presence of inhibitors may induce false negatives. PCR can be
performed on environmental samples (e.g., surface sump swab biofilm, sludge
(Mocho et al., 2017) and water (Crim et al., 2017)). It is the recommended tool
to screen found dead fish for pathogens. Fish samples can eventually be pooled
to reduce cost. The main disadvantage of PCR is that it only allows detection
of predetermined pathogens; it cannot be used for noninfectious disease or to
survey against contamination by undefined pathogens. Moreover, PCR detects
DNA, whether it is part of a live microbe or an inert DNA sequence. Thus
false-positive results are a risk since PCR may reveal the former presence of a
pathogen currently unable to multiply. In consequence, whenever possible, any
unexpected results should be confirmed by another diagnostic assay allowing
detection of live pathogens only, i.e., histopathology, culture, or microscopy.

Determining the number of samples

Defining an epidemiological unit

The first step to determine the number of fish to sample is to estimate the size
of the population to screen. The population is called an EU and includes all
fish exposed to the same microorganisms because cross-contamination
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between fish cannot be avoided. For example, fish in the same room, rack,
tank, or behind the same biosecurity barrier may be part of the same EU.

Specific pathogen free for a threshold prevalence

In the SPF concept, the term “free” is misleading. The World Organization for
Animal Health stipulates that “Scientific methods cannot provide absolute
certainty of the absence of disease.” “Instead, the aim is to provide adequate
evidence (to an acceptable level of confidence) that disease, if present, is
present in less than a specified proportion of the population (i.e., threshold
prevalence)” (The World Organization for Animal Health (OIE), 2019). In
consequence, a fish facility may only claim to be SPF for a defined threshold
prevalence. The SPF concept also relies on measures to prevent contamination
by the pathogens specifically screened against. Introduction of colony fish
through a triage and quarantine process and biosecurity programs is therefore
of particular importance when aiming for an SPF status.

Number of fish sample

There is a formula to demonstrate that if the pathogen is present at the time of
sampling, it is below a chosen threshold prevalence. The formula takes into
account a chosen probability level (e.g., 95% confidence) and diagnostic assay
specificity and sensitivity. Application of the formula determines the number
of colony fish to sample according to the EU population size (Sergeant, 2018).
We propose to apply this formula and to introduce bias toward increasing
chances of pathogen detection. For example, as described earlier, at least 10 of
the screened fish are prefiltration sentinels. Environmental samples are added
to the calculated number of fish samples. Samples are taken on a quarterly
basis and staggered monthly. Table 4.1 shows examples of screening pattern
for various threshold prevalence and specific zebrafish pathogens. It is deemed
that at least six consecutive negative quarterly sets of screens are necessary to
claim some SPF status, as long as threshold prevalence is clearly defined, and
there is transparency regarding screening, import, and biosecurity programs so
that collaborators can assess biosecurity risks when importing fish from the
SPF-claimed EU. Quarantine and fish imported in quarantine should be
screened as well. For a busy quarantine, health monitoring can follow a similar
pattern to a main holding EU. Otherwise, each import should be screened
(Mocho et al., 2017).

Introduction of zebrafish colonies and biosecurity

Triage of imports

To preserve the microbiological status of an EU, care should be taken when
introducing fish from an external source into the animal unit. First, the risk
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related to each specific import should be assessed. For example, adult fish
represent a higher risk than fertilized embryos that could be surface disinfected
at arrival in the facility. It is also relevant to inquire whether the facility of
origin is able to provide some information on their health and microbiological
status, and on their biosecurity process. For example, pet shops and multi-
species facilities with small barriers between aquaria dedicated to species may
present a higher risk than zebrafish-only laboratories. Once the risk is assessed,
then a decision is taken not to import the colony, import in quarantine, or
import directly into the EU. This is based on the presence in the exporting
facility of pathogens excluded from the importing facility (e.g., M. marinum),
on the need to further assess the microbiological status in quarantine (Mocho
et al., 2017), or on the need to treat the fish (e.g., P. tomentosa) before EU
introduction (Kent et al., 2019a; Erlacher-Reid, 2018; Cartner et al., 2020).

TABLE 4.1 Quarterly screening pattern per epidemiological unit (EU)

according to threshold prevalence.

Samples

Month

1

Month

2

Month

3

Threshold

prevalence

Monitored

pathogens and

diseases

Sump surface
swab

2
samples

N/A Mycobacterium
spp.

Live feed
cultures

2
samples

Mycobacterium
spp.

Sludge 2
samples

Mycobacterium
spp.,
Pseudocapillaria
tomentosa

Number of
fish samples
according to
threshold
prevalence

15 20% Any pathogens
and diseases by
histopathology
Only specific
pathogens by
polymerase
chain reaction
(PCR)

30 10%

60 5%

150 2%

Environmental samples are screened for Mycobacterium spp. by PCR. P. tomentosa can be detected
in sludge by PCR or by microscopy (Mocho et al., 2017). Fish samples represent prefiltration sentinel
and colony fish. When PCR is used, fish samples are screened quarterly for Mycobacterium spp.,
P. tomentosa, and Pseudoloma neurophilia and other pathogens deemed a hazard for the EU due to
specific fish sources or multispecies holding conditions. Other pathogens may be screened twice a
year or not monitored. Histopathology allows a broad screening for pathogens and noninfectious
diseases. The number of fish samples according to threshold prevalence is calculated with online
software (Sergeant, 2018). Specificity and sensitivity are set to 100%, confidence at 95%, and the EU
holds more than 1000 fish. For example, when the threshold prevalence is set at 20%, 15 fish
samples are required quarterly. This increases to 150 fish for a threshold prevalence of 2%.

Health monitoring, disease, and clinical pathology Chapter | 4 95



The option to import directly into an EU should only be reserved to a trusted
facility demonstrating thorough health monitoring and biosecurity programs.
The triage system to decide how to handle imports should be established in
advance in agreement with users.

Quarantine

In zebrafish laboratories, the import process often consists of receiving fish
(embryo whenever possible), and rearing and breeding imported generations in
quarantine until they are culled. Only offspring embryos from imported fish
are surface disinfected and introduced to the EU. The choice of disinfectant,
concentration, and length of exposure (e.g., 10 min in 30 ppm unbuffered
sodium hypochlorite (Mason et al., 2016), 5 min in 100 ppm unbuffered so-
dium hypochlorite (Kent et al., 2014), 2 min in 12.5e25 ppm buffered iodine
(Cartner et al., 2020)) should be adapted to the pathogens to exclude and to the
required zebrafish embryo survival rate. This practice aims at isolating quar-
antine microbiological status from the EU. Biosecurity barriers between
quarantine and EU(s) are therefore essential to the relevance of the process.
Cross-contaminations between the two areas must be avoided. Practical im-
plications are numerous, and the set-up of reliable quarantine biocontainment
should be central to the design of the facility and to the biosecurity program.
The main principles are that quarantine tanks, racks, or systems should not
share the same room with the main EUs, otherwise water cross-contamination
would be very challenging to avoid. Personnel assuming quarantine duties
should not go back on the same day to other EU rooms, ensuring a “from clean
to dirty” flow. Gears and materials (e.g., maintenance tools, water test kits,
pens, feeds and feeding devices, incubators, microscopes, etc.) should be
dedicated to quarantine and not shared with EUs. Tanks and other dirty items
should be cleaned and disinfected before they cross paths with devices from
main EUs. For example, tanks can be manually cleaned and bagged in the
quarantine room. As this first bag crosses the barrier to exit quarantine, it is set
in a second bag which can then lie in corridors or storage for dirty items
waiting for further processing. Cage or tank wash machines usually do not
provide a sterilization process and introducing contaminated tanks in these
machines would spread contaminants to tanks destined for the main EUs.
Therefore dirty quarantine tanks are autoclaved before reaching the main tank
wash process, and eventually will be reused in quarantine or EUs.

Biosecurity

The biosecurity program can be particularly challenging for multispecies fa-
cilities. The precautions described earlier for quarantine may apply between
EUs deemed at risk of cross-contamination. Such strong barriers between EUs
preserve each EU’s microbiome as it avoids contamination by unknown
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microorganisms. However, such restrictions have a significant cost on daily
work pattern and budget. Alternatively, barriers can be set according to
prevalent and excluded pathogens in each EU, and treatment and prevention
efficacy for the specific pathogens representing a hazard. When the main
pathogen(s) likely to be transmitted between two EUs is eliminated by means
other than autoclave sterilization, a less resource-consuming process can be
adopted. For example, P. tomentosa eggs can be destroyed by desiccation
(Kent et al., 2019b), and a drying period between EUs may therefore constitute
a sufficient barrier. The biosecurity program also needs to consider entry of
hazards carried by personnel, visitors, biological material, feed, etc. Specific
restrictions can be set according to risks, e.g., limiting visitor entry to only one
EU per day. Experience shows that reliability of barriers relies on two pillars
that need to be addressed at managerial level: buy-in from users and frequency
of passage at the barriers. The former point reflects on culture of care, training,
stakeholders’ involvement in the decision-making process, and internal
communication. The latter point highlights the importance of bearing in mind
biosecurity when designing animal facilities. First, flows for personnel, eggs,
larvae, adult fish, feed, nets, tanks, cadavers, storage, etc must be considered.
Then barriers can be set with specific details on disinfection and personal
protective equipment. This is particularly important to prevent staff contami-
nation with zoonotic pathogens. For example, at the minimum, the use of
gloves seems unavoidable when hands may come in contact with water.
Finally, the last pillar of the biosecurity program is the treatment of water
supply. The risk of incoming water introducing pathogens can be mitigated by
reverse osmosis, ultraviolet, and other filtrations. Still, water should be seen as
the main pathogen carrier across the fish facility. When designing the facility
water circuits, fish on the same recirculation loop or potentially exposed to the
same water should therefore be considered in the same EU since they are
behind the same barrier and potentially exposed to the same pathogens.

Conclusion

The EU concept is key to the design, biosecurity, and health monitoring
programs of fish facilities. From there, detection of specific pathogens can be
developed to address most prevalent laboratory zebrafish pathogens or other
relevant microorganisms deemed a hazard due to the local research models or
multispecies context. However, health monitoring must also rely on a broader
approach to monitor husbandry output, screen for noninfectious disease, and
survey emergence of pathogens.
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Chapter 5

The welfare of zebrafish

Paul Georg Schroeder
Department of Biomedical Services, Oxford University, United Kingdom

Introduction

In the course of devising this addition to the textbook on laboratory fishes,
there was one recurring question: Why would zebrafish, but not other fish
species, merit their own welfare chapter in this (already comprehensive) piece
of work? The answer may be somewhat subjective as it is informed by my own
and my colleagues’ years working as lab animal veterinarians: no fish species
is used more widely in the laboratory and is therefore more relevant when it
comes to considering its welfare. With a history of more than 45 years of
keeping this species in laboratories and using it for procedures, there is, or at
least there should be, a wealth of knowledge and experience from which a
meaningful welfare chapter could be distilled.

As with any other laboratory species, desired testing and research out-
comes can limit husbandry improvements and therapeutic options in other
ways than for fish exploited as food or ornamental species. When licensed
research and regulatory toxicology establishments discuss welfare-relevant
aspects of their projects with zebrafish, this process can be particularly mar-
red by stakeholders adopting some of the more entrenched views on the ca-
pacity of these animals to feel pain and anxiety (e.g., Rose et al., 2012). This
can be a repeated source of frustration for any clinician or technician trying to
promote welfare improvements (Schroeder and Mocho, 2014).

With 388,000 (accounting for 9% of the total) regulated procedures carried
out in 2019, zebrafish are the United Kingdom’s second most popular research
model (UK Home Office, 2020). For the European Union, the European
Parliament reported the use of 1.2 million fish in regulated procedures for the
first time in 2017, including 500,000 zebrafish (The Commission to the
Council and the European Parliament, 2020). There are no precise figures for
the United States but extrapolating from the species split in the United
Kingdom and European Union as well as the overall reported total of 820,000
nonrodent, nonaquatic vertebrates (DEPARTMENT OF AGRICULTURE -
Animal and Plant Health Inspection Service, 2017) used in regulated
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procedures in the United States in 2016, a yearly figure of 1e2 million
zebrafish could be approximated.

In the United Kingdom, like all other vertebrates used in scientific pro-
cedures, fish are protected under the Animals (Scientific Procedures) Act 1986
2012 Amendment Regulation, which was itself a national implementation of
the new Directive 2010/63 EU. As a result, breeding, husbandry, and scientific
use of these animals are strictly regulated. Fish are protected from the time of
free feeding. For zebrafish this means that from the fifth day postfertilization,
any intervention that may constitute pain, distress, suffering, or lasting harm
requires full licensing as prescribed by the regulator. Over the last two decades
a considerable amount of information has been gained exploring physiological
and behavioral welfare indicators in fish, including zebrafish, carp, trout, and
goldfish (Sneddon, 2003, 2006, 2012; Sneddon et al., 2003; Braithwaite and
Boulcott, 2007; Branson, 2008; Reilly et al., 2008; Nordgreen et al., 2009).

Two major factors affect the welfare of laboratory fish. Apart from the
stress that can be caused by painful or stressful scientific procedures (such as
invasive surgery or behavioral work with food deprivation), inappropriate
husbandry (including housing, arrangement of social groups, feeding regime)
can impose a significant welfare cost on the animals held in the research fa-
cility (Carbone, 2004). This reduction in welfare through an animal’s exposure
to an unnatural, captive environment was coined “contingent suffering”
(Richmond, 2002). This is an expansion of the concept of “suffering in the
absence of disease” (Fox, 1989), where animals are well catered yet are also in
poor welfare, even without the infliction of harmful procedures. In these cases,
welfare is reduced by the denial of what is pleasant (Richmond, 2002) or
natural (Shepherdson et al., 1998). Despite this evidence, a review of research
scientists’ priorities in terms of housing standards for laboratory animals
showed that the actual requirements of the animals ranked behind concern over
legal constraints and economic issues (Morton, 1998). Contingent suffering
can lead to poor health and abnormal behavior, which undermines the validity
of data gained from animal experiments (Würbel and Garner, 2007).

Measuring welfare in zebrafish

Laboratory animals face a wide range of stimuli and experiences, from repeated
confrontations with humans, for some a perceived enemy species (Laule, 2010),
to restraint and transport. Stressed animals display differing baseline behaviors
and after experimental interventions their responses are altered compared with
unstressed individuals (Richmond, 2010). As found in other vertebrates, fish
react to environmental challenges (stressors) through a range of neuroendocrine
and behavioral stress responses (Huntingford et al., 2006).

Behavioral stress response

Stress response, to one or several stressor challenges (Fig. 5.1) is routinely
used to evaluate the welfare state of an animal, true to the concept of welfare
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as “the animal’s state in regard to its ability to cope with its environment”
(Broom, 1991), which focuses on the adaptive response to outside changes.
The most widely used behavioral welfare assessments in (laboratory) fish
include time in the tank bottom, activity, and ventilation rate. “Time in the tank
bottom” is a test measuring time spent in the bottom third of a tank (“hovering
low” Fig. 5.1), described as an indicator of stress in zebrafish (Parker et al.,
2012) and pain in goldfish (Nordgreen et al., 2009), adapted from the “novel
tank diving test” (Egan et al., 2009). “Activity” is another useful indicator,
which is the number of direct swimming movements longer than the length of
the animal (Reilly et al., 2008) in 5 min. This is a measure of swimming
frequency rather than distance swum per time period. Finally, “ventilation
rate” (opercular beat rate per min) can be measured by direct observation with
the observer obscured behind a screen or observed through a high-definition
camera when feasible (Reilly et al., 2008; Schroeder and Sneddon, 2017).
This can be particularly challenging as opercular movements in zebrafish are
extremely hard to detect when the animals are not stressed, whereas the very
visible and high-frequency hyperventilation displayed by stressed animals can
be very hard to measure when opercular beat rate increases to 300 per minute
or above (Schroeder and Sneddon, 2017).

More recently, the concept of fractal dimension was introduced to assess
postnociceptive zebrafish behavior, calculating 3D trajectories to determine
the effect of a range of algesiogenic stimuli on the complexity of movement
patterns (Deakin et al., 2019; Fig. 5.2).

Neuroendocrine stress response

Like humans, but unlike rodents who employ corticosterone, various publi-
cations have suggested cortisol as the primary stress response hormone for fish

FIGURE 5.1 Experimental zebrafish tank with a black marker line indicating “hovering low”

threshold and stressor challenge with mock heron; the latter is exacerbated by injecting alarm

pheromone into the water (Schroeder, 2014).
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(Schreck, 1981; Egan et al., 2009). In the past, studies used whole body
cortisol measurements (the fish is killed and homogenized to extract cortisol;
in larger fish [>2 g] plasma cortisol is often measured from blood samples) to
investigate the effect of common laboratory stressors such as crowding
(Ramsay et al., 2006), predator exposure (Barcellos et al., 2007), and net
handling (Ramsay et al., 2009) on zebrafish. While net handling stress (with a
cortisol peak at 15 min postnet stress and recovery down to baseline levels
after 1 h) and predator exposure lead to significant increases in whole body
cortisol levels, crowding only leads to higher levels of stress hormone when
modulated with fasting.

While the corticosteroid measurements listed up to this point require
sacrificing the whole fish, there are noninvasive methods to measure cortico-
steroids from zebrafish holding water, based on the fact that these hormones
are released into the tank water through the gills. For example, cortisol released
to holding water correlates positively with plasma concentrations, with the
ACTH challenge test demonstrating that a hike in circulating cortisol con-
centration can be detected in the surrounding tank water (Felix et al., 2013).

Husbandry

Environmental enrichment

The term environmental enrichment relates to a broad spectrum of husbandry
improvements and includes structural enrichment as well as behavioral

FIGURE 5.2 (AeC) Comparison between 3D movement trajectories from control animals, with

high fractal dimension scores and animals subjected to three different algesiogenic stimuli

(D ¼ acetic acid injection lip, E ¼ fin clip, F ¼ implant of passive integrated transponder) (Deakin

et al., 2019).
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engineering, social context, and live feeding. For laboratory fishes, research
has focused mainly on structural enrichment.

Preference studies on stickleback (Gasterosteus aculeatus) showed that
they preferred more complex substrate (gravel and sand) to simple substrate
(just sand) although this was linked to higher food availability (Webster and
Hart, 2004; Brydges and Braithwaite, 2009). More recently, studies have
focused on zebrafish: fish reared in barren conditions preferred structural
enrichment over standard (barren) conditions (Kistler et al., 2011); however,
when fish were held in pairs this was influenced by dominance status and in
groups this was influenced by gender (Schroeder et al., 2014). The natural
zebrafish habitat has been extensively characterized (Engeszer et al., 2007) and
tank environments designed accordingly, extrapolating from natural habitat
preferences (Schroeder et al., 2014; Fig. 5.3). When the resulting designs were
offered in binary choice assays, preference for enrichment elements was
strongest for gravel substrate and overhanging plants but in almost equal
measure, images of gravel (Fig. 5.3). This showed that captive-bred zebrafish
prefer structurally enriched environments, suggesting that zebrafish may have
some behavioral needs that are not met by barren conditions. These findings
were used to inform a long-term study: 10-week-old zebrafish were offered the
most preferred enrichments (gravel substrate, artificial plants) or barren tanks
over 4 months, after which animals were assayed for poststress behavior.
There was no significant behavioral variation between fish from different tank
designs. Instead, behavioral stress response was much more influenced by
stressor type. Water cortisol analysis did not reveal any treatment effect with
regard to enrichment, nor was there significant cortisol elevation after the
actual stressor challenges (Schroeder, 2014).

It is not always feasible to offer naturalistic environmental enrichment in
every institution: in facilities conducting regulatory toxicology testing, any
tank additions need to be inert and autoclavable. This limitation affects the
range of possible enrichment items and resulting designs may bear very little

FIGURE 5.3 Tank designs for environmental enrichment zebrafish preference assays: (left)

autoclavable glass rods with different heights (Wilkes et al., 2012); (right) binary preference tank

with different naturalistic designs; gravel image bottom right (Schroeder et al., 2014).
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biological relevance. For example, toxicology compliant structures include
glass rods that neither measurably augmented nor decreased welfare of
zebrafish (Wilkes et al., 2012) (Fig. 5.3).

Rather than imposing enrichment, it is vital that we provide fish in our care
with choices to understand their subjective preferences. However, caution must
be applied to simple preference tests as the animals will make a choice be-
tween whatever two or more items are presented to them but not necessarily
shed any light on the biological relevance of these items. To address that
matter, a preference order was compiled from binary choice tests by providing
zebrafish with a range of items not only routinely used as enrichment in
ornamental and laboratory aquaria, but also guided by evidence on wild
zebrafish habitats (Schroeder et al., 2014).

In research facilities across the United Kingdom, environmental enrich-
ment is adopted as standard for primates, rodents, and birds (Wolfensohn and
Lloyd, 2013) with modified cages informed by preference tests. If the absence
of comparable guidelines for fish is due to the lack of evidence about the
benefits (Wilkes et al., 2012) associated with enrichment for this group of
animals, then the preference study findings (Kistler et al., 2011; Schroeder
et al., 2014) should inform a reevaluation of zebrafish housing. If the strong
evidence of preference testing alone constitutes little incentive for facilities to
add enrichments, one could also argue, with the same logic, that the addition
of structural enrichment is not a confounding factor for zebrafish when
recovering from pain or stress.

Strains, genetic modifications, and harmful phenotypes

Strains and genetic modifications deserve a brief mention here despite a lack
of published data on their welfare cost. For mammals used in laboratories the
breeding of certain strains and creation of harmful knockouts generates a
series of welfare concerns (Workman et al., 2010). Similar to rodents, there are
a number of fish strains with phenotypes impacting welfare. For example,
leopard strain zebrafish were used as a model for anxiety (Egan et al., 2009) as
they were thought to be more prone to stress. Several induced mutations create
particular pathological or genetic conditions such as retinal photoreceptor
degeneration (Stearns and Evangelista, 2007), mental retardation (Wu et al.,
2017), liver tumors (Li et al., 2019), or cardiac ablation (Wang et al., 2013).
While ecotoxicological procedures often employ strain-specific phenotypical
differences, the creation of transgenic lines for certain purposes such as
measuring the effect of endocrine disrupting materials (Lee and Lu, 2014) can
raise difficult ethical questions.

Refinements in regulated procedures

Arguably, welfare of zebrafish as a species overwhelmingly relates to how
these animals are used and housed in research facilities, while a range of
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interventions and refinements have the potential to attenuate these impacts. In
the European Union and the United Kingdom, with very few exceptions,
invasive procedures with the potential to cause pain, suffering, distress, or
lasting harm can only be carried out on protected animals after these are
anesthetized. Further procedural refinements mainly focus on optimizing
anaesthetic protocols, for example, through the addition of premedication and/
or analgesia.

Pain and analgesic considerations

Pain perception in fish is likely to differ from human experience and may not
be consistent with our understanding of mammalian physiology (Stoskopf,
1994). Rather than ruling out pain on the basis of mere anatomical differences,
judgments should be made based on evidence. For example, as a starting point,
the understanding of pain in a particular group of animals can be based upon
behavioral or physiological changes linked to painful events in other species,
such as postsurgically increased respiratory rates in cats and dogs and a higher
opercular beat rate for fish subjected to trauma (Brown, 1993).

Investigations of postnociceptive behaviors in rainbow trout (Oncho-
rhynchus mykiss) (Sneddon, 2003), common carp (Cyprinus carpio), and
zebrafish (Danio rerio) (Reilly et al., 2008; Maximino, 2011) established that
the type and magnitude of behavioral patterns after painful events (injection of
acetic acid) is species specific. For example, an increased ventilation rate was
indicative of nociceptive stimuli in zebrafish and trout but not in carp. In the
same study, zebrafish displayed a reduced swim rate, whereas rainbow trout
showed an increase. Injection of acetic acid into the lip elicited “lip rubbing”
in rainbow trout, an atypical behavior thought to be analogous to humans
rubbing painful areas (although this causality has not been accepted by
everyone (Rose, 2003)) but is not seen in control fish. This particular behav-
ioral response has also been recorded in goldfish experiencing a painful event
(Newby et al., 2009). A potentially analogous response has been observed in
zebrafish, where after acid injections near the tailfin (Maximino, 2011) or
tailfin clipping (Schroeder and Sneddon, 2017), animals have reacted with
rapid fin movements described as “tailfin fanning."

The ongoing debate about the capacity of fish to experience pain beyond
pure reflexes has dominated the Ethical Review process in several research
institutions (pers. obs.) and accordingly the field of laboratory animal welfare
science. With the application of the 3Rs (replacement, reduction, refinement)
the concept of replacement by less sentient species has triggered a debate
(Chandroo et al., 2004; Volpato et al., 2007) on whether it is justifiable to
attribute less sentience to fish than, for example, rodents. One should argue
instead that such assumptions need to be backed up by solid research findings.

As evidence on pain and pain management in zebrafish is mounting
(Schroeder and Sneddon, 2017; Lopez-Luna et al., 2017; Lelek et al., 2020) it
is worth discussing the practical implications of this, not least the idea of a
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usable protocol. To that objective, different immersion drugs were trialed with
varying effect on zebrafish. Lidocaine administered at 5 mg/L has been shown
to modulate postnociceptive behavior after a tailfin clip (Schroeder and
Sneddon, 2017) and noxious temperature stimuli (Lopez-Luna et al., 2017).
For larval zebrafish morphine (48 mg/L), immersion proved efficacious
(Lopez-Luna et al., 2017), possibly due to better gill permeability for this type
of molecule in juvenile fish. For cardiac cryoinjury procedures, morphine, but
not lidocaine, significantly improved animal welfare post surgery, without
impairing the heart regeneration process (Lelek et al., 2020), although studies
on rodents have shown that opioids prevent tissue regeneration in mice through
inhibition of reactive oxygen species production (Labit et al., 2018).

Anaesthetic aversiveness

The only two agents (buffered tricaine methanesulfonate and 2-
phenoxyethanol) currently licensed as fish anaesthetics in the United
Kingdom have been shown to be aversive to zebrafish (Readman et al., 2013;
Wong et al., 2014) and the same authors suggest that nonaversive agents such
as etomidate and 2,2,2-tribromoethanol should be considered as anaesthetics
of choice. Yet etomidate has shown poor analgesic capacity (Flecknell, 2009),
which casts doubt on its suitability for mass use as immersion anaesthetic.
Furthermore, since etomidate inhibits adrenal steroidogenesis as shown for
mammalian (Wagner et al., 1984) and aquatic species (Ross et al., 2008), it
may be regarded as a source of interference in experimental models.

Humane endpoints

EU legislation prescribes that “death as the end-point of a procedure shall be
avoided as far as possible and replaced by early and humane end-points (HEP).
Where death as the end-point is unavoidable, the procedure shall be designed
so as to: (a) result in the deaths of as few animals as possible; and (b) reduce
the duration and intensity of suffering to the animal to the minimum possible”
(European Parliament and Council of the European Union, 2010). In the
context of managing animal welfare during regulated procedures, the endpoint
is the timepoint when exposure to a harmful or stressful treatment ends
(Wolfensohn and Lloyd, 2013). To limit such exposure, knowledge of fish
physiology and fish welfare expertise needs to match the severity of proced-
ures and stressors that these organisms are subjected to (Nordgreen et al.,
2009). It is essential that clinical signs, indicating when predefined thresholds
preceding the point-of-no-return to agonal suffering and mortality (Ellis and
Katsiadaki, 2020) have been reached, are understood. For zebrafish used in
laboratory procedures, this is aided by methodical capture of behavioral and
physiological welfare parameters (details in previous section). Indexes and
scoring systems based on clinically relevant observations and with robust
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cross-observer correlation can further aid consistency in the recognition of
endpoints. Despite the notable absence of a standardized approach and set
criteria for fishes (Ellis and Katsiadaki, 2020) the peer-reviewed evidence base
for humane endpoints applicable to zebrafish and other common laboratory
fish species is gradually increasing, e.g., with focus on body condition scores
(Clark and Pandolfo, 2018) or pain response and tissue injury (Sneddon,
2009).

Welfare-focused systematic review of surgical zebrafish models for
cardiac regeneration

Background

The ARRIVE guidelines (Kilkenny et al., 2010) were devised to improve
transparency where studies reported results derived from animal research.
Ideally, any publications adhering to these rules objectively describe the
welfare cost to the animals involved. The guidelines are particularly linked to
the following:

(1) Provide precise details of all procedures carried out, for example (.)
anaesthesia and analgesia, (.) surgical procedure. (2) Provide details of ( ..)
welfare related assessments and interventions that were carried out prior to,
during, or after the experiment. (3) Specify the total number of animals used in
each experiment.

Surgically induced cardiac injury as a popular invasive research procedure,
which can be reasonably perceived to cause pain and distress, was reviewed in
terms of the three ARRIVE criteria laid out here. This utilizes the ability of
fish and amphibia to replace heart tissue. Myocardial infarction is simulated by
surgical amputation of the heart apex (Wang et al., 2013), cryoinjury with
copper probes (Chablais and Ja�zwi�nska, 2012; González-Rosa and Mercader,
2012), or cauterization (Lafontant and Burns, 2012); notably using the closely
related giant danio Devario aequipinnatus, rather than zebrafish. Nonsurgical
alternative methods include genetic ablation (Wang et al., 2013; Zhang et al.,
2013, Curado et al., 2007) and immersion in hypoxic tank water (Parente et al.,
2013). In the first two cases the procedure incorporates incision into the skin
and pericardial sac with microdissection scissors. This is followed by ventricle
exposure through gentle abdominal pressure after which 20%e30% of the
ventricle is removed with scissors/scalpel. Alternatively, a 0.2e0.3 mm Ø
copper filament cooled in liquid nitrogen is placed on the ventricular surface
for a few seconds, leading to similar ventricular damage.

Search strategy

The Web of Science database was used to perform a systematic review of the
available literature published between January 1, 2012 and October 30, 2020.
Search terms and keywords included:
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“Zebrafish”
AND
“cardiac” OR “heart”
AND
“regeneration” OR “regrowth”.

Study inclusion and exclusion criteria

Electronic search and title management was accomplished using a commercial
software program (Endnote X8, Clarivate Analytics). Study selection was
based on the following inclusion criteria:

1. Publication in the international peer-reviewed literature.
2. English language.
3. Zebrafish studies.
4. Cardiac resection surgery, cryoinjury, or cauterization.

Results

Of 47 publications that passed the selection criteria, 44 studies described the
cardiac excision procedure. Five studies were dedicated to cryoinjury. Two
incorporated both excision and cryoinjury.

Seven manuscripts detailed their procedure sufficiently to satisfy the first
ARRIVE criterion. However, only one of these described duration of the
surgical procedure, elaborating that the cryoinjury protocol takes 3e5 min
once animals have reached surgical anesthesia and that subsequent recovery
from anesthetic can take up to 5 min (González-Rosa and Mercader, 2012).
Thirty of the remaining 39 studies, as recent as 2019 (Ben-Yair et al., 2019),
referred to a resection protocol published in 2002 (Poss et al., 2002), which
itself is not sufficiently detailed to satisfy the guidelines, not least because
these were not published for another nine years and because there are no
specifications on buffering and dosing of tricaine. Therefore this protocol
could not be endorsed as suitable with today’s knowledge of best practice. One
study referred to a protocol (Jopling et al., 2010) that turned out to be a
secondary source, and unusable to boot, citing a 20-fold tricaine overdose of
4000 mg/L (0.4%); another study (Xiao et al., 2016) erroneously referenced as
source of its resection protocol a publication which had no detail of such a
procedure.

Worryingly, cryoinjury protocols have been referenced to several publi-
cations at once, each with different intervention points and anesthetic regimes;
this “scattergun” approach cannot be reconciled with the ARRIVE criteria
(e.g. Lai et al., 2017).

Only two pieces of work (González-Rosa and Mercader, 2012; Goldmann
and Kuzu, 2017) at least partially satisfied the second criterion, detailing
intervention points and reporting higher mortality rates for younger fish
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(González-Rosa and Mercader, 2012) and giving some detail about stopping
hemorrhaging (citing the use of “Kim-Wipes” rather than sterile swabs) and
aiding recovery (Goldmann and Kuzu, 2017). No other studies reported on
mortality rates associated with the procedure; this could be perceived as a
decline in reporting diligence compared with publications from the pre-
ARRIVE era (Poss et al., 2002; Raya et al., 2004).

Finally, only three studies including (Gupta et al., 2013) presented numbers
of animals used for the surgical procedure, while one further work reported on
the number of hearts studied instead (“50e60”, (Chen and Wang, 2016)).

Mortality rates and speciesism

From a veterinary perspective, there is a sizeable elephant in the room: the
postsurgical mortality rate associated with cardiac injury protocols. As already
mentioned, there is scant detail that can be gleaned from scientific manu-
scripts, despite their ever-increasing number. Under current interpretation of
UK laboratory animal legislation, any “built-in” mortality (i.e., where pro-
tected animals are found dead, rather than euthanized after reaching an agreed
humane endpoint) which is attributable to regulated procedures will always
push a protocol and its associated project license into the highest (“severe”)
severity band, as long as this affects no more than a small percentage of the
animals used. Yet with recorded mortality rates (taking into consideration
animals euthanized for failing to recover and those found dead after the pro-
cedure) of typically >10% and as high as 30%e40% in some facilities (pers.
obs.), one needs to question why this has not been identified as a major issue
by the regulator and if procedures with similar mortality levels would have
been accepted for nonaquatic vertebrates. One definition of the term
“speciesism” is “assigning certain values on membership of a specific genetic
clade”; this aptly sums up this particular issue as the value attributed to the
survival of a fish appears several orders of magnitude lower than that of a
mammalian research animal.

Use of anaesthetics

There is justified concern that, in the comparatively niche field of fish
anaesthesia, new developments and palpable improvements are slow to take
hold. In terms of qualitative changes to mainstream anesthetic practice, the use
of tricaine (also called tricaine mesylate, tricaine methanesulfonate, or MS
222) was first described for lake trout in 1960 (Schoettger, 1967). Back then,
tricaine and quinaldine sulfate were used in approximately equal measures
(Schoettger and Julin, 1969); arguably the main change in the ensuing 60 years
was that the latter has all but disappeared from our shelves. While any
perceived lack of progress and pervasive over-reliance on tricaine may be
specific to laboratory fishes, accounts from ornamental fish anaesthesia have
shown a wider range of chemicals and administrative routes. Therefore there is
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scope to also expand the anaesthetic arsenal for laboratory fish as there is no
published evidence that refinement and consideration afforded to anaesthesia
for laboratory fishes are even approaching levels comparable to mammalian
practice (Schroeder et al., 2021). In addition, there are some concerns about
the dosing of tricaine, especially when considering published doses for re-
covery anaesthesia for experimental use in zebrafish cryoinjury procedures
(320e1000 mg/L; González-Rosa and Mercader, 2012; Chablais and Veit,
2011) versus veterinary guidelines (100e200 mg/L; Mattews and Varga,
2012). It is conceivable that such an excessive dose, which entails the risk of
medullary collapse and ensuing brain death, is frequently chosen to allow
longer out-of-water procedures and more invasive protocols. It is also
conceivable that these high anaesthetic doses exacerbate already high mor-
tality rates during and after the cardiac excision procedure.

Conclusion: the state of zebrafish welfare today

The outcome of the review of cardiac injury protocols shows that attempts at
quantification of the cost to zebrafish welfare are still few and far between.
With the majority of peer-reviewed and published manuscripts not even
describing the surgical protocol in sufficient detail, and little in the way of
detailing welfare issues and intervention points, this is a poignant reminder
that awareness of fish welfare issues in the field of laboratory animal research
has to improve.

Of the concepts and paradigms used to assess animal welfare, the “Two
Pillars” concept by Marian Stamp Dawkins is probably the most reductive.
This concept is based on asking “if the animal has what it wants” coupled with
an examination of its physical health (Dawkins, 2008). On the evidence of
preference testing for different structural environmental enrichments, the
welfare of zebrafish in barren tanks does need addressing as they are housed in
an environment that they avoid when given the opportunity to locate them-
selves with enrichment (Schroeder et al., 2014).

Regarding the second “pillar,” the practice of health screening zebrafish is
still in its infancy, but on current evidence, the majority of European and North
American facilities have to contend with microsporidiosis, a parasitosis caused
by the spore-forming Pseudoloma neurophilia. The parasite infects the central
nervous system and the skeletal musculature and is associated with emaciation
and skeletal deformities (Sanders et al., 2012). However, many fish exhibit
subclinical infections with intermittent acute morbidity and mortality triggered
by environmental stressors such as pH and water temperature changes.
P. neurophilia was identified in 74% of facilities that submitted fish to the
pathology service at the Zebrafish International Resource Center in Oregon,
USA (Murray and Dreska, 2011). An alternative estimate for Western
Europe is 90%e95% of facilities (QM diagnostics, 2015), with 90% of all
deformed or cachectic fish and 10%e30% of fish of normal appearance
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affected (Matthews et al., 2005). Consequently, on the evidence of these high-
prevalence figures, the clinical welfare of zebrafish for the majority of facil-
ities can be justifiably considered problematic and an appraisal based on the
reductive “Two-Pillar” approach presents ample scope for improvements to the
welfare of zebrafish in laboratories.

Relative scarcity of empirical data on many aspects of zebrafish welfare
makes this species no less deserving of our attention. In fact, the steady rise in
invasive fish procedures such as surgically induced cardiac injury should be
utilized to collate postnociceptive data to improve the understanding of pain-
associated behavioral patterns and develop efficacious analgesic regimes. As
already seen in mouse models, future scientific challenges will require stan-
dardization of health status and welfare provisions. Veterinary surgeons
specializing in that area should play a key part in the application of the 3Rs in
research facilities using fish. For this they need a comprehensive under-
standing of the latest diagnostic technique, the animal’s physiology, and
welfare requirements.

The ultimate objective is to utilize the plethora of procedures carried out on
zebrafish to improve the understanding of fish welfare, for example, by
adapting welfare scoring systems for different experimental procedures and
developing analgesic protocols to alleviate their welfare impact.
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Many experimental procedures include steps where different developmental
stages of zebrafish are subjected to somewhat painful or stressful procedures.
These protocols may be common to most labs (like fin clipping, short-term
imaging) or more specific to certain types of research (injections, implanta-
tion of electrodes, cardiac injury). Analgesia and anesthesia are in most cases
used to suppress distress and/or pain sensation/perception. While anesthesia is
often used mainly to immobilize animals for surgical and nonsurgical pro-
cedures, analgesia is a fairly new aspect added to zebrafish protocols to take
into account the increasing awareness of pain sensation and animal welfare in
fish. The application of analgesics often takes place after the procedure itself
and it is often unclear what the side effects of the treatment are. Therefore the
decision concerning effective, safe, and humane methods of analgesia and
anesthesia that are ethically justifiable as well as scientifically reproducible is
still difficult and depends on the specific situation. There are different pro-
cedures with different levels of invasiveness and duration to which analgesia
and anesthesia protocols must be adapted, as there is no “one size fits all.”

Often, at some part of an experiment, animals have to be sacrificed using
euthanasia methods. Euthanasia or humane killing might be applied due to
protocol requirements, but also to avoid more suffering, applying a final pain
relief if ethical justification of a harmful state of the animal is not given. There
are several euthanasia methods depending on the purpose, developmental stage
of the animal, and legislation of the country/region.

Chemical substances are involved in all the referred procedures, analgesia,
anesthesia, and chemical euthanasia, thus one has to pay special attention to
legal considerations. While in earlier years, people working with fish as animal
models in laboratory animal science often used pure chemical substances to
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make their own “drugs” with lab ingredients and did not think about medical
details, responsible authorities are starting to require the use of medically
approved drugs and solvents. Especially with fish this leads to increasing
problems requiring expert knowledge: many of the traditionally used sub-
stances are not approved for fish or only for specific fish species, and some are
not for other animals, but only for humans. Also, many formerly approved
drugs currently lose their approval since the approval process in earlier years
missed important analysis aspects, and most pharmaceutical companies avoid
the costly procedure of approving drugs for a relatively small field of use. Thus
people in fish labs have to use drugs approved for mammalian species or even
humans, and this so-called “rededication” often requires intensive documen-
tation and approval by authorities.

In this chapter, we will discuss different protocols for analgesia, anesthesia,
and euthanasia based on different requirements of various protocols.

Analgesia

Analgesic substances are used to relieve pain in an animal. In contrast to
anesthetic substances, which suppress pain sensation and induce immobility/
loss of consciousness by depression of the central nervous system (CNS),
analgesic substances mainly work by action on signal transmission and
modulation. While analgesia is routinely used in mammals, the level of
knowledge is still low in fish. Fish have opioid receptors and show complex
behaviors to flee or manage pain, among other indications (Sneddon et al.,
2014) but there are still some contradictory opinions regarding fish feeling
pain. Nevertheless, all agree that pain or nociception cause physiological and
behavioral alterations that should be prevented. Usually, before a painful
procedure, loss of pain sensation in fish is tested by the response to a pinch in
the caudal fin performed by hand or forceps. Several behavioral indicators of
pain in fish have been described in the literature: reduction of activity and food
intake, rubbing the injured body part, increase of opercular movement rate,
and bottom dwelling, but species-specific behaviors must be considered
(Reilly et al., 2008; Deakin et al., 2019).

To prevent behavioral alterations related with pain, several classes of
analgesic substances (overview in Table 6.1) are described in fish: opioids,
nonsteroidal antiinflammatory drugs (NSAIDs), and paracetamol (aniline an-
algesics/derivatives). The group of local anesthetics also induces analgesia but
also acts like an anaesthetic by suppressing pain sensation in a particular re-
gion. Analgesics can be injected intramuscularly (IM) or intraperitoneally (IP);
however, bath application (BA) is usually preferred. This has the advantage of
less direct handling and thus is less stressful for the animals with no need to
use anesthetics to render the animal immobile to the injection. To avoid in-
jection administration is particularly advantageous for small fish such as
zebrafish. However, the effect of BA compared to injections is delayed, and
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greater quantities of analgesics are required, which have to be disposed of with
the water in an environmentally friendly manner. Unfortunately, there is a lack
of comprehensive data on the pharmacokinetics and physiological effects of
analgesics, which is crucial for experimental use.

Opioids

Opioids mainly bind to opioid receptors located in the brain and spinal cord. m-
, k-, and two d-receptors have been demonstrated in all areas of the zebrafish

TABLE 6.1 Overview of analgesics indicating analgesic properties in

zebrafish.

Substance Dosage Remarks Literature

Opioids

Buprenorphine 0.1 mg/mL Larvae Steenbergen and Bardine
(2014)

5 mM Larvae;
temperature stress
test

Curtright et al. (2015)

Morphine 1.5e3 mg/L Acetic acid bath Currie (2014)

6 mg/kg Acetic acid test Correia et al. (2011)

48 mg/L Fin clip Deakin et al. (2019)

1.5 mg/L Cryoinjury Lelek et al. (2020)

NSAIDs

Aspirin 2.5 mg/L Fin clip Schroeder and Sneddon
(2017)

Flunixin 8 mg/L Fin clip Deakin et al. (2019)

Local anesthetics

Lidocaine 5 mg/L Larvae, heat
exposure

Lopez-Luna et al. (2017a)

Larvae, acetic acid
exposure

Lopez-Luna et al. (2017a)

Larvae, CO2

exposure
Lopez-Luna et al. (2017a),
Deakin et al. (2019)

Fin clip Schroeder and Sneddon
(2017)

Bupivacaine 0.5, 1 mg/L Fin clip Deakin et al. (2019)

If not stated otherwise, the mentioned dosage applies to adult zebrafish via a water bath.
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adult brain (Alvarez et al., 2006; Pinal-Seoane et al., 2006; Sanchez-Simon
and Rodriguez, 2008; Gonzalez-Nunez and Rodrı́guez, 2009; Sivalingam
et al., 2020). m- and d-receptors are already expressed at embryonal stages,
while k-receptors start to be expressed at later stages (Sanchez-Simon and
Rodriguez, 2008).

The nociceptive system of fish is similar to that of mammals, but there are
differences that affect the effects of analgesics, e.g., no efferent fibers have
been identified from the brain to the spinal cord so far, which is one of the
main areas of action for opioid analgesics in mammals (Stevens, 2008).
Furthermore, analgesics distribute more slowly in fish tissue compared to
mammals due to the lower body temperature, but also seem to work for much
longer (Stevens, 2008). As the opioid system is already mature in early stages,
opioids can already be used at young stages for analgesia (Lopez-Luna et al.,
2017a,b,c).

Morphine

Morphine mainly binds to the m-opioid receptors to express its analgesic
properties in mammals (Kieffer, 1999). The effective morphine dose for adult
Danio rerio is between 1.5 and 3 mg/L (BA) or 6 mg/kg (IM) (Correia et al.,
2011; Currie, 2014). Initial contact with morphine when applied to the water
can be stressful for fish as they react similarly to the application of acids,
which are often used as a pain stimulus (Lopez-Luna et al., 2017a,b,c). This
reaction subsides after a short time. Morphine has analgesic potential in larvae
in case of administration of acid or warm temperatures, but not of cold tem-
peratures (Lopez-Luna et al., 2017a,b,c). It is also used as an effective pain
relief drug in case of heart cryoinjury studies up to 6 h postinjury, without
affecting the regeneration process in adult zebrafish (Lelek et al., 2020). When
applying opioids, one should consider the addictive potential of the drugs. For
morphine, Khor et al. (2011) demonstrated an increased level of anxiety when
withdrawing morphine after 2 weeks’ application of 1.5 mg/L. In reverse,
application of morphine results in reduced anxiety (Wong et al., 2010).
Pharmacokinetic data as well as reports about side effects for zebrafish are not
available, but prove to be species specific in other fish species (Chatigny et al.,
2018). It is still a matter of study whether morphine does not show any
physiological side effects in zebrafish. As morphine is a regulated substance,
special considerations are required concerning waste disposal and documen-
tation, thus making the morphine bath a method with drawbacks in handling.

Buprenorphine

Buprenorphine is a partial opioid agonist binding mainly to m-receptors. As it
has a lower affinity to k- and d-receptors than morphine, usually the spectrum
of side effects is smaller than for morphine in mammals, and it has fewer
addictive effects (Gudin and Fudin, 2020). Its analgesic properties in larvae
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reduce responses to thermal or acidic stimuli (Steenbergen and Bardine, 2014;
Curtright et al., 2015). There are no data available for adult zebrafish, but the
results in rainbow trout are not promising (Mettam et al., 2011).

Butorphanol

Butorphanol binds agonistically with high affinity to d- and k-receptors and is
an antagonist on m-receptors. Use in zebrafish is currently quite limited and
does not show a clear analgesic effect (Schroeder and Sneddon, 2017). So, the
benefit of use in zebrafish is not clear. As butorphanol has no addictive effect
in mammals and it is not a regulated substance it can be used in the laboratory.

Tramadol

Tramadol is a k- and m-receptor agonist and a serotonin reuptake inhibitor.
Developmental toxicity (Bachour et al., 2020) and its pharmacokinetics and
metabolites distribution have been studied in adult zebrafish. IM injection or BA
of tramadol reduces zebrafish activity and increases their preference for the
water surface (Zhuo et al., 2016). Apart from these side effects, there are no
reports about its analgesic effects in zebrafish. Since it is a regulated substance,
injectionmight be the favorableway of administration regarding waste disposal.

NSAIDs

NSAIDs produce their analgesic and antiinflammatory effects by inhibiting the
cyclooxygenase enzyme, which is involved in the synthesis of prostaglandins.

Aspirin

The nonsteroidal aspirin has a good analgesic effect by decreasing adult
zebrafish behaviors related with pain when administered prior to the painful
stimulus (Schroeder and Sneddon, 2017). As there is no proof of the absorp-
tion of this substance at 2.5 mg/L (BA), the method of action is not clear.
Aspirin is also effective in larvae (Lopez-Luna et al., 2017c).

Flunixin

Flunixin is believed to inhibit cyclooxygenases similarly to aspirin. It shows
no effect for heat or acidic stimuli at 8 and 20 mg/L in zebrafish larvae (Lopez-
Luna et al., 2017b) but reduces the noxious stimuli of fin clipping in adult
zebrafish (Deakin et al., 2019).

Ibuprofen

Ibuprofen is considered a nonselective cyclooxygenase inhibitor and acts as an
antiinflammatory drug in fish. However, ibuprofen does not reverse the
sensitization for noxious temperatures in larvae when used at 400 mM (Curt-
right et al., 2015). No studies have been performed in adults regarding its
analgesic effects.
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Local anesthetics

Local anesthetics cause absence of pain sensation by preventing action po-
tential formation through blocking mainly sodium channels, thus leading to
insensitivity. They can prevent response to painful stimuli in zebrafish, indi-
cating analgesia. In higher doses, these substances act systemically and induce
anesthesia. In zebrafish, they are also used as analgesic substances for post-
surgery/postprocedure treatment.

Lidocaine

A preoperative administration of the local anesthetic lidocaine (5 mg/L) shows
positive effects on activity levels and opercular beat rate related to pain
response of fin clipping in adult zebrafish. These effects are accompanied by
pharmacokinetic validation, i.e., a dose-dependent uptake is observed
(Schroeder and Sneddon, 2017). This protocol is also an effective analgesic for
heat stimulus and noxious chemicals in zebrafish larvae with minor side effects
(Lopez-Luna et al., 2017a,b,c; Schroeder and Sneddon, 2017). Use in muscle-
affecting protocols (like heart regeneration studies) is questionable since
several studies describe myotoxic effects and compromise the regeneration
process in the heart (Carlson and Rainin, 1985; Hussain et al., 2018; Lelek
et al., 2020).

Bupivacaine

A single study showed some potential of bupivacaine on pain reduction
applied in BA before fin clipping in adult zebrafish (Deakin et al., 2019), but it
needs clarification. Apart from this, the analgesic effects of this substance have
only been studied in amphibians and reptiles (Chatigny et al., 2017).

Anesthesia

Anesthesia is characterized as a reversible intoxication of the CNS. Different
depths of anesthesia are used depending on the procedure requirement
(sedation, immobility, and/or pain relieve) and are obtained using different
anesthetic concentrations or exposure times when anesthetics are administered
via water immersion. There are several descriptions of the stages of anesthesia
(example in Table 6.2), which may be hard to detect with certain quick-action
anesthetics. However, the loss of equilibrium (in dorsal recumbence for more
than 3 s), lack of response to a light stimulus (e.g., touch on the side of the
fish), and painful stimulus (e.g., caudal tail pinch) can be monitored and
indicate that the animal achieved surgical anesthesia (Valentim et al., 2016).
As described for analgesics, BA is also used for anesthetics in most cases,
especially in small fish like zebrafish. Anesthetics are mainly absorbed/inhaled
via gills and excreted through the gills, kidneys, or skin. The accumulation of
metabolites in water must therefore be considered if serial anesthesia is
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applied to fish in the same tank. A good anesthetic protocol must not induce
mortality, have a quick induction (<3 min) and recovery, allow a controllable
depth of anesthesia, be safe for the animal and operator, inducing no or
minimal changes in fish physiology, behavior, and stress, be soluble in water in
case of BA, and must be adequate for the experimental purpose (e.g., in sur-
gery, first verify the loss of response to a painful stimulus). Care must be taken
regarding the concentration and duration of anesthesia to avoid too light
anesthesia or overdose and the quality of the water (temperature, pH, con-
ductivity, oximetry, etc.) usually using the water from the system where the
fish lives; consider also using the air supply for longer anesthesia. Non-
powdered gloves should be used and food restriction is required for bigger fish;
this is also recommended for zebrafish to avoid food being stuck on the gills if
the animal vomits, and to prevent increased levels of ammonia if the BA is
performed in the fish tank. During anesthesia, it is important to monitor the
operculum movements (respiratory rate), because if they are too slow or stop,
the fish must be placed in clean water to recover. Gill color alterations to pale

TABLE 6.2 Representation of the stages of anesthesia.

Stages of

anesthesia

Depth of

anesthesia Observable behavioral signs

0 No anesthesia Normal swimming, responsive

1 Sedation Decreased activity, delayed reaction to visual and/or
tactile stimuli

2 Excitement
phase

Equilibrium loss (total or partial) or not but
hyperactivity, increased respiratory rate, and
response to stimulus

3 Light
anesthesia

Equilibrium loss, decrease in muscle tone and
respiratory rate, no response to visual or tactile light
stimulus

4 Deep/surgical
anesthesia

Equilibrium loss, decrease in muscle tone,
respiratory rate very slow, no response to painful
stimulus

5 Nonrecovery
anesthesia

Equilibrium loss, relaxed muscle tone, rare
respiratory movements, no response to any stimulus

6 Overdose Equilibrium loss, flaccid/no muscle tone, apnea or
absence of respiratory movements, no response to
any stimulusd(imminent) death

Adapted from Martins, T., Valentim, A.M., Pereira, N., Antunes, L.M., 2016. Anaesthesia and

analgesia in laboratory adult zebrafish: a question of refinement. Lab. Anim 50 (6), 476e488 and

Collymore, C., Tolwani, A., Lieggi, C., Rasmussen, S., 2014. Efficacy and safety of 5 anesthetics in

adult zebrafish (Danio rerio). J. Am. Assoc. Lab. Anim. Sci. 53 (2), 198e203.
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or dark red may indicate lack of oxygen or hemorrhage, respectively. Also,
sensitivity to anesthetics is different depending on the health status, strain, and
developmental stage of the fish. Usually, larvae have higher resistance to an-
esthetics because they do not have developed gills, where the anesthetics are
mainly absorbed. In additon of not having gills, embryos are also envelopped
in the chorion, which constitutes an additional barrier to the anesthetics
(Rombough, 2007).

MS-222

Tricaine methanesulfonate (MS-222) is the most frequently used anesthetic in
laboratories. It is the only drug approved by the US Food and Drug Admin-
istration for fish anesthesia in the food industry with 21 days of withdrawal
and has approval as a medical drug in several countries across Europe. Tri-
caine is a sodium channel blocker that inhibits signal transmission from the
periphery to the CNS, blocks central neurons, and acts as a hypnotic and
anesthetic in BA acting systemically, although it is classified as a local
anesthetic (Walsh and Schopp, 1966; Attili and Hughes, 2014). At higher
doses, it leads to muscle relaxation and thus reduced cardiac activity with
symptoms of hypoxia. The effect strongly depends on concentration. The
depth of anesthesia increases with duration. Long duration anesthesia de-
presses respiration, and hypoxia and metabolic acidosis may happen, leading
to hypotension and changes of heart rate (Carter et al., 2011). To avoid this,
tricaine has been combined with isoflurane (Huang et al., 2010). In general,
tricaine interferes with cardiovascular, endocrine, and osmoregulatory sys-
tems. Nevertheless, it seems to be indicated for quick procedures, but should
be considered with caution for long-lasting or repeated anesthesia (Dang et al.,
2016). The use of tricaine also creates stress during induction (Readman et al.,
2013; Wong et al., 2014) and anesthesia (Carter et al., 2011; Matthews and
Varga, 2012). This reaction occurs to varying degrees with all anesthetics and
is not a sole problem of tricaine. Stock solution must be buffered and stored in
the dark for not more than 3 months; nevertheless, the optical aspect of the
solution must be evaluated before each use and legal regulations may prohibit
storage of the solution since it is not part of the approval protocol as a vet-
erinary drug. Retinotoxicity (Carter et al., 2011) is relevant for animals and
researchers in the case of repeated anesthesia. Moreover, tricaine powder can
be irritant for the mucosa, thus it should be prepared in a fume hood wearing
gloves, and goggles are recommended (Ross and Ross, 2008).

Benzocaine

Benzocaine works similarly to tricaine, but is slower and less effective in
warm water, which is a disadvantage for use in zebrafish, in addition to its
aversive properties (Readman et al., 2013). Although 200 ppm of benzocaine
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causes a rapid depth of anesthesia and recovery in adults, it also induces 50%
of mortality. However, it seems to work well in zebrafish larvae and embryos
(Ehrlich et al., 2019). When used in an intermittent way, it is useful for long
anesthesia duration for imaging in adult zebrafish (Wynd et al., 2017).
Benzocaine must be diluted in a solvent (e.g., ethanol) to be used in a water
bath. Alternatively, benzocaine hydrochloride can be used since it has good
water solubility.

Clove oil

Clove oil and its components eugenol, methyleugenol, and isoeugenol prob-
ably also inhibits sodium channels. However, the analgesic effect is low
(Sladky et al., 2001) and the anesthesia often incomplete. Single or frequent
use of clove oil can lead to gill necrosis and other histological alterations in
fish (Marina Hassan, 2015; Chance et al., 2018). In zebrafish, it induces a
quick anesthesia, with longer recovery times compared with tricaine (Grush
et al., 2004), but it induces mortality when exposure is too long in adult
zebrafish. Nevertheless, it may be used in embryos and larvae (Ehrlich et al.,
2019). Thus clove oil is often used for easier handling of animals using short
periods of exposure or low concentrations; surgical procedures should be
performed with more effective anesthetics. Clove oil blocks cytochrome P-
450, a class of enzymes involved in steroid hormone synthesis (Cochrane,
2015). This is why it is not indicated for many experiments unless this effect is
desired. Isoeugenol and methyleugenol may have carcinogenic effects
(Johnson et al., 2000). As a natural substance, clove oil is subject to strong
batch fluctuations, which leads to difficult experimental dosing and repro-
ducibility. However, there are market solutions based on isoeugenol with a
fixed composition (Aqui-S), which, contrary to clove oil and eugenol, is water
soluble. Clove oil is often used because it is less expensive.

Propofol

Propofol is a GABAA agonist inducing quick hypnotic effects. Being a hyp-
notic, it does not provide analgesia, although it seems to numb painful stimuli
in higher doses, which may be unsafe because it affects the respiratory and
circulatory system (Valentim et al., 2016). In addition, developmental and
cardiac alterations and neurotoxic effects were reported when embryos are
exposed to propofol from 8 to 120 h postfertilization (hpf) (Guo et al., 2015;
Luo et al., 2020). Nevertheless, propofol has the advantage of being rapidly
metabolized with fewer cumulative effects (Ross and Ross, 2008). This agent
has been used in combination with lidocaine providing a balanced anesthesia
where low doses of both drugs can be used for achieving the desired anes-
thesia, increasing protocol safety (Collymore et al., 2014; Valentim et al.,
2016; Martins et al., 2018). Thus the analgesic properties of lidocaine together
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with the hypnotic properties of propofol induce a sufficiently deep anesthesia
for general surgical interventions. Note that this combination may form
droplets from 30 min to 1 h after solution preparation (Valentim et al., 2016).

Etomidate and metomidate

Etomidate and metomidate are imidazole-based nonbarbiturates with similar
properties, and they are hypnotics that act on GABAA receptors. They inhibit
cortisol production, which should be taken into consideration for research
purposes, and they do not induce analgesia (Ross and Ross, 2008). Thus these
may be used to sedate/calm the animal or to render fish immobile for imaging.
Aquacalm is a commercially available solution of metomidate. Metomidate
induces a quick loss of equilibrium with a wide safety margin (Collymore
et al., 2014), while etomidate also induces quick loss of equilibrium and a low
respiratory rate (Martins et al., 2018). When etomidate is combined with
lidocaine, loss of response to a painful stimulus is quickly obtained (Martins
et al., 2018). Etomidate is also effective in zebrafish larvae (Du et al., 2018).
Etomidate provides surgical anesthesia when combined with lidocaine but
induces a lower respiratory rate than the combination propofol/lidocaine
(Martins et al., 2018). Both etomidate and metomidate are less aversive for
zebrafish than MS-222 (Readman et al., 2013; Wong et al., 2014).

Other agents such as 2-phenoxyethanol, isoflurane, etc. are rarely used in
zebrafish (Matthews and Varga, 2012). Although 2-phenoxyethanol is often
used in research (Lidster et al., 2017), there are almost no studies of its effect
and efficacy in zebrafish, only some applications in zebrafish larvae (Lisse
et al., 2015). It does not seem to alleviate stress and induces hemodynamic
alterations in fish (Ross and Ross, 2008). Table 6.3 gives an overview of some
anesthetic protocols described in the literature. Each anesthetic may have a
wide range of concentrations because the effectiveness will depend on the fish
characteristics, as mentioned before, and on the properties of the water such as
pH, temperature, and conductivity, which will influence the bioavailability of
the anesthetic in the solution. Therefore it is extremely important to do a pilot
test with your laboratory conditions to test anesthetic efficacy and adequacy to
the procedure prior to the experiment.

Euthanasia

Euthanasia or humane killing is a procedure where the animal is killed with
minimal pain or distress. This procedure is performed whenever the animal is
in great suffering, when there is the need to make postmortem analysis, when
the experiment ends, or due to husbandry considerations and health issues.
Thus euthanasia must induce a quick loss of consciousness, be irreversible,
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TABLE 6.3 Overview of anesthetic drugs used in zebrafish.

Substance

Concentrations

(mg/L) Remarks Literature

Tricaine 10e17 Sedation of adult
fish for N-ethyl-N-
nitrosourea
mutagenesis

Trevarrow (2011)

100e168 Tail fin pinch in
adults

Collymore et al.
(2014),
Nordgreen et al.
(2014), Valentim
et al. (2016)

168 Long duration
anesthesia for
adults

Xu et al. (2015)

31e106 Sedation to
anesthesia of larvae

Rombough
(2007)

200 Deep anesthesia for
larvae

Ehrlich et al.
(2019)

160 Long duration
immobility for
embryos and larvae

Kamei &
Weinstein (2005)

Tricaine þ
isofluranea

40e80 þ 100 Long duration
anesthesia for
adults

Dang et al. (2016)

60e80 þ 60e80 Anesthesia for
adults

Huang et al.
(2010)

175 þ 175e200 Repeated
anesthesia for
adults (TraNac
transgenics)

Lockwood et al.
(2017)

Benzocaine 35 Long duration
anesthesia
protocols using
intermittent
application in
adults

Wynd et al.
(2017)

200 Anesthesia for
larvae

Ehrlich et al.
(2019),

Continued
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ideally with minimal handling, be safe to staff, and consider the consequences
of the procedure chosen to the postmortem analysis as it may interfere with the
results. The choice of method also depends on species, strain, age, number,
and health of the animals (Leary et al., 2020). Confirmation of final death is
important in fish since the absence of a heartbeat is not as good an indicator as
it is in mammals. Fish heart muscle tissue contains relatively high amounts of
stored glycogen. Thus the heart muscle and pacemaker cells have energy to
maintain the heartbeat for quite a long time without oxygen uptake by

TABLE 6.3 Overview of anesthetic drugs used in zebrafish.dcont’d

Substance

Concentrations

(mg/L) Remarks Literature

Clove oil 45e140a Short duration
anesthesia
(eugenol)

Grush et al.
(2004), Valentim
et al. (2018)

90e120a Anesthesia for
larvae

Ehrlich et al.
(2019)

20 Anesthesia for adult
fin clipping
(isoeugenol)

Musk et al. (2020)

Etomidate 2 Light anesthesia for
adults

Martins et al.
(2018), Valentim
et al. (2018)

7.3e24.4 Anesthesia for
larvae

Du et al. (2018)

Etomidate þ
lidocaine

2 þ 100 Anesthesia for
adults

Martins et al.
(2018)

Metomidate 6e10 Light anesthesia for
adults

Collymore et al.
(2014)

Propofol 1.25e7.5 Light anesthesia for
adults

Valentim et al.
(2016), Martins
et al. (2018)

5.3e17.8
1e3

Anesthesia for
larvae

Du et al. (2018)
Guo et al. (2015)

Propofol þ lidocaine 1.25e2.5 þ
50e150

Anesthesia for
adults

Valentim et al.
(2016), Martins
et al. (2018)

2-Phenoxyethanol 100 Anesthesia for
larvae

van den Bos et al.
(2020)

aDiluted in ethanol at 10%.
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respiration and without a functional CNS. This causes problems in interpre-
tation. On the one hand, a missing heartbeat may be reversible when the fish is
returned to its normal fish water surroundings. On the other hand, although the
fish is definitely dead (like after decapitation or destruction of the brain), the
heart can continue beating.

Within the European Union, under European Directive 2010/63/EU on the
protection of animals used for scientific purposes, legally approved methods for
euthanasia of fish include overdoses of anesthetics, concussion/percussive blow
to the head, and electrical stunning. Other methods can be used in animals that
do not regain consciousness before death. The concussion methodology is not
practical for Danio rerio due to the size of the animals and is therefore not
considered further; however, it would make it impossible to use the brain for
further analysis. Only anesthetic overdose is adequate for use in zebrafish larvae.

Overdose of anesthetics

Anesthetic overdose kills fish by hypoxia, which can be stressful. Also, an-
esthetics may be aversive to the animals, causing more stress, and this,
associated with being a chemical, may influence the test results. People mostly
use tricaine (200e300 mg/L), rarely also benzocaine (250 mg/L) (Thurman
et al., 2019), or sometimes clove oil (50e100 mg/L) (Davis et al., 2015;
Ferreira et al., 2018). A 10e20-min period without opercular movement has
been recommended to confirm final death (Matthews and Varga, 2012; Ferreira
et al., 2018). Hence, the confirmation of death by other methods is of ethical
importance. This is critical in young fish that have not developed gills (major
organ of anesthetic entrance), absorbing chemicals only by diffusion, thus
becoming more tolerant to anesthetics. Anesthetics are therefore insufficient
for the complete euthanasia of embryos and larvae, and the concentrations
used and exposure times must be quite high. Tricaine at 1633 mg/L and
730 mg/L stops the heart beating at 3 days postfertilization (dpf) and 9 dpf
larvae, respectively (Rombough, 2007). However, other studies show that the
heart of 144 dpf larvae stops beating with 900 mg/L tricaine, but they recover
in clean water. Even 1500 mL/L of eugenol will avoid the recovery of half of
the 14 dpf larvae (Strykowski and Schech, 2015). This includes a critical
period from 120 hpf to approximately 14 days. Embryos are also quite resis-
tant to anesthetics and may continue to develop during exposure (Köhler et al.,
2017). In addition to the physical methods to complete euthanasia referred to
at the end of the chapter, chemical methods (proteinase K, bleach solution) can
also be used to ensure death.

Electrical stunning

Electrical stunning or electroeuthanasia results in cardiac fibrillation inducing
cardiac arrest. The resulting cerebral hypoxia then leads to death of the animal.
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The advantage of this method is the absence of chemical substances influ-
encing subsequent analyses. Nevertheless, it is not often used for zebrafish
since technical parameters have to be optimized and standardized devices are
missing. Technical details to be considered are the type of electric current
(smooth DC, pulse DC, although it is not recommended to use AC), power,
voltage, water conductivity, and form of the tank and electrodes to guarantee a
uniform electric field for a humane killing (Lines et al., 2003; Lines and
Kestin, 2004, 2005). If an inadequate current is used for some time, it may
cause muscle exhaustion and the fish may be mistakenly considered uncon-
scious. A suggested protocol combines an initial smooth DC with a following
pulse DC (van Krogh et al., 2019). While the smooth DC results in anodotaxis
and electroanesthesia, pulse DC affects the muscles and leads to an epilepti-
form insult. This can lead to toniceclonic spasms by epileptic seizures ranging
from hemorrhages and injuries to broken spines. Therefore it is important to
anesthetize the animals before using smooth DC so that muscles are relaxed as
much as possible to avoid injuries and to start with sufficient voltage imme-
diately to reduce time until stunning and death. Currently, no commercial
devices are available and only handmade devices may be used. This is a topic
that needs proper studies and protocol refinement.

Rapid chilling

Rapid chilling or rapid cooling is not accepted by the European Directive
2010/63/EU and its transposition into national law in each European country
by standard. However, it can be used in small tropical fish in the United States
under American Veterinary Medical Association guidelines (American Vet-
erinary Medical Association, 2020). For this method, animals are transferred
abruptly from the housing temperature into ice-cold water at 0e4�C without
direct contact with any ice. This leads to spontaneous loss of all signs of life,
and the reliability of the occurrence of death is 100%. Recent studies (Wilson
et al., 2009; Köhler et al., 2017) meanwhile lead to the recognition of this
method for Danio rerio and other small tropical fish species in several
countries (Leary et al., 2020). For young stages, additional measures and
prolonged exposure are necessary: larvae until 14 dpf need to be exposed for
12 h, while older larvae until 90 dpf need between 30 s and 5 min (Wallace
et al., 2018). Larvae and embryonic stages are sometimes very resistant, so
proteinase K, bleach solution, or liquid nitrogen can be used in addition.

Although rapid chilling cannot currently be used as standard in research in
European countries, it is possible to ask for a special permit from the competent
authority to use it (or other methods) justifying scientifically why you cannot
use the accepted methods in your project and/or assuring that the method chosen
will not compromise the animals’ welfare (2010/63/EU, article 5, point 4).

At the end of all the euthanasia methods, death must be confirmed by loss
of reflexes or clinical signs (respiratory and cardiac arrest), and by a secondary
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method such as decapitation or exsanguination. Usually for embryos or larvae,
the secondary method is exposure to bleach, proteinase K, or even maceration.
The carcass must then be refrigerated until proper disposal by a specialized
company.

Conclusions

This chapter is a hub of information regarding analgesia, anesthesia, and
euthanasia of zebrafish. Recommendation of a good protocol depends highly
on the procedure/research and animal characteristics, as discussed. As fish
comprise so many different species, it is essential that the methods are refined
for each species. Zebrafish is now widely used in research, but knowledge of
these topics is still lacking compared with the other widely used models, i.e.,
mice. Thus research needs to continue in these areas, as some challenges need
to be overcome, such as protocols for repeated anesthesia, clarification of the
potentially aversive profile of the anesthetics, influence of substance-specific
side effects on different protocols, and implications of rapid cooling on ani-
mal welfare.
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Introduction

Genetic engineering techniques have rapidly developed since the first large-
scale forward genetics screen was developed in 1996, which generated a
spectrum of phenotypic zebrafish lines with mutations in many essential genes
for normal development (Haffter et al., 1996). Management of this original
collection was relatively straightforward and embryonic analysis was the
focus. Adults were heterozygous in their genotype, and phenotypes were
primarily within homozygous embryos. Homozygous fish were rarely viable
and reporter lines were in their molecular infancy. Genotyping methods were
not available since extensive molecular investigation was required to piece
together the pathways involved. Mapping and genetic characterization of
mutations was propelled forward in the early 2000s by the full sequencing of
the Danio rerio genome (Howe et al., 2013).

This chapter aims to provide a comprehensive overview of the ethical is-
sues in zebrafish (Danio rerio) handling and the most recent practices for the
generation and management of zebrafish transgenic, mutant, and mosaic lines.

The discussion will take into account recent legislation, international
publications, and standard guidelines applied in world reference centers such
as the Zebrafish International Resource Center (ZIRC) and the European
Zebrafish Resource Center (EZRC), as well as our personal experience in the
management of national-level facilities.

A set of schemes will be included to provide the reader with an immediate
overview of the main operational phases in the different workflows.
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Ethical issues in genetic manipulation of laboratory fish

Being a vertebrate with a high degree of similarity with humans, the zebrafish
is often used to assess the function of genes involved in diseases. The ad-
vantages of using this model in quantitative biology is mostly due to its
fecundity, genetic manipulability, transparency of its embryos, and easy hus-
bandry, allowing rapid screens of drugs or genetic modifications. As for all
animal models in research, while the number of zebrafish used and their
suffering has to be minimized, the amount of information gathered in exper-
iments needs to be maximized.

Several national legislations on laboratory animal welfare use as reference
the OIE Terrestrial Animal Health Code and the EU Directive 2010/63 (Ogden
et al., 2016). Considering the EU example, the aim of the Directive 2010/63/
EU, which replaced the 86/609/EEC, is to improve the welfare of those ani-
mals still needed in research and to deliver the 3R principles (replacement,
reduction, and refinement). While the final goal of the directive is the full
replacement of procedures on live animals, it also states that “the use of live
animals continues to be necessary to protect human and animal health and the
environment” and that “the methods selected should use the minimum number
of animals that would provide reliable results and require the use of species
with the lowest capacity to experience pain, suffering, distress or lasting harm
that are optimal for extrapolation into target species.”

Hence, to minimize the suffering of animals, genetically manipulated
embryos, injected with oligos, mRNAs, or DNA, should be screened for
deleterious morphological and behavioral phenotypes at 5 days postfertiliza-
tion (dpf) just before they become protected animals; embryos with significant
phenotypes will be excluded unless explicitly allowed by the relevant animal
license. We have developed a set of criteria that we use to judge whether it is
justified to keep fish alive under “standard circumstances,” that is in the
absence of pathological signs (Westerfield, 2007).

Although the recent clustered regularly interspaced short palindromic re-
peats (CRISPR)/Cas9 technology-mediated mutagenesis does not involve
foreign DNA, it is important to note that the European Court has surprisingly
classified CRISPR/Cas9-edited plants under the same regulatory rules as
genetically modified organisms (GMOs) that contain foreign DNA. It will be
important to check local GMO regulations to ascertain how CRISPR mosaics
(CRISPants) and CRISPR mutants need to be licensed and documented (see
https://curia.europa.eu/jcms/upload/docs/application/pdf/2018-07/
cp180111en.pdf).

In this chapter we take for granted that all experiments will be conducted
under the 3R principles and their implementation in the legislation of each
country.

Fish management during generation of mutants

Soon after the random mutagenesis era, large consortia, such as ZF-Health,
implemented mutant creation by utilizing the genomic sequence through the
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technique of Targeting Induced Local Lesions in Genomes (TILLING) (Moens
et al., 2008). This was the first time that reverse genetics could efficiently be
applied in fish, although exact mutation and position were still unpredictable.
Preparation of germline mutants requires a difficult balance between (1) the
direct and indirect deleterious effects of mutagenesis on animal health and (2)
the efficiency in targeting the right portion of the genome. As nowadays most
mutagenesis screens, either small or large scale, are performed by CRISPR/
Cas9, in this chapter we will focus on the management of fish stocks during
CRISPR/Cas9-mediated genome editing. Notably, researchers can now design
and tailor-make specific gene changes using the CRISPR technology (Rafferty
and Quinn, 2018), recently improved using modified oligonucleotides, such as
end-phosphorothioated long oligonucleotides (w127 bp) (Renaud et al.,
2016).

The first step in a CRISPR/Cas9-mediated mutagenic effort is the analysis
of the efficiency of either the single guide RNAs (sgRNAs) or the CRISPR
RNA (crRNA) in combination with a trans-activating crRNA (tracrRNA)
(Hoshijima et al., 2019). This can be evaluated using a simple polymerase
chain reaction (PCR) and melting analysis on the genes targeted in F0 embryos
injected with Cas9 and the different sg- or tracrRNA/crRNAs pairs. Different
approaches can be used to evaluate quickly the annealing efficiency of
mutagenized alleles once they are amplified by PCR: agarose gel analysis
using the T7E1 endonuclease mismatch test (Ablain et al., 2015), heteroduplex
mutant analysis of melted DNA in polyacrylamide gels (Zhu et al., 2014), or
high-resolution analysis of the annealing dynamics of real-time melted DNA
(Samarut et al., 2016). The analysis of single injected F0 embryos will reveal
the global and individual efficiency of each sgRNA or tracrRNA/crRNA.

As an alternative to annealing-based methods, high-resolution fragment
analysis (Varshney et al., 2016) or, if designed in a suitable sequence, re-
striction digests can be employed to assess guide efficiency (Keatinge et al.,
2020). Once selected for a proper mutagenic efficiency, mutagenic RNAs can
be used for the production and isolation of germline mutations. However, to
isolate F0 carriers of new allelic variants generated by CRISPR/Cas9, ho-
mozygosity for null alleles of essential genes should be avoided. Hence, if the
purpose of the research is to produce a complete knockout, a global efficiency
of mutagenesis around 80% is desirable.

When preparing a targeted “knock-in,” the efficiency of the donor also
needs to be tested. Nowadays, the strategy for an efficient substitution of
specific nucleotides in the zebrafish genome takes advantage of long asym-
metric synthetic single-strand DNA donors noncomplementary to the crRNA
or sgRNA and containing the mutation to be introduced, a mutated protospacer
adjacent motif, and a genotyping bar to recover the mutated genome with a
simple restriction analysis (Prykhozhij et al., 2018).

To rear as few animals as possible, the efficiency of mutagenesis will be
evaluated in a portion of the embryos before they reach the 6-day stage. F0
embryos from clutches efficiently mutagenized are selected for the absence of
anatomical and behavioral defects before day 6 and grown to adulthood.
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Adult F0 are outcrossed with wild-type animals for the analysis of
germline transmission of mutated alleles: a fraction of the F1 embryos
resulting from each outcross is analyzed at 48 h postfertilization (hpf) using
PCR amplification and melting/size/restriction analysis of the targeted re-
gions, as reported earlier. These methods do not establish the precise nature
of the allele. Sequencing of F1 PCR products on both strands can be used and
often allows deconvolution, either manually or using specific software
(Dehairs et al., 2016), to determine if it is worth raising the allele in question.
Subsequently, F1 individuals from transmitting founders are genotyped by
noninvasive methods within 6 dpf and heterozygous individuals are grown to
obtain F1 animals that, when adult, will be fin clipped, analyzed on both
strands to confirm the sequence of the mutant allele, and outcrossed for its
isolation.

To determine the possible deleterious effects of the mutant allele in the F2
(or F3 generation if maternal effects are expected), the different F1 (or F2)
heterozygotes will be incrossed to generate null homozygotes (or compound
null homozygotes) or homozygous knock-in animals to be analyzed from
embryonic stages up to the adult; for zebrafish, a reference value of 20 larvae
out of at least two clutches of eggs is recommended. Evaluation at the 6-day
stage will consider the morphology, structure, and behavior of the larva
(edema, swim bladder, body shape, swimming behavior). A second detailed
evaluation will take place at the adult stage (3 months). During the charac-
terization of the lines, primary attention will be given to the occurrence of
signs of suffering, pain, or distress. Therefore once the larval stage has been
passed, if a severe phenotype occurs, i.e., the animal is unable to move and
feed sufficiently (the humane endpoint is reached), it will be suppressed after
annotation.

Only the heterozygous animals shall be kept for maintaining the line when
the homozygous displays a deleterious phenotype.

Taking all these elements into consideration, it is believed that a total of
about 40 adults (10 F0 and 30 F1 heterozygotes) will be sufficient to produce
and isolate a reasonable number of null alleles of an essential gene. In addi-
tion, a total of 40 animals from two different families should be used to assess
the level of the deleterious effect in homozygotes, either null or knock-in
(Fig. 7.1). To breed as few animals as possible, genotyping should ideally
be carried out on individual larvae at the 4e6 days stage by means of a PCR of
the water in which the larvae are grown individually. Only larvae with a ge-
notype of interest will be grown to the adult stage. To breed as few animals as
possible, sperm from the best F0 and F1 carriers shall be frozen.

A total of about 40 fish (10 F0 injected and 10 F1 in three different
families) are grown to isolate a reasonable number of mutants. Forty more F2
(or F3 in case a maternal phenotype is expected) are needed for the assessment
of deleterious phenotypes.
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Mutant fish management

In-depth analysis of gene function often requires specialized genetic back-
grounds that provide enhanced readouts of gene function, either by sensitizing
the fish to the mutation in question or by providing relevant fluorescent
readouts. This has led to extensive interbreeding of multiple mutants and
transgenes. Nowadays, it is not unheard of for researchers to breed over six
genetic elements into one line. For lines with multiple alleles, sufficient
backup stocks of each component line are required. Indeed, all genetically
modified zebrafish lines require careful management to preserve their distinct
genotype. The zebrafish is very susceptible to inbreeding depressions after
successive incrosses, which rapidly leads to viability, fertility, and phenotypic
problems. Careful genetic tracking of parentage and the alternate in- and
outcrossing of both homozygotes (when viable and fertile) and heterozygotes
in different combinations, with a constant eye on the potential evidence of
inbreeding, is required. For newly generated lines, particularly by reverse
genetics (if justified over CRISPR interference - CRISPRi - methods), several
heterozygote generations originating from outcrossed parents will need to
show consistent phenotypes, only then can you attribute these defects to the
genetic modification. For CRISPR, we generally create two alleles initially,
and then transheterozygotes; this minimizes the chance of other homozygous
mutations contributing to a phenotype. Line management must consider and
mitigate for the consequences of breeding a homogeneous population,
particularly in an attempt to deliver research data as quickly as possible. If
homozygous animals are viable, then populations of both homozygous and

FIGURE 7.1 Flowchart for the generation of KO (knockout) and KI (knock-in) mutants.
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heterozygous carriers need to be alternately in- and outcrossed, with signifi-
cant introduction of fresh wild-type genomes, to maintain health within the
background. Genetically homogeneous tractable strains are known to be
difficult in the zebrafish and tend to result in nonspecific phenotypes, biased
sex ratios, increased mortality, and reduced fecundity (Fran�ek et al., 2020).
The absence of sex chromosomes in common zebrafish strains may contribute
to this, as homozygous populations will tend toward one of the two sexes. This
contrasts with medaka where sex chromosomes are present and inbred lines
are available. None of these attributes are conducive to robust research find-
ings and experimental potential is only realized through optimal mutant
management of many additional factors; husbandry knowledge; a health
monitoring program; quarantine provision and procedures; optimal environ-
mental conditions, nourishment and enrichment; and consideration of species-
specific experimental design (Aleström et al., 2020).

Husbandry

The zebrafish is a communal shoaling fish in the wild (Engeszer et al., 2007),
and develops a shoaling preference based on visual early experience
(Engeszer et al., 2004). The identification of adverse effects within a shoal or
individual fish is paramount to manage mutant lines. An understanding of
their response to sickness, aging, hierarchy, environment, stress, and fear will
help manage even the most vulnerable lines. Maintaining solitary or pairs of
zebrafish is deemed to be an unnatural environment for this species and for
this reason should be avoided, and visual contact to conspecifics is war-
ranted; nevertheless, isolation studies have not detected strong effects on
relevant neurotransmitters related to depression unless fish were additionally
stressed (Fulcher et al., 2017). In our experience, keeping fish in pairs often
produces a strongly dominant and subordinate fish; the latter tends to
languish and receive less food. If these situations are perpetuated without
resolution for the fish, then their wellbeing will be diminished and subse-
quent breeding is unlikely.

Dominant and subordinate fish can emerge in any tank scenario, which
deteriorates the health and wellbeing of the oppressed fish. As a prey species,
individuals within a shoal will attempt to hide afflictions from internal and
external causes for as long as possible. This culminates in significantly
impaired fish falling from the shoal, often close to death. To help identify sick
fish, two significant publications detail the signs and symptoms that you
should be looking out for daily (Goodwin et al., 2016; Clark et al., 2018).

Reverse genetics has resulted in many subtle, apparently asymptomatic mutant
lines that are being maintained. These lines may be vulnerable to subtle impacts
upon their wellbeing and need to be carefully monitored and, once characterized,
known phenotypes can be assumed to affect all genotyped fish within the family.

Subsequent interline breeding to create a combination of traits can offer
new challenges in adverse effect management with potential for unexpected
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severity and welfare issues. To support and validate findings, researchers are
increasingly maintaining, and housing separately, a control shoal made up of
nonmutant sibling fish.

Critical thinking and knowledge of the variables within the life-course of
the fish help research to develop a more succinct knowledge of each line as
having individual characteristics and needs.

Health monitoring

Mutant fish need to be monitored for their health status throughout their life
and it is important to know the risks from subclinical infections, clinical
diseases (Collymore et al., 2016), and noninfectious diseases (Kent et al.,
2020) (Mocho and Pereira, Chapter 4), taking the expected function of the
mutated gene into consideration. As previously mentioned, daily visual
assessment of a population using both the Standardized Welfare Terms for the
Zebrafish Community (Goodwin et al., 2016) and the Body Condition Scoring
for Adult Zebrafish (Danio rerio; Clark et al., 2018) enables a picture of health
to emerge within a facility. A carefully considered health monitoring program
is also essential for all facilities, which includes both PCR panels and histo-
pathology (Collymore et al., 2016). This must be conducted with some degree
of regularity, on a significant number of fish, from a selection of candidate
individuals and pooled cohorts, perhaps pooled in age- or location-specific
sets.

Quarantine provision and procedures

The international movement of zebrafish mutant lines is a key attribute of this
research model and sharing of lines is commonplace. Usually, shipments of
24-hpf embryos are couriered (taking <48 h door to door) in temperature-
controlled parcels. Regardless of the collaboration and knowledge of the or-
igin’s health monitoring program, all external sources of fish require a barrier
upon entry to prevent the introduction of infections. This barrier should be at
least one, if not two, quarantine provisions that are completely separate from
the main facility. Surface cleaning with one or both “bleach” and iodine
(Chang et al., 2016) is required prior to transportation and analysis of sacri-
ficed subsets of imported fish to build knowledge of their pathogenic load
(Westerfield, 2007).

Genotyping mutant lines to manage stocks

All mutant lines can be managed by a selection of genotyping techniques in
the absence or alongside any phenotypic characteristics. The classic method
of fin clipping is a robust method of obtaining sufficient genetic material to
identify carriers. New methods have been developed: (1) to reduce the
number of fish grown past the point of protection for subsequent fin clipping
(once large enough), and (2) to refine the technique in light of finding that
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fish feel pain during the fin-clip procedure (Deakin et al., 2019). These
alternative methods include larval fin clipping (Wilkinson et al., 2013),
swabbing (Tilley et al., 2020), and embryonic/larval DNA extraction
(Lambert et al., 2018).

Postresearch management for future opportunities and
collaboration: cryopreservation and stock centers

Once a mutant line has been established and bred sufficiently for research, it
may be advisable to preserve the line for perpetuity either in-house by in vitro
fertilization or by shipping it to one of the three nonprofit resource centers:
ZIRC, EZRC, and China Zebrafish Resource Center.

An in-house provision to cryopreserve any genetically modified zebrafish
line is important for both contingency line management and to preserve
potential research options when research funding is unstable. Several publi-
cations and reference centers can guide you through setting up the method in-
house, with minimal technical effort (see, for instance, Carmichael et al., 2009,
and more in detail Khosla et al., Chapter 8). Hindsight tells us that if a
zebrafish mutant fails to produce results in one avenue of investigation,
research should certainly value unknown potential, within the unique genetic
modification, and ensure the line is preserved for future unprecedented col-
laborations (see, for instance, ZebraShare at the Zebrafish Information
Network [ZFIN]). However, an important consideration is the presence of
(always increasing) welfare and customs information requirements. We are
getting to a situation where recreating mutant alleles using CRISPR may be
preferable to the hassle and cost of importing a line. CRISPRs can be used
directly in the background of interest and avoid a lengthy quarantine.

Data management

The research administration associated with zebrafish mutant management
requires the use of a secure database. Robust live and historic data storage,
with the ability to track and trace family lineage, facilitates workflow and
reporting (see, for instance, Labtracks at http://www.locustechnology.com/
labtracks.html; ARMIS at https://www.armis.co.uk; Zebrabase at https://
zebrabase.org). A public resource for zebrafish genetic and genomic data is
stored on ZFIN by biocurators and offers integration, transparency, and
research links into parallel human disease information (www.zfin.org). ZFIN is
also home to an encyclopedic style glossary on anatomy, development, ge-
netics, and bioinformatics.

Fish management during generation of transgenics

The extraordinary optical clarity and genetic manipulability of zebrafish make
this animal one of the best vertebrate organisms on which to apply a plethora
of different transgenesis techniques. The simplest method, based on the

146 SECTION | 1 Zebrafish (Danio rerio)



microinjection of bacterial artificial chromosomes or DNA constructs into
zebrafish zygotes, has a reported yield (germline transmission) around 1%,
which can be raised to around 30% by coinjecting rare-cutter enzymes (e.g., I-
SceI meganuclease). Currently, most laboratories apply retroviral or
transposon-based methods, such as Tol2 or Sleeping Beauty, as comprehen-
sively reviewed in Teh et al. (2005). Zebrafish transgenic lines have been
produced with a wide range of reporter proteins, such as classic, enhanced,
destabilized, and organelle-directed green/red/yellow/cyan fluorescent proteins
(GFP, RFP, YFP, CFP), or with other variants (such as mCherry, mOrange,
Venus, Cerulean, dTomato, and so on) (Piatkevich and Verkhusha, 2011),
driven by tissue-specific or pathway-activated promoters (Teh et al., 2005;
Moro et al., 2013). Moreover, the zebrafish has proved to be suitable for gene-
trapping/promoter-trapping or conditional transgenesis, including site-specific
recombination, induced cell ablation, and heat-shock- and binary system-
mediated (Gal4-VP16/UAS) gene expression (Scheer and Campos-Ortega,
1999; Teh et al., 2005; Davison et al., 2007; Curado et al., 2008; Hans et al.,
2009).

Most of these methods imply the preparation of a transgenic construct,
nowadays often adopting the Gateway technology, a multistep recombinational
cloning (Kwan et al., 2007). After injecting zebrafish zygotes with the
construct and suitable coreagents for integration, mosaic expression can be
tracked by checking the reporter fluorescence, possibly assisted by linked
markers (e.g., “green-heart”/cmlc2:GFP or “blue-eye”/cryaa:CFP transgenes)
and/or specific strategies for multiple reporters, such as the internal ribosome
entry site technology or the “ribosomal skipping” mechanism of the viral T2A
peptide (Kim et al., 2011). After excluding insertional events potentially toxic
for zebrafish larvae (euthanized within 1 week postfertilization if abnormal or
transgene negative), normally developing individuals, transgene positive, are
grown to adulthood. Putative F0 founders are then outcrossed to verify the
germline transmission of the randomly integrated transgene and, in case of
multiple insertions, to progressively dilute the transgene copies until obtaining
positive offspring with Mendelian ratios. The incross of a transgenic line is
expected to produce transgenic individuals in homozygous conditions. This
may simplify further crosses and, sometimes, improve the transgene visuali-
zation (unless homozygosity has deleterious effects). However, repeated
inbreeding for maintaining such lines can lead to inbreeding depression,
therefore it is advisable to outcross homozygotes every other generation to
rederive “fresh” homozygotes.

Recent transgenesis strategies apply the CRISPR/Cas9 technology; in this
case, a site-directed insertion of the transgene can be obtained, avoiding
random and potentially disrupting integration events. For instance, Luo and
colleagues set up in zebrafish a CRISPR/Cas9-based integration system able to
exploit endogenous promoters while maintaining the integrity of the targeted
genes (Luo et al., 2018).
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Transgenic fish management

After producing or obtaining a transgenic zebrafish line, the strain can be
cryopreserved (https://zebrafish.org/wiki/protocols/cryo) or maintained as a
livestock in the facility.

Maintenance of transgenic lines follows standard procedures, essentially
like those applied for wild-type and mutant fish lines at the ZIRC and EZRC
reference centers (Westerfield 2007; Geisler et al., 2016).

Criteria to propagate a specific transgenic line may vary but usually de-
pends on: (1) internal and external requests; (2) low number (fewer than 10
individuals per tank); and (3) age of the livestock (we schedule new crosses
every 6e12 months).

After intercross or outcross of transgenic carriers, eggs are collected and
monitored for their fluorescence, taking care of the stage for the initial
transgene expression, which can differ based on the specific line.

To check for possible cross-contaminations among adjacent tanks, fluo-
rescent embryos/larvae are always checked under different filter/illumination
conditions, keeping individuals with the expected pattern, and discarding those
bearing wrong transgenes.

Some transgenes show an inherently unstable expression level, perhaps due
to epigenetic silencing; therefore continuous selection for the brightest pat-
terns is made at every generation. Should this strategy be insufficient, the
generation of a new transgenic line, reinjecting the original transgene con-
structs/reagents, may be required.

Specific attention is paid to maternally activated transgenes. For instance,
in case of a heterozygous mother, maternal fluorescence can mask negative
genotypes in the offspring. In this case, we suggest monitoring and reevalu-
ating the offspring after 2e4 dpf, usually sufficient for the fading of the
maternal signal.

Conditional transgenes may require additional strategies for their visuali-
zation. For binary systems (e.g., GAL4/UAS), we separately maintain each
activator or responsive line, annually intercrossing them for carrier identifi-
cation and system validation. Some lines can allow a direct (e.g., fluorescence-
based) screen, while others may require specific (e.g., PCR-based) genotyping.
Drug- or heat-shock-induced transgenic lines are instead chemically or ther-
mally treated, based on line-related published protocols. Identified carriers are
then inter- or outcrossed to produce a new fish generation.

Generation and management of morphants and CRISPants

To study gene function in a process of interest, analysis of a true genetic
mutant is still the gold standard. However, often gene function needs to be
studied in a sophisticated genetic “assay background,” containing other mu-
tations/transgenes to allow measurement of a relevant biological variable.
Creating and crossing mutations in such a background can be costly in terms
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of fish usage, time, and money. Often two generations and extensive geno-
typing and selection are needed to identify the desired parents. In the case of
recessive (lethal) mutants, bringing many of these together in the homozygous
state means that only a tiny fraction of the resulting embryos is useful. This
makes screening approaches where a larger set of genes is tested impracticable
and often prohibitively expensive. Such screens are becoming more and more
desirable as many proteomics, transcriptomics, and genome-wide association
studies create lists of candidate genes that require some form of in vivo
verification.

Targeted nucleases, most importantly, CRISPR/Cas9 technology (Cong
et al., 2013; Jinek et al., 2012, 2013), hold great promise as a way to
circumvent elaborate breeding schemes. The technology is now rapidly
maturing, and the availability of commercial sources of guides and Cas9
protein means this technology is accessible to many labs, and technical or cost
barriers to adoption are extremely low. CRISPR/Cas9 is robust, often highly
efficient, and therefore capable of creating a mosaic mutant by microinjection
into freshly laid eggs: a CRISPant (Burger et al., 2016; Wu et al., 2018). This
is now providing a viable alternative (albeit no full replacement) to stable
mutants for studying gene function. Importantly, as such injections can be
done in any mutant/transgenic background, this obviates breeding schemes.
Furthermore, all embryos injected are bound to have loss of function, rather
than 25% of the embryos resulting from classical heterozygous incross.

CRISPants are most reliably introduced by injection of a combination of
guides. Theoretically, after injection of a mutagenic guide, a third of all
induced insertions/deletion (indels) will preserve the reading frame of the
targeted gene; such indels are unlikely to affect gene function (Wu et al.,
2018). There are two copies of a gene per cell, therefore even a 100%
mutagenic CRISPR is expected to leave w44% of the cells with one “poor-
quality” mutant allele. For this reason, combinations of guides should be
injected, and most recent reports suggest use of two to three per gene
(Hoshijima et al., 2019; Keatinge et al., 2020; Kroll et al., 2020). Furthermore,
although sgRNAs were often used initially (Hruscha et al., 2013), most are
now reverting to the original two-component crRNA þ tracrRNA system.
Shorter RNAs can be chemically synthesized more reliably and cheaply, and
are clearly superior to in vitro transcribed guides (Hoshijima et al., 2019;
Keatinge et al., 2020; Kroll et al., 2020). The use of CRISPants is rising
rapidly; in BioRXiv the number of manuscripts referring to CRISPants as of
May 2021 is 74.

An issue with the method is the difficulty of finding the appropriate con-
trols. There is no one-size-fits-all method to determine the precise level of
knockdown that is easy to apply. Next generation sequencing (NGS) can be
used to sequence the target region to determine the relative number of intact
and mutated alleles but is laborious and the required PCRs can lead to bias. As
negative controls, just Cas9, guides that are not expected to cut in the genome,
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or guides that act against a gene that is not expected to be involved in the
process of interest have been used. This can give some reassurance on spec-
ificity of results (Buglo et al., 2020; Dasyani et al., 2020; Marchi et al., 2020;
Neiswender and LeMosy, 2020). It is important to remember that guides will
inevitably induce DNA damage. Cells in the embryo will detect and respond to
this, therefore active Cas9 complexes may be more comprehensive controls.
We have used lamb1a as a standard control guide for some experiments where
the glucocorticoid pathway was studied; we knew from earlier experiments
that these guides were active and would similarly result in DNA damage
(Marchi et al., 2020). It would be good to adapt and take note of the recom-
mendations that were drawn up for the use of morphant phenotypes (Stainier
et al., 2017) to avoid the temptation of “Inject, until you see what you expect.”

An alternative to CRISPant is a morphant produced by injection of mor-
pholinos. These oligomers block splicing or translational initiation, and were
pioneered in zebrafish at the start of the millennium (Nasevicius and Ekker,
2000). An advantage of morpholinos is that if appropriately chosen they may
be less prone to elicit a compensatory response of the genome that has been
observed in certain genes as a result of mutations that lead to decay of the
mutant messenger RNA (El-Brolosy et al., 2019; El-Brolosy and Stainier,
2017; Rossi et al., 2015). It is important to remember that theoretically, such
compensatory responses are likely to occur in CRISPants. The main issue with
morpholinos is that often multiple sequences need testing before efficient and
specific morpholinos are found; also, mass spectrometry is not available in
every lab to check the chemical quality and real sequence of the reagents.
These tests can be costly compared to CRISPR. Another advantage of the
latter is that when guides are designed for a CRISPant, the same guides can be
reused to create a genetic mutant when required.

Management of CRISPants/morphants

In general, it is unlikely that embryos from morpholino experiments will be
kept beyond 5 dpf as the effect of morpholinos declines strongly after
2e3 days. In CRISPants the block in gene function is permanent, therefore
there may be more scientific incentive to raise such animals. Concerning their
welfare, the same caution should be used as would be applied to raising ho-
mozygous mutants for that gene for the first time.

Fig. 7.2 summarizes the main steps for the generation and management of
morphants and CRISPants, in comparison with mutants and transgenics.

Conclusions

The maintenance of zebrafish transgenic, mutant, and mosaic lines, although
sharing common procedures with regard to aquaculture and health monitoring,
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FIGURE 7.2 Schematic representation of the main steps in the generation and maintenance of

zebrafish mutants, transgenics, morphants, and CRISPants. WT, wild type.
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requires distinct procedures in terms of generation, genotyping, carrier iden-
tification, and line propagation. In the light of current literature, international
standard procedures applied in the main reference centers (ZIRC and EZRC),
and based on our experience, we hope to have provided an overview as
comprehensive as possible on the best practices for managing zebrafish lines in
small- to medium-sized facilities.
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Introduction

Genetic resources are generated and used at an increasing pace and represent
billions of dollars in research and industry investments. While it is possible to
recreate virtually any genetic modification these days, the storage, availability,
and accessibility of previously developed genetic resources prevents the un-
necessary duplication of expenditures and effort and ensures that genetic
materials are available for reproducible future research.

The number of genetically modified zebrafish lines has increased consid-
erably after several large-scale mutagenic screens generated thousands of
novel genetically modified lines (Haffter et al., 1996; Driever et al., 1996;
Amsterdam et al., 1999; Kettleborough et al., 2013; Varshney et al., 2013).
With the advent of genome editing technologies (Varshney et al., 2015a,b;
Auer and Del Bene, 2014), the ability to generate even more lines in efficient
and targeted ways has now increased dramatically. In addition, transgenesis is
a well-established method for the tissue-, organ-, and cell-specific observation
of reporter genes (Lin et al., 1994; Stuart et al., 1990; Long et al., 1997; Yin
et al., 2015), adding even more lines that are actively studied in the research
community. Frequently, more fish lines than can be actively studied are
maintained in laboratories, and some stocks may have to be kept alive for
months to years before they are used in an investigation. However, the
maintenance of live stocks requires sufficiently large facilities with space for
water filtration equipment, racks, and aquaria. Aquatic life support systems
require routine cleaning, maintenance, and repair, and animals require
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appropriate feeding, health monitoring, water conditioning, and filtration, all
of which have associated expenses for electricity, chemicals, water, and
personnel. Indeed, personnel costs represent the largest expense for ensuring
proper animal care (Varga, 2016; Alestrom et al., 2019).

To achieve a state of suspended animation, cryopreservation relies on the
ability to prevent damage from intracellular ice formation during the transition
from room temperature to cryogenic temperatures and vice versa. For suc-
cessful cryopreservation, some intracellular water must be replaced with
viscous cryoprotective agents (CPAs) (Mazur, 1977, 1984). Once a cell is
partially dehydrated and loaded with CPA, it can better withstand the stress of
cooling and low-temperature storage (<�130�C) as long as the cooling and
rewarming rates of specimens are faster than the rate of ice formation. These
“critical cooling” and “critical warming” rates are inversely related to the
concentration of CPA used. For example, the higher the CPA concentration is,
the lower the critical cooling and warming rates need to be. Previously, re-
searchers found that the warming rates and not the cooling rates were the most
important in determining overall success of cryopreservation protocols (Seki
and Mazur, 2009). In addition, it is well understood that the warming rates
need to be faster than the cooling rates by at least an order of magnitude (Seki
and Mazur, 2009; Han and Bischof, 2020; Peyridieu et al., 1996).

To mitigate cell injury during the cryopreservation of zebrafish sperm,
several cryoprotectants, including methanol (Harvey et al., 1982), dimethy-
lacetamide (DMA) (Morris et al., 2003), and dimethyl formamide (Zheng and
Zhang, 2012), have been tested. Systematic parallel comparisons of methanol,
DMA, dimethyl sulfoxide, and glycerol (Yang et al., 2007) revealed that
methanol is best suited for sperm cryopreservation, whereas glycerol, the first
cryoprotectant discovered for fowl sperm cryopreservation (Polge et al., 1949),
is toxic to zebrafish sperm. Through several iterations of the initial zebrafish
sperm cryopreservation protocol, methanol has been considered the most
suitable cryoprotectant. Based on the postthaw motility and fertilization suc-
cess, methanol has been used in six (Harvey et al., 1982; Yang et al., 2007;
Berghmans et al., 2004; Draper et al., 2004; Carmichael et al., 2009; Matthews
et al., 2018) out of eight previous studies. A methanol concentration of 8.3%
(Harvey et al., 1982) has been utilized based on postfertilization outcomes.
However, because male-to-male and batch-to-batch variations in postthaw
sperm motility and fertility were regularly observed (Torres et al., 2017),
further evaluation of methanol at different concentrations was required.
Membrane analysis by flow cytometry provides a tool for monitoring sperm
cell membrane integrity and protocol-induced changes. We recently compared
fresh sperm motility with postthaw motility and fertility at various methanol
concentrations and exposure periods and found that 5% methanol was the most
suitable concentration for cryoprotecting zebrafish sperm (Yang et al., 2020).

In spite of the manifold cellular challenges and upfront investments for
equipment, such as liquid nitrogen (LN2) freezers, bulk LN2 storage tanks,
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racks, and safety equipment, the cryopreservation of sperm cells is still the
most cost-effective method for managing fish strains (Varga and Tiersch,
2012). There may also be construction costs associated with running vacuum-
jacketed pipelines and stainless-steel manifolds if several freezers are used.
Additionally, time investment is necessary to train personnel to become pro-
ficient with cryopreservation methods. Then, sperm has to be obtained and
several samples frozen for each individual fish line. However, these initial
investments for cryogenic storage, training, and line preservation are rather
negligible compared to the long-term cost savings cryopreserved samples
generate when compared with live husbandry expenses (Varga and Tiersch,
2012). The process and effort of reactivating a cryopreserved line is also
minimal. Obtaining eggs from females is a straightforward, well-established
process in virtually all zebrafish laboratories (Westerfield, 2007). The thaw-
ing of sperm samples and in vitro fertilization (IVF) take but a few minutes, as
we will show later. In sum, the long-term cost and overall effort for main-
taining frozen lines are far less than those of live maintenance, and the short-
term effort for preserving and recovering lines is negligible.

While the successful cryopreservation of sperm (haploid genetic material)
has progressed significantly, the preservation of the diploid genome, in the
form of somatic cells with nuclear transfer (Prukudom et al., 2019; Sir-
ipattarapravat et al., 2016) and embryo cryopreservation (Khosla et al., 2017),
has remained elusive for the past 25 years. With further development, embryo
cryopreservation can be an ideal way to preserve the diploid genome and
achieve easier breeding line regeneration and proliferation (Robles et al.,
2009). Stock centers that rely solely on sperm cryopreservation need to
maintain females of the corresponding strain or wild-type strains in their an-
imal colonies. This requirement makes the banking of species with limited
populations (i.e., threatened or novel lines) impossible. In 2018, an expert
panel organized by the NIH recognized the need for the cryopreservation of
whole embryos to preserve the diploid genome and further recommended it as
a key strategy for preserving transgenic lines (Hagedorn et al., 2019).

The successful cryopreservation of zebrafish embryos presents a unique set
of challenges in comparison to the cryopreservation of mammalian embryos.
These challenges were first enumerated by Hagedorn et al. (Hagedorn et al.,
1996, 1997, 1998) to be (1) the relatively large size of the embryo (1000 times
bigger in volume than mammalian gametes), resulting in a low surface-to-
volume ratio that impedes water and CPA efflux/influx; (2) the presence of
multiple compartments, such as the blastoderm and yolk, with differing
permeability properties (especially the yolk syncytial membrane, which is a
barrier to most cryoprotectants); (3) the large yolk, which increases the like-
lihood of membrane disruption by intracellular ice formation upon cooling and
ice crystal growth upon warming; and (4) a higher susceptibility to chilling
injury. Zebrafish oocytes present similar challenges to achieve successful
cryopreservation, with some researchers preferring oocytes over embryos due
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to their smaller size, absence of the yolk syncytial membrane, and relatively
better resilience to chilling injury (Martı́nez-Páramo et al., 2017). Oocytes also
offer the flexibility of selecting a sperm donor after rewarming, which is not
possible with embryos. However, a major challenge associated with imple-
menting oocyte cryopreservation is the development of in vitro oocyte matu-
ration protocols postthawing. Seki and colleagues developed a successful
protocol for the in vitro maturation of stage III zebrafish oocytes and
demonstrated the ability to fertilize and hatch embryos after IVF (Seki et al.,
2011).

Since embryos are highly susceptible to injury from exposure to near-zero
and subzero temperatures, researchers have mostly ruled out the use of
controlled rate (<1000�C/min) freezing. For controlled rate or slow freezing to
be successful, specimens need to be able to withstand extreme dehydration and
extended exposure to near-zero or subzero temperatures (e.g., 30 mine2 h) as
cooling occurs (Saragusty and Arav, 2011). To determine if slow freezing
protocols would work for zebrafish embryos, Hagedorn et al. evaluated both
the extracellular and intracellular ice nucleation temperatures within embryos
at later epiboly stages using cryomicroscopy (Hagedorn et al., 2004). The
researchers reported that zebrafish embryos were not good candidates for slow
freezing since they had higher ice nucleation temperatures than expected along
with increased mortality from chilling due to long exposure to near-zero or
subzero temperatures (Hagedorn et al., 2004). Rapid cooling to achieve
vitrification (i.e., amorphous glassy phase) was suggested as a better way to
reduce chilling injury since the time of exposure to sub- or near-zero tem-
peratures was much shorter (a few seconds).

Researchers have attributed the lack of success in cryopreservation to the
inability of CPAs to penetrate the yolk due to the presence of the yolk syncytial
layer, which creates a permeability barrier (Hagedorn et al., 1998). Therefore
past efforts have focused on improving CPA penetration by either dechorio-
nation, artificial expression of aquaporin-3 to induce hydraulic channels within
cell membranes (Hagedorn et al., 2002), microinjection of CPA (Janik et al.,
2000), or the use of ultrasound (Wang et al., 2008) and lasers (Kohli et al.,
2007). Table 8.1 summarizes studies on the cryopreservation of sperm, em-
bryos, oocytes, and somatic cells that are not extensively discussed in this
chapter. Few studies have shown the ability to revive embryos, with this failure
attributed to the inability to prevent intracellular ice formation during warm-
ing. For instance, Janik et al. used microinjection to overcome the permeability
barrier between compartments by directly introducing up to 5 M CPA into the
yolk (Janik et al., 2000). However, the study was not able to successfully
cryopreserve embryos since the warming rates achieved with a water bath (i.e.,
convective warming, w20,000�C/min) were below the critical warming rate
(Janik et al., 2000). In 2017, Khosla et al. showed that zebrafish embryos could
be safely microinjected with 2 M propylene glycol (PG) and then rapidly
cooled (20,000�C/min) by plunging them into LN2. However, combining this
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TABLE 8.1 Key studies on the cryopreservation of sperm, oocytes, embryos, and somatic

cells of zebrafish in the last 25 years.

Cryo

material Ploidy Stage

Cryoprotectants

used

Cooling

device

Postwarming

key finding References

Sperm Haploid n/a 10% MeOH CR freezer 52% motility Harvey
et al. (1982)

Sperm Haploid n/a 8% DMA and 8%
MeOH

CR freezer 78% motility Yang et al.
(2007)

Oocytes Haploid Stage I/II 1.5M MeOH and
4.5M PG

Metal
container

74% intact Marques
et al. (2015)

Oocytes Haploid Stage III 2 M MeOH,
2 M PG

Cryohook
(10 mL)

31% survival Guan et al.
(2010)

Caudal fin Diploid n/a 20% EG and 20%
DMSO

0.25 mL
straws

60% cell
attachment

Cardona-
Costa et al.
(2006)

Blastomeres Diploid High cell 5 M PG and
5 M EG

Nylon
loop
(0.25 mL)

20% cell
survival

Cardona-
Costa and
Garcı́a-
Ximénez
(2007)

Blastomeres Diploid 5 somite 5 M DMSO,
1 M EG, 10%
sucrose

0.5 mL
straws

50% cell
survival

Martı́nez-
Páramo
et al. (2009)

PGC Diploid 64
celld20
somite

3 M EG and
3 M PG

Nylon
mesh
(0.5 mL)

25% cell
survival

Higaki et al.
(2009)

PGC Diploid 14e18
somite

3 M EG and
2.5 M DMSO

Nylon
mesh
(0.5 mL)

81% cell
survival

Higaki et al.
(2013)

Embryo Diploid 6 somite 2 M DMSO 0.25 mL
straws

32% intact Zhang and
Rawson
(1996)

Embryo Diploid 100%
epiboly

2 M PG and
6 M PG

0.25 mL
straws

No viable
embryos

Hagedorn
et al. (1998)

Embryo Diploid High
celld5
somite

5 M DMSO, 2 M
MeOH,1 M EG,
and 10% Suc

0.5 mL
straws

12%
enzymatic
activity

Robles et al.
(2004)

DMSO, Dimethyl sulfoxide; EG, ethylene glycol; MeOH, methanol; Raff, raffinose; PG, propylene glycol; PGC, primordial
germ cell; Suc, sucrose.
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approach with traditional convective warming still led to ice formation within
the embryos upon warming, resulting in 0% survival (Khosla et al., 2017). In
short, even with faster cooling and CPA permeation via microinjection, higher
warming rates (10e100� the cooling rates) remain essential to “outrun” ice
crystal growth, especially during low-concentration CPA conditions (Khosla
et al., 2018a; Zhan et al., 2021).

Previously, researchers estimated that rates over 10 million �C/min are
necessary to prevent ice crystallization in droplets of vitrified CPA (w2e3 M)
(Khosla et al., 2018a; Zhan et al., 2021). Many groups have proposed the use
of a powerful millisecond laser pulse to achieve such ultrarapid rates. Peter
Mazur’s group was the first to implement and demonstrate the successful laser
rewarming of cryopreserved specimens (Jin et al., 2014; Kleinhans and Mazur,
2015). Using Indian ink as an external absorbing dye, their study reported that
90% of mice oocytes survived warming even when less than the optimal
amount of CPA was used (Jin et al., 2014). Since zebrafish embryos are
w1000� larger in volume than mice oocytes, laser warming protocols were
modified to load biocompatible intracellular absorbers such as polyethylene
glycol (PEG)-coated gold nanorods (GNR) into embryos (Khosla et al., 2017,
2018). Extensive modeling and imaging studies have shown that the distri-
bution of laser absorbers within each compartment of the embryo is essential
for preventing the formation of damaging temperature gradients, which lead to
cracking (Khosla et al., 2017; Liu et al., 2020). By microinjecting GNR along
with CPA into the embryo, researchers are able to spread the heat induced by
the laser throughout the different compartments of the embryo. In 2017, re-
searchers successfully laser warmed microinjected embryos and demonstrated
a 10% survival rate beyond 24 h postfertilization. However, none of the cry-
opreserved and laser-warmed embryos hatched naturally or survived beyond
5 days postfertilization (Khosla et al., 2017).

In a 2020 follow-up study, researchers improved their protocol such that
rewarmed cryopreserved zebrafish embryos were capable of growing into adult
fish that bred normally (Khosla et al., 2020). This new protocol, which will be
presented later, employed a single injection of CPA and GNR into the yolk and
immersion in a precooling bath to dehydrate the perivitelline space. Then,
embryos were encapsulated within droplets containing CPA and GNR,
plunged into LN2, cryogenically stabilized, and rewarmed with a laser pulse.
The results from the new protocol showed a threefold improvement in survival
rates over the 2017 protocol (Khosla et al., 2020). Approximately 9% of the
embryos that were laser warmed hatched after 48 h, and 3% began actively
swimming after Day 5. This study also showed that the laser-warmed fish that
survived until Day 5 could grow to adulthood and spawn, yielding survival
rates comparable to those of noncryopreserved fish (Khosla et al., 2020).
Despite its low efficacy, microinjection of CPA combined with laser warming
is one of the only protocols to achieve consistent embryo survival beyond 24 h,
followed by hatching, development to adulthood, and normal breeding.
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On the following pages, we provide detailed methods for both zebrafish
sperm and embryo cryopreservation. For Zebrafish International Resource
Center (ZIRC)’s operations, the cryopreservation of sperm has become a
resource management tool for importing, storing, and distributing the ever-
growing number of zebrafish lines (Freeman et al., 2019). Here, we describe
one of the cryopreservation and recovery processes we use, including recent
modifications that further refine our previously described method (Matthews
et al., 2018), providing a step-by-step guide for (1) obtaining pooled sperm by
stripping males, (2) determining sperm cell density with a spectrophotometer
and diluting sperm for optimal storage and recovery, (3) freezing samples, (4)
thawing frozen samples, and (5) performing IVFof eggs.We also present the best
protocol currently available for the successful cryopreservation of zebrafish
embryos using CPA andGNRmicroinjection and laser warming. Together, these
methods will provide laboratories with the ability to better plan their research
programs and save funds. Once novel lines have been generated or acquired, they
can be cryopreserved and backed up for later reactivation as needed.

Materials and methods

Protocol for sperm cryopreservation and in vitro fertilization

Collection and pooling of sperm

1. Prepare a 0.5 mL microcentrifuge tube with E400G for each fish line (see
Note1 for E400G starting volume considerations). Use a separate micro-
centrifuge tube for each fish line. To make 1 L of E400G, combine the
following in 800 mL dH2O: 9.70 g KCl, 2.92 g NaCl, 2.0 mL of 1.0 M
CaCl2 (or 0.29 g CaCl2 $ 2H2O), 1.0 mL of 1.0 M MgSO4 (or 0.25 g
MgSO4 $ 7H2O), 1.8 g D-(þ)-Glucose, 7.15 gHEPES, and 1 g gelatin from
cold water fish skin (Sigma #G7041). Add dry components first, stir to
dissolve, add liquid components, and stir. Adjust the pH to 7.9 with 5 M
KOH and bring the final volume to 1000 mL with dH2O. It is advisable to
check the osmolality of E400, which should be close to 400 mmol/kg. The
solution should be filter sterilized and stored at 4 �C. The resulting E400G
contains 130 mM KCl, 50 mM NaCl, 2 mM CaCl2, 1 mMMgSO4, 10 mM
D-(þ)-Glucose, 30 mM HEPES-KOH (pH 7.9), and 0.1 % w/v gelatin.

1. A few general guidelines for selecting the starting volume of E400G into which sperm is

collected are provided. The use of an appropriate starting volume will ensure that the sperm

concentration is as optimal as possible in the resulting samples without activating the cells.

The starting volume of E400G depends on: (a) the number of available males (short-fin fish

typically give more sperm than long-fin fish); (b) the number of desired samples. To

calculate a conservative starting volume of E400G, use the following equations.

short� fin fish : ð# males � 2Þ � 5 ml and long� fin fish : ð# males � 4Þ � 5 ml

Sperm cryopreservation, in vitro fertilization Chapter | 8 163



2. Keep E400G and the collected sperm at room temperature throughout the
collection and prefreezing procedures.

3. Sedate or preanesthetize males as needed for at least 10 min before the
procedure (see Note2). Prepare and store a tricaine (MS-222) stock so-
lution as follows: 4 g/L in dH2O, pH adjusted to 7.0 with Tris-HCl (pH
9.0). To prepare the MS-222 preanesthesia solution of 48 mg/L, dilute
12 mL MS-222 stock solution in 1000 mL fish water.

4. For anesthesia, dilute 4.2 mL tricaine stock solution in 100 mL fish water
(168 mg/L). Anesthetize two to three males in 168 mg/L MS-222.

5. Briefly rinse a male in phosphate buffered saline (PBS) isotonic fish rinse,
dry it by rolling gently on a soft and absorbent paper towel (see Note3),
and place it belly up in a dampened sponge/foam holder (in a 35 � 10 mm
Petri dish). The isotonic PBS fish rinse is prepared from PBS (pH 7.4)
powder packets (Sigma #P3813) that are dissolved in 870 mL dH2O. The
final osmolality should be approximately 315e325 mmol/kg. Place the
sponge holder under a dissecting microscope with incident lighting.

6. Place the end of a calibrated 10 mL borosilicate glass microcapillary
(Drummond #2-000-010) on the urogenital opening.

7. Use rubber-tipped Millipore forceps (Millipore #XX6200006P; rubber
tips made from heat-shrink tubing) to apply gentle abdominal pressure to
the sides of the male. Move the forceps gently from anterior to posterior
toward the urogenital opening. Collect sperm into the microcapillary.

8. Expel sperm immediately into the E400G solution in the microcentrifuge
collection tube (Fig. 8.1(1)).

9. Transfer fish into fresh system water for recovery from anesthesia.
10. Continue collecting sperm from all males from the same family/stock and

pool into the same E400G microcentrifuge tube. Repeat steps 4 e 8 for
each male (Fig. 8.1A(1)).

2. Preanesthesia/sedation of males is recommended for lines sensitive to bleeding from the gills

during anesthesia. Males should be placed in preanesthesia tricaine solution (48 mg/L MS-222

in fish water) for 10e30 min prior to anesthesia.

3. Eggs and sperm are activated by water, and it is virtually impossible to dry fish completely.

Therefore it is important to rinse anesthetized males and females with isotonic PBS solution

before gamete collection to avoid premature activation of sperm or unfertilized eggs.
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FIGURE 8.1 Overview of sperm cryopreservation, thawing, and in vitro fertilization (IVF).

(A) (1) Sperm is collected from multiple males into E400G extender. (2) Cell density is estimated

using a spectrophotometer and cell concentration is adjusted (3) to yield circa 4.0 � 108 cells/mL

(2.0 � 106 cells/sample). (4) Three times the sperm sample volume of RMMB cryoprotectant is

added, mixed, and (5) 20 mL samples are aliquoted and frozen (6) in dry ice snow. (7) Samples are

transferred from dry ice to a liquid nitrogen freezer for long-term storage. (B) (1) Eggs are

collected from females and stored for up to 5 min in a humid chamber (Petri dish) until a sperm

sample has been thawed. Several egg clutches can be combined before IVF as needed. (2) A sperm

sample(s) is retrieved from liquid nitrogen and thawed in a water bath at 38�C for 10e15 s. (3)

SS300 with or without milk is added to the vial. (4) To activate sperm, water is added to the sample

vial and the mixed sperm is used to fertilize eggs in vitro (5). (C) Evaluation of sperm motility by

microscope, with or without computer-assisted sperm analysis, is an optional assessment of sample

quality before and/or after freezing.
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Estimation of sperm cell densities and sample dilution

At ZIRC, we use a NanoDrop 2000 spectrophotometer to determine the cell
density by light absorption at 400 nm (see Note4). The worksheet we use to
determine NanoDrop cell counts is available in the Cryopreservation and IVF
section on the ZIRC site: https://zebrafish.org/wiki/protocols/cryo (see Note5).

1. Estimate the volume of pooled sperm in E400G in the microcentrifuge
tube for each line using a Pipetman. Draw the sperm into the tip and
adjust the pipette volume until all of the solution fills the tip. Record the
estimated volume for later use. While measuring, gently pipette the sperm
to mix completely.

2. Prepare a 1:10 dilution of the sperm solution in E400G for a density
measurement. If the collected sample appears less opaque (i.e., less
concentrated), a 1:5 dilution can be used. Pipette 9 mL (or 4 mL for a 1:5
dilution) E400G into a 0.6 mL microcentrifuge tube and add 1 mL of the
sperm suspension.

3. Mix the diluted sample by flicking the tube and keep the tube at room
temperature. Optional: Use separate (colored) microcentrifuge tubes for
each line (see Note6).

4. Calibrate A400 absorption of a blank E400G sample using the NanoDrop’s
Cell Cultures menu. Set the Absorbance Cursor to 400 nm and add 1.5 mL
E400G to the spectrophotometer. Read the E400G blank sample to verify

4. The density of sperm cells in the extender and cryoprotective medium plays a crucial role in

optimal cryopreservation, thawing, and reactivation. While satisfying results can be achieved

without cell density estimation and adjustment, we strongly recommend measuring concen-

trations prior to freezing to obtain the best possible recovery results. Too few cells (or too

many) in relation to the available solution ingredients will not freeze as well as a well-adjusted

cell density. There are two key benefits to adjusting cell densities: (1) further dilution of sperm

(if possible) generates more samples and a longer lasting resource, and (2) an optimal ratio of

cells to available salt and buffer molecules ensures that the solution toxicity and osmotic shock

are reduced, and as a result, cells suffer less damage during freezing and thawing.

5. This calculator helps to estimate and adjust cell densities in most cases. However, because

several variables can influence the readout, it is recommended to develop a calibration curve

and formula like this with your own equipment. Download the complete ZIRC cryopreser-

vation and IVF protocol (PDF) and Excel sperm density calculator files from the ZIRC

website: https://zebrafish.org/wiki/protocols/cryo. This worksheet/calculator has been gener-

ated with ZIRC equipment, and it should generate results within the correct order of

magnitude. It may or may not be necessary to calibrate a new A400 absorption curve for your

own spectrophotometer for a more accurate conversion. To generate a curve specific to your

equipment, use a hemocytometer or Makler chamber to determine cell densities microscop-

ically. Determine the A400 of a corresponding dilution series with your spectrophotometer and

generate a curve from the dilution series. Calculate a best-fit curve (or line) from your ab-

sorption data and use the formula in a worksheet to determine the cell density that corresponds

to the A400 of unknown cell densities.

6. Using a designated colored microcentrifuge tube for the NanoDrop dilution makes it easily

distinguishable from samples of other stocks.
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that it has set the instrument’s readings close to 0. If a blank sample reads
higher than 0.005, recalibrate with a fresh 1.5 mL aliquot of E400G. When
prompted, save the NanoDrop data with the date of the freeze event and
line name(s).

5. To measure the absorption of a sample, enter the sample ID on the
Measure Cell Cultures page.

6. Mix the sample well using a vortex mixer set at intermediate speed
(w1300 rpm).

7. Immediately load 1.5 mL of the diluted sperm and read the cursor
absorbance (AOD400; select the measure button in the left-hand corner).
Readings above 0.3 are acceptable, and you can proceed with the dilution.
Any reading at or below 0.2 should be diluted 1:5 and repeated.

8. Measure each sample three to five times and calculate the average A400

for all samples. A minimum of three successful readings is optimal
(Fig. 8.1A(2)).

9. Clean the NanoDrop using a clean Kimwipe and deionized water. Wipe
the top arm (mirror) and the bottom lens with a moistened Kimwipe and
then dry completely with a Kimwipe before closing the arm.

10. Calculate the cell density for each sample with the averaged A400 using
the Excel cell density calculator.

11. Dilute the sperm with E400G according to the desired number of samples
or sperm concentration. Optimal sperm cell densities should be between
4.0 � 108 and 1.6 � 109 cells/mL. This density range will result in
samples with 2.0 � 106e8.0 � 106 cells/sample (see Note7; Fig. 8.1A(3)).

Pooled sperm freezing

1. Prepare RMMB cryoprotective medium (100 mL) in the following order:
Combine 20.0 g D-(þ)-raffinose pentahydrate (Sigma R7630 or 83400)
and 70 mL dH2O in a 250 mL beaker. Then, place the beaker in an evap-
orating dish (Pyrex 3140) or large beaker containing hot water (w70 �C)
on a stir plate. Stir the mixture until the raffinose is completely dissolved.

7. If your priority is to achieve a particular number of samples, you can dilute the sample as far

as 4.0 � 108 cells/mL (2.0 � 106 cells/sample). If your priority is to ensure that a line is

reactivated with only a single thaw, you may want to leave the concentration higher and add

less E400G for a lower total volume. Cell densities should not be lower than 4.0 � 108 cells/

mL for best results. If more than 12 samples are going to be frozen, divide the final sperm

volume into two aliquots. In addition, 0.5e1 mL of the final diluted sperm suspension can be

removed for an optional prefreeze motility assay. Computer-assisted sperm analysis or

microscopic visualization can be used before and/or after freezing samples to assess sperm cell

motility. The complete absence of motile sperm cells indicates that cells may have been

irreversibly damaged. In this case, IVF can be used to determine whether a pool of samples

fertilizes at all. Low fertilization rates can sometimes be obtained from low-motility/nonmotile

samples.
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Add 2.5 g skim milk (Difco #232100) and stir until it is completely dis-
solved. Let the solution cool to room temperature and add 3 mL of 1 M
Bicine-NaOH (8.0). Add 6.67 mL absolute methanol (acetone-free, abso-
lute, Certified ACS Reagent Grade), transfer the mixture to a 100 mL
volumetric flask, adjust the final volume to 100 mL with dH2O, and mix by
inversion three to four times. Transfer the solution to two 50 mL conical
tubes and centrifuge at 15,000 � g for 20 min at 25�C. Transfer the clear
supernatant into a clean beaker and aliquot into 1.5 mL microfuge tubes,
1 mL each, or a different convenient volume for daily use. Store the
RMMB solution frozen at �20 or �80 �C until use. The resulting RMMB
cryoprotective solution will contain 20 % (w/v) D-(þ)-Raffinose penta-
hydrate, 2.5 % (w/v), Difco skim Milk, 6.67 % (v/v), Methanol, and
30 mM Bicine-NaOH.

2. Fill a Styrofoam container or cooler (z30 cm � 30 cm) with powdered
dry ice made from liquid CO2 (Carmichael et al., 2009) (see Note8).

3. Prepare 15 mL Falcon tubes (Falcon 352,096) with an empty Matrix
cryovial tube (0.5 mL Matrix Screw Top Storage Tubes, Thermo Scien-
tific, Item #3745-BR or 2 mL Corning vials, Item #430488) functioning as
a spacer (Fig. 8.1A) in each along with the Falcon tube caps so that the
tubes are ready to hold samples immediately after the cryovials have been
capped.

4. Prepare labeled sample cryovials as needed prior to freezing (all samples
should be labeled with the freeze date and allele number and/or line
identification number). Additional vial color coders (colored caps or cap
inserts specific for vial type) are helpful to distinguish freeze events or
different stocks.

5. If you are using a multicapper, prepare it with the appropriate caps already
attached before adding cryoprotectant (RMMB) to sperm.

6. For each sample, determine the volume of RMMB (RMMB volume ¼ 3�
the sperm volume, see Note9).

7. Add RMMB to sperm and mix by pipetting (Fig. 8.1A(4)).

8. A cooling rate between 10 and 15�C per minute was determined to be the optimal range for the

materials and solutions used in this protocol. Using powdered dry ice with stacked cryovials in

a 15 mL Falcon tube will achieve a cooling rate of 10e15�C/min. If possible, avoid changing

the materials specified in this protocol. If the specified materials are not available (for

example, the 15 mL vials or cryovials with the same wall material and thickness as specified

here), you need to determine which freezing rate provides the optimal postthaw fertilization

rates with the replacements.You may also have to adjust the thawing protocol to match the new

freezing rate. The description for making powdered dry ice is included in the online protocol:

https://zebrafish.org/wiki/protocols/cryo.

9. Before use, thaw RMMB aliquots in a water bath or heating block at 45e50�C. Raffinose
precipitates if the RMMB solution is kept on ice. If precipitation occurs, heat the solution

slightly to get it back into solution prior to use. Cool the solution to room temperature before

mixing with sperm. Keep diluted sperm and RMMB at room temperature.
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8. Immediately aliquot 20 mL into the prelabeled 0.5 mL cryovials
(Fig. 8.1A(5)).

9. Without delay, cap the cryovials (use an automated capper for rows of
eight tubes, if available) and place the cryovials into the 15 mL conical
tubes (containing a Matrix cryovial spacer).

10. Cap the conical tubes and drive the tubes into the dry ice until the caps are
flush with the surface (Fig. 8.1A(6) and Note10).

11. Freeze the samples in dry ice for 20e40 min and then quickly transfer
them to a cryogenic freezer box submerged in LN2 (Fig. 8.1A(7)).

Sperm motility assessment

A good way to assess the quality of sperm is to observe its motility
(Fig. 8.1C). Computer-assisted sperm analysis software systems provide an
objective and comprehensive quantification of the density and motility pa-
rameters, but a manual, subjective assessment is feasible in most labs and is
sufficient for most sperm-freezing applications. A compound microscope
with a 10� or 20� objective and DIC or dark field illumination is ideal.
Osmolality affects both the speed and duration of sperm motility. Fresh
(prefreeze) sperm will be faster and have a higher percentage of motile cells
than postthaw samples.

To estimate the prefreeze motility, place 6 mL dH2O on a microscope slide.
Add 0.5e1 mL of the final sperm dilution (in E400G) to the drop and then mix
the drop and spread it quickly with the pipette tip. Observe immediately (see
Note11).

To estimate the postthaw sperm motility, thaw a sperm sample in a water bath
as described later, add 150 mL of SS300 solution to the thawed sperm, and mix
gently. Remove 10e20 mL of the sample for motility assessment (see Note12).

10. Because the RMMB cryoprotective medium is toxic to sperm cells, steps 6e9 should be

carried out swiftly with as little delay as possible once the RMMB is mixed with the sperm.

However, our research suggests that cell viability is not affected significantly when sperm is

exposed to cryoprotective medium for up to 5 min before freezing. If more than 12 samples are

to be frozen, divide the final sperm volume into two smaller aliquots and freeze them in two

rounds (steps 6e9) to ensure the rapid transfer of the mixture into dry ice after mixing with the

RMMB cryoprotective medium.

11. Examining the remainder of the NanoDrop dilution, if performed, is a good use of the sperm.

Checking the prefreeze motility confirms the viability and concentration of the sperm being

frozen.

12. At this point, a small portion (10e20 mL) of the sample can be removed and held on ice for

motility assessment. The remainder of the sample can be used for IVF as described earlier. It is

best to view the motility as soon as possible after thawing, but samples are typically stable on

ice for 10e20 min.
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Place 5 mL dH2O on a slide and add 4.25 mL of thawed sperm/SS300 solution
(see Note13). Mix briefly with the pipette tip on the slide and observe
immediately.

Egg collection

1. Place females in a tank with preanesthesia solution at least 10 min before
full anesthesia. However, fish can be held in a preanesthesia solution for
several hours (see Note 14).

2. Anesthetize females in tricaine/MS-222 solution.
3. Rinse fish in isotonic PBS and blot dry by gently rolling on a paper towel.
4. Place fish on its side in a small Petri dish (35 or 60 mm).
5. Dampen fingers with PBS fish rinse.
6. Expel eggs by applying gentle (light) finger pressure on the ventral

abdomen and move your finger from anterior to posterior. Eggs will be
expelled readily if the female is ready (see Note15).

7. Transfer the female to a recovery tank.
8. Combine several clutches of eggs if needed by gently moving eggs to

another dish with a fine-tipped paint brush dampened with isotonic PBS
(see Note16).

9. Maintain pooled eggs in a closed dish in a moisture chamber at room
temperature no longer than 5e10 min before IVF (Fig. 8.1B(1)).

Sperm sample thawing

1. To prepare Sperm Solution SS300 (1 L), combine 8.2 g NaCl, 5 mL of 1 M
KCl (or 0.37 g KCL), 1 mL of 1 M CaCl2 (or 0.15 g CaCl2e2H2O), 1 mL
of 1 M MgSO4 (or 0.25 g MgSO4 $ 7H2O), 1.8 g D-(þ)-Glucose, and
20 mL of 1 M Tris-Cl (pH 8.0) in 800 mL dH2O. Add all dry ingredients
first and stir until they are dissolved. Then add liquid ingredients and mix.
Bring the final volume to 1000 mL with dH2O and check the osmolality
(should be approximately 300 mmol/kg). Filter sterilize the solution and

13. For postthaw motility, activating the sperm on a slide in the same relative proportions as in the

IVF procedure gives a consistent method and provides a good sense of sperm concentration

and motility as it is applied to the eggs.

14. Egg collection and IVF of eggs should be performed early in the morning. Egg quality is

optimal the first few hours after facility lights have been turned on. The resorption of eggs

begins 2e3 h after daybreak.

15. Good eggs will be golden in color and have little fluid and no opaque or white eggs intermixed

(Fig. 8.1BeD). Eggs can be moved away from the fish using a fine water-color brush.

16. If females do not provide large enough clutches, or to maximize the number of embryos

produced by IVF, it is helpful to combine several clutches of eggs. A soft water-color brush is

an effective and gentle tool for moving and mixing eggs. Dampen the fingers and paint brush

with the isotonic PBS solution before squeezing females or manipulating eggs.
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store it at 4 �C. The resulting SS300 solution will contain 140 mM NaCl,
5 mM KCl, 1 mM CaCl2, 1 mM MgSO4, 10 mM D-(þ)-Glucose, and
20 mM Tris-Cl (8.0).

To prepare Sperm Solution SS300 with 2 mg/mL Difco Skim Milk
(SS300 þ milk), add 100 mg Difco Skim Milk to 50 mL SS300 and stir or
vortex to dissolve. Aliquot the solution into microcentrifuge tubes and
store frozen at �20 �C. Thaw and use at room temperature. The milk helps
to prevent the sperm tails from sticking and tangling and is thought to
contain antioxidants that protect against oxidative damage during cryo-
preservation and thawing (Gra _zyna et al., 2017; Khan et al., 2019).

2. Remove the cryovial from the LN2 and quickly open the cap to vent any
LN2 in the vial (see Note17 (Fig. 8.1B(2)).

3. Thaw the cryovial in a 38 �C water bath until the frozen pellet is less than
3 mm in diameter (takes approximately 10e15 s; Fig. 8.1B(2)).

4. Immediately add 150 mL room-temperature SS300 solution to the cryovial
(Fig. 8.1B(3)). If you are thawing sperm that was frozen without milk (see
Note18), add 2 mg/mL Difco Skim Milk (Difco #232100) to the SS300
solution. See Note19 for an optional postthaw motility assessment.

In vitro fertilization

1. Add 200 mL dH2O to the cryovial to activate the sperm (Fig. 8.1B(4)).
Gently mix the sperm one to two times with a micropipette and transfer the
sample to the eggs: slide the pipette tip sideways along the bottom of
the Petri dish from the edge of the pile of eggs into the center. Expel the
activated sperm into the mass of eggs (not on top of the eggs
(Fig. 8.1B(5)).

2. Start a 2-min countdown timer (Fig. 8.1B(6)).
3. Do not move, mix, or swirl the dish; let it sit completely undisturbed for

2 min, then flood the dish with embryo medium (Fig. 8.1B(7)).

17. Before squeezing females, sperm samples can be retrieved from the LN2 freezer and main-

tained in a tray of LN2 within a small Styrofoam cooler until eggs are available.

18. SS300 þ milk is used for thawing sperm samples that were frozen with a cryopreservation

medium not containing skim milk powder (other protocols). The milk helps to prevent the

sperm tails from sticking and tangling and is thought to contain antioxidants that mitigate

oxidative damage.

19. For the postthaw motility assessment, a small portion (10e20 mL) of the sperm/SS300 mix can

be removed and held in a microcentrifuge tube at room temperature if assessed immediately or

on ice if stored for later (see the “Motility assessment” section).
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4. Determine the fertilization rate 2e4 h postfertilization or as soon as cell
divisions are recognizable. Count embryos and remove unfertilized eggs
(see Note20).

Protocol for embryo cryopreservation

Fig. 8.2 shows a step-by-step overview of the microinjection and laser
warming approach. The results from this new protocol demonstrated the first

FIGURE 8.2 Step-by-step overview of the microinjection, rapid cooling, and laser warming

protocol for cryopreserving zebrafish embryos. The protocol begins with the microinjection of

cryoprotective agent (CPA) (propylene glycol and MeOH) and gold nanorods into the yolk of a

zebrafish embryo reaching the high cell stage. After a recovery period of 2 h, the injected embryos

are placed in a precooling bath for 5 min to dehydrate the perivitelline fluid. Immediately after, the

embryos are placed on a polypropylene strip called a cryotop and plunged into liquid nitrogen.

After equilibration to �196�C, the embryo is brought under the laser for warming. After warming,

the embryo is placed in a postwarming washout bath for rehydration and CPA removal from the

perivitelline fluid, after which the embryo is placed in embryo medium and stored in an incubator

at 28�C. Embryo development is monitored regularly up to 5 days. Select embryos surviving to

Day 5 are transferred to separate housing, where they reach spawning age. Once sexual maturation

is reached, the adult zebrafish can be spawned with the corresponding transgenic or wild-type

zebrafish adults. Original source: Khosla, K., Kangas, J., Liu, Y., Zhan, L., Daly, J., Hagedorn,

M., Bischof, J. Cryopreservation and laser nanowarming of zebrafish embryos followed by

hatching and spawning. Adv. Biosyst., 2000138. Copyright Wiley-VCH Verlag GmbH & Co. KGaA.

Reproduced with permission.

20. A fertilized egg will be visible by the swelling of the first embryonic cell (zygote) and the

chorion or the first cell divisions. Because fertilization and the emergence of the first cell and

its division are usually not perfectly synchronized, the number of fertilized eggs can be more

conveniently determined during the blastula stages after several rounds of cell divisions. The

fertilization rate can be obtained by dividing the number of embryos with proliferating cells

(fertilized) by the number of total viable eggs (�100).
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instance of the hatching of cryopreserved fish embryos, the growth of the fish
to adulthood, and the successful spawning of normal offspring (Khosla et al.,
2020). While the protocol outlined in the following section produced the best
results to date, we expect further optimization and refinement of the process
and its steps in the future.

Zebrafish care and embryo collection

The Zebrafish Book by Monte Westerfield provides detailed protocols for
feeding, housing, and spawning of embryos (Westerfield, 2007). Embryos
should be cultured for up to 5 days in standard embryo medium (recipe in The
Zebrafish Book (Westerfield, 2007)) at 28�C. Larvae will require feeding if
they are grown beyond 5 days. To spawn embryos, place a female and two
males overnight together in a tank with a collection net underneath. As soon as
the lights turn on the next morning, the fish will begin spawning. Within
30 min of the lights turning on, collect embryos, wash them with embryo
medium, and sort into treatment groups.

Microinjection of CPA and GNR

The microinjection of solutions into zebrafish embryos is a well-established
practice (Kettleborough et al., 2013; Bill et al., 2009). In addition to online
tutorials, prospective users can consult the step-by-step videos published in the
Journal of Visualized Experiments for injecting mRNA into zebrafish embryos
between 1e4 cell stages (Rosen et al., 2009). The microinjection protocol for
injections of CPA and GNR into fish embryos at the high cell stage was
initially adapted from Janik et al. (2000). It is recommended that the chorion
should not be removed prior to injection to protect the embryo during handling
and culturing. The high cell stage was shown to be the most robust of the early
developmental stages during which yolk syncytial layer formation is minimal
and cytoplasmic streaming allows for the rapid distribution of the GNR and
CPA (Khosla et al., 2017) into the blastoderm. Injection needles should be
prepared by pulling borosilicate glass capillaries with a micropipette puller
(Flaming/Brown, Model P87, Sutter Instruments Inc). The needle puller’s
instrument settings (heat, pull, velocity, etc.) have to be customized for the
specific instrument and type of glass capillary used. To create the needle
opening, it is recommended that a needle beveler (EG 401, Narishige) be used
to create a sharp beveled tip. The needles are backfilled with a premixed in-
jection solution and attached to an air pressure injector (PLI-100, Harvard
Apparatus) to begin injection volume calibration. The goal of calibration is to
find the appropriate injector settings (i.e., injection time and pressure) needed
to dispense the necessary volume from the needle. The recommended method
for calibrating the injected volume is to use a stage micrometer to measure the
diameter of a droplet made by injecting the CPA and GNR solution into a
larger droplet of mineral oil. The injection solution should be prepared by
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mixing MeOH, PG, and GNRs to obtain a concentration of 10.6 M PG, 4.8 M
MeOH, and 9.3 � 1011 np/mL GNR. Previous studies have found PEG-coated
GNR to be more biocompatible than traditionally made GNR coated with
cetyltrimethylammonium bromide (Khosla et al., 2017; Liu et al., 2015). The
PEG-coated GNR used in cryopreservation and laser nanowarming studies are
manufactured and sold by nanoComposix Inc. based in San Diego,
California.21

Once embryos reach the high cell stage, they should be lined up in the
ridges of a custom-made agarose-covered injection tray. Bill et al. (2009)
provided a recipe for preparing the injection trays with 1% molten agarose
(Bill et al., 2009). All cryopreservation and laser warming studies inject 9 nL
into the yolk resulting in a concentration of 1.6 M PG, 0.7 M MeOH, and
1.4 � 1011 np/mL GNR. This concentration was estimated by using the total
volume (88 nL) and water fraction (59%) of the yolk (Hagedorn et al., 1998;
Janik et al., 2000). The solution must be injected into the yolk without
damaging the blastoderm. The injected solution (CPA and GNR) will diffuse
evenly throughout the yolk within 30 min (Janik et al., 2000). Any embryos
that show leakage from the injection site should be discarded.

Use of a precooling bath

It is recommended that injected embryos be cultured for at least 2 h prior to the
application of the precooling bath to allow time for recovery and resealing of
the yolk membrane. Since CPA and GNR solution were not injected in the
perivitelline fluid, the main purpose of the precooling bath is to remove the
perivitelline fluid via water transport through a mostly permeable chorion. The
embryo should appear to quickly shrink as soon as it is placed in the bath
solution due to the dehydration of the perivitelline space. The bath concen-
tration can be modified as long as 1 mL droplets of the chosen concentration
can be vitrified by plunging them into LN2. We recommend using a 5 min
immersion period in the precooling bath (2 M PG, 1.2 M MeOH, and 0.5 M
Tre), as this duration has previously been found to be effective at reducing ice
formation in the outer embryo compartments (Khosla et al., 2020). Once
removed from the precooling bath, individual embryos can be placed on the tip
of a custom-made cryotop (3.0 � 2.0 � 0.08 mm, polypropylene) and encap-
sulated in a 1 mL droplet (2 M PG, 1.2 M MeOH, 0.5 M Tre) with a GNR
concentration of 4.2 � 1011 np/mL. Finite element multiphysics simulations
showed a three times higher GNR concentration in the encapsulating droplet
than in the solution that is injected in the yolk was needed to generate the
necessary warming rates (Khosla et al., 2020).

21. In addition to UV-VIS spectroscopy, potential users can apply the photothermal conversion

and nanoparticle stability techniques described in Liu et al. (2020) to extensively study

nanoparticles.
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Rapid cooling and laser warming

A custom automated device was built to plunge the cryotops into LN2, rapidly
position the embryo under the laser beam, and trigger the laser once the
embryo is in position (Fig. 8.2). The automated system22 is placed on top of a
Styrofoam container containing LN2. It uses a 3D-printed plastic holder to
mount the cryotop onto a servo motor. The xey stage of the automated system
allows for fine adjustments of the cryotop. After plunging the cryotop in LN2,
the embryo should be held at �196�C for at least 2 min to allow for equili-
bration. We recommend purchasing the millisecond pulsed 1064 nm lasers
sold by LaserStar Technologies (iWeld 980 Series, 80J).23 When injected GNR
concentrations are between 0.8 and 4.8 � 1011 np/mL, we recommend using a
fluence rate of 1.1 � 109 W/m2 (300 V power, 1 ms pulse time) to generate the
necessary warming rates over 10 million �C/min. These lasers are also
equipped with an overhead camera that should be used to record video of the
embryo during laser nanowarming to isolate failure modes such as extensive
ice formation within embryos or laser misfires. After laser warming is
accomplished, the rewarmed embryos should be delicately transferred to a
postwarming rehydration bath (half the strength of the precooling bath) for
20 min. Once the chorion regains its original shape, the embryo should be
washed three times in standard embryo medium.

Survival assessment

Observing developmental changes in zebrafish embryos through Day 5 is
commonly used for understanding mutagenetic changes in response to various
treatments (van Eeden et al., 1998). Table 8.2 presents examples of live and
dead embryos evaluated according to our developmental criteria for selected
time points at 1 h, 3 h, 24 h, 48 h, and 5 days after a specific treatment (i.e.,
injection, bath, or laser warming). Embryos should be considered viable if they
are intact after 1 h, continue to develop by 3 h, and show movement (i.e., tail
twitching) past 24 h. By the 48 h time point, we expect embryos to begin
hatching. By Day 5, an embryo is considered viable if the hatched larva has
proper cardiac development, tail musculature, fins, swim bladder, and ability
to swim. Any fish that do not match these criteria are considered abnormal and
not counted among the “live” fish. Based on previous studies, expected sur-
vival thresholds can be defined for each specific treatment (Khosla et al., 2017,
2020). We expect the minimum average Day 5 survival fraction for embryos

22. Users can design their own version or replicate other designs used in previous laser warming

studies (Jin et al., 2014; Daly et al., 2018; Panhwar et al., 2018). Please contact the authors for

more information regarding replicating the automated device design.

23. The energy per pulse can be varied by changing the user settings, such as the input voltage and

pulse time. Previous studies have extensively characterized the available laser fluence rates for

different laser input settings for the iWeld 980 series model (Khosla et al., 2018a,b).
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exposed to (1) no treatments (i.e., not injected) to be 80%; (2) injection only to
be 60%; and (3) injection and bath treatments to be 50%. Additionally, we
expect that postlaser nanowarming, 40% of embryos will remain intact after
1 h, 11% will show movement after 24 h, 9% will begin hatching after 48 h,
and 3% will show active swimming after Day 5.

TABLE 8.2 Survival criteria for zebrafish embryos after injection and laser

nanowarming.

Note: These survival criteria should be used to determine the impact of various treatments applied to
zebrafish embryos. After a specific treatment such as microinjection and/or laser warming, the
development of embryos should be monitored up to 5 days while the embryos are kept at 28�C. The
injection protocol and survival metrics were adapted from Janik et al. (2000) and Khosla et al. (2017),
respectively.

Original source: Khosla, K., Kangas, J., Liu, Y., Zhan, L., Daly, J., Hagedorn, M., Bischof, J. Cryo-

preservation and laser nanowarming of zebrafish embryos followed by hatching and spawning. Adv.

Biosyst., 2000138. Copyright Wiley-VCH Verlag GmbH & Co. KGaA. Reproduced with permission.
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Conclusion

The cryopreservation of zebrafish gametes enables the cost-effective long-term
storage of valuable research lines without incurring the cost of maintaining
large colonies. In this chapter, we shared the protocol developed by ZIRC to
cryopreserve zebrafish sperm in conjunction with in vitro fertilization. In
addition, we also presented the latest protocol available for the successful
cryopreservation of zebrafish embryos using CPA microinjection and laser
warming. The ability to cryopreserve the entire diploid genome will be critical
for many applications. Though the current survival rates for embryo cryo-
preservation protocol remain low, optimization studies to increase the efficacy
and translation to embryos of other fish species are under way.
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protocol on the lactate dehydrogenase and glucose-6-phosphate dehydrogenase activities and

the hatching rates of zebrafish (Danio rerio) and Turbot (Scophthalmus maximus) embryos.

Theriogenology 61 (7e8), 1367e1379.
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Medaka

History of the medaka

The medaka has been a popular pet in Japan

The medaka (Oryzias latipes) is a small freshwater teleost that lives in ponds
and rivers in Japan. A fish encyclopedia published in 1835 had already
described two different medaka body-color mutants (orange-red and white) as
well as a wild type (brown), which indicates that medaka had been popularly
bred as a pet at that time. Because they are easy to keep and breed, they are
used for educational purposes in Japanese elementary schools, and thus
virtually all Japanese are familiar with medaka. Although medaka are not as
popular outside of Japan, their prolific traits and tolerance to various envi-
ronments make them good experimental animals in various scientific fields.

In medaka, it has been well known that there are genetic variations asso-
ciated with their geographical distribution, and these variations are referred to
as northern and southern populations (Sakaizumi et al., 1983; Takehana et al.,
2016). Recently, it was proposed that they be treated as distinct species:
northern medaka (Oryzias sakaizumii) and Japanese medaka (O. latipes),
respectively (Asai et al., 2011). Since most of the strains used in experiments
(e.g., drR, Hd-rR, and Cab) are derived from the southern population, whose

Laboratory Fish in Biomedical Research. https://doi.org/10.1016/B978-0-12-821099-4.00008-0
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scientific names would not be changed, most existing research would not need
to be amended if this proposed change were enacted.

History of the medaka as an experimental fish

Because of their availability, especially in Japan, the medaka has been used as
an experimental animal for many years. The first historical series of experi-
ments performed by Toyama and Ishikawa dates back to the 1910s, in which
they proved that Mendel’s law of inheritance is applicable to vertebrates
(Japanese literature). Thus for more than 100 years, medaka have contributed
to the understanding of basic science, such as endocrinology (Yamamoto,
1953) and genetics (for details, Hori, 2011).

Later, once genetic manipulation was developed in the 1980s, many studies
applied transgenesis to visualize specific cells/organs by using green fluores-
cent protein (GFP) in medaka. Unlike mammals, the fertilized eggs of medaka
develop outside the maternal body, which simplifies transgenesis because a
microinjection into a one-cell stage embryo followed by simple incubation can
generate transgenic animals. By using transgenic and other conventional
techniques, the medaka, with the advantage of being an oviparous animal, has
contributed to developmental studies. Moreover, the genome sequence of
medaka was made available as early as 2003 (Kasahara et al., 2007).
Furthermore, the recent development of genome editing using transcription
activator-like effector nuclease/clustered regularly interspaced short palin-
dromic repeats (TALEN/CRISPR) made it possible to produce knockout
medaka more efficiently than ever (Ansai and Kinoshita, 2014, 2017; Ansai
et al., 2013). Because of these advantages, the medaka has been a useful model
teleost.

With merits similar to those of the small teleosts just described, the
zebrafish is widely used in various study areas. Compared with studies
involving zebrafish, the number of those involving medaka and the number of
associated publications are much smaller (zebrafish, 39,527; medaka, 3653;
search results of PubMed, April 2020). Therefore medaka may be less utilized
than zebrafish in terms of research population, but there are some merits to
using medaka when compared to zebrafish. First, a female medaka can spawn
every day under laboratory conditions, and their eggs can be stored at 4�C for
several hours, which enables cell division to be delayed prior to microinjec-
tion. Additionally, medaka have high tolerance to various water conditions.
They can live at a temperature of 4�C in winter and 37�C in summer, whereas
zebrafish require temperatures above 20�C.

Additionally, they are nearly euryhaline, which provides researchers with
the opportunity to study their adaptation to seawater (Inoue and Takei, 2003;
Miyanishi et al., 2016). Moreover, because the history of medaka as experi-
mental animals is far longer than that of zebrafish, researchers may find
classical but important studies from the early 1900s, which is rarely an option
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for other experimental model fishes. Furthermore, medaka show high tolerance
to inbreeding, and several inbred lines have been established (Naruse, 2011),
which provide a good platform for genetic studies such as QTL analysis. In
addition, the genome size of medaka (800 Mb) is approximately half that of
zebrafish, which can be advantageous in the application of molecular genetic
tools because enhancers may be packed in shorter regions. Recently, new gene
models based on long-read RNA-seq, gene expression profiling by short-read
RNA-seq, and chromatin accessibility by ATAC-seq during embryogenesis
have become available (Li et al., 2020).

Last but not the least, medaka (Euteleostei) and zebrafish (Otocephala)
branched w250 million years ago (mya), which was a relatively early stage of
teleost evolution (w283 mya) (Betancur et al., 2013). This indicates that
medaka and zebrafish are evolutionary distant species within teleosts, and the
understanding of both is important for understanding the generality in teleosts
(Fig. 9.1).

Tetrapods

Chondrichthyes

Medaka

Zebrafish

Acanthopterygii
O

stariophysi

500 400 300 200 100 0

Teleosts

Actinopterygii
Sarcopterygii

mya

Otocephala

Euteleostei

FIGURE 9.1 Phylogenetic tree of teleosts and other species in vertebrates. Medaka and zebrafish

diverged w250 million years ago (mya), which can be regarded as a relatively early stage of

teleost lineage (w283 mya).
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Based on these merits, medaka are now widely used for studies that require
genetic manipulation. In this chapter, we will introduce classical and recently
developed approaches of genetic modification in medaka, including the gen-
eration of transgenic, knockout, and knock-in varieties.

Husbandry and breeding under laboratory conditions

Animal husbandry

As expected from their natural habitat, medaka can be easily kept in dech-
lorinated water at room temperature. Usually, researchers keep them at 27�C in
the long day condition (14L, 10D). To avoid laborious cleaning of hundreds of
tanks, many researchers use a rack system with water circulation for small
fishes, which are commonly used in zebrafish. However, as medaka live in a
slow stream of water in rivers and ponds, they should be kept in a mild flow of
water in the laboratory condition as well. Since medaka require relatively
stronger light than zebrafish do to activate their reproductive functions,
medaka facilities need lights over the tanks. As the density of fish affects water
quality and growth/reproduction, a density of less than 5e10 fishes in 3 L tank
is recommended. They can be kept in a small plastic tank just filled with
dechlorinated water, but lower density is recommended in such conditions.
Although they can be kept with flake food, live artemia is preferred because
their growth and breeding are dependent on their nutritional conditions.

Breeding

They mature approximately 2e3 months after hatching. One can easily
identify their sex by morphology since their anal fins change this shape
dependent on the androgen (Ogino et al., 2014).

Once they mature, male/female paired medaka spontaneously lay 10e30
eggs every day. After spawning, eggs are attached to the female body with
attaching filaments, and researchers can gently remove them from the female
body. If you want to obtain one cell-stage embryo for microinjection or for
other purposes, it is recommended to separate the male and female 1 day
before the experiment. After removing the partition, they usually start
spawning within 30 minutes.

Empirically, the number of eggs and the occurrence of spawning are highly
dependent on the amount of available food. Especially, the nutritional state
during the 2-day period before the experiment is important, because the
luteinizing hormone surge, which induces ovulation, occurs in the afternoon
1 day before spawning (Ogiwara et al., 2013; Karigo et al., 2012) when the
accumulation of yolk should be complete. For the detailed mechanism of
reproductive regulation, refer to the next chapter and the following review
papers (Kanda, 2019; Karigo and Oka, 2013).
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Husbandry during early larval stages

Fertilized eggs can be kept in dechlorinated water with methylene blue
(w0.0001%) until they hatch. Hatching occurs approximately 7e10 days after
fertilization. Although the larva can be fed with only fine powder food (smaller
than the mouth size of larval fish), paramecia, or rotifer during the initial
several days, they grow up to be able to eat artemia afterward. Unlike
zebrafish, medaka hatch out with their mouths open, and they can eat food
immediately after hatching. It is suggested in teleosts that the thickness of the
egg envelope and the time necessary before hatching are related (Sano et al.,
2017). Medaka has a thick and stout egg envelope, which probably allows a
longer time for embryogenesis in the egg. Thus the newborn medaka larva
shows more developed stages compared to zebrafish.

Larvae/juvenile medaka that have grown large enough to feed on artemia
can be reared like adults. Since medaka are not aggressive, medaka at different
developmental stages/size can be kept in the same tank unless they differ
tremendously in size. Two months after hatching, we can observe sexual
dimorphism in the anal fins as described earlier. This should be a sign that they
are ready to breed.

Basic approaches of generation of transgenic/knockout
medaka

Conventional ways of introducing transgenes: plasmid/BAC-based
constructsdtheir merits and demerits

At the end of the 20th century, a transgenic technique using short plasmids was
introduced to zebrafish (reviewed in Lin, 2000). Later, the concept and tech-
nique of the generation of transgenic animals was also introduced to medaka
(Ozato et al., 1986). This experiment was the first example of successful
transgenesis in fish. The most widely used transgene is probably the GFP of
Aequorea coerulescens, which is used to label specific cells. By labeling
specific cells in living organisms or tissues, researchers can observe cellular
migration, dynamics, and interactions. Moreover, such labeling has also been
used to collect specifically labeled living cells for gene expression analysis and
primary cell culture of specific cellular populations. Modified GFP variants
can also be used (Lin and Schnitzer, 2016). GCaMP (Nakai et al., 2001) and its
modified variants (Chen et al., 2013; Ohkura et al., 2012) are used for Ca2þ

imaging, which enables the visualization of possible neurotransmitter/hor-
mone release (detailed in the next chapter). GFP with PEST degradation
sequence, which shortens the half-life of GFP in the cell, is used for the real-
time observation of expressional changes in higher-time resolution (Li et al.,
1998). In addition to GFP and its variants, several fluorescent proteins whose
excitation/emission wavelength differ from that of GFP have been character-
ized/developed, such as red fluorescent protein (RFP), including dsRed and its
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improved variant, mCherry, derived from Discosoma sea anemones (Shaner
et al., 2004). In combination with GFP, these fluorescent proteins can be used
for the analyses of interactions among multiple cellular populations. More-
over, photoconvertible fluorescent proteins are also available. Kaede (Ando
et al., 2002) later developed Kikume Green-Red (Tsutsui et al., 2005), which
initially indicates green fluorescence but after irradiation with UV indicates
red fluorescence. These photoconvertible fluorescent proteins can be useful for
labeling specific cells within cellular populations during live imaging. These
are only some of the variants of fluorescent proteins, and many other fluo-
rescent proteins can be used in transgenic medaka.

For driving the expression of such functional proteins in specific cells or
tissues, specific enhancers are necessary. However, to date, it is virtually
impossible to generate target cell-specific enhancers computationally. Instead,
we biologists often use long flanking sequences of the gene of interest that may
include enhancements by replacing the protein-coding region with GFP or
other proteins.

For such target cell-specific expressional activation, PCR-amplified
3e10 kb fragments can be included in a plasmid vector. Frequently, a 50

flanking region of 3e4 kb is sufficient to induce cell-specific expression. To
increase the probability of successful expression, enhancers can be predicted
using microhomology among species of the possible essential regulatory se-
quences. Percent identity plot helps to find such microhomologies (http://
pipmaker.bx.psu.edu/pipmaker/), and mVISTA is also useful in finding
microhomologies (http://genome.lbl.gov/vista/index.shtml).

However, enhancers sometimes localize in the genomic area more than
10 kb from the open reading frame (ORF), intron, or the 30 flanking region. In
such cases, BAC or fosmid-based constructs (Nakamura et al., 2008) may be
used, and they theoretically provide more accurate labeling. One can find a
50e200 kb-long BAC or fosmid that contains the gene of interest from the
genome database (http://viewer.shigen.info/medakavw/mapview/mapView),
which can also be obtained from the National BioResource Project Med-
aka(https://shigen.nig.ac.jp/medaka/top/top.jsp) (Sasado et al., 2010). The
ORF of the gene of interest can be replaced with the GFP gene by homologous
recombination using Escherichia coli strains that express recombinase, such as
DY380 and SW102 (Warming, 2005).

After the generation of a transgenic line, it is also important to examine
whether the target cells are specifically labeled by using dual labeling of the
transgene and intrinsic mRNA (Karigo et al., 2014) or proteins (Karigo et al.,
2014; Kanda et al., 2010).

Generation of knockout using TALEN/CRISPR

TALEN and CRISPR have only recently been developed (Cermak et al., 2011;
Jinek et al., 2012), but they have already been widely applied to medaka
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(Ansai and Kinoshita, 2014, 2017; Ansai et al., 2013). Before this break-
through, as there were no sequence-specific gene disruption tools, accidentally
discovered natural mutants and mutants that were screened from a TILLING
library (Taniguchi et al., 2006) had been used. Because of the high efficiency
of targeted gene disruption of TALEN/CRISPR, these techniques are mostly
used in the generation of knockouts today. After breakage of the double-strand
DNA genome, nonhomologous end joining (NHEJ) occurs, which is an
intrinsic repair mechanism for repairing double-strand breaks (DSBs). During
this process, a cell often makes deletions and/or insertions of several to hun-
dreds of base pairs, which may cause a frameshift of ORF or a deletion of a
coding sequence of important domains.

Both transgene introduction using plasmid and gene disruption using
CRISPR occurs by chance and requires screening of the F1 generation. From
our experience, such gene disruption much more frequently occurs compared
to transgene introduction with a similar protocol involving microinjection.
Thus gene knockout, which had been very difficult in teleosts with little
chance of accessing embryonic stem cell lines, has become quite easy to
accomplish because of the innovation of TALEN/CRISPR.

Double promoter methods for the efficient screening
of transgenic lines

As described earlier, transgenic techniques using plasmids or BACs/fosmids
enable us to theoretically label specific cells of the medaka. However, the
successful integration of a transgene into the host genome after microinjection
is usually very rare (a few percent; Rembold et al., 2006). Thus to obtain
transgenic medaka efficiently, it is important to screen the embryos in which
the transgene is integrated into the genome. When the construct contains a
fluorescent protein such as GFP under a promoter of genes expressed during
embryogenesis, we can determine whether the transgene is integrated into the
genome by checking their fluorescent signals during embryogenesis. However,
it is very hard to screen the embryos harboring a nonfluorescent transgene or a
fluorescent protein under an adult tissue-specific promoter. In these cases, we
can screen through genomic PCR of the transgene using lysates from part of
the tail fin of injected medaka, but this screening method is inefficient
compared with the simple observation of fluorescence at embryogenesis.

This problem can be overcome by using a double-promoter method, which
employs an additional promoter and a fluorescent reporter gene for screening.
Because of this additional promoter, the fluorescent reporter gene is expressed
in specific tissues at the embryonic stage, which allows us to easily find
transgene-positive embryos. The promoters/enhancers of genes available for
screening at the embryonic stage are shown in Table 9.1. Schematics of
constructs and resulting expression patterns are shown in Fig. 9.2. Note that
globin b4 is an embryo-specific globin and that the reporter gene expressed
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under this promoter is not supposed to be expressed in adult tissues. Since
there is toxicity in the abundantly expressed fluorescent proteins, we need to
carefully choose the promoter and reporter gene for screening. In our case,
when DsRed was expressed by zebrafish cardiac myosin light chain (zcmlc)
enhancer, the survival rate was much lower than that in cases of enhanced GFP
(EGFP), which may be due to the toxicity of DsRed (Tao et al., 2007).
mCherry and tdTomato showed a much better survival ratio than

TABLE 9.1 Enhancer/promoter of genes available for screening at the

embryonic stage.

Gene

Expressed

tissue References Note

Zebrafish cardiac
myosin light chain2
(zcmlc2)

Cardiac
muscle

Kirchmaier et al.
(2013)

Transcriptional
activity to both
upstream and
downstream promoter

Globin b4 Hemocyte
(embryo
specific)

Maruyama et al.
(2002), Matsuzaki
et al. (2013)

Crystallin Lens Vopalensky et al.
(2010)

pApA Pzcmlc2Enhancer/Promoter EGFP

pApApA Pglobinb4Enhancer/Promoter DsRedEGFP

A

B

(5' upstream sequence of
gene of interest)

(5' upstream sequence of
gene of interest)

FIGURE 9.2 Examples of the double-promoter method, which increases the screening efficiency

of transgenic medaka. When the enhancers of zcmlc2 and globin b4 are utilized for screening,

fluorescent signals can be observed at the embryonic stage in cardiac muscle (A) and hemocytes

(B), respectively. The enhancer/promoter in these examples is a 3w5 kb DNA fragment of the 50

flanking region of the gene of interest. Note that zcmlc enhancer has bidirectional activity, which

can induce upstream enhanced green fluorescent protein (EGFP) by the activation of upstream

promoter contained in the 50 flanking region of the gene of interest.
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DsRedExpress2 did (Kanda and Fujimori, personal communication). Inter-
estingly, zcmlc enhancer (Kirchmaier et al., 2013) has bidirectional tran-
scriptional activity, which can activate promoters located either upstream or
downstream of it (Fig. 9.2A). Thus in most cases we do not have to add an
additional fluorescent protein if the construct contains fluorescent protein to be
expressed under the enhancer/promoter of interest. On the other hand, it should
be recognized that the target transgene might also be expressed in cardiac
muscle cells.

It is also important to note that ectopic expression of the reporter gene
sometimes occurs, which may be due to the genomic locus of transgene in-
sertions (known as position effects). Therefore it is recommended that multiple
transgenic lines from a different F0 founder for a single transgene be obtained.

Introduction of new transgenic methods

Knockout lines provide information on the overall function of the disrupted
gene, whereas reporter transgenic strains are useful for the analysis of the
mechanism. Thus a combination of these genetic engineering methods will
enhance the understanding of the biological systems and are increasing the
importance of such methods in studies of small fishes. As described in the
previous sections, genome editing techniques such as Cas9/CRISPR and
TALEN have made it possible to generate knockout strains in a much shorter
time and with greater efficiency than before. Under these circumstances,
efficient and rapid techniques for generating transgenic strains have become
more important.

This section presents two efficient transgenic methods: the use of Ac/Ds
transposase and the use of phiC31 integrase. Also, we present a Cas9/CRISPR-
based knock-in method that can integrate genes into the allele of interest.

Transgenesis with DNA transposase

DNA transposon

DNA transposon is a DNA sequence that moves through genomic DNA. It is
composed of a gene encoding an enzyme termed transposase and flanking
inverted terminal repeat (ITR) sequences. The transposase expressed from the
transposon gene recognizes the ITR sequences, cuts out the entire transposon
from the genome, and inserts the transposon at another genomic location,
allowing the transposon to move through the genome.

Many DNA transposons are isolated from a variety of species, such as tol1
and tol2 from medaka, piggyBac from silkworm, sleeping beauty from
salmon, and Ac/Ds from maize.
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Transposase improves transgenic efficiency

As transposase works on artificially induced DNA fragments, it can be used to
increase transgenic efficiency. Practically, a donor vector containing a gene of
interest flanked by ITR sequences is injected into the embryo along with
mRNA encoding a transposase. Induced transposase cuts out the gene of in-
terest between ITR sequences in the donor vector and transfers it to the host
genome. This reaction achieves a much more efficient gene integration than a
simple conventional injection method would.

In addition, it is noteworthy that transposon introduces a single copy of the
transgene into the genome, unlike a simple conventional injection, which
usually introduces multiple copies of injected DNA fragments into a single
allele (single-allele multicopy). When transposase is used, the gene is inserted
into multiple alleles one by one (multiallele single copy). Thus with trans-
posase, it is possible to establish strains with a single copy of the transgene by
crossing them.

In zebrafish, Kawakami’s pioneering work has made the tol2 transposase
method a standard transgenic method (Kawakami, 2005).

In medaka, it is reported that sleeping beauty and Ac/Ds function and
improve transgenesis efficiency (Grabher et al., 2003; Froschauer et al., 2011;
Boon Ng and Gong, 2011).

We have examined the efficiency of some transposases on transgenesis and
discovered that the Ac/Ds system has a higher efficiency than the others
(Fig. 9.3). We also discovered that about 26% of injected embryos expressed
the marker gene ubiquitously, and 65% of screened G0 with marker genes are
transgenic founders. Additionally, we determined that 8 bp duplications often
observed after transposition (Rubin et al., 2001) were generated at both ends of
integrated DNA in the established strains, indicating that this integration was
not due to random integration but instead resulted from Ac transposase ac-
tivity. For these reasons, we recommend Ac/Ds for transgenesis in medaka
fish.

5´Ds 3´Ds

Ac 

Ds-DOI-Ds vector

mRNA
+

One-cell-stage
embryo

Microinjection

DOI

FIGURE 9.3 Ac transposase-mediated transgenesis. Coinjection of Ac mRNA and donor vector

induces integration of the transgene. DOI, DNA of interest. Figure adapted, under license

CCBY4.0, from Ishikawa, T., Ansai, S., Kinoshita, M., Mori, K., 2018. A collection of transgenic

medaka strains for efficient site-directed transgenesis mediated by phiC31 integrase. G3

(Bethesda) 8, 2585e2593.
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phiC31 integrase-mediated transgenesis

Regarding phiC31

The phiC31 recombinase is an enzyme that was originally found in the phage
phiC31 genome. It catalyzes site-directed and unidirectional recombination
between the two 34 bp motifs, attB (attachment site bacterium) and attP
(attachment site phage) (Thorpe and Smith, 1998; Groth et al., 2000)
(Fig. 9.4).

phiC31 integrase improves transgenic efficiency

Based on this principle, phiC31 integrase can be used to increase the efficiency
of transgenesis. For the use of this system, we first have to generate or obtain
the transgenic strain harboring a single attP motif in a chromosome as a
landing site (attP-landing strain). Then, phiC31 integrase mRNA and a donor
vector containing an attB DNA motif are injected into the one-cell-stage eggs
of the attP-landing strain. In the embryo, the phiC31 integrase catalyzes
recombination between attP and attB motifs in the host genome and donor
vector, respectively. From this reaction, the donor vector is integrated into the
host genome.

This phiC31-mediated integration occurs with high efficiency among
various species. Pioneering studies have established attP-landing strains and
shown that this method is useful in Drosophila, zebrafish, and medaka (Groth
et al., 2004; Mosimann et al., 2013; Kirchmaier et al., 2013).

Advantage of phiC31 integrase

As described in the previous section, with conventional or transposase-
mediated transgenesis, the transgenes are integrated randomly into the host
genome, and their copy numbers vary. Moreover, the genomic location of the
transgene also affects its expression. Thus the expression level and pattern of

+ phiC31 integrase mRNA 

attR attL

attP

attB

FIGURE 9.4 The phiC31 recombinase. phiC31 catalyzes the recombination between an attP and

attB motif to generate an attL and attR. The vector sequence indicated in red is integrated.
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integrated genes differ even among strains harboring the same vector.
Therefore to obtain a reliable result, we must establish at least two strains and
compare their phenotypes.

In this regard, transgenesis with phiC31 integrase offers a significant
advantage (Groth et al., 2004). As phiC31 integrase always integrates a single
copy of the transgene into the identical attP-landing allele in the host genome,
the transgene’s expression level becomes stable and comparable to that of
other transgenic strains derived from the same attP-landing strains.

In our experience, using the same attP-landing strain, the transgenes’
expression levels and patterns among two or more different transgenic medaka
strains are quite similar.

The collection of attP-landing medaka strains

The collection and use of attP-landing strains with a single attP DNA motif in
various chromosomes is desirable for the use of phiC31-mediated transgenesis
because it is theoretically impossible to generate more than a double hetero-
zygote transgenic line by crossing different transgenic lines that have
respective transgenes in the same locus.

Things are more critical when the transgenic line used in combination with
the knockout gene that is in close locus to the integration site since it usually
requires homo knockout. With the attP-landing strain collection, we can
choose a suitable strain, avoiding chromosome overlapping. For Drosophila
melanogaster, such a collection has already been built and distributed (Bischof
et al., 2007).

In medaka, three attP-landing strains were previously established by
Wittbrodt et al. (Kirchmaier et al., 2013). In addition, Ishikawa et al. recently
established 12 independent transgenic strains harboring a single copy of the
attP motif in at least 11 of the 24 medaka chromosomes (Ishikawa et al., 2018)
(Fig. 9.5). This collection is available upon request (https://shigen.nig.ac.jp/
medaka/) (TG1091-1103).

Genetical features of attP-landing strains in the collection

Ishikawa et al. established multiple attP-landing strains harboring 50DS ITR,
tandem chicken insulator (2xcHS4), an attP DNA motif, Pzhsp70-mCherry-
pA, an FRT DNA motif, and 30DS ITR in a 50 to 30 order on the various
genomic locations (Fig. 9.5A). The locations are shown in Fig. 9.5B.

The strains, except for Chr22, can be maintained as homozygous, suggesting
that the integrated attP-landing site does not disrupt any essential genes.

In these strains, it is possible to transpose the attP-landing site using 50D
and 30D ITR sequences and Ac transposase (see the “Transgenesis with DNA
transposase” section). These strains also express mCherry in the lens to
identify attP-landing strains. The mCherry will be ubiquitously expressed
upon heat shock.
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attB-targeting vector

For a donor vector containing an attB motif, Ishikawa et al. designed the attB-
targeting vector, which works best with the attP-landing strains described in
Fig. 9.5. This vector contains a multicloning site for the cloning of DNA of
interest (DOI), FRT DNA motif, and tandem chicken insulator, in this order
(Fig. 9.6). When this vector is recombined into the genome of the attP-landing
strain, the allele after recombination contains a tandem chicken insulator, DOI,
a tandem chicken insulator, FRT DNA motif, vector backbone, pzhsp70-
mCherry-pA, and FRT DNA motif in a 50 to 30 order.

Since the two tandem chicken insulators flank the DOI, it is less susceptible
to the potent enhancers around the integration site (Shimizu and Shimizu,
2012).

A vector backbone and an mCherry transgenic marker gene can be
removed by FLP recombinase-mediated recombination between two FRT
DNA motifs that flank the sequences, as described next.

A

B

1chr 2 3 4 5 6 7 8 9 10 11 12 13 14 15 16 17 18 19 20 21 22 23 24 scf2752

Allele Integration site
 (version 2.2.4)

Phenotype of
homozygotes

chr7 Chr7: 27,763,996-27,764,003 ENSORLG00000016806 40kb upstream –
chr8 Chr8: 25,152,030-25,152,037 carm1 15kb upstream –
chr9 Chr9 :24,958,590-24,958,583 zgc:65851 2kb upstream

250kb upstream
–

chr10 Chr10: 8,675,165-8,675,172 glra4a –
chr11 Chr11: 14,688,303-14,688,296 si:ch211-232m10.6 0.7kb upstream –
chr13 Chr13: 18,585,077-18,585,070 acsl3a 4kb upstream –
chr17 Chr17: 7,100,452-7,100,445 ENSORLG00000005611 intron –
chr18 Chr18: 6,137,116-6,137,123 tmem256 intron –
chr20 Chr20: 11,133,136-11,133,143 col11a1a intron –
chr22 Chr22: 17,934,472-17,934,465 ENSORLG00000018396

ENSORLG00000015040
no Ensembl gene

intron lethal
chr24 Chr24: 10,109,527-10,109,531 intron –

scf2752 000850F: 71,471-71,478 ––

Gene adjacent to
the attP-landing site

mCherry pAPzhsp70

attP

2xcHS4 FRT

3´Ds5´Ds

FIGURE 9.5 A collection of attP-landing medaka strains. (A) Schematic representation of the

transgene included in the attP-landing site of each strains. (B) Schematic representation of the

locations of the attP-landing site indicated by arrowheads. Detailed integration positions are shown

in the table. Figure adapted, under license CCBY4.0, from Ishikawa, T., Ansai, S., Kinoshita, M.,

Mori, K., 2018. A collection of transgenic medaka strains for efficient site-directed transgenesis

mediated by phiC31 integrase. G3 (Bethesda) 8, 2585e2593.
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Advanced attB-targeting vector containing fluorescent protein
for efficient screening in embryos

Ishikawa et al. also designed an advanced attB-targeting vector. As described
in the previous section, this is a dual-promoter vector, and it adds the Pzcmlc2-
tagCFP gene to the just-described attB-targeting vector, making it easier to
identify the transgenic founder, especially when the DOI does not contain a
fluorescent protein or expresses fluorescent protein at a lower level in em-
bryonic stages (Fig. 9.7A).

When the advanced attB-targeting vector is integrated, the tagCFP gene is
expressed in the heart through the zebrafish cmlc2 promoter (Pzcmlc2) ac-
tivity, as described in the previous section. Furthermore, when this vector is
recombined into an attP-landing site, the Pzcmlc2-tagCFP fragment will be
integrated right next to Pzhsp70-mCherry. Because the zhsp70 promoter can
be influenced by a nearby enhancer (ENCODE Project Consortium, 2012), it is
driven by the zcmlc2 enhancer, and thus mCherry will be expressed in the
heart. This feature makes it easy to determine whether the transgene was in-
tegrated to the correct attP site, expressing both tagCFP and mCherry in the
heart, or integrated to another locus, expressing only the tagCFP (Fig. 9.7B).

Efficiency of phiC31-mediated transgenesis

To conduct phiC31-mediated transgenesis, we recommend low concentrations
of phiC31 mRNA (10 ng/mL) because of its toxicity. At a concentration of
40 ng/mL, most of the injected embryos died before hatching.

In our experience, about 20% of injected embryos are well integrated and
can be screened as transgenic founder candidates, and more than 50% of the
candidates are transgenic founders. Without screening, at least 10% of injected
G0s are transgenic founders.

attB-targeting vector 

2xcHS4 2xcHS4

mCherry pAPzhsp70

attR

FRT

FRT attL

mCherry pAPzhsp70

attP

2xcHS4 FRT

attP-landing site in medaka genome

+ phiC31 integrase mRNA 

attB

2xcHS4

FRT

AmpR/pUCori

AmpR/pUCori

3´Ds

3´Ds

DOI
attB

MCS

2xcHS4

FRT

AmpR/pUCori

DOI5´Ds

5´Ds

FIGURE 9.6 The attB-targeting vector. Schematic representation of the attB-targeting vector and

genomic structure after recombination with phiC31 integrase is shown. DOI, DNA of interest.

Figure adapted, under license CCBY4.0, from Ishikawa, T., Ansai, S., Kinoshita, M., Mori, K.,

2018. A collection of transgenic medaka strains for efficient site-directed transgenesis mediated by

phiC31 integrase. G3 (Bethesda) 8, 2585e2593.
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After phiC31 recombination, 50D and 30D ITR sequences are still intact.
Thus the transgene can be transposed by inducing Ac expression.

FLP recombinase-mediated locus cleanup

As described earlier, unnecessary sequences, such as the vector backbone,
which may affect DOI expression (Tasic et al., 2011), and the transgenic
marker mCherry gene are flanked by an FRT DNA motif after recombination
(Fig. 9.8A). Thus these sequences can be removed by FLP recombinase-
mediated recombination between two FRT motifs.

In our experience, FLP mRNA has low toxicity. We can inject high con-
centrations (100 ng/mL) of FLP mRNA, and FLP-mediated recombination is
very efficient. As shown in Fig. 9.8B, FLP mRNA injection decreases the
expression of mCherry without a decrease of DOI (EGFP) expression in the
G0.

Primer sequences to confirm integration by phiC31 integrase

To confirm the locus generated by phiC31-mediated recombination, attL motif,
genomic PCR can be performed. Primers 50-GTAGGTCACGGTCTCGAAGC-
30 binding to the attL sequence and 50-TTACCCTGGTGCCATGAAAT-30

binding to the zhsp70 promoter will generate a 398 bp PCR product.

attP-landing site in medaka genome
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FIGURE 9.7 The advanced attB-targeting vector. (A) Schematic representation of the advanced

attB-targeting vector and genomic structure after recombination with phiC31 integrase is shown.

(B) The expected expression pattern of tagCFP and mCherry in transgenic embryos produced by

random integration or phiC31 mediated the advanced attB-targeting vector’s recombination. DOI,

DNA of interest. Figure adapted, under license CCBY4.0, from Ishikawa, T., Ansai, S., Kinoshita,

M., Mori, K., 2018. A collection of transgenic medaka strains for efficient site-directed trans-

genesis mediated by phiC31 integrase. G3 (Bethesda) 8, 2585e2593.
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phiC31 integrase can be applicable to BAC/fosmid-based
transgenesis

As described in the prior sections, BAC and fosmid vectors can contain a large
genomic DNA fragment of 200 and 40 kb, respectively.

In D. melanogaster, BACevector integration has been achieved by phiC31
integrase-mediated transgenesis (Venken et al., 2006). In the current study, we
attempted to integrate the fosmid vector into the medaka genome and
confirmed that phiC31 integrase could integrate it as efficiently as in the
plasmid case.

Application of the highly efficient phiC31 integrase-based
transgenesis for analysis of G0 generation

Due to the high efficiency of phiC31 integrase-mediated transgenesis, 20% of
injected fish contain the transgene in most somatic cells. Therefore we can
analyze the phenotype even in the G0 generation.

For example, we can assess the promoter activity of specific DNA sequences
at the G0 embryo (Kirchmaier et al., 2013). This technique allows for a much
faster analysis than the traditional method involving the F1 generation embryo.

An advantage and a basic principle of CRISPR/Cas-based knock-in
approaches in medaka

Until recently, in species that do not have embryonic stem cell lines, it has
been impossible to insert DNA fragments into the target location using what is

FLP mRNA

2xcHS42xcHS4

attR

FRTFRT

attL

A

B

–FLP

+FLP

mCherry pAPzhsp70AmpR/pUCori5´Ds 3´DsDOI

5´Ds 3´DsDOI

FIGURE 9.8 FLP recombinase-mediated locus cleanup. (A) Schematic representation of FLP-

mediated locus cleanup. (B) By FLP mRNA injection, the mCherry marker’s expression is

decreased, whereas that of the DNA of interest (DOI), Pzhsp70-EGFP, maintains its level of

expression. Figure adapted, under license CCBY4.0, from Ishikawa, T., Ansai, S., Kinoshita, M.,

Mori, K., 2018. A collection of transgenic medaka strains for efficient site-directed transgenesis

mediated by phiC31 integrase. G3 (Bethesda) 8, 2585e2593.
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called the knock-in technique. However, the development of genome-editing
technologies such as TALEN and the CRISPR/Cas system ushered in a new
era of genetic engineering and biotechnology. Unlike the transgenic
approaches involving the transposases or integrases, the genome editing tool-
based knock-in technique enables researchers to precisely integrate transgenes
into the selected target sites on the host genome. With its superior simplicity
and robust accuracy, the CRISPR/Cas system has been applied to a number of
knock-in/out experiments using cultured cells, plants, and animals. In medaka,
shortly after the CRISPR-mediated knockout without transgene insertions
became a routine procedure, several studies reported successful knock-in of
the GFP gene using this tool (Stemmer et al., 2015; Murakami et al., 2017;
Watakabe et al., 2018; Gutierrez-Triana et al., 2018). Although the CRISPR-
assisted knock-in technology has currently achieved only such reporter
tagging in medaka, future studies would undoubtedly prove its suitability for
other types of genetic alterations such as exon replacements, introduction of
point mutations, and conditional knockout combined with the FLP/FRTor Cre/
LoxP systems. These reverse genetic approaches hold promise for clarifying
the molecular basis of complex life phenomena in medaka.

Currently, the combination of the CRISPR/Cas9 system with a donor
plasmid has become an effective strategy for the generation of knock-in
medaka. The knock-in events induced by this strategy are as follows: the
target site in the host genome and that of donor plasmid, the latter of which is
called the “bait,” are simultaneously cleaved by the complex of Cas9 and guide
RNA (gRNA) in the cells. Then, the resultant DNA DSBs on the genome
trigger several repair mechanisms, which can mediate the integration of insert
fragments derived from the donor plasmid into the target site. To successfully
achieve an efficient gene knock-in, it is important to understand not only the
mechanisms of the DNA repair pathways but also the roles of the components
of the plasmid. Thus we will mainly focus on such key factors and introduce
the performance and limitations of the current state of the knock-in method.

An efficient knock-in using a donor plasmid with bait sequences

Previous studies have demonstrated that simultaneous cleavage of both target
sites on the genome and the donor plasmid by targetable nucleases can pro-
mote knock-in events in zebrafish (Danio rerio) and sea urchin (Hemicentrotus
pulcherrimus) embryos (Irion et al., 2014; Ochiai et al., 2012) although the
detailed mechanism of this process remains unclear. The effect of bait se-
quences on knock-in efficiency has also been examined in medaka; the inte-
gration efficiencies of a donor plasmid with or without bait sequences were
compared according to the expression area of GFP green fluorescence in the
embryos (Murakami et al., 2017). The comparisons in somatic level revealed
that a donor plasmid with bait sequences yielded fivefold higher knock-in
efficiencies than did the other plasmid without bait sequences. Furthermore,
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the same experimental scheme showed that knock-in efficiencies were
considerably varied among eight bait sequences screened and that the knock-in
system with BaitD achieved the highest integration efficiency among them.
Based on these results, we suggest that a donor plasmid with a BaitD sequence
(GATCTTCGGCCTAGACTGCGAGG) is suitable for an efficient generation
of knock-in medaka (Fig. 9.9A and B). An in silico analysis using CCTop
(Stemmer et al., 2015) nominated two potential off-target candidates against
BaitD in the reference genome of medaka, which includes four mismatches in
the target sequence of 20 bp for gRNA-BaitD. However, we confirmed that the
knock-in system with BaitD did not induce any off-target mutagenesis at either
loci (unpublished data). Additionally, BaitD has been reported to contain few
off-target candidates in the reference genomes of 11 other fish species,
including zebrafish, Nile tilapia (Oreochromis niloticus), and red sea bream
(Pagrus major) (Murakami et al., 2017), which may help to establish a new
knock-in system with minimized off-target effects in these fish species. The
reporter plasmid with BaitD was distributed from the RIKEN Bioresource
Center DNA Bank (http://dna.brc.riken.jp/).

Pathways of DNA double-stranded break repair and their use for
producing knock-in medaka

With the use of the CRISPR/Cas9 system, DSBs are induced at the genomic
target sites, which activates several DNA repair processes, via NHEJ,
microhomology-mediated end joining (MMEJ), or homology-directed repair
(HDR) pathways (Symington and Gautier, 2011). These repair mechanisms
have been exploited for the development of various targeting strategies (He
et al., 2018). In this section, after introducing the feature of the three knock-in
methods based on the foregoing three pathways, we will explain the appli-
cation of each method in medaka.

It is well known that NHEJ is frequently utilized to produce small in-
sertions/deletions (indels) in the gene-coding region for the generation of
knockouts. NHEJ is generally active through the overall cell cycle except for
mitosis (Lieber, 2008); thus its high activity is also effective for an efficient
knock-in generation. The NHEJ-mediated gene knock-in can directly join both
ends of the genomic DNA and the insert gene at the target site (Fig. 9.10A).
This method has one advantage: there is no requirement for homology arms
(HAs) flanking the DSB sites. Therefore the donor plasmid can be more
simply constructed than that of other plasmids for a homology-dependent
knock-in such as HDR and MMEJ. In contrast, one clear disadvantage of
this method is that it cannot control the direction of the insert gene, which
randomly generates both forward- and reverse-directional integrations of
transgenes into the target sites (Watakabe et al., 2018). Moreover, the NHEJ
repair process is often accompanied by small indels at the junctions between
the target site and the insert gene, making its use in seamless knock-in
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FIGURE 9.9 Schematic overview of the homology-directed repair (HDR)-mediated knock-in

system with BaitD. (A) Schematic design of a donor plasmid for precise integration of EGFP

into the gap43 locus (Ensembl transcript number ENSORLT00000015837). A linker sequence is

located between a left homology arm (HA) and EGFP to increase the flexibility of the fusion

protein, the endogenous GAP43, and EGFP. The 3’ terminal AGG and the 5’ terminal CCT (red

letters) indicate a protospacer adjacent motif (PAM) sequence in BaitD. After the Cas9-mediated

cleavage at BaitD of the donor plasmid and the genomic target site, which is shown as lightning

bolt signs, the green fluorescent protein (GFP) reporter cassette is seamlessly integrated into the

second exon of the gap43 locus via HDR. (B) GFP expression in the injected embryos at 4 days

postfertilization. Embryos injected with the donor plasmid expressed GFP in their central nervous

system (CNS). White arrowheads show fluorescence in the CNS. HAs, homology arms.



FIGURE 9.10 Schematic overview of nonhomologous end joining (NHEJ-), microhomology-

mediated end joining (MMEJ-), and homology-directed repair (HDR)-mediated gene knock-in.

(A) The NHEJ-based knock-in. No homology arms (HAs) are required, but various types of indel

mutations are often generated (shown as striped boxes). (B) The MMEJ-based knock-in. Micro-

homologies (usually less than 40 bp) are required. (C) The HDR-based method. Long HAs

(w500 bp) are required. GOI, gene of interest.
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challenging. Taking into account that NHEJ is highly error prone, it is better to
integrate the donor templates with promoter into noncoding or untranslated
genome regions.

MMEJ was identified as a new DNA repair pathway later than NHEJ and
HDR, and, in this method, the short homologous sequences (microhomology:
10e40 bases) around the DNA DSB region are annealed and the injured DNA
strands are repaired (McVey and Lee, 2008). As shown in Fig. 9.10B, the
microhomologies in the donor plasmid are annealed with the same sequences
flanking the DSB site, and the DNA fragment edged by the microhomologies
is then integrated into the chromosome. Although the MMEJ-mediated knock-
in requires a molecular cloning step for insertion of the microhomologies into
both edges of the knock-in fragment, the length of the microhomologies is
extremely short. Therefore they can simply be added by a single PCR without
amplification from genomic DNA. In contrast to the NHEJ-mediated knock-in,
the advantage of the MMEJ-mediated knock-in is that it allows us to regulate
the direction of the insert fragment. Thus the use of the MMEJ-mediated gene
knock-in has expanded in cultured cell lines, zebrafish, and frogs (Xenopus
laevis) as a simple gene knock-in method, which is known as the precise
integration into the target chromosome (PITCh) system (Nakade et al., 2014;
Sakuma et al., 2016).

HDR is an error-free DNA repair pathway that utilizes the homologous
sequences of the intact sister chromatid as the template for DSB healing,
which is activated in an independent manner from NHEJ and MMEJ. Because
of its accuracy, HDR (previously termed HR) has been used for the conven-
tional gene knock-in/out in embryonic stem cells (Tong et al., 2010; Davis
et al., 2009). The donor plasmid suited for HDR carries HAs that lead to
seamless and accurate integration of the desired fragments into the DSB region
(Fig. 9.9A), which is common in the MMEJ-mediated knock-in method.
However, the HDR-mediated knock-in method requires much longer HAs
(w500 bp) than those of MMEJ-mediated knock-in (10e40 bp), indicating
that time-consuming effort is required to construct the donor plasmid used for
HDR.

The CRISPR-based knock-in technology diversifies quite frequently, which
has both advantages and disadvantages. Therefore researchers should select
the current appropriate technology for the efficient generation of their desired
knock-in medaka. The choice of method largely depends on whether in-frame
knock-in such as fusion of a tag to the ORF of interest or introduction of a
point mutation into the coding region is required. When these homology-
dependent insertions are not needed, the NHEJ-mediated knock-in is a bet-
ter choice due to its ease of donor plasmid construction. In contrast, in the case
of in-frame knock-in, the used of methods via MMEJ or HDR are recom-
mended. For efficient knock-in in medaka, HDR would be more suitable than
MMEJ because it was reported that the MMEJ-based PITCh system induced
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knock-in with significantly lower efficiency in medaka compared to those
reported in cultured cell lines, zebrafish, and frogs (Nakade et al., 2014;
Sakuma et al., 2016; Murakami et al., 2017). However, the HDR-mediated
knock-in method has not become popular in medaka compared to the
NHEJ-mediated targeted mutagenesis because of the laborious donor template
construction. A large portion of DSBs is generally repaired via NHEJ; thus a
slight modification is needed to overcome this problem. Recently, successful
trials have been reported for switching the DSB repair pathway from NHEJ to
HDR by suppressing key NHEJ molecules such as KU70, KU80, and DNA
ligase IV in rats and cell lines (Chu et al., 2015; Ma et al., 2016). Future
research may reveal that the combination of these molecules with the HDR-
mediated gene knock-in system can facilitate seamless gene modifications in
medaka.

Advantages, difficulties, and prospects for research on transgenic
and genome editing in medaka

As indicated earlier, powerful tools such as transgenic and genome editing are
available for medaka studies. Furthermore, by taking advantage of the char-
acteristics of medaka as shown next, we can apply unique approaches that
would be difficult to utilize with other experimental animals. In the following
paragraphs, we will briefly introduce the advantages of medaka for research
and potential future prospects.

The first advantage is that medaka have small amounts of tissue, allowing
us to analyze the entire tissue easily, such as the pituitary for neural projection
analysis by immunohistochemistry (Nakajo et al., 2018; Hodne et al., 2019)
and the retina for clonal analysis (Kromm et al., 2016). By using light-sheet
microscopy (selective plane illumination microscopy or digital single lens
mirrorless) and confocal microscopy, it is possible to scan a large portion of
the tissue without disrupting its structure. In combination with optical clearing
such as Scale (Hama et al., 2011) or CUBIC (Susaki et al., 2014), light-sheet
microscopy allows for a deeper observation of the tissue, which helps us view
the broader picture. In most cases, the use of medaka strains that genetically
lack chromatophores (Wakamatsu et al., 2001) may provide better results.
Recently, methods for enhanced in vivo imaging in medaka by optimized
anesthesia and the removal of pigmentation have been reported (Lischik et al.,
2019). The methods described here can allow for clearer observation of
existing GFP/RFP transgenic lines. On the other hand, for detailed analysis at
the cellular level, the preparation of tissue sections is necessary, as described in
the next chapter. The small size of the tissue also makes it easier to perform
in vitro imaging. For instance, Ca2þ imaging using the whole brain (discussed
in the next chapter) and live imaging of germ cells using the ovarian epithelial
tissue (Nakamura et al., 2010) have been reported.
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The second advantage is that organ cultures and primary culture protocols
have been established for some organs. For example, the entire pituitary or
isolated cells can be cultured (Kayo et al., 2019; Ager-Wick et al., 2018). The
entire ovary or isolated ovarian follicles can be cultured in a medium, and the
cultured follicles are physiological enough to exhibit ovulation after gonado-
tropin stimulation (Pendergrass and Schroeder, 1976; Ogiwara et al., 2010). It
is reported that testicular tissue can be cultured in vitro and that spermato-
genesis can be induced (Saiki et al., 1997). By combining these organ culture
techniques with transgenic and genome-editing technologies, the medaka can
provide a convenient experimental model for understanding molecular
mechanisms of the biological phenomena at both tissue and organ levels.

The third advantage is that the behavior can be observed easily and clearly.
In particular, the patterns of sexual behavior are well defined (Ono and
Uematsu, 1957; Walter and Hamilton, 1970), and several papers that combine
a genetic approach and behavior have been published (Okuyama et al., 2014;
Yokoi et al., 2015, 2020). In addition, through the evaluation of anxiety and
social behaviors of knockout medaka, the functions of neurotransmitters have
been examined (Ansai et al., 2017). Moreover, semi-automated behavioral
analysis systems that can be applied to medaka makes behavioral analyses
easier (Tomihara et al., 2021).

On the other hand, some experimental techniques have not been fully
applied due to the small tissue size. Fiber optic techniques such as fiber
photometry and optogenetics are difficult to use at present because the small
size of the medaka brain makes it difficult to accurately locate optical fibers.

For more precise temporal/spatial expressional regulation, conditional
genetic modification using site-specific recombination systems such as the
Cre-loxP and FLP/FRT systems are widely used in mice and other model
organisms. Recent studies revealed that they can also be used in medaka
(Fig. 9.8; Ishikawa et al., 2018; Kishimoto et al., 2016). In addition, expres-
sional induction using a heat-shock promoter can be used in the embryo and
larvae of medaka (Kirchmaier et al., 2013; Okuyama et al., 2013; Shimada
et al., 2013). However, fewer such findings have been reported in adults
(Kobayashi et al., 2013). On the other hand, in our case, nitroreductase/
metronidazole, which is used to ablate specific cells in the presence of drugs
(Bridgewater et al., 1995), did not work in the neurons or pituitary cells of
adult medaka (Kanda and Takahashi, personal communication). However,
other conditional genetic tools have been developed and used in other model
species such as Gal4/UAS and Tet On/Off systems. By making the most of the
techniques described in this chapter and those under development, the medaka
will become an ever more useful model animal.
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Medaka as a powerful model animal for research fields
of reproduction

As we mentioned in the previous chapter, medaka is one of the most useful
model species in terms of genetic manipulation due to its resourceful genome
database and biological features for the application of gene-editing tools. In
this chapter, we will describe how medaka is suitable for research in neuro-
endocrinology, especially in the study area of reproduction. As indicated in the
previous chapter, medaka have a short life cycle (hatching within 2 weeks after
fertilization) and grow up to be reproductive within 2e3 months when raised
in long daylight conditions (14 h of light/10 h of dark), which means they are
regarded as seasonal breeders. Their reproductive status is also controlled at
w27�C by daylight conditions (long day: reproductive, short day: nonrepro-
ductive). Moreover, medaka show very typical patterns of sexual behavior or
courtship behavior and they spawn 10e20 fertilized eggs every day (normally
in the beginning of the light period). Each component of their sexual behavior
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sequence is as follows. First, a sexually mature male medaka follows or chases
a female individual and represents courtship behavior by quickly circling in
front of the female (quick circle). If the female is responsive to the male’s
courtship, the male holds the female’s body by its anal fin (clasping), which is
followed by simultaneous spawning (Ono and Uematsu, 1957; Walter and
Hamilton, 1970). This stereotypical pattern of sexual behavior enables us to
analyze the timing and duration of each step of their reproductive behavior,
success rate, and even sexual motivation of both males and females (Ikawa
et al., 2017; Hiraki-Kajiyama et al., 2019). Therefore, by using medaka, we
can easily manipulate their reproductive states, obtain their eggs on a daily
basis, and quantitatively analyze their sexual behavior or courtship.

In contrast, the interspawning period of zebrafish is approximately
1.9e6 days, and we cannot control their reproductive state, suggesting that
they are opportunistic breeders (Lawrence, 2007; Uusi-Heikkila et al., 2012).
Taken together, these features related to reproduction indicate that medaka has
an advantage over zebrafish or other teleosts as a useful model species in the
study of reproductive systems, the so-called hypothalamicepituitaryegonadal
(HPG) axis regulation in coordination with sexual behavior.

Mechanisms of reproductive systems clarified by
histological and physiological analyses

For an understanding of neuronal systems, there are three important factors to
consider: localization of cell bodies, axonal projection, and synaptic signaling.
A neuron is localized in some specific nucleus (nuclei) in the central nervous
system, and it projects its neuronal fiber(s) (axons or dendrites) to target
cell(s). In addition, the neuron and its target cells express ligands and corre-
sponding receptors. When the neuron is excited, its ligands are released as
neurotransmitters from its terminal to the target cells (synaptic signaling).
Considering these complex features of the neuronal system, it is necessary for
neuroscientists to use various experimental methods to reveal each aspect of
the system and to understand the entire structure of neuronal circuits. For
example, to analyze axonal projection and localization of cell bodies, histo-
logical techniques such as immunohistochemistry (IHC) and in situ hybridi-
zation (ISH) are useful. In these methods, medaka brain samples are fixed so
that we can analyze “static” structure in a “dead” state. On the other hand,
physiological methods such as the patch clamp technique and Ca2þ imaging
are necessary to analyze neuronal activities in a “live” state. In addition,
hormonal assay or treatment normally provides data at an individual level.
Moreover, for further study to clarify neuronal systems and their functions, it
is very effective to apply knockout (KO) lines, which lack specific genes
coding neurotransmitters or their receptors of interest, and transgenic (Tg)
lines, which express green fluorescent protein (GFP) (fluorescence label) or
Ca2þ indicator in the target neurons. With a combination of these methods that

216 SECTION | 2 Other small freshwater fish



covers different biological levels (Table 10.1), we can acquire the entire pic-
ture of a neuronal system. In the following sections, we will show powerful
histological tools, hormonal assays, and physiological techniques that can be
applied to medaka.

Histological studies using medaka

Histological techniques such as IHC, ISH, and neuronal tracing have been
established and are commonly used in neurobiological fields. In addition,
recent establishment of Tg animals whose neurons of interest are specifically
labeled by fluorescent proteins such as GFP and red fluorescent protein (RFP)
provides us various insights into neuronal pathways. For medaka, almost all
histological methods established in mammals can be applied with some minor
modifications, and we use them for a variety of purposes. Here, we will
introduce the histological methods we usually employ in medaka, and their
features, merits, and demerits will be described (see also Fig. 10.1).

From histological data, we can obtain information on the localization of
neurons of interest, colocalization of other genes in the neurons of interest,
projection sites of the neurons, and interaction between the neurons and their
target cells in the brain. This is also the case with endocrine cells in the pi-
tuitary, so it is possible to analyze the localization of each pituitary-hormone-
releasing cell and the axonal projection to them from the brain.

For most histological analyses, we often use perfusion fixation and
cryosection. Perfusion fixation enables us to quickly and evenly fix the
tissue and to reduce the noise caused by hematocytes and serum. Here, we
introduce a general protocol from perfusion fixation to cryosectioning.

TABLE 10.1 Categories of experimental methods for medaka described in

this chapter.

Method Histology Hormonal assay Neurophysiology

Individual level B (larva/embryo) B e

Intercellular level B e B

Cellular level B e B

Live sample? No Yes Yes

Circles indicate that the method covers the biological level. Dashes indicate that the method is
usually not suitable. Histology enables us to analyze cellular localization and intercellular
connection such as neuronal projection. When we use larvae or embryos, we can obtain the data at
the individual level. Hormonal assay mainly represents phenomena at the individual level. For the
analyses at cellular-level functions, we dissect some specific tissue before the application of the
following techniques. Neurophysiology provides us with data of cellular-to-intercellular activities in
live cells/tissues. However, methods for the individual level such as in vivo imaging have not yet
been applied to medaka. Future study will provide us a novel neurophysiological strategy at this
level.
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Medaka are deeply anesthetized by MS-222 (SigmaeAldrich, St. Louis,
MO), and are pinned on styrofoam. Then, the hearts are carefully exposed by
forceps on the chamber for fixation. We use a glass needle prepared from a
glass capillary (G-1.5; Narishige, Tokyo, Japan) with a micropipette puller
(P-97; Sutter Instruments, Novato, CA). It is important to break the tip to
increase the flow of fixative before use. The needle is connected to a syringe
with an w80-cm-long silicone tube, and about 5 mL of fixative containing
4% paraformaldehyde in phosphate-buffered saline (PBS) is loaded into the
syringe (Fig. 10.2A). After air is expelled from the syringe, the needle is
inserted into the ventricle of the heart (Fig. 10.2B). After application of
slight pressure, the ventricle is inflated (Fig. 10.2C). With this pressure, the
needle is brought forward to the bulbus arteriosus, and the bulbus arteriosus
is inflated (Fig. 10.2D). Finally, we apply some more pressure to let the
fixative infuse throughout the body (Fig. 10.2E). We hold the needle until

Method

Info.     

A. Immunohisto-
chemistry

B. in situ 
hybridization

C. Single-
neuron labeling

D. GFP-labeled 
transgenic

Localization
(cell body) 
Projection

(fibers)
Specificity

Easy to 
apply?

Representative
photo

FIGURE 10.1 Comparison of histological methods for medaka described in this section. A

circle indicates that the method is applicable, while a cross indicates that the method is not

applicable. Triangles indicate that under certain conditions the method can detect the

cellular structures or can be suitable for the condition. In the lowest line, the representative

photos involving each method are shown. (A) Dual immunohistochemistry of green fluores-

cent protein (GFP) and isotocin (bar: 10 mm; Nakajo et al., 2018). (B) Dual in situ hybrid-

ization of gnrh1 and gpr54-1 (bar: 50 mm; Kanda et al., 2013). (C) Single neuron labeling by

biocytin in GnRH2-ir neurons in dwarf gourami (bar: 20 mm; Kanda et al., 2010). (D) Raw

GFP fluorescence of gnrh1:gfp transgenic medaka (bar: 100 mm; modified from Takahashi

et al., 2015). Note that single neuronal labeling can also be used in medaka, but, generally, it

is much easier and more effective to detect the neurons of interest using GFP-labeled

transgenic medaka. pit, Pituitary; POA, preoptic area; Tel, telencephalon. Photographs in

(A) and (C) are reprinted with permission of Oxford University Press, (B) is reprinted with

permission of PLOS, and (D) is reprinted with permission of John Wiley & Sons, Inc.

218 SECTION | 2 Other small freshwater fish



the entire body is fixated (w30 s), as determined from the color change of
the gill or tail (blood vessels usually turn pale white). Next, the entire brain
is excised in the tube filled with the same fixative for w10 min. For cry-
osectioning, we next put the fixated sample in 30% sucrose in PBS (2e6 h at
4�C) and embed it in 5% ultralow gelling temperature agarose (Sigmae
Aldrich)/20% sucrose/PBS in the small plastic mold. By embedding in this
agarose instead of a commercially available medium, we can easily adjust
the position of the sample in the mold. In addition, as the brains of fishes are
softer than those of mammals, this agarose mounting medium is superior for
sectioning compared to a mounting medium optimized to mammalian tis-
sues. The agarose blocks are rapidly frozen by dipping them in the chilled
n-hexane at �80�C and storing them until cryosectioning. After sections are
prepared as described, they are used in the following histological experi-
ments (Fig. 10.3A).

Ventral view

A

B

C D E

ForcepsGlass needle

4% PFA/PBS

Silicone tubeGlass needle

Medaka

50 ml syringe

Ventricle

bulbus arteriosus 

FIGURE 10.2 Protocol of perfusion fixation for medaka and other small-sized fish. (A)

Setup of perfusion equipment. A 50-mL syringe connected to a silicone tube and glass

capillary needle with its tip broken are used for this protocol. (BeE) Schematic illustration of

the method for inserting the pipette and perfusing fixative solution into the heart. First, the

medaka is oriented ventral side up with its heart exposed by forceps and the ventricle is

pierced with the glass capillary needle while holding the edge of the ventricle with forceps

(B). Next, slight pressure is applied by pushing the plunger of the syringe and the ventricle is

then inflated (C). After inflation of the ventricle, the pipette is moved gently toward the

bulbus arteriosus and its slight inflation is confirmed (D). With some additional pressure, the

bulbus arteriosus is inflated until it is balloon shaped. The needle is held with continuous

pressure for w30 s so that the whole body is fixed (E). Fixation level is confirmed when the

gill or tail turns pale. PBS, phosphate-buffered saline; PFA, paraformaldehyde.
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Immunohistochemistry

In the IHC protocol, specific antibodies (antiserum) for the target peptide
sequence are used. The target proteins are labeled not only in the cell body but
also in their neuronal fibers because, in general, proteins are translated in the
cell body and then transported throughout the fibers. Thus using the IHC
technique, we can understand both cellular localization and the projection sites
of the focused-upon neurons. Also, subcellular localization of the neuro-
transmitters and other molecules can be observed. We can apply both

IHC (EGFP-ir, Gpr54-1)IHC (EGFP-ir) / ISH (npb) IHC (GnRH1-ir) / Biocytin

A

B C D

Fish

Whole brain

Brain section
(cryosection)

Tracer (biocytin, etc.)

FIGURE 10.3 An overview of histological methods in medaka. (A) Workflow for preparing

medaka brain samples. First, the whole brain is excised from the fish. Next, using cryostat,

frozen sections of whole brain are made. The sample can be applied for various histological

methods. For anterograde/retrograde neuronal tracing, the tracer is inserted into the neu-

rons of interest or part of the brain or pituitary. (BeD) Representative photos using com-

binations of histological methods. (B) Dual labeling of immunohistochemistry (IHC) for

EGFP-ir and in situ hybridization for neuropeptide B using gpr54-1:gfp transgenic medaka

brain (bar: 50 mm; modified from Nakajo et al., 2018). (C) IHC using gpr54-1:gfp transgenic

medaka clearly shows that EGFP-ir (gpr54-1-expressing) neurons in the ventrolateral pre-

optic area (vPOA) create a bundle of their axons and heavily project to the pituitary (bar:

100 mm; modified from Nakajo et al., 2018). Note that only for the photograph in (C), sagittal

sections were used while for others frontal sections were used. (D) Retrograde tracing from

pituitary to vPOA of the brain clearly shows that some GnRH1-ir neurons are biocytin

labeled (arrowheads), suggesting that GnRH1 neurons project to the pituitary (bar: 25 mm;

Karigo et al., 2012). Photographs in (BeD) are reprinted with permission of Oxford University

Press.
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chromogenic and fluorescent signals for detection, and fluorescent signals are
useful for analyses of colocalization and functional connectivity.

In IHC analysis, the critical point is the specificity of antibodies against the
epitope. Without this verification, an antibody may experience cross-reactivity
with similar but different epitopes. When we first obtain or prepare some
antibodies (with the exception of the specificity of those that have already been
reported in the same species), we have to scrutinize the specificity. The easiest
way to accomplish this in medaka is to compare the immunoreactivity in KO
medaka with that in wild type. The other way is through an examination using
double labeling with ISH to check the colocalization of mRNA and immu-
noreactivity. After verifying the antibody’s specificity, IHC will be effective in
analyzing the neuronal pathways.

Likewise, when we generate a GFP (or other marker)-labeled Tg line, we
also have to check through dual labeling of IHC/ISH to determine whether
GFP-positive neurons are specifically colocalized with the signals of the target
gene (mRNA) (Fig. 10.3B; Takahashi et al., 2015; Nakajo et al., 2018). After
validating GFP (RFP)-labeled Tg lines, we can use commercially available
anti-GFP (RFP) antibodies (anti-enhanced [E]GFP antibody raised in rat,
catalog no. GF090R, Nacalai Tesque, Kyoto, Japan; anti-EGFP antibody raised
in rabbit, A-11122, Thermo Fisher Scientific, Waltham MA; anti-EGFP anti-
body raised in rabbit #598, Medical and Biological Laboratories Co., Ltd.,
Nagoya Japan; anti-RFP antibody raised in rabbit, code no. PM005, Medical
and Biological Laboratories Co., Ltd.). Since GFP (RFP) passively diffuses
throughout the labeled neurons, GFP (RFP) signals enhanced by GFP (RFP)-
IHC provide us with detailed morphological information, including their
projection sites (Fig. 10.3C).

In situ hybridization

Here, we describe the use of and some tips associated with the application of
ISH in medaka. For general protocols and principles of ISH, please refer to the
other sources (textbooks, websites, and papers; for example, see Mezache
et al., 2015). The first step of ISH is constructing the antisense RNA probe that
hybridizes to mRNA coding the target gene. In our protocol, DIG/fluorsecein-
labelled RNA probes transcribed from templates of PCR products or plasmids
are designed to be approximately 1000 bases in length. If the length of the
probe is shorter, the intensity of labeling becomes weaker. On the other hand,
longer probes may decrease their accessibility in the cells. Thus we sometimes
mix the probes that hybridize with different sites of the same target gene
to acquire stronger signals. ISH with w1000 bp antisense RNA probes is
generally more reliable than IHC without scrutinization because it has less risk
of cross-reactivity, except for cases in which the gene has a paralog whose
sequence shows high homology. Moreover, the sensitivity of ISH is generally
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higher than that of IHC in our cases. However, as mRNA signals can be
observed only in the cell body of neurons, it does not provide information on
axonal projection of those neurons. Given these properties, ISH is useful for
the analysis of (co-)localization of gene(s) at the cell-body level.

Single-cell labeling and tract tracing using axonal transport

Based on IHC results, multiple axonal fibers can be labeled so densely that we
cannot distinguish fibers originating from a single neuron. In such cases, small
molecular weight substances such as Neurobiotin (Vector Laboratories, Bur-
lingame, CA), biocytin (SigmaeAldrich), Lucifer yellow (Thermo Fisher
Scientific, Waltham, MA), and cobaltic lysine (see Bazer and Ebbesson, 1984
for details) enable analyses of neuronal morphology and axonal projection at
the single neuron level. For example, we often inject these molecules through
the glass micropipette to label the entire morphology and a single neuron after
electrophysiological recordings. Before the establishment of GFP-labeled Tg
medaka lines, single-cell labeling in combination with IHC used to be a
common method for post hoc identification of recorded cells by the patch
clamp technique (see later) (e.g., Oka and Matsushima, 1993; Kanda et al.,
2010). Besides, Neurobiotin, biocytin, and cobaltic lysine can also be used for
anterograde and retrograde tracing. Although, to the best of our knowledge,
anterograde tracing of neurons using medaka has not yet been reported, there
are some reports using large fish (Oka et al., 1986; Shiga et al., 1989; Ito et al.,
2003). For instance, Shiga et al. demonstrated retinal projections in the brain
of hime salmon by removing an eyeball and injecting cobaltic lysine into the
cut end of optic nerves. On the other hand, for retrograde tracing of cells of
origin projecting to the pituitary in medaka, a biocytin crystal was inserted into
the pituitary, which was retrogradely transported to label hypophysiotropic
neurons and their axons (Fig. 10.3D; Karigo et al., 2012).

Conventional histological staining

In addition to the aforementioned gene/protein-specific labeling methods,
conventional histological staining is also widely used. For instance, hema-
toxylin and eosin (HE) staining is used to observe the morphology of various
tissues. To date, histology of the body organs and nomenclature of nuclei in the
brain have been intensively studied and documented (http://theses.vet-alfort.fr/
Th_multimedia/medaka/htm/intro/introa/fishes.htm, https://shigen.nig.ac.jp/
medaka/medaka_atlas/index.html).

To examine the sexual maturation of the individual or to compare matu-
ration level between wild-type and some KO medaka, we perform HE staining
of the gonads of each fish using the following method. The gonads are fixed
with Bouin’s solution and dehydrated with a series of ethanol soluitions with
ascending concentrations and cleared with xylene, followed by paraffin
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embedding and sectioning. Then, the sections are stained by HE. After that,
gonadal-stage or germ-cell development is identified by comparing the HE-
stained sections of gonads and the foregoing reference (Takahashi et al.,
2016; Kayo et al., 2019; Nakajo et al., 2018).

The present scheme of HPG axis regulation clarified by
multidisciplinary analyses in vertebrates

As an example of a study using adult medaka, we will introduce how the
mechanism of the HPG axis regulation has been revealed mainly by histo-
logical and physiological approaches in combination with genetic tools. Since
Geoffrey Harris first put forward the conception that the hypothalamus con-
trols the pituitary gland by some neurohumoral transmission at the end of
1940s, the search for a “hypothalamic releasing factor” was under way (Harris,
1948; Watts, 2015). After the discovery of gonadotropin-releasing hormone
(GnRH) at the beginning of the 1970s (Amoss et al., 1971; Schally et al., 1971;
Matsuo et al., 1971), HPG axis regulation has been intensively studied. Thus
this neuroendocrine system for regulation of gonadal maturation is so far
considered to be common throughout vertebrates. GnRH, which consists of 10
amino acids (decapeptide), is released from GnRH neurons localized in the
basal hypothalamic and/or ventral preoptic area (POA). Many previous studies
have shown that GnRH neurons in mammals project to the median eminence
and release GnRH peptide which is then transported via the portal vessels,
while those in teleosts project directly to the pituitary (hypophysiotropic) and
release GnRH there, and GnRH peptide facilitates the release of two types of
gonadotropins, follicle-stimulating hormone (FSH) and luteinizing hormone
(LH), from the pituitary (Pineda et al., 2010; Karigo et al., 2014; Juntti and
Fernald, 2016; Herbison, 2016). To date, it is generally agreed that GnRH
neurons form the final common pathway for HPG axis regulation throughout
vertebrates, although a recent analysis using KO medaka of gnrh, fshb, and lhb
showed there are some differences between mammals and teleosts in terms of
FSH/LH functions and GnRH regulation on them (Kanda, 2019).

Since the GnRH neurons lack a subtype of estrogen receptor (Esr) that is
essential for feedback regulation (Esr1), the existence of neurons that express
Esr1 and regulate GnRH neurons has been assumed in mammals for some
time. In the early 2000s, a novel neuropeptide, kisspeptin, which is the
endogenous ligand of an orphan G protein-coupled receptor, Gpr54, was
identified, and there has been a growing body of evidence showing that it plays
a crucial role in the HPG axis regulation in mammalian species (Kotani et al.,
2001; Ohtaki et al., 2001; Han et al., 2005; Pineda et al., 2010; Herbison,
2016). In mammals, hypothalamic kisspeptin-expressing neurons (Kiss1
neurons) coexpress Esr1 and show clear estrogen sensitivity (Franceschini
et al., 2006; Smith et al., 2006; Adachi et al., 2007; Dungan et al., 2007;
Frazao et al., 2013). Kiss1 neurons release Kiss1 peptide and regulate GnRH
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neurons directly via kisspeptin receptor Gpr54, which is expressed in GnRH
neurons in an estrogen-dependent manner. Consistent with these histological
and physiological findings, genetic studies have demonstrated that loss of
function of Kiss1 or Gpr54 in mammals, including humans, causes severe
infertility due to deficiency of gonadal development derived from the lack of
expression and/or release of FSH/LH (de Roux et al., 2003; Funes et al., 2003;
Seminara et al., 2003; Franceschini et al., 2006; Smith et al., 2006; Dungan
et al., 2007; D’anglemont de Tassigny et al., 2007; Frazao et al., 2013).
Furthermore, it has been revealed that the kisspeptin-related genes, which
consist of kiss1/2 and gpr54-1/2, are highly conserved (at least either paralog)
among almost all vertebrates except birds. In addition, estrogen sensitivity of
kisspeptin neurons are also highly conserved (Lee et al., 2009; Akazome et al.,
2010; Um et al., 2010; Servili et al., 2011; Tena-Sempere et al., 2012; Kim
et al., 2012; Kanda and Oka, 2012, 2013; Kanda et al., 2012).

Differences between mammals and teleosts in terms of function of
the kisspeptin neuronal system and HPG axis regulation

Against this background, many researchers using nonmammalian species,
especially teleosts, have tried examining possible kisspeptin functions on HPG
axis regulation. However, many of these studies have shown different results
from those in mammals. Recent ISH studies using different teleost species such
as the African cichlid (Astatotilapia burtoni) (Grone et al., 2010), the European
sea bass (Dicentrarchus labrax) (Escobar et al., 2013), and medaka (Kanda
et al., 2013) have clearly demonstrated that GnRH1 neurons lack expression of
gpr54 mRNA, which is one of the essential properties of GnRH neurons to be
controlled by kisspeptin neurons in mammals. Moreover, recent studies using
gene-editing tools have shown that kisspeptin-related gene KO zebrafish (Danio
rerio) and medaka are fertile (Tang et al., 2015; Nakajo et al., 2018). Further-
more, our previous study confirmed that in vivo kisspeptin administration via
intracerebroventricular and intraperitoneal pathways on wild-type goldfish did
not alter serum LH concentration (Nakajo et al., 2018). Taken together, a
growing body of evidence has demonstrated that the kisspeptin neuronal system
is not involved in HPG axis regulation in teleosts (Fig. 10.4).

Another difference in the kisspeptin neuronal system and HPG axis
regulation is the existence/absence of pulsatile release of GnRH and LH and
the contribution of kisspeptin neurons. It has been reported that pulsatile
release of GnRH and LH is required for folliculogenesis in mammalian spe-
cies. Because kisspeptin-related gene KO mice exhibited disrupted LH pulse
and normal folliculogenesis, kisspeptin is considered to be essential for LH
pulse generation in mammals (Smith et al., 2006; Adachi et al., 2007; Dungan
et al., 2007; Ohkura et al., 2009; Okamura et al., 2013). In contrast, recent
studies regarding the HPG axis regulation in medaka and zebrafish have
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suggested that GnRH and LH are essential for ovulation but not for folli-
culogenesis (Takahashi et al., 2016; Liu et al., 2017). Furthermore, the
occurrence of LH pulses has not been reported in any nonmammalian species,
and LH has been demonstrated to be dispensable for folliculogenesis in tel-
eosts (Takahashi et al., 2016; Liu et al., 2017). Therefore, animals that do not
show LH pulse may not require kisspeptin regulation of GnRH neurons, which
is consistent with the fact above that GnRH neurons lack Gpr54 in teleosts
(Grone et al., 2010; Escobar et al., 2013; Kanda et al., 2013). Considering
these findings and the fact that avian species have survived without the kiss-
peptin neuronal system, it should be natural to consider that kisspeptin effects
on GnRH neurons are only limited to mammals.

FIGURE 10.4 Schematic illustrations for the hypothalamicepituitaryegonadal (HPG) axis

regulation and kisspeptin neuronal system in mammals and teleosts. In mammalian species

(left), it has been generally accepted that hypothalamic kisspeptin (Kiss1) neurons, which

possess estrogen sensitivity to receive gonadal estrogen signals by coexpression of estrogen

receptor a (ERa), directly stimulate gonadotropin-releasing hormone (GnRH) neurons via a

kisspeptin receptor, Gpr54. In turn, GnRH neurons stimulate the release of two types of

gonadotropins, follicle-stimulating hormone (FSH) and luteinizing hormone (LH), in the

pituitary. On the other hand, in teleost species (right), the kisspeptin neuronal system is

involved in the regulation of neither hypophysiotropic GnRH neurons nor gonadotrophs.

Nevertheless, hypothalamic estrogen-sensitive Kiss1 neurons are common between mammals

and teleosts, suggesting some important common roles of Gpr54-expressing neurons. Here, to

find the significance of the Kiss1 neural system in nonmammals, our recent study analyzed

the Kiss1-Gpr54-1 system in medaka by various methods and suggested that some of the

Gpr54-1-expressing neurons are neuropeptide B (Npb) neurons.
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Various novel functions of the kisspeptin neuronal system in
teleosts

Unlike in mammals, the involvement of the kisspeptin neuronal system in
HPG axis regulation seems to be absent in nonmammalian species, at least in
teleosts (Kanda, 2019). Therefore a recent study involving medaka searched
for the possible biological functions of kisspeptin neurons in teleosts (Nakajo
et al., 2018). In this study, the histological and physiological analysis of the Tg
medaka whose gpr54-1-expressing neurons are specifically labeled by GFP
demonstrated the following novel functions of the kisspeptin neuronal system.
First, it was demonstrated that the Kiss1 neuronal system is involved in the
regulation of the neurons that express neuropeptide B (Npb), another neuro-
peptide. RNA sequencing of gpr54-1-expressing cells suggested that those
neurons express npb, and this result was confirmed by dual labeling of IHC for
GFP (Gpr54-1) and ISH (npb). Furthermore, dual IHC data showed that Npb/
Gpr54-1-expressing neurons in POA heavily project to the pituitary, and their
axons are intertwined with those of isotocin/vasotocin (orthologous products
of mammalian oxytocin and vasopressin, respectively) releasing neurons at the
pituitary. These results suggested the possible involvement of the Kiss1 system
in the regulation of isotocin and vasotocin release via Npb. Another previous
study involving sea bass reported that the kisspeptin neuronal system may
regulate neurotransmitters such as neuropeptide Y, somatostatin, and dopa-
mine, suggesting that there is a variety of functions of the kisspeptin neuronal
system (Escobar et al., 2013).

In conclusion, for understanding the kisspeptin neuronal system, in spite of
the differences between mammals and nonmammals as for HPG axis regulation,
medaka made a substantial contribution as a powerful nonmammalian model
animal. The medaka is not only useful for histological and neurophysiological
studies but also for hormonal assays as described in the following sections.

Endocrine studies using medaka

In animals, hormones play an important role in communication among organs.
They are produced mainly by the endocrine glands, released into the blood-
stream, and received by distant target organs as signal molecules. Thus,
concentration of the hormones in the blood has been measured for improving
physiological and pathological understanding. Moreover, artificial control of
hormones involving the surgical removal of the endocrine glands and/or
administration of hormones has also been widely used to analyze the physi-
ological role of hormones. However, to date, such techniques have been used
mainly in large animals. Here, we introduce techniques of hormonal mea-
surement and manipulation in medaka, which, unlike large fishes, is also
amenable to genetic tools.
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Surgery and blood sampling

Surgical removal of the endocrine glands is a classical method of experimental
biology. To our knowledge, the first study that applied surgery to medaka dates
back to over 80 years ago (Nagata, 1936), in which the ovary was surgically
removed (ovariectomy, OVX). In this paper, the abdominal incision was not
surgically sutured, and only 15% of the OVX medaka survived post-
operatively. Today, the survival rate after OVX has been dramatically
improved (90%e100%) by suturing the abdomen with very thin nylon thread
(Kanda et al., 2008). The methods of OVX as an example of surgeries in
medaka are as follows.

OVX involves three sequential steps: abdominal opening, removal of
the ovary, and surgical suturing. First, a medaka is anesthetized by 0.02%
MS-222, and its abdomen is incised using a razor. Next, the ovary is
pinched and removed by fine forceps with super-thin tips (e.g., Dumont
Forceps #5; Manufactures D’Outils Dumont SA, Switzerland). Finally, the
abdomen is sutured using very thin nylon thread (diameter, 20e30 mm). For
at least 2 days postoperatively, the medaka should be kept in tank water
containing 0.9% NaCl, with an osmolarity close to that of medaka’s bodily
fluids.

Blood is one of the most commonly used samples for hormonal assays. To
collect the blood, we use puncture needles made from glass capillaries
(1.0e1.5 mm outer diameter and 0.6e0.9 mm inner diameter), which are
similar to the glass micropipettes used for microinjection. To allow smooth
flow of the collecting blood, the needle’s tip should be moderately broken with
forceps. Next, this glass needle is connected to a commercially available
aspirator tube assembly for microcapillary pipettes (Fig. 10.5). Note that this
assembly can be replaced with a silicone tube that fits the outer diameter of the
glass capillary. For blood sampling, a medaka is anesthetized and placed under
a dissecting microscope. The inside of the glass needle prepared as described
here is coated with an anticoagulant such as heparin sodium solution and
inserted into the caudal vein while applying slight negative pressure by suction
from the mouthpiece or the end of the silicone tube (Fig. 10.6). When the
needle reaches the vein, blood starts to flow into the glass needle. Collected
blood retrieved from the glass needle can be collected quantitatively using a
capillary micropipette. In many assays, serum will be isolated to reduce the
effect of hematocytes. If the volume of the collected blood is small, it is
possible to use whole blood in the following assay instead of serum after
confirming that the blood does not cause artifacts in the following assays.
Quantitative analyses of hormones can be performed with a suitable method
such as enzyme-linked immunosorbent assay (ELISA) or radioimmunoassay.
Also, there are several methods for measuring small molecules such as glucose
(Hasebe et al., 2016).
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Hormonal analysis of sex steroid hormones

Sex steroid hormones are typically made in the gonads and regulate sexual
characteristics and the reproductive system. These hormones have a common
molecular structure among species, and thus we can quantitate the amount of
sex steroids in medaka using commercial products such as ELISA kits. Here,
we introduce a study that analyzed the concentration of 17b-estradiol (E2),
which is one of the major sex steroid hormones in vertebrates, in the blood
using the techniques described previously (i.e., blood sampling and OVX)
(Kayo et al., 2020). Blood E2 concentration of the sexually mature female

Negative pressure by suction

FIGURE 10.6 Blood collection steps.

adaptor

suction port

silicone tube

puncture needle made from
glass capillary

FIGURE 10.5 Blood collection instrument.
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medaka was measured at 4e13 ng/mL while that of the male medaka was
1e2 ng/mL. According to the previous studies using other teleosts, some
teleosts in the breeding season showed blood E2 concentration close to that of
the female medaka under breeding conditions: rainbow trout, 6e30 ng/mL
(Zohar et al., 1986); Nile tilapia, 5e25 ng/mL (Tacon et al., 2000); and bit-
terling, 5e12 ng/mL (Shimizu et al., 1985). In contrast, others showed rela-
tively low E2 concentrations of around 5 ng/mL: goldfish (Kobayashi et al.,
1988) and goby (Kaneko et al., 1986).

Kayo et al. also reported that, depending on the method of E2 administration,
the kinetics of blood E2 concentration in medaka are different. Some previous
studies involving medaka used three methods of E2 administration: feeding
(100 ng/day), water exposure (10 nM), and intraperitoneal implantation (25 mg
in L1*W1*H1 [mm] silicon block/individual) (Kanda et al., 2011; Hasebe et al.,
2014; Karigo et al., 2012). According to these studies, Kayo et al. performed
those three methods and demonstrated that all three groups of E2-administrated
medaka showed a transient increase in E2 concentration (see Kayo et al., 2020
for details). In E2 feeding, the average blood E2 concentration showed values
approximately 2.5e8.35 times higher than that in intact female medaka after 4 h
(33.4 � 19.3 ng/mL) that then decreased at 24 h (2.2� 0.9 ng/mL). Surpris-
ingly, medaka exposed to the water containing 10 nM (2.72 ng/mL) E2 for 4 h
showed much higher concentration of blood E2 (100.1 � 33.4 ng/mL) than the
surrounding water did. These results may suggest bioconcentration, which in-
dicates that some substance in the body could have absorbed and accumulated
E2. The medaka implanted with silicon blocks containing E2 also showed a
higher concentration of blood E2 compared to normal physiological levels, and
the E2 concentration remained high 24 h after administration under this con-
dition. Although it may be possible to mimic the physiological concentration of
E2 in female medaka by using a lower dose of E2 silicon, it is difficult to imitate
the diurnal fluctuation of E2 in female medaka. If one implants an E2 block in
fish twice or more, these surgeries may cause severe physical damage to the
experimental fish. Thus in our experience, the feeding administration of E2 may
be the most convenient and appropriate method for manipulating the circulating
E2 in female medaka.

Finally, to analyze the time course of the decrease in endogenous blood E2
after OVX, the concentration of blood E2 in OVX female medaka was
measured (Fig. 10.7). Female medaka one or more days after OVX showed a
concentration of 0.3e0.5 ng/mL of blood E2, which is significantly lower than
that of intact females (w7 ng/mL). These results demonstrate that endogenous
E2 was almost completely removed within 24 h.

These findings may help future analyses using OVX and E2 administration
with medaka in combination with genetic modifications. For instance, some
studies using both methods have been reported (Takahashi et al., 2016; Kayo
et al., 2019). Moreover, recent work shows that castration of the male medaka
drastically decrease endogenous 11-ketotestosterone, which is the most potent
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and prevalent androgen in fish, within 24 h (Royan et al., 2020). These methods
and previous data will help us utilize medaka for endocrinological analyses and
research that aims to measure and/or manipulate other hormones in the blood.

Neurophysiological studies using medaka: patch clamp
recording and calcium imaging

Introduction to the neurophysiological analysis

Neurophysiological analysis provides important information on living neurons
and endocrine cells. In in vitro neurophysiological studies, brains or ganglions
are dissected from animal bodies, and their cellular activities are recorded in
artificial spinal cord fluid. Unlike experiments using fixed tissues, this tech-
nique enables a direct analysis of living neuronal circuits. Moreover, in a
comparative analysis of recordings from animals under different physiological
or environmental conditions, prolonged changes in neural activities due to
these differences may be observed.

Here, we introduce two widely used neurophysiological methods in
medaka: electrophysiology and imaging with useful indicators. Electro-
physiology indicates electrical states (membrane potential, excitability, etc.)
of cells. One of the electrophysiological techniques, patch clamp recording,
enables us to record fast neural activity of a single cell (in ms) (Table 10.2,
left). Since the duration of the action potential is a few ms, this technique is
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FIGURE 10.7 Most of endogenous 17b-estradiol (E2) has been cleared in 24 h after

ovariectomy (OVX) in female medaka. Time changes in blood E2 concentration after OVX.

More than 24 h after OVX, blood E2 concentrations were as low as the average for males

(Dunnett’s test, compared with intact; **, P < .01; ***, P < .001). Data are shown as

mean� SEM (n[ 5).Modified from Kayo, D., Oka, Y., Kanda, S., 2020. Examination of methods

for manipulating serum 17beta-Estradiol (E2) levels by analysis of blood E2 concentration in

medaka (Oryzias latipes). Gen. Comp. Endocrinol. 285, 113272, with permission of Elsevier.
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suitable for precise analysis of the changes of membrane potential and/or
occurrence of firings (action potentials). Furthermore, a patch clamp can
record the specific ion current flowing through a cell membrane. On the other
hand, imaging shows changes of intracellular concentration of the “target
molecule (Ca2þ, cAMP, etc.)” (Odaka et al., 2014; Tsien, 1989) or can
indicate pH or membrane potential of a cell (Knopfel and Song, 2019;
Miesenbock et al., 1998) by using specific fluorescence probes. Among
various imaging methods, Ca2þ imaging has been widely used. Because the
release of most neurotransmitters and hormones occurs in a Ca2þ-dependent
manner, intracellular concentration of Ca2þ is a good indicator of neuro-
transmitter/hormone release. One big advantage of Ca2þ imaging over a
patch clamp is that it records multiple cells within the field of the imaging
camera at once (Table 10.2, right). Moreover, since, in principle, it is rela-
tively resistant to the animal movements compared to a patch clamp, in vivo
Ca2þ imaging is often used in studies of larval zebrafish (Barker and Baier,
2015; Wee et al., 2019). Although Ca2þ imaging offers those advantages, the
speed of Ca2þ imaging is limited by the speed of the camera or the time
required for conformational changes of the Ca2þ indicator. Thus, it is not
suitable for observing events in the ms order. Another obvious disadvantage
of Ca2þ imaging is that it usually represents relative changes during the
experiments, which means that we cannot compare the absolute Ca2þ con-
centrations among different individuals. For instance, we can evaluate the
effects of drugs on neurons of interest, but it is difficult to compare their
spontaneous activities between breeding and nonbreeding seasons through
Ca2þ imaging.

Neural activity analyzed by patch clamp recordings

A patch clamp is used to record electrical activities of a single cell through a
glass pipette with a tip diameter ofw1 mm. The pipette is attached to the target
cell for recording under a microscope. Infrared differential interference

TABLE 10.2 The difference between patch clamp and Ca2þ imaging.

Type of recording Patch clamp Ca2þ imaging

Information Action potential
Neurotransmission
Activity of ion channel

Neuropeptide/hormone release

Time scale >milliseconds >tens of milliseconds

Multicellular recording No Yes

in vitro/in vivo in vitro in vitro/in vivo (larval zebrafish)
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contrast microscopy enables researchers to find the cell located deep in the
brain or brain slices. When GFP Tg animals are used, the cell of interest can be
found easily by fluorescence microscopy.

Among several modes of patch clamp recordings, we often use the loose-
cell patch clamp mode and the whole-cell mode in the neuroendocrinological
studies of medaka. The loose-cell patch clamp recording only provides the
timing of the firings, but it is less invasive to the cells. On the other hand, the
whole-cell patch clamp mode provides more detailed electrophysiological
information on a single cell, such as absolute membrane potential and inputs
of small excitatory/inhibitory synaptic potential. Furthermore, we can isolate
specific ion currents by arranging internal/external solution and membrane
potentials for detailed electrophysiological analyses.

High-frequency firing of GnRH1 neuron in the afternoon
stimulates LH cells

Next, we will explain how patch clamp recordings in medaka have contributed
to the understanding of the HPG axis. Since medaka, a daily spawner, was
suggested to possess a diurnal rhythm of hormonal release in the HPG axis,
Karigo et al. examined time-of-day change of firing of GnRH1 neurons (Karigo
et al., 2012), which is supposed to form the final common pathway for HPG axis
in vertebrates (Knobil and Neill, 1994). They made a whole brain in vitro
preparation of gnrh1:egfp female medaka at six time points (4-h intervals) of the
day and recorded activities of GnRH1 neurons in loose-cell patch clamp mode.
They found that GnRH1 neurons show a high-frequency firing in the afternoon,
which may be similar to a phenomenon observed in mammals (Christian et al.,
2005). In peptidergic neurons, including GnRH1 neurons, high-frequency firing
is suggested to induce neuropeptide release (van den Pol, 2012). Given that the
axons of GnRH1 neurons terminate in the pituitary, it was suggested that
GnRH1 neurons release GnRH1 peptides in the pituitary in the afternoon. In
addition, Strandabø et al. demonstrated that LH cells change their firing activ-
ities after the application of a GnRH agonist (Strandabø et al., 2013). Taken
together, high-frequency firing of GnRH1 neurons may trigger a large amount of
LH release, an LH surge, in the afternoon in medaka.

Application of patch clamp recording to nonhypophysiotropic
GnRH neurons

Patch clamp recording also advanced the understanding of nonhypophysiotropic
GnRH neurons. Terminal nerve GnRH3 (TN-GnRH3) neurons, which express
one of the gnrh paralogs, gnrh3, are suggested to modulate sexual behaviors via
neuropeptide release (neuromodulation) (reviewed in Umatani and Oka, 2019).
These neurons in the adult animals almost always show regular pacemaker
activities (Fig. 10.8A; Oka and Matsushima, 1993; Kanda et al., 2010), and their
pacemaker firings are also modulated by various auto/paracrine or synaptic
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inputs (Abe and Oka, 2000; Kiya and Oka, 2003; Haneda and Oka, 2004;
Wayne and Kuwahara, 2007; Nakane and Oka, 2010; Saito et al., 2010; Umatani
et al., 2013). Most of these experiments could be performed without using Tg
fish because TN-GnRH3 neurons were easily identified by their characteristic
location and large cell bodies compared with surrounding cells. On the other
hand, with the advent of Tg techniques, we were able to identify TN-GnRH3
neurons even in the embryo and to analyze their activities with the aid of their
GFP fluorescence. A study using gnrh3:EMD (modified GFP) zebrafish
demonstrated that TN-GnRH3 neurons in a 2e3-day postfertilization embryo
show various firing patterns (Ramakrishnan et al., 2010). In addition, another
study reported that TN-GnRH3 neurons in juvenile medaka show spontaneous
high-frequency (burst) firing more frequently than do those in adults by using
whole-cell patch clamp recording (Fig. 10.8B; Umatani and Oka, 2018).
Because the frequency of this juvenile-specific burst firing was high enough to
release neuropeptides, juvenile TN-GnRH3 neurons are suggested to release
neuropeptides more frequently than the adult ones do.

Hormone/neuropeptide release clarified by Ca2D imaging

Ca2þ imaging, another neurophysiological technique, enables us to capture the
change of intracellular Ca2þ concentration ([Ca2þ]i) as an increase/decrease in
the intensity of a fluorescence probe. Because hormone or neuropeptide release
mediated by exocytosis is triggered by Ca2þ (Purves, 2008), the increase in
[Ca2þ]i indicates the occurrence of secretion. Before the development of the Tg
techniques, fluorescent [Ca2þ]i indicators based on Ca2þ chelators, such as
Quin2, Fluo3/4, Rhod2, and Fura2 generated by R. Y. Tisen (Tsien and Rink,
1980; Grynkiewicz et al., 1985; Minta et al., 1989), had been the only indicators
of the [Ca2þ]i. Among them, Fura2 is a ratiometric fluorescent dye, which
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FIGURE 10.8 Terminal nerve gonadotropin-releasing hormone (GnRH) neurons show

different firing patterns between juveniles and adults. (A) A representative spontaneous

activity in adult medaka. Almost all of the terminal GnRH neurons show pacemaker activity

(w1 Hz). (B) A representative spontaneous activity in juvenile medaka. About 60% of ter-

minal nerve GnRH neurons show burst firing at 3 weeks after fertilization.
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changes the exitation spectrum after the binding of Ca2þ rather than its intensity.
With this property, it minimizes the effects of uneven loading, focus drift,
photobleaching, and varying cell thickness. With the advent of Tg techniques, it
became possible to load Fura2 in the tissue of a GFP Tg medaka to perform
Ca2þ imaging of GFP-labeled cells because the excitation wavelength of Fura2
is different from that of GFP (Fig. 10.9; Hasebe and Oka, 2017; Umatani and
Oka, 2018). In addition, a more recent development of protein-based [Ca2þ]i
indicators (inverse pericam [IP], GCaMPs, RCaMP, etc. (Nagai et al., 2001; Tian
et al., 2009; Chen et al., 2013; Inoue et al., 2015)) enables a more precise
analysis of genetically defined cells. On top of that, these genetically encoded
indicators are less invasive than fluorescent dyes, since they do not require a
loading process with detergent. Thus, in vivo imaging of hormone or neuro-
transmitter release may be possible in the future.

In addition to the electrophysiological approaches, Ca2þ imaging in medaka
has also contributed to the study of HPG axis regulation. By using lhb:IP
medaka, Karigo et al. showed that GnRH1 application induced [Ca2þ]i increase
in LH cells (Karigo et al., 2014). In addition, electrical stimulation of axonal
fibers of GnRH1 neurons or glutamate-induced high-frequency firing of GnRH1
neurons increased [Ca2þ]i in LH cells (Karigo et al., 2014; Hasebe and Oka,
2017). Thus it is suggested that high-frequency firing of GnRH1 neurons re-
leases GnRH1 peptides and that these peptide releases induce an LH surge. On
the other hand, the relationship between GnRH1 neurons and FSH release in
teleosts was different from that in mammals. Although GnRH1 application
increased [Ca2þ]i in FSH cells in the experiments using fshb:IP medaka, this
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FIGURE 10.9 Imaging of specific neurons by using green fluorescent protein (GFP) trans-

genic medaka and Fura2. (A) The cell bodies of juvenile terminal nerve GnRH3 neurons

(4 weeks after fertilization). Fura2 was loaded into the whole brain, and the regions of interest

(ROI, dotted circle) were selected while referring to GFP. (B) The ratio (l340/l380) of Fura2-

fluorescence intensity was transiently increased after puffer application of glutamate (each

trace represents the average of four neurons). Glutamate was applied using a puffer pipette at

the point indicated by the arrow. Scale bar: 20 mm. Modified from Umatani, C., Oka, Y., 2018.

Juvenile-specific burst firing of terminal nerve GnRH3 neurons suggests novel functions in addition

to neuromodulation. Endocrinology 159, 1678e1689, with permission of Oxford University Press.
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increase was slower and lower than that in LH cells. In addition, a recent study
reported that FSH is released indirectly by GnRH1 application (Hodne et al.,
2019). Because the uncaging of Ca2þ in an LH cell induced hyperpolarization of
the membrane potential in the neighboring FSH cell, it was suggested that FSH
cells respond to GnRH1 indirectly through gap junctions between LH and FSH
cells. However, gnrh1�/� medaka showed a normal expression of FSH and had
mature follicles (Takahashi et al., 2016). These results suggested that gnrh1�/�

medaka release FSH at a sufficient quantity for folliculogenesis. In summary,
Ca2þ imaging of gonadotrophs played an important role in the analysis of the
mechanism underlying LH surge by GnRH1 release although the meaning of the
[Ca2þ]i increase in FSH cells by GnRH1 remains a mystery.

Neurophysiology advanced the understanding of
neuroendocrinological regulation of reproduction

Neurophysiological studies using patch clamp recording and Ca2þ imaging
clarified the cellular mechanism of LH surge induction. The techniques
introduced here can be utilized on the other neurons and endocrine cells as
well as cells involved in the HPG axis regulation. For instance, they have been
applied to the analysis of neurons involved in behaviors or homeostasis
(Ramakrishnan and Wayne, 2009; Kanda et al., 2010; Umatani and Oka, 2018;
Nakajo et al., 2018; Kikuchi et al., 2019). As described earlier, we can easily
conduct cell-specific neurophysiological experiments using Tg medaka.
Therefore medaka may be a suitable animal for neurophysiological approaches
that contribute more to the study of neuroendocrinology.

Medaka provides clues to the understanding of general
mechanisms of reproduction in teleosts and even in
vertebrates

Understanding of mechanism of HPG axis regulation in medaka
and teleosts

In this chapter, we introduced several methods used in medaka from the
cellular to the whole-body level. Since such multidisciplinary analyses could
not have been used in other nonmammalian species, the results and insights
from medaka have provided novel information on the ongoing research in
other teleosts. In addition, the understanding of the mechanisms in one clade
also provides us with an opportunity to compare the mechanism with that of
the other clades of species. In our case, the understanding of the HPG axis
regulation in a teleost, medaka, made it possible to compare it to that of
mammals as described earlier. Such a comparison may help us understand not
only the evolution of the mechanism, but also why human beings have a
system that is unlike that of teleosts.
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Difference of reproductive strategies and their underlying
mechanismsdprolific teleosts and less prolific mammals

Here, we hypothesize that the difference in the mechanism of HPG axis
regulation between teleosts and mammals underlies their degree of prolificity
(greater in teleosts). Interestingly, hypothalamic and pituitary components in
the HPG axis regulation, such as kisspeptin, GnRH, and FSH/LH, are mostly
conserved as molecules/genes in vertebrates. In spite of this solid conser-
vation as molecules/genes, kisspeptin does not play a role in the regulation of
GnRH in teleosts, and even gonadotropins play slightly different roles in
teleosts and mammals. It is important to note that kisspeptin neurons, which
contribute to reproductive regulation only in mammals, play important roles
in the generation of LH pulse, which is observed only in mammals as well. In
other words, mammals have acquired generation mechanisms of pulsatile LH
release, which contributes to folliculogenesis in addition to FSH. This pul-
satile release of LH is directly regulated by kisspeptin neurons and GnRH
neurons; it may enable fine tuning of folliculogenesis by modulating the
neuronal activity of kisspeptin neurons in the hypothalamic nucleus, arcuate
nucleus. In fact, the firing activity of arcuate kisspeptin neurons, which has
been proved to be the essential component of the pulse generator, is
modulated by many factors such as stress and nutrition conditions in mam-
mals (Castellano and Tena-Sempere, 2013; Grachev et al., 2013). This fine
tuning of folliculogenesis may be advantageous in the less prolific system of
mammals.

Interestingly, mammals show cellular colocalization of FSH and LH in
the pituitary, which retains the situation immediately after the gene dupli-
cation of fshb and lhb in the early vertebrate lineage. On the other hand, FSH
and LH are expressed in separate cell populations in teleosts, which enables
the completely separate regulation of FSH and LH release (Nozaki et al.,
1990; Miranda et al., 2001; Yaron et al., 2001, 2003; Kanda et al., 2011;
Fontaine et al., 2020). Such separate release of FSH and LH may contribute
to the separate regulation of folliculogenesis and ovulation in teleosts,
respectively, which may be advantageous to the regulation of prolific gonads.
Although the relationship between the reproductive strategies and the un-
derlying regulatory mechanisms is still hypothetical, further studies using
medaka may enable an explanation of the merits of their systems in the
prolific strategy.

Toward understanding of a general mechanism of neuroendocrine
systems in vertebrates by taking advantage of medaka

Needless to say, experimental results from a single species of animal may
not be applied to the entire clade to which it belongs. To lead to a consensus
in teleosts, findings from medaka should be compared with the results of
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other teleosts. As described in the previous chapter, the accumulating in-
formation in zebrafish is important because medaka and zebrafish are
phylogenetically distant among teleosts: zebrafish and medaka branched
around 250 million years ago (mya), while teleosts emerged 283 mya
(Betancur et al., 2013).

Especially in the field of neuroendocrinology, there are many advantages of
medaka when compared to other teleosts as described earlier. However, many
of these advantages are not limited to the field of neuroendocrinology, and the
techniques established for medaka may also be applicable to other small fishes.
It is our hope that much more researchers will take advantage of adult medaka
and established techniques in the near future.
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applications
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Israel

Introduction

There are more than 1200 killifish species, which populate almost every
continent aside from Australia and Antarctica. Most killifish are small fish
with an average size of 2.5e7 cm, and can be roughly divided into short-lived
annual species and longer-lived nonannuals. Killifish are members of the
Cyprinodontiform order, also known as “toothcarps,” an order of ray-finned
fish that includes several families (such as Aplocheilidae, Nothobranchiidae,
Cyprinodontidae, Fundulidae, and others) (Nelson et al., 2016; Scheel, 1990).
In recent years, the annual African turquoise killifish (Nothobranchius furzeri)
has emerged as an exciting model system for experimental vertebrate aging
due to its naturally compressed lifespan, rapid sexual maturity, embryonic
diapause (a mechanism for survival during the dry season), and short gener-
ation time (Cellerino et al., 2015; Harel and Brunet, 2015; Kim et al., 2016;
Platzer and Englert, 2016) (Fig. 11.1). These life history traits are probably an
adaptation to its seasonal habitat, ephemeral water pans in southeast Africa,
primarily Zimbabwe and Mozambique, where water is available only during
the brief rainy season (Cellerino et al., 2015; Harel and Brunet, 2015; Kim
et al., 2016; Platzer and Englert, 2016) (Fig. 11.2A). The turquoise killifish
was first collected in 1968 in the Gonarezhou National Park (Zimbabwe). The
inbred GRZ strain, named after the name of the park GonaReZhou (which
means “Place of Elephants” in the local Shona dialect) is presently the most

* Equal contribution.
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FIGURE 11.1 The life cycle of the turquoise killifish Nothobranchius furzeri, including the two common developmental trajectories. Left: In the wild, during the

brief rainy season, the eggs from the previous year hatch and the fry rapidly reach sexual maturity, mate, and lay a new batch of eggs. These eggs will then enter a

developmental arrest state called diapause, which commonly lasts for several months and protects the embryos during the dry season. Less common developmental

trajectories, such as “diapause skipping” in the wild, or diapause that lasts for several years, are also possible and described elsewhere (Cellerino et al., 2015).

Center: In the lab, the “diapause skipping” trajectory is largely preferred for practical reasons, and its primary stages and accompanying timeline are described.

Although diapause can occur in three separate stages (diapause I, II, and III), the most common state is diapause II. A bias toward the “diapause skipping” trajectory

can be achieved in the lab by controlling incubation temperatures (see the “Breeding strategies for genome engineering, including egg collection and incubation”

section). Note that diapause I (dispersed phase) uncouples epiboly from gastrulation. Right: After approximately 3 weeks, fish reach sexual maturity. Male fish are

larger and more colorful than the females. After a few months, old fish can display various signs of aging, including loss of muscle mass (i.e., sarcopenia)

accompanied by bending of the spine (i.e., kyphosis), a global loss of pigmentation (or aberrant pigmentation patterns, as seen here in the tail), delayed wound

healing (as seen here in the gills of the female), opaque lens, etc. dpf, days postfertilization.
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FIGURE 11.2 (A) The natural habitat of the turquoise killifish are ephemeral pans in Zimbabwe and Mozambique (left). In the lab, fish are housed in water

recirculating systems (middle). An example of a young and an old male turquoise killifish (right). Although old fish can display various signs of aging, fish usually

display only a subset. Here, loss of muscle mass (i.e., sarcopenia), a global loss of pigmentation, and an opaque lens are visible. (B) An efficient and rapid genome

engineering pipeline for generating stable mutant fish lines in the turquoise killifish, including a detailed timeline. gRNA, guide RNA; WT, wild type. Photo credits:

Itamar Harel. Panel (B) is adapted with permission from Harel, I., Valenzano, D.R., Brunet, A., 2016. Efficient genome engineering approaches for the short-lived

African turquoise killifish. Nat. Protoc.
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widely used laboratory strain. In this chapter we describe up-to-date husbandry
guidelines to establish a large-scale killifish colony. We further provide
detailed protocols for efficient genome engineering approaches (i.e. CRISPR/
Cas9 and Tol2 strategies), which include reagent selection and synthesis,
microinjection, genotyping, and troubleshooting.

As the most diverse group of vertebrates, fish species display extreme
differences in the rate of life history traits, including lifespan. Interestingly,
maximal lifespan between species is manifested as a continuum on a loga-
rithmic scale, with more than a 1000-fold difference between extremes. On
the one hand, the rockfish and the Greenland shark can live for several
centuries (Nielsen et al., 2016; Tacutu et al., 2018), and on the other hand, the
turquoise killifish and pygmy goby live for only several months (Cellerino
et al., 2015; Depczynski and Bellwood, 2005; Harel and Brunet, 2015;
Kim et al., 2016; Platzer and Englert, 2016). Aging has been studied in
several fish species, either in comparative or experimental models, including
salmon (Carney Almroth et al., 2012; Maldonado et al., 2000, 2002),
zebrafish (Almaida-Pagan et al., 2014; Anchelin et al., 2013; Cardona-Costa
et al., 2009; Gilbert et al., 2014b; Henriques et al., 2013; Kishi et al., 2003; Li
et al., 2020; Novoa et al., 2019; Wang et al., 2019), medaka (Ding et al.,
2010; Gopalakrishnan et al., 2013), as well as other annual killifish species
(Markofsky and Milstoc, 1979; Walford and Liu, 1965; Wang et al., 2014).
However, the lack of genetic and genomic tools for annual killifish, and the
relatively long lifespan of other fish models, has limited large-scale explo-
ration of aging and age-related diseases in fish.

Aging represents the primary risk factor for many human pathologies,
including cardiovascular and neurodegenerative diseases, cancer, and diabetes
(Niccoli and Partridge, 2012). Therefore an exciting approach for treating or
postponing the onset of these pathologies, and thus extending human health-
span, is slowing down the aging processes (Lopez-Otin et al., 2013). Tradi-
tionally, the study of aging has been primarily conducted in nonvertebrate
model organisms, particularly yeast (Saccharomyces cerevisiae), worm
(Caenorhabditis elegans), and fly (Drosophila melanogaster), which are
naturally short-lived and are magnificent genetic models (Lopez-Otin et al.,
2013). Using these models, seminal aging studies have identified evolutionary
conserved aging-related pathways, such as the insulin/insulin-like growth
factor (IGF) and target of rapamycin pathways (Kenyon, 2010). However, as
nonvertebrates, these models lack vertebrate-specific organs and systems (e.g.,
blood, bones, and an adaptive immune system), as well as many key genes,
which are involved in human aging and age-related pathologies (e.g., IL8 and
APOE) (Harel et al., 2015). Although vertebrate model systems, particularly
the mouse (Mus musculus) and zebrafish (Danio rerio), have been utilized for
genetic studies of aging and related disease, their relatively long lifespan has
significantly limited their use (maximal lifespan of mice and zebrafish is 3e4
and 5 years, respectively (Tacutu et al., 2018)). Thus a new experimental
vertebrate model was required for exploring and understanding the principles
of vertebrate aging.
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As is apparent from comparative aging studies, vertebrates age in a similar
manner, just at a different pace (Austad, 2010; Harel and Brunet, 2015; Ram
and Conn, 2018; Singh et al., 2019). Similarly, old turquoise killifish exhibit a
classical range of aging phenotypes that are seen in humans and other verte-
brates (Fig. 11.2A) (Fillit et al., 2010; Ram and Conn, 2018), including decline
in fertility (Di Cicco et al., 2011; Harel et al., 2015), in wound healing and
regeneration (Wendler et al., 2015), and in mitochondrial (Hartmann et al.,
2011) and cognitive functions (Valenzano et al., 2006a). Additional histo-
pathological markers include accumulation of lipofuscin in the liver (Terzibasi
et al., 2008), upregulation of glial fibrillary acidic protein (GFAP) in the brain
(Tozzini et al., 2012) (a marker of neuroinflammation), and increased in-
cidences of neoplastic lesions (Genade et al., 2005; Terzibasi et al., 2008).

Importantly, the lifespan of the turquoise killifish can be manipulated by
conserved interventions such as dietary restriction, temperature, and drug
treatments (Baumgart et al., 2016; Terzibasi et al., 2009; Valenzano et al.,
2006a, 2006b), as well as by the gut microbiota (Smith et al., 2017). In
addition to exploring aging, the turquoise killifish possesses many experi-
mental advantages, including an XY-based sexual determination system
(Reichwald et al., 2015; Valenzano et al., 2009), embryonic diapause (Hu
et al., 2020; Reichwald et al., 2015), which is common in other annual killifish
(Podrabsky and Hand, 1999; Romney et al., 2018), and active migration of
blastomeres prior to gastrulation (Dolfi et al., 2019; Naumann and Englert,
2018; Wourms, 1972). Finally, the availability of distinct wild populations and
wild-derived laboratory strains with different characteristics (Terzibasi et al.,
2008) has allowed for the genetic mapping and evolutionary studies of traits,
(including color, sex, and lifespan (Cui et al., 2019; Kirschner et al., 2012;
Reichwald et al., 2009, 2015; Valenzano et al., 2009, 2015)), as well as
extensive ecological studies (Bartakova et al., 2020; Garcia and Reichard,
2020; Polacik et al., 2017; Vrtilek et al., 2018).

Recent advances in genomics and genome engineering approaches have
provided efficient and reliable ways to generate precise edits to the genome of
a wide range of organisms. This powerful ability, which has been traditionally
reserved for a handful of classical model organisms, is now widely accessible
for basic and translational research. Initial steps in developing genome engi-
neering for the turquoise killifish were established by applying Tol2-based
transgenesis, which allows for random integration and expression of exoge-
nous genes in a temporal and tissue-specific manner (Allard et al., 2013; Harel
et al., 2016; Hartmann and Englert, 2012; Valenzano et al., 2011). More
recently, two transformative projects were completed in the killifish model
organism: a comprehensive genome engineering platform for high-throughput
genome editing using CRISPR (clustered regularly interspaced short
palindromic repeats) (Harel et al., 2015, 2016) (Fig. 11.2b), and the comple-
tion of the back-to-back turquoise killifish genome projects, which provided
important information for experimental and evolutionary studies (Reichwald
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et al., 2015; Valenzano et al., 2015). Additionally, the highly inbred GRZ
strain (Harel and Brunet, 2015; Kim et al., 2016; Valdesalici and Cellerino,
2003) facilitates reference genome assembly, genome engineering, and pro-
vides a point of reference among different laboratories using the turquoise
killifish.

The ability to efficiently and precisely edit endogenous genes is essential
for any experimental genetic model organism. The CRISPR/Cas9 genome
engineering tool has revolutionized the ability to edit the genomes of multiple
model and non-model organisms (Cong et al., 2013; Jinek et al., 2012; Mali
et al., 2013, and reviewed in Hsu et al., 2014). In brief, the Cas9 nuclease is
guided by a short guide RNA (gRNA) molecule to a specific genomic locus.
There, this ribonucleoprotein complex will generate a double strand break
(DSB), which will then be repaired by the error-prone nonhomologous end
joining (NHEJ), or by the more accurate homology-directed repair (HDR)
(reviewed in Ran et al., 2013). As NHEJ is imprecise, it frequently introduces
base-pair addition or deletions, commonly referred to as indels. These indels
facilitate the generation of loss-of-function or “knockout” alleles by causing a
frameshift mutation, or by deleting large genomic regions when using gRNAs
in tandem. On the other hand, HDR repairs the DSB by using a homologous
DNA template, and thus can be used to introduce novel sequences into
the genome, also known as a “knock-in” (Doudna and Sontheimer, 2014;
Heidenreich and Zhang, 2016).

As already mentioned, this system was recently developed for the killifish
model, which allowed for the high-throughput generation of knockout and
knock-in alleles in multiple aging and disease genes (Harel et al., 2015, 2016;
Harel and Brunet, 2015). Together with the availability of a fully sequenced
genome, this platform has transformed killifish into a powerful genetic model
system for experimental aging research in the lab (Harel et al., 2015, 2016;
Harel and Brunet, 2015). For example, knocking out the protein subunit of
telomerase has allowed us to generate the fastest vertebrate model for a human
age-associated telomere syndrome (e.g., dyskeratosis congenita). Overall,
taking advantage of the turquoise killifish’s short generation time allows for
the generation of stable lines in as quickly as 2e3 months (Harel et al., 2015,
2016; Harel and Brunet, 2015). Since then, this approach was successfully
used for generating additional genetic models, such as for exploring diapause
(Hu et al., 2020), regeneration (Wang et al., 2020a), and Parkinson’s disease
(Matsui et al., 2019). In this chapter we describe up-to-date guidelines to
establish a large-scale killifish facility, including housing and water parame-
ters, food, breeding strategies, hatching and rearing of fry, and long-term
storage of embryos. We describe in detail updated protocols for efficient
genome engineering approaches (including CRISPR/Cas9 and Tol2 strategies),
which include reagent selection and synthesis, microinjection, genotyping, and
troubleshooting.
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Large-scale husbandry (including water systems and water
parameters)

In contrast to other laboratory fish species, the African turquoise killifish
(similar to other annual killifish) undergoes a compressed lifecycle, including
an “explosive” growth period, rapid sexual maturity (Dodzian et al., 2018;
Harel et al., 2016; Vrtilek et al., 2018), and high fecundity, which requires
specific husbandry adaptations. Several protocols have been developed for
killifish housing (Dodzian et al., 2018; Harel et al., 2016; Polacik et al., 2016),
and here we provide detailed step-by-step adaptations with the focus on
genome engineering, lifespan, and aging studies. Additional husbandry
considerations are extensively discussed in Chapter 12. Furthermore, as a
vertebrate model organism, care and experimental use of turquoise killifish
must be approved by and adhere to relevant institutional ethics guidelines.

Housing and water parameters

For reproducible lifespan experiments, constant housing parameters are very
important. The turquoise killifish can be housed in commercially available
water recirculating systems with a 12 h light/dark cycle (Harel et al., 2016;
Smith et al., 2017). Optimal water temperatures range between 26 and 28�C,
neutral pH (7e7.5), and water changes of approximately 10% per day are
important to maintain water quality (Dodzian et al., 2018; Harel et al., 2016).
It is advised that water will be reconstituted from reverse-osmosis (RO) water,
added with commercial marine salt, and sodium bicarbonate for adjusting pH.
As commonly used in other aquatic species, the water filtration system should
include (1) filtration of large solid particles; (2) a biofilter where ammonia is
converted to nitrites and nitrates by bacteria; (3) fine mechanical filtration; and
(4) UV sterilization. Ammonia, nitrite, and nitrate levels (see “Materials”
section) should be monitored frequently.

As the natural habitat of turquoise killifish is mostly ephemeral pans, this
fish is relatively hardy and can tolerate a wide range of water parameters
(including a range of temperatures, oxygen levels, pH, and salinity) that
naturally occur in its seasonal habitat. Similar to its frequently murky and
stagnant habitat, the killifish is comfortable in dimmer lighting (such as sub-
dued ceiling lighting), relatively slow water flow (approximately 5e10 L/h),
and higher salinity when compared to freshwater fish (commonly
700e2000 mS). Importantly, dimmer lighting reduces algae growth in water
tanks, and higher salinity can inhibit velvet disease caused by a parasitic
dinoflagellate Oodinium.

Male turquoise killifish are largely territorial; thus it is advised that for
optimal growth rate, each tank should house a single male with 1e3 females.
Although males that are cohoused can demonstrate aggression (Garcia and
Reichard, 2020), if grown together from hatching, aggressive behavior is
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repressed in some cases. Fish may be housed in 1, 3 or 10 L tanks, with 1e3 L
tanks to be used for individual fish housing in lifespan experiments. Killifish
are excellent jumpers, therefore to decrease the possibility of strain contami-
nation, lidded tanks and proper labeling are strongly advised. For detailed
information regarding the diagnosis and treatment of common fish killifish
diseases see Chapter 12, as well as “Diseases of Zebrafish in Research
Facilities” from the Zebrafish International Resource Center: https://zebrafish.
org/wiki/health/disease_manual/start.

Food

Feeding strategies are discussed in Chapter 12, and here we will briefly
mention recommended approaches for optimal fecundity (which is essential
for egg collection and genome engineering) and aging studies. Fecundity is
highly dependent on food quality and availability, and according to our pro-
tocol, peak fertility is reached at 7e9 weeks of age. To optimally support the
accelerated growth and rapid sexual maturity (approximately 3e4 weeks
posthatching), food consumption is largely higher when compared to other
laboratory fish. Therefore at least two feedings per day with high-quality food
should be provided. Recently, several commercially available dry food pellets

were successfully tested in killifish (Harel et al., 2016; �Zák et al., 2020),
paving the way to simpler and more standardized housing. Dry food should be
supplemented with live/frozen food such as brine shrimp (Artemia salina) or
blood worms (Blazek et al., 2013) (note that live and frozen blood worms can
harbor potential pathogens, and a trusted source is recommended). Fry subsist
on brine shrimp until the age of 2 weeks. A small amount of dry food may be
given to 1-week-old fry as training but not as a primary food source.

Breeding strategies for genome engineering, including egg
collection and incubation

In optimal conditions, the life cycle (from “egg to egg”) of the turquoise
killifish is 7e9 weeks. Embryonic development in the turquoise killifish is
largely nonsynchronous and requires both aquatic and nonaquatic conditions,
thus a more “hands-on” approach is required for breeding when compared to
other fish models. Normal development from fertilized egg to hatching usually
spans 3e4 weeks; however, developmental dormancy through the alternative
diapause trajectory can also take place (such as in lower incubation temper-
atures or in older females) and can largely be avoided by keeping the eggs at
28�C and by breeding young mating pairs. To stimulate embryos to exit
diapause a heat-shock treatment could be used, see “Reagent setup and
additional protocols” section. There are two main breeding strategies: breeding
for strain maintenance and breeding for microinjection and genetic manipu-
lation (which is time sensitive).
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Male killifish could be aggressive; therefore it is advised to select a male
that is slightly younger and a similar size to the female. When splitting the fish
prior to mating, it is advised to keep them in eye contact, such as by using a
divider in a 10 L tank or by placing them in two adjacent regular tanks. For
injections, plan for a yield of 100e300 eggs according to the observed
fecundity in the colony. Crossing 10e20 females is usually sufficient. Cell
division in the fertilized eggs is fairly slow, and two-cell stage is observed after
3e4 h. Therefore mating could be allowed for a longer period of time (4e5 h).
Fish can be set up for mating weekly, and as frequently as every 3e4 days
(Blazek et al., 2013; Podrabsky, 1999). The first few crosses would be mostly
for training and might yield a lower number of eggs. Mating using sand trays is
more natural for the turquoise killifish, although breeding tanks could be used
after fish have been trained to use them. It is important to wash and autoclave
sand before using it for the first time and before it is recycled for subsequent
uses.

Breeding and embryo incubation for microinjection and genetic
manipulation

1. Split males and females in separate tanks at least 2 days before mating.
Preferably, keep them separated until mating.

2. On the morning of injection, set up several breeding groups (one male
with two to three females) of sexually mature (w2-month-old) fish using
3 or 10 L tanks.

3. Place plastic trays (w10 cm in diameter, 4e6 cm in depth) filled with
2 cm of sand for the fish to lay eggs in for 2e5 h.

4. To separate the eggs from the sand, empty the sand tray into a strainer by
partially submerging a strainer in a secondary water container using cir-
cular motions to let the sand fall through. Killifish eggs are w1.2 mm,
therefore use a strainer with 0.6 mm hole size.

5. Collect fertilized eggs (or embryos) using a standard plastic Pasteur
pipette with the tip cut off. Keep embryos in a 6 cm Petri dish, which can
be kept in Yamamoto’s embryo solution (Harel et al., 2016) or autoclaved
system water (Dodzian et al., 2018). In our protocol we have used
Ringer’s solution (RS) supplemented with methylene blue (called meth-
ylene blue solution) as the basis for all embryo solution (see “Reagent
setup and additional protocols” section). Injections should start within
1e2 h for embryos to be at the single-cell or two-cell stage. See the
“Microinjection” section below.

6. For disinfecting embryos postinjection, continue to the “Reagent setup
and additional protocols”. If high mortality is observed, try disinfecting
embryos within 24 h after injection to increase survival (see the “Dis-
infecting embryos by iodine” and “Reagent setup and additional pro-
tocols” sections).
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7. After injection, keep embryos in 6 cm Petri dishes with 5 mL of methy-
lene blue solution (see the “Reagent setup and additional protocols”
section) at a density of up to 50 embryos per dish, and monitor daily for a
week. Remove damaged eggs or unfertilized (stained by methylene blue).

8. Incubate embryos at 28�C to increase synchronous embryonic develop-
ment in 6 cm plates. Replace weekly with 5 mL of fresh methylene blue
solution. Remove dead or unfertilized eggs.

9. Keep embryos in solution for 1e2 weeks until black eyes are visible, and
proceed to transferring the embryos to a moist solid substrate.

10. Add moist coconut fiber (washed and autoclaved, see the “Reagent setup
and additional protocols” section) to the bottom of the 6 cm Petri dishes,
and compress it to a flat surface (approximately 0.5 cm deep) using a
clean paper towel. Alternatively, moist filter paper can replace the coconut
fiber (Dodzian et al., 2018).

11. Using a Pasteur pipette, transfer developed embryos (with black eyes)
from the methylene blue solution to the Petri dish containing coconut
fiber. Minimize transfer of liquid to keep the plate humid, but not wet.
Close the lid of the Petri dish, seal with parafilm to prevent drying, and
keep at 28�C. Retain undeveloped embryos in methylene blue solution
and monitor their development for 1e2 weeks until they are ready to be
transferred. Otherwise, proceed to heat-shock, see the “Reagent setup and
additional protocols” section

12. Keep embryos spread apart, with up to w50 embryos per 6 cm plate.

Breeding for maintenance

Similar to their natural habitat, killifish embryos require incubation of
w2 weeks in aqueous solution and w2 weeks on a humid substrate. This
period could be extended if fish enter diapause. In breeding for line mainte-
nance, the approaches are largely similar, yet less time sensitive, and thus will
be discussed in brief. There have been several protocols for line maintenance
(Dodzian et al., 2018; Harel et al., 2016; Polacik et al., 2016), and their ad-
vantages are discussed in Chapter 12.

Hatching of injected eggs and rearing of fry

The growth rate of fry is highly dependent on the density in which they are
placed. Here, we present the maximal density that allows normal growth of the
fish. At lower densities, growth is faster (Dodzian et al., 2018). Different
approaches for hatching are discussed in Chapter 12.

1. After 2 weeks, transfer all the developed embryos (with golden eyes) from
the coconut fiber, using a cut plastic Pasteur pipette, into cold (4�C) humic
acid (Dodzian et al., 2018; Harel et al., 2016); for preparation see the
“Reagent setup and additional protocols” section. This could be done in a
0.8 L fish tank filled to approximately 1 cm in depth, and placed on the
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bench. Alternatively, hatching can be done in a 28�C incubator (Dodzian
et al., 2018).

2. To improve oxygen supply, provide aeration with a standard aquarium air
pump connected to a tube with an air stone.

3. A day after, fill the tank with an addition of 1:1 system water (or auto-
claved water with equivalent salinity) on top of the humic acid, and feed
fry daily with freshly hatched brine shrimp. Repeat for 3e4 days. Be sure
to remove the dead artemia that the fry have not eaten. The buildup of
ammonia from dead artemia may damage the fry.

4. When embryos are hatched prematurely, the majority could end up as
“belly-sliders” (i.e., embryos that have not successfully inflated their gas
bladder), and many will die. Therefore retain unhatched embryos in solid
substrate, and try to hatch them a week later. An alternative is to put the
nonhatched embryo in a new cold humic acid solution after 24 h.

5. At 7 days posthatching, separate fry in groups of up to 10 in 1.8 L tanks
using a 400 mm fry screen. Place tanks in the main water system, using a
slow drip of water flow for several hours to slowly acclimate the fry.

6. Feed twice per day with brine shrimp until 2 weeks of age.
7. At 2 weeks of age, replace with 850 mm fry screen and split fish up to five

in a 3 L tank.
8. Once sexually mature (3e4 weeks posthatching), separate into breeding

families. Alternatively, for lifespan assays, individually house fish in a
1.8 L tank.

9. Feed adult fish 2e3 times a day with dry food supplemented with live/
frozen food (such as brine shrimp or blood worms).

10. See the following table for a brief summary:

Housing

Age 0e7 days 7e14 days 14 days-
maturity
(3e4 weeks)

Mature
(>3e4 weeks)
breeding

Mature
(>3e4 weeks)
lifespan

Housing
density

<30 in a
0.8 L tank
(out of the
system)

<10 in a
1.8 L tank

<5 in a 3 L
tank

<3 in
a 3 L tank

1 in a
1.8 L tank

Tank
screen

None 400 mm 850 mm None None

Feeding

Brine
shrimp

Exclusively Mainly Yes Supplemental
only

Yes

Dry
food

None Small
amount
for training
only

Yes Primarily Yes

Feeding
frequency

Once a
day

Twice
a day

2e3 times
a day

2e3 times a
day

2e3 times
a day
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Reagent setup and additional protocols

Embryo solution

Yamamoto’s embryo solution (Harel et al., 2016) or Ringer’s solution could be
used to maintain embryos. Here, we describe the procedure for Ringer’s so-
lution. Dissolve two RINGER tablets/L (Millipore) in double distilled water
(DDW). Methylene blue (100 mL/L) should be added to the Ringer’s solution
(2.3% wt/vol stock solution) to limit parasitic infection. The solution could be
kept at room temperature for 2 weeks protected from light. Alternatively,
autoclaved system water with methylene blue could be used.

Coconut fiber preparation

Presoak coconut fiber with distilled water and autoclave. Once cooled, squeeze
out water (keeping it moist, but not dripping), and keep in closed containers at
room temperature, or at 4�C for later use (use within a few weeks). Alterna-
tively, moist filter paper can replace the coconut fiber (Dodzian et al., 2018).

Humic acid preparation

Dissolve 1 g/L humic acid in RO water added with 1 g/L of marine salt.
Alternatively, you may use system water (Dodzian et al., 2018). Mix well and
autoclave. Refrigerate at 4�C. This will be good for several weeks if kept
refrigerated.

Disinfecting embryos by iodine

There are several commonly used approaches for disinfecting fish eggs,
including H2O2 (Dodzian et al., 2018), iodine, and NaOCl (Harel et al., 2016).
Here, we will describe the povidone-iodine (PVP-I) approach (Chang et al.,
2015).

1. Prepare a 10% stock solution of PVP-I in DDW, stir carefully. As PVP-I is
light sensitive, keep in a dark place (use within 6 months).

2. Freshly prepare 25 ppm iodine working solution: three drops of the stock
solution in 40 mL Ringer’s solution. Check once a month with an iodine
strip tester (Chang et al., 2015).

3. Transfer embryos into a new 6 cm Petri dish, and wash them with 5e7 mL
methylene blue solution (to remove debris and dead eggs).

4. Incubate embryos in 5e7 mL of PVP-I solution for 10 min in the same
plate.

5. Wash twice in 5e7 mL methylene blue solution for 5 min in the same plate.
6. Fill the plate with methylene blue solution and incubate at 28�C.

Long-term storage of embryos and cryopreservation of sperm

For long-term storage of embryos (tested for up to a year), fertilized and
disinfected eggs can be stored at 17�C to induce diapause II, which occurs
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after the completion of somitogenesis and prior to development of visible
black eyes. Embryos could be stored either in liquid or solid conditions,
though using filter papers allows for better monitoring. Eggs that have
developed passed this stage should not be kept long term. Recently, a protocol
for cryopreservation and in-vitro fertilization of African turquoise killifish was
optimized, providing great promise for long-term storage (Antebi et al., 2020).

Receiving or shipping fertilized eggs

For initiating a colony or for distribution of strains, embryos are usually
shipped in 6 or 10 cm Petri dishes with moist coconut fiber. This could be done
a few days after collection, as well as when eyes are visible. Petri dishes are
then sealed with parafilm and, when weather conditions are not below
freezing, can be shipped via regular mail. Upon arrival, it is important to
disinfect the embryos (see the “Reagent setup and additional protocols” sec-
tion), and care for them as described earlier. Hatched fish should be kept
separately from the colony (preferably in a quarantined area), and their health
should be monitored. If fish are healthy, their disinfected progeny can even-
tually be moved into the main recirculating system.

Heat-shock protocol

Diapause, an alternative developmental trajectory during killifish embryogen-
esis, is age and temperature dependent. Accordingly, the proportion of dia-
paused eggs increases when females are at an older age, or egg incubation is at
lower temperatures. In the laboratory, as this can slow down routine mainte-
nance, diapaused eggs could resume normal development using a simple heat-
shock protocol.

1. Freshly prepare methylene blue solution as described.
2. Add one to three eggs per 0.2 mL PCR tube, and fill with methylene blue

solution. Close tubes properly to avoid desiccation.
3. Use the following program on a standard thermocycler during 2e3 days:

6 h at 28�C, 6 h at 37�C.
4. Transfer eggs to a 6 cm Petri dish filled with 5e7 mL of methylene blue

solution and keep the plate at 28�C in a humidified incubator. Monitor eggs
daily for a week and remove dead eggs. Continue as described in the
“Hatching of injected eggs and rearing of fry” section.

Efficient genome engineering approaches

In this section, we will focus on specific adaptations from other fish pro-
tocols, tailored specifically for the biology and characteristics of the African
turquoise killifish. As commonly used in other fish models, genome engi-
neering approaches have been facilitated by microinjection protocols
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(Rembold et al., 2006), transposase systems (Davidson et al., 2003; Grabher
and Wittbrodt, 2007; Kawakami et al., 2000) (such as Tol1, Tol2, and
Sleeping Beauty), and more recently, genome editing approaches, such as
zinc finger nucleases and transcription activator-like effector nucleases
(Bedell et al., 2012), and CRISPR/Cas9 (Auer et al., 2014; Chang et al.,
2013; Hwang et al., 2013; Jao et al., 2013). Recently, many of these ap-
proaches were successfully developed for the turquoise killifish, including
CRISPR/Cas9-based genome editing (Harel et al., 2015, 2016), transgenesis
(Allard et al., 2013; Harel et al., 2016; Hartmann and Englert, 2012;
Valenzano et al., 2011), and microinjection (Harel et al., 2016; Hartmann and
Englert, 2012; Valenzano et al., 2011).

In the “Target selection and synthesis of reagents for CRISPR/Cas9
genome editing” section we describe a detailed protocol for CRISPR/Cas9-
based genome editing in the turquoise killifish (Harel et al., 2015, 2016),
which was recently demonstrated for additional disease models (Matsui
et al., 2019), and for exploring diapause (Hu et al., 2020) and regeneration
(Wang et al., 2020a). Knock-in alleles via HDR are described elsewhere
(Harel et al., 2015, 2016). We include simple guidelines for gRNA target
design, microinjection, detection of germline transmission, and minimizing
off-target effects. Additionally, in the “Tol2-based transgenesis” section we
describe the required adaptations for transgenesis. This step-by-step protocol
offers efficient genome engineering for the turquoise killifish, and can be
used in small and large killifish colonies alike. The protocol includes three
main stages: target selection and synthesis of reagents, injections, and
germline transmission.

Target selection and synthesis of reagents for CRISPR/Cas9 genome
editing

Target selection can be achieved via CHOPCHOP v2 (Labun et al., 2016),
which contains the genome sequence and gene models for the turquoise kil-
lifish (Harel et al., 2015; Valenzano et al., 2015). This platform provides
detailed parameters and information, predicted efficiency and off-targets,
possible restriction sites for confirming successful editing, and oligonucleotide
candidates for PCR amplification of the edited region. As demonstrated
for other Cas9-based target predictions (Cong et al., 2013; Doudna and
Sontheimer, 2014; Jinek et al., 2012; Mali et al., 2013), gRNAs are selected
according to the following structure: 50-(N)20-NGG-30. The core target
sequence is represented by the first 20 base-pairs, while the 30 “NGG” rep-
resents the protospacer adjacent motif site in the genome (Cong et al., 2013;
Doudna and Sontheimer, 2014; Jinek et al., 2012; Mali et al., 2013).

Several promoters could be used for the in-vitro transcription (IVT) of
gRNA, which might affect the selection of gRNAs. For example, when using
the T7 promoter, the first two 50 nucleotides should be limited to GG (as
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described in this protocol), or to GN when using the U6 promoter. It is advised
to select two to five different gRNAs for each desired gene of interest, and use
the most efficient one for generating the mutation. Next, Cas9 mRNA and the
gRNAs are produced by IVT. gRNAs can be synthesized by T7-mediated
transcription without the need of cloning. Instead, two annealed oligonucle-
otides are used as templates (Gagnon et al., 2014; Harel et al., 2015; Hwang
et al., 2013), and one of them already contains the T7 promoter sequence. For
synthesis of the Cas9 mRNA, SP6-mediated transcription of a codon-
optimized nuclear localized version (Jao et al., 2013) (nCas9n) template is
available. We have successfully used CRISPR ribonucleoprotein delivery
(Harel, unpublished), though we found no added benefit.

Target selection

1. The genome and complete annotation of the turquoise killifish is available
through https://www.ncbi.nlm.nih.gov/genome/?term¼furzeri. Select a
gene (or genes) of interest, and identify conserved regions between
vertebrate orthologs using http://genome.ucsc.edu/. These regions are less
likely to be alternatively spliced or have an alternative start codon.

2. Identify gRNA target sequences using CHOPCHOP v2 (http://chopchop.
cbu.uib.no) (Labun et al., 2016). This platform accepts a range of inputs,
including gene identifiers, genomic regions, or pasted sequences. CHOP-
CHOP ranks the proposed gRNA according to predicted efficiency and
number of potential off-targets. Selecting gRNA targets in close proximity
to a unique restriction site can facilitate identification of successful editing.
Please note that as we are using T7 polymerase for gRNA synthesis, the
first two 50 nucleotides should be limited to Gs, as follows: 50-GG-(N)18-
NGG-30.

3. Using either CHOPCHOP v2, Primer3 (http://bioinfo.ut.ee/primer3-0.4.0/
primer3/), or PrimerBLAST (https://www.ncbi.nlm.nih.gov/tools/primer-
blast/index.cgi), select oligonucleotides that are flanking the gRNA
sequence, and verify the sequence by Sanger sequencing of the purified
PCR product. We recommend 400e700 bp amplicon. Sanger sequencing is
advised to verify that naturally occurring genetic variation would not
disrupt the selected core gRNA sequence.

gRNA template preparation

1. To generate the template for the gRNA IVT, order standard oligonucleo-
tides (e.g. 200 mM stock concentration) shown in the following table.
Additional examples and a comprehensive diagram can be found in Figs. 6
and S4 and Table S1 in Harel et al. (2015) and in Fig. 2A in Harel et al.
(2016).

The African turquoise killifish Chapter | 11 259



Oligonucleotide Sequence (50 to 30)
Universal
reverse
oligonucleotide

AAAAGCACCGACTCGGTGCCACTTTTTCAAGTTGATAACGG
ACTAGCCTTATTTTAACTTGCTATTTCTAGCTCTAAAAC (used
for generation of all gRNA templates)

Variable
oligonucleotide

TAATACGACTCACTATA[GG-(N)18]GTTTTAGAGCTAGAAATA
GCAAG (core target sequence in bold is unique for
each gRNA)

Note that as the universal reverse oligonucleotide will be used in all
the gRNA template generations, is it advised to aliquot and freeze stocks
at �20�C to avoid freeze/thaw cycles.

2. Prepare the following annealing reaction in a PCR tube and mix by
pipetting:

Components Amount (mL) Final concentration
Universal reverse
oligonucleotide (200 mM)

1 20 mM

Variable oligonucleotide
(200 mM)

1 20 mM

NEB 2.1 buffer 10X 1 1X
Nuclease-free water 7
Total 10

3. Use the following program on a standard thermocycler to anneal the oli-
gonucleotides: 95�C 30 s, 72�C 2 min, 37�C 2 min, 25�C 2 min, 12�C
2 min, 4�C forever. After annealing, 50 ssDNA overhangs will remain on
both sides of the template. Use T4 DNA polymerase to catalyze the gap
filling by adding the following to the reaction mix:

Component Amount (mL) Final concentration
dNTP mix (25 mM) 0.5 1.25 mM
T4 DNA polymerase (3000 units/mL) 0.5 0.15 units/mL
Nuclease-free water 9
Total 10

4. Using a standard thermocycler, incubate the reaction at 12�C for 20 min.
5. Clean the annealed and gap-filled template using a standard PCR purifi-

cation kit, and elute in 30 mL of Elution Buffer. Expect a concentration of
w0.5 mg/mL. The template can be stored at �20�C.

Synthesis of gRNAs (1e2 days)

1. For gRNA synthesis, use 1 mL of the eluted template in a 20 mL Tran-
scriptAid T7 High Yield Transcription Kit, according to the manufacturer’s
instructions (note that scaling down the volume to one-quarter reaction
[5 mL] is enough).
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2. Following the TURBO DNase treatment (provided in the TranscriptAid T7
kit), precipitate the RNA by adding the following components in the order
listed, and mix well before adding the ethanol:

Component Amount (mL) Final concentration
Reaction mix 20
Nuclease-free water 115
3M Na acetate 15 0.1 mM
GlycoBlue coprecipitant 1
Ethanol 100% (molecular biology grade) 300
Total 451

3. Mix well (or vortex briefly), and chill at �20�C for 15 min to overnight.
4. Pellet the gRNAs for 15 min in a chilled microcentrifuge (4�C) at top

speed. Remove the supernatant, briefly respin the tube, and remove
residual fluid with a fine-tipped pipet. Note: Do not let the pellet
completely dry, otherwise it will not dissolve. Sometimes, due to a high
salt content in the kit’s buffer, a white ring of pellet will remain after
dissolving the RNA; this does not affect the gRNA’s effectiveness.

5. Resuspend the pellet in 30 mL dH2O or 1X TE buffer by letting the tube sit
on ice for 30 min. Measure concentration using NanoDrop and adjust for a
final concentration of 0.5e1 mg/mL.

6. Run 2 mL of the reaction using a formaldehyde loading dye (provided in
the TranscriptAid T7 kit). A discrete band should be seen. Aliquot in
2e3 mL aliquots and store at �80�C.

Synthesis of Cas9 mRNA (1e2 days)

1. Purify the nCas9n expression plasmid DNA (Addgene, #47929 Jao et al.,
2013) using a standard Maxiprep Kit.

2. Linearize 5 mg of the nCas9n expression plasmid DNA with 1e2 mL of
NotI at 37�C for 2 h. The remaining undigested plasmid significantly
reduces mRNA synthesis. Therefore verify complete digestion by gel
electrophoresis, and increase incubation time or amount of enzyme if
necessary.

3. Purify the digested nCas9n expression plasmid using a PCR purification
kit, and elute in 50 mL of 1X Elution Buffer.

4. Transcribe capped and polyadenylated nCas9n mRNA using the mMessage
mMachine SP6 kit according to the manufacturer’s instructions.

5. Following the TURBO DNase treatment, purify the resulting mRNA
using lithium chloride precipitation (provided in the mMessage mMa-
chine SP6 kit). Do not let the pellet fully dry, otherwise it will not
dissolve.
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6. Resuspend the nCas9n mRNA pellet in dH2O or TE buffer and incubate at
65�C for 10 min to completely dissolve the mRNA. Adjust to a final
concentration of 1e3 mg/mL.

7. Run 2 mL of the reaction using a formaldehyde loading dye (provided in
the mMessage mMachine SP6 kit) to test for potential degradation. Prepare
2e3 mL aliquots and store at �80�C.

Tol2-based transgenesis

DNA transposons have been widely used as efficient tools for generating
transgenic animals (Clark et al., 2011). The medaka Tol2 element encodes a
functional transposase that can facilitate transposition of a DNA construct
flanked by specific Tol2 DNA sequences (Kawakami, 2007). This way, a gene
cassette can be randomly integrated into the host genome. This system has
been demonstrated to be highly efficient in many vertebrate model systems
and cell lines, including zebrafish, Xenopus, chicken, mouse, and human cells
(Kawakami, 2007; Kwan et al., 2007).

Importantly, many steps described in the protocol for the “Target selection
and synthesis of reagents for CRISPR/Cas9 genome editing” and “Evaluation
of editing efficiency (1e2 days)” sections are not required for Tol2-based
transgenesis as a result of the following differences: (1) there is no need for
gRNA target selection and synthesis; (2) instead of nCas9n mRNA, Tol2
transposase mRNA is synthesized (the overall protocol for Tol2 mRNA syn-
thesis resembles that of nCasn9 synthesis, with specific differences highlighted
below); (3) as we are inserting a foreign sequence into the host genome, a
plasmid containing a gene cassette flanked by two Tol2 sequences is required
and coinjected; and finally (4) the detection of germline transmission is
different because integration is random, and in many cases could be facilitated
visually by the use of a fluorescent reporter.

1. Purify the PCS2FA plasmid encoding for the Tol2 transposase (Kwan
et al., 2007) using a Maxiprep Kit. The PCS2FA plasmid is available from
Dr. Kawakami (kokawaka@lab.nig.ac.jp). Additional details, tools, and
alternatives can be found on the Tol2Kit website: http://tol2kit.genetics.
utah.edu/index.php/Main_Page.

2. Linearize the PCS2FA plasmid, synthesize, and purify the Tol2 transposase
mRNA by following the steps described earlier for nCas9n. (NotI re-
striction enzyme is also used to linearize PCS2FA.)

3. Prepare your desired construct flanked by specific Tol2 DNA sequences
(Kwan et al., 2007).
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4. Prepare an injection mixture (35 mL recommended volume) as shown in
the following table:

Component Amount (mL) Final concentration
Tol2 transposase mRNA (300 ng/mL) 1e2 30 ng/mL
DNA plasmid (400 ng/mL) (containing a
transgene of choice flanked by Tol2
sites)

1e2 40 ng/mL

Phenol-red (0.5% wt/vol) 2 0.1% wt/vol
Nuclease-free water Up to 10
Total 10

5. Perform injections as described in step 2, and assess germline transmission
visually using a fluorescent stereoscope in the F1 (when fluorescent re-
porters are used), or use a set of oligonucleotides unique for the transgene
for genotyping.

When trying a new promoter, it is recommended to use a small surrogate
marker on the same plasmid, such as a fluorescent protein under the control of
the cardiac myosin light chain (cmlc) promoter (Harel et al., 2016; Huang
et al., 2003) or the gamma-crystalin (g-cryst) promoter (Davidson et al.,
2003), which is specifically expressed in the lens. Note that the transgene can
randomly integrate into several places in the genome, and outcrosses should be
conducted until the construct is inherited in a Mendelian manner. Additionally,
new transgenic constructs could be generated using the Tol2Kit (Kwan et al.,
2007) with the turquoise killifish bacterial artificial chromosome library
(Reichwald et al., 2015).

Microinjection

Overall, the components required for the microinjection are similar to
protocols developed for other fish (Rembold et al., 2006), but require specific
adaptations.

Equipment setup

l Preparation of injection needles: As an adaptation to their environment,
the turquoise killifish eggs have a thick chorion. Thus needles have a
shorter and less flexible tip than the needles used for zebrafish injections.
As each needle puller or filament type will have a different setting, it is
advised to compare your results with the examples presented in Fig. 5 in
Harel et al. (2016). We present the parameters for borosilicate glass
needle designs that have been optimized for filamented microcapillaries
on a Sutter Instrument P-87 (with a trough filament). Overall, the tip is
best cracked/broken by gently rubbing the tip on a Kimwipe, or breaking
it on the chorion before injection (using forceps usually results in an
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opening that is too big). Pulled needles can be stored (for years) in a
closed Petri dish with two strips of modeling clay to hold them. Impor-
tantly, for other pullers and filaments, parameters can change. Use these
parameters as a starting point, and optimize based on personal experience
and similarity to needle shape.

Pressure Heat Pull Velocity Time
450 43�C 40 40 250

l Microinjection procedure (1 day)
1. For making the injection mold, boil 1.5%e2% agarose in 50 mL of

methylene blue solution and pour 15 mL into a 10 cm Petri dish. Plates
could be made in advance, sealed with parafilm and stored at 4�C.

2. While the agarose is still hot, lay a plastic injection mold on the surface
(it will float). Once the mold is removed, this will produce six troughs
that will hold eggs in position. A 3D-printing design is available in
Harel et al. (2016); make sure to use heat-resistant and nontoxic
materials.

3. Collect eggs for microinjection as mentioned in the “Breeding and
embryo incubation for microinjection and genetic manipulation”
section.

4. Prepare the injection mixture as shown in the following table, and keep
it on ice.

5. Immediately before injections, backfill the needle with 5 mL injection
mixture using fine pipette tips, as routinely used for gel loading, or
alternatively, leaving them upside down in the mixture tube, and wait
for the mixture to migrate to the top of the needle.

6. Note that as a result of the thicker chorion and thicker needles, in-
jections might require some practice. To facilitate piercing through the
chorion, embryos can be stored at 4�C for 10 min before injection.

Component Amount (mL) Final concentration
Purified gRNA (150e300 ng/mL) 2e4 30 ng/mL
nCas9n mRNA (1e3 mg/mL) 2e6 200e300 ng/mL
Phenol-red (0.5% wt/vol) 4 0.1% wt/vol
Nuclease-free water Up to 20
Total 20

1. Using a stereoscope, place the fertilized eggs into the agar troughs, and
orient the single cell (or the two cells) upward toward the injection needle.

2. Using the injection apparatus, inject into the cytoplasm of the single- or
two-cell stage embryos using the following parameters: 30 psi with 75 ms
pulsesdapproximately 2.5e10 pL of injection mixture, which corresponds
to about 10% of the cell’s volume.

3. After injection, disinfect the eggs with PVP-I (see the “Reagent setup and
additional protocols” section), monitor embryos daily, and remove dead
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embryos (opaque and blue in color). Expect about 30%e50% survival of
injected embryos, and about 50% chimeric embryos when using efficient
gRNAs.

Note: Adjust back pressure so the needle in the liquid medium looks like a
“smoking gun,” with slight leaking of the red injection solution from the
needle tip. Make sure that a small red diffused dot (phenol-red) is seen in the
cell after injection. Injection parameters may vary slightly between different
needles and injection apparatuses. To adjust the parameters to achieve a
reproducible injection volume, inject into mineral oil placed on top of a
micrometer slide (see the “Materials” section) and measure the diameter of a
droplet. Injection volume can be calculated according to the following for-

mula: 4
3pr

3. Note the difference between the injection volume in zebrafish

(usually between 0.5 and 2 nL).

Evaluation of editing efficiency (1e2 days)

In CRISPR injections, genome editing efficiency of individual (or pooled)
gRNAs could be estimated using any of the recently developed approaches,
such as restriction enzymes (in which a unique restriction site is disrupted
upon successful editing, or a novel one is created Harel et al., 2015;
Harel et al., 2016), high-resolution melting (Thomas et al., 2014), CRISPR-
STAT (Carrington et al., 2015), and others. In cases where the indel is very
small (i.e., 1e2 base-pairs), direct sequencing of the amplified genomic region
could be used (Harel et al., 2016). Once an optimal gRNA is selected, addi-
tional injections should be done to generate F0 chimeric founders. Although
the protocol is focused primarily on CRISPR, it could be used for Tol2-based
transgenesis with standard fluorescent markers as readout for success.

1. DNA isolation protocol (Samarut et al., 2016) is performed as follows:
prepare the extraction buffer, 50 mM NaOH. Prepare the neutralization
buffer, 10 mM Tris HCl pH 8. Store solutions at room temperature for up
to 1 year.

2. 48e72 h after injection, isolate genomic DNA from individual embryos by
adding 20 mL of extraction buffer to a 1.5 mL tube. Note: Remove
remaining methylene blue solution with a fine tip.

3. Crush embryos with a cleaned/autoclaved pestle, spin down, and incubate
for 10 min at 95�C.

4. Vortex and spin down, and add 2.2 mL of neutralization solution (1:10 vol/
vol).

5. Vortex and spin down at max speed for 1 min. Use 1e2 mL for PCR re-
action and proceed to identify successful editing using the methodology of
your choice.
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6. When successful editing is confirmed on the “test set” of embryos, hatch
the remaining injected embryos. Efficiency can range between 0% and
100%, and it is advised to continue if the efficiency is above 10%.

Germline transmission and outcrosses

Set mating pairs with sexually mature F0 chimeric founders. By setting them
up with mating pairs with wild-type fish, germline transmission can be
evaluated using their progeny (fertilized eggs) by either of the methods
described earlier. As their germline could be chimeric, multiple types of
indels could be present in an individual fish. Once germline transmission has
been confirmed for an individual fish, adult F1 progeny from that successful
pair should be genotyped by fin clips or from scales. Heterozygous fish at this
stage are considered stable lines, and can be outcrossed to wild-type fish for
two to three generations to eliminate potential off-target effects generated by
the Cas9 nuclease. For efficient gRNA targets, 2e10 founders are usually
sufficient to successfully generate a stable CRISPR line. For the less efficient
HDR-based knock-in approach (Harel et al., 2015, 2016), 10e30 founders
are usually sufficient.

Genotyping of adult fish

1. Prepare a tricaine stock solution (10 mg/mL): add 1 g sodium bicarbonate
and 1 g tricaine to 100 mL molecular biology-grade water. Stir thoroughly
using a magnetic stirrer. Keep at 4�C. The solution remains good for
several weeks if kept refrigerated.

Note: Apply breathing mask and safety goggles when handling the
powdered tricaine.

2. For genotyping, anesthetize adult fish by adding 4e5 mL of tricaine stock
solution in 200 mL of system water. After a few minutes, fish will stop
moving.

3. Using a plastic spoon, gently place fish on a sponge (moistened with
system water), and quickly trim 2e3 mm from the tail fin with a sterile
razor blade. Alternatively, remove two to three scales with forceps or a
cotton swab (Dodzian et al., 2018), which is less invasive.

4. Place the tissue in 0.2 mL tubes and process as described in the “Evalu-
ation of editing efficiency (1e2 days)” section.

5. Gently put the fish in 1 L of fresh system water at room temperature to
recover for 10 min before returning to the system.
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Troubleshooting

Problem Possible reason Possible solution
Poor nCas9n or
Tol2 mRNA
synthesis or
degraded
product

RNA synthesis kit Consider aliquoting the synthesis
buffer, as it is sensitive to repeated
freeze/thaw cycles

Incomplete digestion
of the DNA template

As mentioned earlier, remaining
undigested plasmid DNA can lead
to very long RNA molecules that can
significantly reduce the overall
efficiency. Alternatively, gel
purification after digestion could be
attempted.

RNase contamination Use RNase-free reagents and RNase
decontamination solutions to clean
working surface

Low survival or
abnormal
development of
injected embryos

Nucleic acid toxicity High concentrations of nucleic
acids, primarily DNA, are toxic to
the cell. According to our
experience, 100 ng/mL of DNA and
330 ng/mL of RNA are safe.

High injection volume To prevent physical damage to the
injected cell, the injection solution
must be lower than 1/10th of the
cell’s volume (approximately 2.5
e10 pL). Possible solutions include:
lowering the injection volume;
decreasing the diameter of the
needle opening; lowering the air
pressure; or decreasing the injection
pulse of the injector.

Little or no
genome editing
detected in
injected embryos

Inefficient delivery of
injection mixture

Centrifuge the injection mixture at
11,000 g in a chilled centrifuge for
5 min to prevent clogging of the
needle

mRNA degradation nCas9n and Tol2 mRNA may be
degraded. Check mRNA integrity by
electrophoresis using agarose gel
before making the injection
solution.

Accidental injection
into the yolk

Although ssRNA can still be
delivered into the cell when injected
into the yolk, injections into the cell
are more efficient. dsDNA cannot
be shuttled this way, and has to be
injected directly into the cell. If the
single cell is not visible, incubate
fertilized eggs at 28�C for
10e30 min to help visualize the
single cell. Eggs without a visible
single cell at this stage are probably
unfertilized.
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Fish dissection

Here, we describe a protocol for dissecting and isolating adult killifish organs,
which can be used for histology, in situ hybridization, immunohistochemistry,
RNA extraction, protein analysis, and other downstream molecular techniques
(Fig. 11.3). Although similar protocols, such as for zebrafish (Gupta and
Mullins, 2010) exist, aside from characterization of specific organs (D’Angelo,
2013), or anatomy of other killifish species (such as AphaniusMotamedi et al.,
2019), a detailed description of N. furzeri has been lacking.

Experimental setup

1. Prepare two ice buckets, one for dissection and one to keep organs and
solutions.

2. Prechill 1X phosphate buffered saline (PBS), and prepare two fine-tipped
forceps, two curved forceps, one pair of small scissors, a razor, and one
holder for scalpel with affixed scalpel blade.

3. Prepare your euthanasia solution by adding 5 mL of tricaine stock solution
(see the “Genotyping of adult fish” section, step 1) to 100 mL of system
water.

FIGURE 11.3 (A) Adult male and female turquoise killifish Nothobranchius furzeri are shown

with the anatomical structures labeled. (BeE) A visual protocol for isolating key organs, including

opening the body cavity. (B) Organs can be identified according to the anatomical diagram in (A).

Isolating the skin and muscle (C), isolating the brain (D), and isolating selected organs, such as the

gonads, fat tissue, spleen, intestine, liver, and heart (E).
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4. Place fish in the euthanasia solution for 5 min until the operculum stops
moving.

5. Using a plastic spoon, place the fish on the operating table.

Organ dissection

At this stage it is possible to bleed the fish by cutting the base of the tail while
the heart is still pumping. This will allow a cleaner dissection of the organs
with reduced bleeding.

Body cavity dissection

1. Use the scissors to make a cut across the ventral midline of the fish, from
the gills to the cloaca. Make shallow and continuous cuts to avoid
damaging the internal organs.

2. It is recommended to remove the internal organs from the body cavity to
separate the organs more easily. Detach the intestine from the cloaca using
scissors or fine-tipped forceps. Hold the detached end of the intestine and
pull it outside of the body cavity. Most of the organs will follow.

3. Apply a few drops of 1X PBS on the operation plate and suspend the
content of the body cavity. This will allow a better view of the organs, and
will be very helpful in younger fish. All the organs removed from the body
cavity can be easily separated from one another using scissors or a pair of
fine-tipped forceps.

4. The gastric tract is readily recognized; it is a long yellowish tube that
dominates the body cavity (the color may be affected by the contents of the
intestine).

5. The liver is the second largest organ within the body cavity; it can be
recognized by its size, distinctive color, and shape, which is similar to the
mammalian liver.

6. The gonads are twin organs located parallel to the intestine. The testes are
white and elongated, and are comprised of many tubules. The ovaries are
much larger sacks filled with round eggs at different stages of maturity.
The gonads will vary greatly with size as the fish matures.

7. Adipose tissue can be seen adjacent to the gonads, and is more visible in
old fish. Although it resembles the ovary, it is more transparent and
reflective.

8. The spleen is a small kidney-shaped dark red-brown organ, and is located
near the liver in a loop of the intestine.

Trunk dissection

Detach any remaining organs from the body cavity using scissors and fine-
tipped forceps.
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1. The kidneys are two thin strips of brown tissue that run parallel to the
spine (“trunk kidney”), and grow into larger bulbus structures near the
head (“head kidney”). Dissect them by locating their posterior tip, and
gently use a fine-tipped forceps and scissors to cut across the length of the
entire kidney.

2. Detach the skin from the muscle using forceps. The muscle can be cut
using a scalpel, cutting close to the spine to maximize muscle collection.

Dissecting the head

1. The heart is located posteriorly and ventrally to the gills. Cut the midline
gently through the operculum, and the heart will be at the anterior end of
the cut. It is a small, bright red, teardrop shaped, and will most likely still
pulse.

2. For isolating the brain, use a razor blade to decapitate the head posterior to
the gills. Gently remove skin and muscle until you reach the skull; clear the
top of the skull.

3. Hold the head from the mouth and lift the skull from the decapitated side
using forceps. The skull should come off easily, and the brain will be
exposed underneath. Make sure you can see the entirety of the brain,
including the brain stem, olfactory bulb, and optic nerve.

4. Cut the optic nerves using scissors and pull the eyes out of their sockets
using fine-tipped forceps.

5. Insert a closed fine-tipped forceps underneath the brain and lift it gently.
Use either a gentle lifting motion or scissors to detach the brain from the
skull. Start at the posterior end, and finish with the olfactory bulb. The
brain should come out of the skull in one piece.

Note: Clean working area and surgery equipment between fish with ethanol
70%.

The African turquoise killifish: available toolbox

The African turquoise killifish has been utilized to explore various biological
questions, including genomics and genetics, ecology, nutrition and toxicology,
embryonic development, regeneration, aging, and more. Here, we will high-
light selected studies focusing mostly on “omics” datasets, aging-related
phenotypes, recently developed genetic models, and embryonic development.

“Omics” datasets

In recent years, a wide range of studies have generated comprehensive high-
throughput datasets exploring killifish biology, as reviewed elsewhere
(Cellerino et al., 2015; Harel and Brunet, 2015; Kim et al., 2016; Muck et al.,
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2018; Platzer and Englert, 2016). Here, we will highlight a partial list,
focusing primarily on aging studies comparing young and old killifish. RNA-
seq analyses have been performed by multiple groups to characterize the
molecular signature of an aging vertebrate organ, including the skin (Petzold
et al., 2013), brain (Baumgart et al., 2014b; Kelmer Sacramento et al., 2020;
Petzold et al., 2013), muscle (Cencioni et al., 2019), fin (Baumgart et al.,
2016), and a few organs simultaneously (Aramillo Irizar et al., 2018;
Baumgart et al., 2017). Other approaches include proteomic analysis of the
aging brain using mass spectrometry (Kelmer Sacramento et al., 2020), chro-
matin landscape of the brain (Harel et al., 2015) and the aging muscle (Cencioni
et al., 2019), and sirtuin expression levels in a wide variety of organs (Kabiljo
et al., 2019). Among these datasets, it is worth highlighting the killifish genome
project (Reichwald et al., 2015; Valenzano et al., 2015), QTL mapping of age-
associated traits (Cui et al., 2019; Kirschner et al., 2012; Ng’oma et al., 2014),
as well as recent studies exploring vertebrate regeneration (Wang et al., 2020a)
and diapause (Hu et al., 2020; Reichwald et al., 2015).

Available genetic models

Transgenesis using Tol2-based random integration was the first step in
developing genome engineering approaches in the turquoise killifish (Allard
et al., 2013; Harel et al., 2016; Hartmann and Englert, 2012; Valenzano et al.,
2011). For example, this technique has allowed tracking of the cell cycle using
a FUCCI reporter (Dolfi et al., 2019), a regeneration reporter using the inhba
enhancer (Wang et al., 2020a), and organ-specific markers, such as the heart
(Harel et al., 2016). The ability to manipulate endogenous genes is an essential
tool for a genetic model. Indeed, the recent development of CRISPR/Cas9-
based efficient genome engineering approaches for the turquoise killifish,
including “knockout” and “knock-in” (Harel et al., 2015, 2016), has trans-
formed this organism into a state-of-the-art genetic model. We have charac-
terized a loss-of-function mutation in the gene encoding the protein
component of telomerase (TERT) and show that telomerase-deficient turquoise
killifish recapitulate characteristics of human pathologies much faster than any
other vertebrate model.

Additionally, as a proof of principle for the versatility of this platform, we
have recently targeted 13 genes encompassing the hallmarks of aging
(generating six stable lines), including cellular senescence and stem cell
exhaustion (p15INK4B), loss of proteostasis (ATG5), deregulated nutrient
sensing (IGF1R, RAPTOR, RPS6KB1, and FOXO3), mitochondrial dysfunc-
tion (POLG), epigenetic alterations (ASH2L), genomic instability (SIRT6), and
intercellular communication (IL8 and APOE). We specifically selected genes
whose deficiency is expected to slow down (IGF1R, RAPTOR, and RPS6KB1)
or accelerate (TERT and POLG) the aging process (Lopez-Otin et al., 2013), or
have been involved in age-associated diseases, such as APOE (Alzheimer’s
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disease Rhinn et al., 2013), TERT (dyskeratosis congenita Armanios, 2009),
and p15INK4B (cancer Okamoto et al., 1995). Since then, several studies have
generated mutant lines, including a loss-of-function mutation in a-synuclein to
study Parkinson’s disease (Matsui et al., 2019), a CBX7 knockout allele to
study the mechanism of diapause (Hu et al., 2020), and the role of a specific
enhancer (K-IEN) in regeneration (Wang et al., 2020a).

Neurodegeneration and brain functions

Reflecting its importance in vertebrate aging research, including humans,
many killifish studies have explored the age-related decline in behavioral and
cognitive functions. These studies identified and characterized a comprehen-
sive range of phenotypes, including a decline in spontaneous exploratory
behavior (Smith et al., 2017; Terzibasi et al., 2008; Valenzano et al., 2006a,
2006b; Wei et al., 2020; Yu and Li, 2012), and in learning and memory (tested
by both positive and negative conditioning) (Terzibasi et al., 2007, 2008, 2009;
Valenzano et al., 2006a, 2006b; Wei et al., 2020; Yu and Li, 2012).

At the cellular level, an increase in age-related neurodegeneration was
observed by histological sections and staining with Fluoro Jade B, a pan
marker for degenerating neurons (Terzibasi et al., 2007, 2008, 2009; Valen-
zano et al., 2006b; Wei et al., 2020; Yu and Li, 2012), degeneration of specific
types of neurons (Matsui et al., 2019), and inflammatory-associated expression
of GFAP (a key component of glia cells) (Matsui et al., 2019; Terzibasi et al.,
2009; Tozzini et al., 2012; Wei et al., 2020). Additionally, an age-associated
decrease in adult neurogenesis was characterized (Tozzini et al., 2012).
Molecular studies have further highlighted the involvement of micro-RNAs
(Ripa et al., 2017; Tozzini et al., 2014), CCNB1 (Baumgart et al., 2014a),
histone deacetylases (Zupkovitz et al., 2018), NPY and NUCB2B (Montesano
et al., 2019a, 2019b), a-synuclein (Matsui et al., 2019), and NGF receptors (de
Girolamo et al., 2020).

Cellular aging

Aging is accompanied by changes in cellular composition, as well as a gradual
loss of the ability to maintain cellular and physiological homeostasis. In the
killifish, several age-dependent signatures, both molecular and histological,
have been characterized. For example, lipofuscin, an autofluorescent pigment
that accumulates with age in mammals, has been shown to accumulate in
killifish tissues with age (Ahuja et al., 2019; Harel et al., 2015, 2016; Liu et al.,
2015, 2017b; Terzibasi et al., 2007, 2008, 2009; Tozzini et al., 2013; Valen-
zano et al., 2006a; Wei et al., 2020; Yu and Li, 2012). Other age-dependent
changes include altered cellular composition and accumulation of senescent
cells, as detected by senescent-associated beta-galactosidase staining (Genade
et al., 2005; Liu et al., 2017b, 2018; Terzibasi et al., 2007; Valenzano et al.,
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2006a; Wang et al., 2020b; Wei et al., 2020; Yu and Li, 2012) and an analysis
of their unique secretory profile, the senescence-associated secretory pheno-
type (Liu et al., 2018).

Killifish also display molecular signatures that suggest a decreased ability
to maintain cellular homeostasis, as demonstrated by the decline of antioxidant
enzymes, the increase in reactive oxidative species, and accumulation of
oxidative damage (Blazek et al., 2017; Heid et al., 2017; Liu et al., 2015).
Along these same lines, a major cellular component that deteriorates with age
in killifish is the mitochondria, with a decrease in mitochondrial numbers, a
decrease in the expression of mitogenesis- and OXPHOS-related genes,
changes in mitochondrial membrane composition (Almaida-Pagan et al.,
2019), as well as a reduction in respiratory chain activity (Baumgart et al.,
2016; Hartmann et al., 2011). A decline in proteostasis was recently described,
focusing on reduced proteasome activity and overall loss of stoichiometry in
protein complexes (Kelmer Sacramento et al., 2020). Finally, telomere attrition
is observed, and telomeres shorten with age in the longer-lived MZM lines.
Interestingly, as a potential response to telomere attrition, TERT expression
increases with age (Hartmann et al., 2009), which may contribute to the
observed increased cancer incidences.

Physiological aging

A primary characteristic of the aging process is increased frailty and the
decline in organ and physiological functions. Killifish display loss of color
with age, reduced muscle mass, known as sarcopenia (Cencioni et al., 2019),
and bending of the spine, or kyphosis (Harel and Brunet, 2015; Kim et al.,
2016). Metabolic functions are also altered with age, specifically lipid meta-
bolism, including an increase in lipid peroxidation, accumulation of sphin-
golipids in the heart, and a decrease in cholesterol and triglycerides (Ahuja
et al., 2019; Milinkovitch et al., 2018; Wei et al., 2020). Other physiological
changes include a decline in fertility and in the quality of eggs leading to
slower development of the offspring (before and after hatching) (Api et al.,
2018b; Blazek et al., 2013, 2017; Lee et al., 2018; Liu et al., 2017a). Inter-
estingly, even later in life, the offspring of older parents are smaller and less
fertile (Api et al., 2018a; Liu et al., 2017a).

Cancer incidence is much higher in older killifish, specifically in the liver
and kidneys (Baumgart et al., 2014a; Blazek et al., 2017; Di Cicco et al., 2011;
Liu et al., 2017b). Other characteristics include inflammatory signatures
(Benayoun et al., 2019; Liu et al., 2017a), and a decline in regenerative ca-
pacity of the kidneys, tail, and aberrant wound healing (Benayoun et al., 2019;
Hoppe et al., 2015; Hu and Brunet, 2018; Liu et al., 2017a; Wang et al., 2020a;
Wendler et al., 2015). Additionally, the diversity of the gut microbiome is
reduced with age (Smith et al., 2017). Finally, adaptive immunity, represented
by the antibody repertoire, is highly affected with age, demonstrating how the
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killifish can become a powerful model for studying adaptative immunose-
nescence (Bradshaw and Valenzano, 2020).

Diapause

Diapause is an ability to temporarily arrest embryonic development to avoid
harsh conditions. There are three developmental stages in which killifish can
enter diapause (termed diapause I, II, and III), and the main stage in which
diapause primarily happens is diapause II, which occurs during somitogenesis
(Api et al., 2018a; Dolfi et al., 2014; Naumann and Englert, 2018). Many of
the studies of killifish diapause have been performed on the American species
Austrofundulus limnaeus, discovering the involvement of protein synthesis,
cell cycle arrest, mitochondria, IGF-I, and vitamin D in diapause (Podrabsky
and Hand, 1999, 2000; Romney et al., 2018). Recently, several fascinating
studies in the turquoise killifish have characterized gene expression signatures
during diapause (Hu et al., 2020; Reichwald et al., 2015), observed cell-cycle
dynamics of diapause entry and exit, including synchronization of cell division
across the embryo body (Dolfi et al., 2014), and involvement of the polycomb
complex in long-term preservation of diapause (Hu et al., 2020).

Summary and future perspectives

In recent years, the African turquoise killifish has emerged as a promising
experimental model for exploring aging and age-related disease, develop-
mental processes, ecology, and evolution. This expanding interest is supported
by a vibrant and growing community worldwide, which meets biennially at
the International Nothobranchius Symposium. Following a symposium in
Pisa, Jena, and Cologne, the fourth meeting was held in Brno (Czech
Republic) as an online meeting in 2021. As an emerging model system,
further standardization for husbandry is ongoing, which possibly contributes
to the variances in lifespan measurements reported by different labs
(Terzibasi et al., 2008; Valdesalici and Cellerino, 2003; Valenzano et al.,
2015). Alternatively, it is likely that these differences also reflect natural
variability in aging studies, as observed in classical genetic models of aging.
Lifespan is a complex multigenic trait, further affected by intricate genee
environment interactions throughout organismal lifespan. As a consequence,
lifespan protocols are continuously developed and improved, also for the
well-established mouse model (Bellantuono et al., 2020; Bogue et al., 2020).
Thus mouse lifespan studies performed in different labs are facing similar
challenges as seen in the National Institute on Aging Interventions Testing
Program (Nadon et al., 2017).

In this chapter we presented optimized protocols for husbandry and
genome engineering, focusing on Tol2-based transgenesis (Allard et al.,
2013; Harel et al., 2016; Hartmann and Englert, 2012; Valenzano et al., 2011)
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and CRISPR/Cas9-based genome editing (Harel et al., 2015, 2016). This
platform should be further expanded to include classical genome editing
approaches that allow for conditional gene regulation in-vivo such as Gal4/
UAS (Scheer and Campos-Ortega, 1999), Cre/loxP (Dong and Stuart, 2004;
Langenau et al., 2005; Pan et al., 2005), and Tet-ON (Huang et al., 2005), as
well as the more recent CRISPR interference (Larson et al., 2013; Qi et al.,
2013) and CRISPR activation (Dominguez et al., 2016; Gilbert et al., 2014a)
(which allow reversible repression or activation of endogenous genes).
Genome engineering, particularly CRISPR/Cas9, is a continuously expand-
ing field (Heidenreich and Zhang, 2016; Moon et al., 2019; Smargon et al.,
2020; Yeh et al., 2019), which undoubtedly improves existing tools and
opens new possibilities. Finally, this protocol could be adapted for genome
engineering approaches in other annual and nonannual killifish species,
significantly expanding the current state of the art.

Materials

Reagents

- African turquoise killifish (N. furzeri) GRZ strain. Available from the
authors upon request. CRITICAL: A breeding turquoise killifish colony
must be established before attempting this protocol (see the “Reagent setup
and additional protocols” section). CAUTION: As a vertebrate model or-
ganism, turquoise killifish care and use has to be approved by and must
adhere to relevant institutional ethics guidelines. All turquoise killifish care
and use in our lab was approved by the Stanford Subcommittee on
Research Animal Care.

- Sea salt (Instant Ocean, #SS15-10).
- nCas9n expression plasmid (Jao et al., 2013) (Addgene, #47929).
- Optional: Cas9 protein with NLS (1 mg/mL, PNA Bio). The Cas9 protein

can be used instead of nCas9n mRNA.
- Custom DNA oligonucleotides (once annealed will serve as the gRNA

template for the in-vitro transcription), 200 mM stock concentration and
standard desalted (IDT, Integrated DNA Technologies).

- mMessage mMachine SP6 Ultra Kit (Life Technologies, #AM1340).
- mMessage mMachine T7 Ultra Kit (Life Technologies, #AM1345).
- TranscriptAid T7 High Yield Transcription Kit (Thermo Scientific,

#K0441).
- DNase/RNase-free distilled water (Invitrogen, #10977-015).
- 100 bp DNA ladder (Promega, #G2101).
- 1 kb DNA ladder (Promega, #G5711).
- Ethidium bromide (Thermo Scientific, #15585011).
- Agarose (Life Technologies, #16500500).
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- UltraPure phenol:chloroform:isoamyl alcohol (25:24:1; Life Technologies,
#15593).

- Proteinase K solution (20 mg/mL) (Ambion, #AM2546).
- High Fidelity PCR SuperMix (Invitrogen, #12532-016).
- GoTaq Green Master Mix (Promega, #M712).
- PCR lysis buffer (Viagenbiotech, 102-T).
- Phenol-red solution 0.5% wt/vol (Sigma, #P0290).
- Humic acid (Sigma, #53680). CRITICAL: Humic acid solution needs to be

prepared in advance, at least a day before injections. Refrigerate at 4�C.
Good for several weeks if kept refrigerated (see the “Reagent setup and
additional protocols” section).

- Coconut fiber (ZooMed Item # EE-8, eight dry quarts, loose coconut fiber
substrate). CRITICAL: Coconut fiber needs to be prepared in advance, at
least a day before it is required (see the “Reagent setup and additional
protocols” and “Hatching of injected eggs and rearing of fry” sections).

- Oxygen tablets (Pemble-Halversion, Inc., http://otabs.com/).
- RINGER tablets (Millipore, #1155250001).
- Methylene blue (2.3% wt/vol stock solution, Kordon, #37344).
- Ammonia test kit (API).
- Nitrite test kit (API).
- Nitrate test kit (API).
- NaOH pellets (Sigma, 221465).
- Hydrochloric acid, 36.5%e38.0% (JT Baker, 9535-01).
- Polyvinylpyrrolidone-iodine complex (Acros Organics, 229471000).
- Iodine test strip (Amazon, 2948-BJ).
- TOPO TA Cloning Kit (Life Technologies, #K4600).
- Zero Blunt TOPO PCR Cloning Kit (Life Technologies, #K2800-20).
- One Shot TOP10 Competent E. Coli (Life Technologies, #C4040).
- Agarose (Life Technologies, #16500-500).
- EndoFree Maxiprep Kit (Qiagen, #12362).
- NEB buffer 2.1 (NEB #B7202S)T4 DNA polymerase (NEB, #M0203S).
- Deoxynucleotide (dNTP) Solution Set, 100 mM (NEB, #N0446S).
- PCR Purification Kit (Qiagen, #28104).
- GlycoBlue Coprecipitant, 15 mg/mL (Invitrogen, #AM9516).
- Ethylene diamine tetra acetic acid (0.5 M), pH 8.0 (Ambion, #AM9260G).
- Sodium acetate (3 M), pH 5.5 (Ambion, #AM9740).
- QIAquick Nucleotide Removal Kit (Qiagen, #28304).
- Miniprep Kit (Qiagen, #27104).
- NotI (NEB, #R0189S).
- Tricaine (Sigma, #A5040). CAUTION: Tricaine is a hazardous chemical.

When handling tricaine powder (or while handling fish that have been
exposed to tricaine), protective gloves should be used. Please refer to the
Material Safety Data Sheets for more details.

- Potassium chloride (KCl), 2 M (Affymetrix, #75896).
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- Otohime Fish Diet (Reed Mariculture).
- Premium Grade Brine Shrimp Eggs (Brine Shrimp Direct).
- Ethanol 100% (200 proof) (Rossville Gold Shield Chemical Co.).
- Isopropanol, ACS plus (Fisher Scientific, #A416-500).
- TE buffer (1X) pH8 (Thermo Fisher, #AM9849).
- Dulbecco’s Phosphate Buffered Saline DPBS (Sigma, D8537).

Equipment

- Dumont tweezers #5 (WPI, #500342).
- Gilson PIPETMAN (Fisher Scientific, #F123600G, #F144801G,

#F123601G, #F123602G).
- Injection mold (well depth: 1.1 mm; well width: 0.95 mm, see Supple-

mentary Method 1 for 3D-printing design, in STL or DWG file formats,
ready to print). CRITICAL: The 3D-printed injection mold should be or-
dered in advance, depending on the shipping time of locally available
providers.

- Phase Lock Gel Tubes Light (Eppendorf 5 Prime, #2302820).
- LB agar plates with 100 mg/mL ampicillin (Teknova, #L1004).
- Borosilicate microcapillaries with filament (Sutter, #BF100-58-10).
- Kimwipe (Kimtech Science).
- Barrier Pipet Tips, Low Binding (Genesee Scientific, #24-401, 24-404,

24-412, 24-430).
- 1.7 mL tubes (Genesee Scientific, #24-282).
- 0.22 mm filter (Genesee Scientific, #25-227).
- Pestle for 1.5 mL tube, RNase and DNase free (Argos, #P7339-901).
- Commercially available water recirculating systems with 2.8 L tanks

(Aquaneering, Inc.). CRITICAL: Water recirculating systems are an effi-
cient way to house a breeding turquoise killifish colony, and must be
established before attempting this protocol (see the “Reagent setup and
additional protocols” section).

- Thermal Cycler (MJ Research PTC-200).
- 60 mm � 15 mm Petri dishes (Fisher, #0875713a).
- Sutter Instrument P-87, Novato, CA.
- Nikon C-PS stereoscope and Zeiss KL 1500 LCD (Stuttgart, Germany)

optic fibers.
- Injection apparatus (Applied Scientific Instrumentation, Eugene, OR),

which includes an MHC model magnetic stand, an MMPI model pressure
injector, a foot switch to pulse the injected solution into the embryos, an
MM3 model micromanipulator, and an M-PIP model micropipette holder
(Applied Scientific Instrumentation), assisted by a backpressure unit
(Warner Instrument, Hamden, CT). CRITICAL: It is recommended that the
injection apparatus be assembled according to the manufacturer’s guide-
lines before attempting this protocol.
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- 8-Inch Fine Mesh Strainer (OXO Good Grips, #38991).
- Stage micrometer, 1 mm divided into 0.01 mm units (Meiji Techno

America, #MA285).
- Compact incubator for embryos (ThermoScientific, #50125590).
- 30 Mesh Sand (Homedepot, #200000278).
- Incubator, 28�C.
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Introduction

African annual killifish live in shallow temporary pools in tropical and sub-
tropical Africa. Conditions in their natural habitat have direct implications on
requirements for their successful captive maintenance. Most challenges (and
advantages) of their captive breeding are directly linked to their natural his-
tory, which involves unusual embryo development, rapid growth, strong
competition for reproductive opportunities among males, and short lifespan.
These challenges are associated with the standardization of embryo develop-
ment, provision of appropriate food, amelioration of male aggression, and
susceptibility to diseases.

Nothobranchius is a species-rich genus from East Africa, one of the annual
killifish lineages, which consist of more than 90 formally described species.
Most Nothobranchius species live in habitats that are inundated once a year
and complete a single generation every year. Species from equatorial regions
may experience two rainy seasons each year, giving rise to two generations in
a year. In addition, some species (such as Nothobranchius guentheri and
Nothobranchius korthausae) live in habitats that may not desiccate annually,
and others (e.g., Nothobranchius furzeri) live in regions where seasonal rains
may be too weak in some years, leading to “dry” years, with no pool inun-
dation (Reichard, 2015). The life history of these species has been shaped by
local environmental conditions and its consequences may be observed in
captivity. This includes extremely rapid maturation (2e3 weeks) and short
lifespan (3e8 months, typically 6 months) of N. furzeri from semiarid regions

Laboratory Fish in Biomedical Research. https://doi.org/10.1016/B978-0-12-821099-4.00001-8
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and relatively long lifespan (2 years) and the ability to complete embryo
development in aqueous media in N. guentheri from semipermanent habitats.

In this chapter, we focus on describing the challenges for captive breeding
of Nothobranchius species, and of N. furzeri in particular, arising from their
life history. We also discuss current approaches to mitigating some of those
challenges. Specifically, we (1) summarize availability of different strains of
N. furzeri (and of other Nothobranchius species) for experimental work, (2)
provide updates on the existing protocols for laboratory maintenance and
breeding of N. furzeri, (3) describe the course and potential pitfalls of
N. furzeri embryo development, (4) report current progress toward diet stan-
dardization, and (5) define major health issues associated with captive
Nothobranchius.

Available strains and species

There are several Nothobranchius species available in captivity for experi-
mental work. The most commonly used species, N. furzeri, is available in the
form of several strains with variable inbreeding history and variation in life
history traits, including expected lifespan (Cellerino et al., 2016; Reichard
et al., 2020). N. furzeri inhabits southern Mozambique and a small adjacent
part of Zimbabwe. It consists of two phylogenetic clades: northern Chefu clade
from a more arid region and southern Limpopo clade. These clades can be
subdivided at a finer scale (Bartáková et al., 2013, 2015). Chefu clade fish
(including the most common strains GRZ, MZM 04-10, and MZCS 222) have
shorter lifespans (Terzibasi-Tozzini et al., 2013; Bla�zek et al., 2017). N. furzeri
displays two discrete male color morphs: red (red caudal fin, with or without
black marginal band) and yellow (yellow caudal fin, always with black
marginal band) (Fig. 12.1A and B), but they have no direct link to phylogeny.
The two morphs largely coexist in nature and populations vary in the
proportion of red and yellow males, without any apparent association with
other phenotypic traits. In general, the yellow morph is more common in the
driest part of the N. furzeri range, while the red morph is most common in the
Limpopo clade. Color morphs cannot be distinguished in N. furzeri females
(Fig. 12.1C).

Some N. furzeri strains are easier to maintain and breed than others. In
particular, MZCS 222 (producing both red and yellow males) appears the least
problematic, with rapid growth, high fecundity, and low egg mortality (Pola�cik

et al., 2017; �Zák et al., 2020; �Zák and Reichard, 2021). This strain originates
from the import of 20 males and 40 females in 2011. The core stock is bred at
the Institute of Vertebrate Biology in Brno, Czech Republic, with a focus on
maintaining it relatively outbred. The GRZ strain is the most inbred and its
uniform genetic background makes it superior for many experimental ap-
proaches (Harel et al., 2015). The GRZ strain (exclusively yellow males)
originates from the most arid part of the N. furzeri range (Gona Re Zhou,
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Zimbabwe) and has been maintained in captivity since 1969 (Foersch, 1975).
Its egg production is low at young age and there is a shorter time window for

optimal fecundity (�Zák and Reichard, 2021). It also has a shorter lifespan. This
set of life history traits may be a combination of inbreeding, inadvertent
artificial selection over 50 years in captivity, and natural genetic background

(Willemsen et al., 2020; �Zák and Reichard, 2021). Given occasional problems
with the maintenance of GRZ, other strains have started to be used for
research, such as MZM 04-10 (Baumgart et al., 2017) and ZMZ1002 (Hu and
Brunet, 2018; Hu et al., 2020). These strains were collected from sites rela-
tively close to the GRZ. At the IVB, several other N. furzeri strains derived
from wild ancestors in 2011e15, including strains from other clades, are
maintained (Cellerino et al., 2016), and their lifespan and telomere length have
been well characterized (Reichard et al., 2020).

In Central Mozambique (north of the Save river), N. furzeri is replaced by
its sister species Nothobranchius kadleci (Dorn et al., 2011; Reichard et al.,
2017), also available for experimental work (Cellerino et al., 2016). This
species differs in coloration (Fig. 12.1D), is less aggressive, and has a longer

FIGURE 12.1 Turquoise killifish and related species. Yellow (A) and red (B) male forms and

female (C) Nothobranchius furzeri. Nothobranchius kadleci (D) replaces N. furzeri north of the

Save river, while Nothobranchius orthonotus (E) and Nothobranchius pienaari (F) largely coexist

with both species across their range.
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lifespan, but is genetically similar and produces fertile hybrids with N. furzeri
in captivity (Ng’oma et al., 2014). Species coexisting locally with N. furzeri
are also available for experimental work. Nothobranchius orthonotus
(Fig. 12.1E) is closely related but larger and tends to be more aggressive than
N. furzeri. It also has relatively short has a lifespan and rapid growth.
Nothobranchius pienaari (Fig. 12.1F) is smaller, less aggressive, and lives
longer. Populations of N. orthonotus from wet regions are sometimes referred
to as Nothobranchius kuhntae (Terzibasi-Tozzini et al., 2013), but its taxo-
nomic status is unclear (Vrtı́lek and Reichard, 2016). N. guentheri from
Zanzibar is another species commonly used in laboratory work (e.g., Liu et al.,
2018). It lives approximately 2 years and is easier to maintain in captivity.
N. guentheri strains used in experimental work are not well characterized, but
appear to arise from strains held in captivity over a long period and are readily
available among hobby fish breeders. Other Nothobranchius species are
sometimes used for comparative purposes, such as N. korthausae (Baumgart
et al., 2015) and Nothobranchius rachovii (Hsu and Chiu, 2009).

Housing and breeding

While this section specifically discusses the maintenance and breeding of
N. furzeri, it also applies to other Nothobranchius species, which are generally
easier to keep but live at a slower pace. Detailed housing and breeding pro-
tocols for N. furzeri are available, summarizing killifish culture from different
labs and highlighting particular issues, central for particular research agenda
(Pola�cik et al., 2016; Dodzian et al., 2018; Muck et al., 2018). We briefly
outline key points for successful maintenance of N. furzeri, but suggest
referring to those protocols for an in-depth guide to the culture of N. furzeri.

Behavior and its association to welfare

Compared to other laboratory fish models (zebrafish, medaka, guppy),
N. furzeri are naturally more aggressive and so require relatively more space.
Males are more aggressive than females and larger individuals tend to chase
smaller ones, potentially leading to injuries or mortality in social tanks. To
avoid this, more males should be kept in social tanks to spread possible
aggression of the dominant fish among more individuals. We recommend four
or more similarly sized males, and a female-biased sex ratio to minimize
aggression in social groups. Longer coexistence creates stable hierarchies and
decreases the level of aggression. Different N. furzeri strains vary in their
aggression levels. In our experience, MZM 0410 exhibits very little aggression
and GRZ displays aggression only occasionally, while some outbred strains
(e.g., MZCS 222) are commonly more aggressive (R. Bla�zek, personal ob-
servations). Although killifish do not require any kind of shelter, socially
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housed fish may use structures of internal filters as a refuge from undesirable
social interactions or when disturbed.

Annual killifish do not live in shoals and keeping them in isolation does not
interfere behaviorally with their welfare. The minimal suggested volume of
water per single adult fish is 2 L (Harel et al., 2015; Pola�cik et al., 2016),
which applies to both single fish housing and social tanks. N. furzeri are bold
and not seriously stressed by handling. Given the dynamic conditions in their
natural habitats, fluctuations in environmental conditions (for example, during
water exchange) are not a concern for N. furzeri.

Types of killifish housing

Juvenile killifish can be maintained at higher densities, but as fish grow their
density should be reduced. We recommend a maximum of 200 individuals per
20 L tank for fish 10 mm long, 50 individuals for fish 15 mm long, and 20
individuals for fish 20 mm long. Within each group of juveniles, there are
always some faster growing individuals. These tend to be aggressive toward
smaller fish, displacing them from feeding spots and constraining their growth.
The largest individuals (which are mostly males) should be removed from
the communal tank and either kept separately or with others of comparable
size. After removal of the larger fish, smaller individuals remaining in the
communal tank grow and mature faster. After cessation of major growth period
(at age of 4e5 weeks, depending on strain and conditions), the larger fish can
be moved back into the communal tanks.

Adult fish can be housed in individual tanks, trios, or social tanks,
depending on the focus of the particular experiment. Individual housing en-
ables most standardization (no aggression or socially suppressed feeding rates,
comparable growth rates among fish). Social housing maximizes the size of a
particular cohort at a given time and is least laborious for larger sets of fish.
Trio housing is intermediate, enabling sufficient standardization, minimizing
aggression, and allowing regular egg collection. In all three types of housing, a
barren bottom (transparent or opaque) is recommended as it facilitates the
removal of debris.

Social tanks can be 20e80 L large and should be equipped with air-driven
filters that should be cleaned every 2 weeks (or more often if required).
Siphoning debris from the tank bottom and partial water exchange (30%) are
recommended twice a week (Pola�cik et al., 2016) or 10% daily (Harel et al.,
2016). If the water temperature decreases after water exchange, it is advisable
to wait at least an hour before feeding. Dominant fish may control the feeding
spot so food should be spatially distributed during feeding to enable sufficient
consumption by all fish in the tank. Stable social groups display considerably
less aggression, but transfer of individuals among tanks is not problematic. We
commonly house approximately 12 adult fish in 24 L tanks and 15e20 adult
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fish in 40 L tanks, but larger tanks with proportionately more fish can also be
used.

Individually housed fish require 2 L or larger tanks. Commercial zebrafish
racks meet the basic requirements and enable automated control of water
parameters. Custom-made racks are also used, with higher design flexibility.
Water recirculation through the system should enable sufficient water ex-
change in individual tanks but avoid excessive water flow within the tanks, as
Nothobranchius are poor swimmers and do not thrive in flowing water.
Depending on rack design, frequent siphoning of uneaten food and debris from
tank bottoms may be necessary and cannot be satisfactorily controlled by
means of a sloping tank and automated siphoning, given the high waste pro-
duction of fish fed on bloodworms. The main advantages of individual housing
are standardization of environmental and social conditions and ease of
repeated measurements on individual fish without the need for marking. In-
dividual housing also yields more comparable growth rates among individuals.
The disadvantage is the need to move fish out of their home tanks for repro-
duction. Adult females need to oviposit at least once a week (ideally twice a
week). Failure to do so may obstruct the proper function of their ovaries.
While some females manage to lay their eggs without male presence, others
suffer malfunction of the ovaries after a prolonged period of reproductive
deprivation, potentially leading to their mortality. Note that individually held
fish tend to be more aggressive when encountering another individual. This is
particularly important for reproduction. Some individually housed males could
occasionally harm females during spawning. To mitigate this, the spawning
pair should be inspected for signs of male aggression. Apart from visual in-
spection, the first sign of increased aggression is the presence of scales in
spawning containers. To minimize the risk of female injuries, two females can
be placed with a single male in a spawning tank. Alternatively, the spawning
period can be initially reduced to 30 min. If there are no signs of male
aggression after the initial pairing, the next spawning can take longer. Dodzian
et al. (2018) recommend the selection of smaller males for breeding to miti-
gate spawning aggression, but note that this represents a mode of artificial
selection on a particular phenotype, which may interfere with some research
questions.

Trio housing combines the advantages of automated water quality main-
tenance without the need to transfer fish between tanks for reproduction. A
female-biased sex ratio decreases potential aggression from the male, though
housing in pairs (one male, one female) is also possible. Individual tanks
should match the recommended space requirements (2 L per adult fish) and
larger tanks are available for standard commercial zebrafish racks. Trio
housing is the preferred method for stock maintenance (breeding outside
experimental design) if social tanks are not available in the fish-breeding fa-
cility and maintenance of genetic variability is not required.
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Water quality and sanitation

To sustain their rapid growth and high reproductive output, N. furzeri must
consume a large amount of food (Vrtı́lek and Reichard, 2015). Digestion is
rapid and leads to high levels of waste production. This comes with demands
on the maintenance of water quality. Deterioration in water quality may lead to
increased incidence of diseases and increased mortality (Ramsay et al., 2009).

For social tanks, separate hand nets should ideally be used for each tank.
After removal of any dead individual, the net must be disinfected using bleach
or a saturated solution of kitchen salt. Before entering the fish room, hands
should be washed with antibacterial soap and thoroughly rinsed, as many
antibacterial agents may be harmful for fish and other aquatic organisms. We
recommend regular disinfection of all equipment used for fish feeding and
breeding. Moreover, all tanks should be disinfected prior to the introduction of
a new fish cohort. Bleach (5% sodium hypochlorite solution) or peracetic acid
can be used as a disinfectant. Care must be taken that all equipment treated
with disinfectant (especially glass beads or fine sand as the spawning sub-
strate) is disinfectant free when reused. This is achieved, for example, by using
commercial sodium thiosulfate-based bleach neutralizers.

Reproduction

The fecundity of N. furzeri is directly linked to their condition and matches
available resources (Vrtı́lek and Reichard, 2015). High quality and quantity of
food results in the production of an average 40e70 eggs per 2 h of spawning,
when eggs are collected twice a week during separate spawning events in
special containers. A much lower yield per female is achieved from social
tanks or tanks with trios (e.g., Grégoir et al., 2018; Hu et al., 2020) due to egg
cannibalism. Eggs are produced daily, with a new batch ovulated each morning

and released during the day (�Zák et al., 2019).
For spawning in separate tanks, females should be isolated for 24e48 h to

maximize egg yield. The bottom of spawning tanks can be covered with a layer
of fine sand (grain size < 1 mm) or glass beads (diameter 0.25e0.50 mm) that
serve as a spawning substrate. Alternatively, a false mesh bottom (as described
in Pola�cik et al., 2016) can be used. Fish must become accustomed to this type
of setting before standard yield of eggs is produced, and this typically takes two
to three spawnings. The main advantage of this method is that eggs can be
collected directly from the bare bottom of the container using a Pasteur pipette.
After the initiation of spawning, females lay all their eggs within 2e2.5 h. An
increase in water temperature of approximately 2e4�C (up to 30�C) helps to
initiate spawning. Unless eggs are needed immediately (e.g., for microinjection),
we recommend postponing egg collection for 5e6 h after the fish are removed.
At this stage, the chorion is hard and the eggs are more resilient to damage
during handling. Additionally, fertilization success can be estimated under a
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binocular microscope at this stage. Fertilized eggs develop a perivitelline space
(visually clear as a double-layered structure), while unfertilized eggs have no
perivitelline space (Fig. 12.2A and B). Collected eggs can be incubated in a

FIGURE 12.2 Killifish embryos. Unfertilized (A) and fertilized (B) killifish embryos 24 h

postspawning and diapausing embryos at DI (C) and DII (D) stages, development between DII and

DIII (E), and DIII stage embryo (F).
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sealed Petri dish with a moist filter paper (see Harel et al., 2016) or moist peat
substrate, or inside a larger volume of spawning substrate in a sealed plastic
(Ziploc) bag (see later). More detail is provided in the next chapter.

In social tanks, a spawning substrate can be provided in the form of peat (or
coconut fiber) inserted in a container. The substrate must be autoclaved before
the initial use and if reused repeatedly. Acidic peat moss should be avoided;
we recommend as high a pH as possible (pH > 6) for the peat substrate.
Placing the peat in a glass (rather than plastic) container ensures stability on
the tank bottom. We recommend a container at least 10 cm deep, with a
2e4 cm layer of peat. When the container is shallower, peat may spill out
during spawning as the sediment is disturbed. The spawning substrate should
be replaced at least every 2 weeks. Upon removal, the peat should be gently
squeezed to get rid of excessive moisture and wrapped in a filter paper. After
2 days of air drying the substrate should be unwrapped, placed in a Ziploc
plastic bag, and stored in a temperature-controlled incubator. This incubation
method enables space-saving storage of a large number of eggs, but lacks
precision in estimates of egg quantity and survival during incubation. For
regular checks of their developmental rate, the bag needs to be opened for egg
inspection.

Embryo development

The main difference between N. furzeri (and Nothobranchius species in gen-
eral) and other laboratory fishes is the relatively long period of embryo
development, and the requirement of at least a short dry phase to sustain high
embryo survival and hatching success. This brings many advantages, including
the possibility of long-term embryo storage and easy postal shipment of the
eggs, but comes with a set of challenges that require the modification of
standard fish facility equipment. Under natural conditions, the embryonic
period typically lasts longer than the posthatching lifespan. Most of this time is
spent in the form of developmental dormancy, evolved to survive through the
long dry period. Dormancy enables the embryo to resist harsh environmental
conditions and conserves the limited energy reserves available to the embryo
throughout its development. In the lab, dormancy stages may be manipulated
and minimized, if rapid turnover of generations is required.

Developmental diapauses

Annual killifish embryos can, uniquely among vertebrates (and perhaps even
invertebrates), pause their development at three well-defined developmental
stages. These are historically termed Diapause I (DI), Diapause II (DII), and
Diapause III (DIII) (Wourms, 1972). All three diapauses are facultative and
any of them can be entered, skipped, and have variable duration. This leads to
a multitude of possible developmental trajectories (Wourms, 1972).
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Typical DI (Fig. 12.2C) occurs at the dispersed cell stage, which is specific
to annual fish. During epiboly, ameboid cells that traveled over the yolk sur-
face become round in shape and remain relatively evenly dispersed (Wourms,
1972; Podrabsky et al., 2017). Alternatively, the embryo may pause its
development at a slightly advanced stage when the cells partly reaggregate, as
described for the South American annual killifish Austrolebias spp. (Arezo
et al., 2017). Under standard laboratory conditions (aqueous medium, 25�C),
N. furzeri enter DI spontaneously but rarely, with a usual duration of
7e15 days (Pola�cik et al., 2016). However, some embryos may only “slow
down” their development compared to the other embryos from the same clutch
for a period of 1e3 days in this phase. This introduces variability in the
developmental pace, which levels up with the entry into DII, but whether these
embryos entered a very brief DI is unclear.

The embryo may enter DII (Fig. 12.2D) around the middle of embryonic
development. At 25�C, this stage is reached 4e6 days after the exit from DI.
At this stage, the head with otic vesicles, optic cups, and olfactory placodes is
clearly distinguishable, and the embryo has 32 or more somite pairs (Wourms,
1972; Pola�cik et al., 2016; Podrabsky et al., 2017). The heart beats with a
frequency of approximately 10 heart beats per minute. As in DI, there is some
variability in the exact developmental point when DII is entered. Some
N. furzeri embryos pause their development at the stage with scattered me-
lanocytes at the hindbrain region and partly pigmented optic cups and eyes.
Unusual cases of DII-like dormancy when the embryo is partly pigmented,
with a heartbeat and circulating blood cells visible in the vasculature, but with
no apparent developmental advance over weeks, have also been observed.
These “half diapausing” embryos might represent a link between the normal
and escape (direct) developmental trajectory (see later; Podrabsky et al., 2010;
Furness et al., 2015).

DIII (Fig. 12.2F) may occur in fully developed, ready to hatch embryos. It
is reached after 5e7 days of development past DII at 25�C. It is characterized
by a markedly depressed metabolic rate (Levels et al., 1986; Podrabsky and
Hand, 1999) and is difficult to distinguish morphologically from the closely
preceding developmental stages. In Nothobranchius spp., DIII is reliably
broken when developed embryos are placed in water.

Erratic development with high intrapopulation developmental variability is
not present in natural conditions, where embryos develop more synchronously.
They are deposited in a clay-like incubation substrate and experience gradual
changes in moisture levels, and seasonal and diurnal temperature fluctuations.
Specific environmental cues govern embryo development in line with seasonal
changes in the habitat. Inundated habitats with their hypoxic substrate main-
tain the embryos in DI. When the pool desiccates, DI is broken and the entire
embryo pool proceeds to DII. Variability only occurs at the end of the dry
season when embryo banks consist of a mixture of DII and DIII embryos
(Pola�cik et al., 2021).
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Developmental variability

The laboratory environment differs from the natural conditions in several
important aspects, related to practical issues but giving rise to challenges in
laboratory embryo husbandry. Specifically, the incubation medium is typically
aqueous, normoxic, and the incubation temperature is held stable. If dry in-
cubation is used, the incubation substrate is different from that of natural pools
(Pola�cik et al., 2016; Dodzian et al., 2018). This substitute environment does
not control development and the intrinsic programming, most likely epigenetic
maternal effects (Romney and Podrabsky, 2017), become important in gov-
erning the course of embryo development and entrance into particular dia-
pauses. This is especially obvious when the common laboratory incubation
temperature of 25�C is used (Furness et al., 2015). Consequently, embryos
under laboratory conditions develop erratically, with a proportion of embryos
developing directly without entering any diapause within about 3 weeks and
others taking up to several months to reach the prehatching stage (e.g.,
Wourms, 1972; Pola�cik et al., 2017).

This developmental variability has consequences for experimental work
using N. furzeri embryos. In contrast to nondiapausing fish models, elapsed
time since fertilization (or degree-days) does not reliably signal actual
developmental stage in an embryo and regular/continuous embryo staging is
needed if a particular stage is required for experimental purposes. The need for
the continuous staging requires embryo incubation in a transparent aqueous
medium or on top of a substrate when a dry incubation method is used. Em-
bryos should be disinfected and cleaned prior to incubation to avoid fungal and
microbial infections (see especially the “Mycobacteriosis” section) and enable
a clear view. Disinfection (detailed bleaching protocol described in Pola�cik
et al., 2016; Dodzian et al., 2018) can be achieved using 5% sodium hypo-
chloride solution or, alternatively, 0.008& peracetic acid, iodine, or H2O2.
Disinfected eggs are moved into moderately moist autoclaved or boiled peat
and incubated further. Notwithstanding, embryo mortality of 30%e50% is
common, especially in inbred strains such as the GRZ.

Manipulation of embryo development in the laboratory

The embryonic development of N. furzeri can be manipulated under laboratory
conditions. Developmental pace correlates positively with incubation tem-
perature and with the likelihood of the escape developmental trajectory. For
example, the median time from fertilization to the emergence of the neural
keel (i.e., pre-DII stage, DI skipped) is around 23 days at 18.5�C; 16 days at
20�C; and 11 days at 23�C. More important than its influence on develop-
mental pace is the direct development-forcing effect of increased temperature.
At 18�C, most N. furzeri embryos enter DI for a week or two, and the vast
majority enter DII for at least a couple of months. DII can subsequently be
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broken by exposing the embryos to 28�C for a week, and the eggs are ready to
hatch within the next 2 weeks (Pola�cik et al., 2016). Depending on storage
conditions, embryo development can be completed over a period of 3e
4 weeks, because exposure of freshly spawned eggs directly to temperatures of
28e30�C will induce direct development in the majority of eggs. On the other
hand, embryo development can also be held in DII for up to 2e3 years. For
detailed protocols for each option, we refer readers elsewhere (Pola�cik et al.,
2016; Dodzian et al., 2018). Exit from diapause and continuing development
until hatching can be induced by removal from cold temperature and exposure
to temperatures of 28e30�C. This triggers development at a pace to reach the
prehatching stage within 2e3 weeks. We recommend collection of the
required number of eggs (allowing 50% extra to cope with failure to hatch or
early juvenile mortality) at the DII stage from the incubation substrate using
fine forceps before placing at DII-breaking high temperature.

For shipment of eggs, the external temperature in both sender’s and re-
cipient’s regions should not fall below 5�C. The most tolerant stage for
shipment is DII. Embryos are sent either in incubation substrate enclosed in a
Ziploc bag or in Petri dishes, depending on the preferred type of incubation.

The embryonic period is developmentally very sensitive, with even minor
alterations having significant impacts. Potential risks of manipulating
N. furzeri embryo development include the risk that its effects may extend
beyond the embryonic phase and influence the posthatch performance of the
fish. Notably, development, including DII compared to direct (escape) devel-
opment without DII, represents an alternative developmental strategy, with
different morphological, physiological, and molecular processes (Podrabsky
et al., 2010). Thus entry into DII (DI and DIII have not been investigated in
this respect) may not be simply a pause in development but rather a switch
between two alternative life histories. Developmentally related phenotypic
plasticity has been documented in wild-derived N. furzeri. Nondiapausing
embryos hatched at a smaller size but with a larger yolk sac. They also grew
faster, matured earlier, reached a smaller maximum body size, and had a
shorter lifespan compared to those that entered DII (Pola�cik et al., 2014). On
the other hand, no such trade-offs of DII entry on individual posthatching
performance were detected in another study, where the diapausing and escape
fish of inbred GRZ strain had comparable growth, reproductive output, and
lifespan (Hu et al., 2020).

Diet

In the wild, N. furzeri is an opportunistic predator from the entire water col-
umn and consumes crustaceans, aquatic insect larvae, and floating terrestrial
insects (Pola�cik and Reichard, 2010). Feeding activity of wild fish peaks in the
morning but the digestive system contains some food throughout the 24 h

cycle (�Zák et al., 2019). The natural diet of N. furzeri juveniles consists of
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invertebrates that are small enough to be gulped by small fish. Growth of
N. furzeri is plastic and directly related to food availability and fish density
(Vrtı́lek and Reichard, 2015; Vrtı́lek et al., 2019). This should be considered
when fish are fed in captivity.

The standardization of diet and feeding procedure in the laboratory has a
profound effect on the success of N. furzeri as a biological model. At present,
the most common food for adult N. furzeri in captivity is chironomid larvae
(commonly referred to as bloodworms), which are delivered live or frozen
(Pola�cik et al., 2016; Dodzian et al., 2018). Other, less frequently used food
includes aquatic larvae of Chaoborus sp. midges, Daphnia spp., and sludge
worms (Tubifex tubifex) (Genade et al., 2005). The use of live food risks
introducing infections (Nenoff and Uhlemann, 2006) and even freezing the
food at �80�C does not eliminate viruses and bacterial spores (Kim et al.,
2007). Bloodworms and sludge worms live in polluted habitats and their origin
is typically unknown, posing an even greater threat to the killifish colony
(Armitage, 1995; Papa et al., 2019). While cultivation of food in captivity is
expensive but possible, it does not solve the problem of diet standardization.
Only the development of standardized dry food specifically designed for
N. furzeri can allow the standardization of dietary nutrient contents across
experiments and laboratories and enable precise experimental manipulation of
nutrients and chemical compounds.

Habituation of N. furzeri to commercially available dry food has received
interest (Cellerino et al., 2016; Harel et al., 2016; Pola�cik et al., 2016; Powell
et al., 2016; Hu et al., 2020), but the current consensus is that dry food may be
used only as a supplementary dietary resource (Pola�cik et al., 2016). Recently,
we have shown that adult N. furzeri readily accept commercial BioMar pellets
as the exclusive food, with condition and performance comparable to that of

the bloodworm diet (�Zák et al., 2020). However, no suitable dry food is
currently available for juvenile killifish, with Artemia nauplii remaining the
only food source for juvenile N. furzeri for at least the first week posthatching.
This is comparable to the situation in zebrafish, where feeding juvenile fish
with dry food is possible but suboptimal for growth and survival (Goolish
et al., 1999). The optimal onset of conditioning N. furzeri to dry food is at the
subadult age, corresponding to the first appearance of nuptial coloration in
males. Conditioning to dry food is easier and faster in communal tanks than for
individually housed fish. The first dose of dry food is more readily accepted
following 1 day of fasting. Weaning (cofeeding dry and live food) lasts
2e7 days, after which fish readily accept dry food. In communal tanks, sorting
fish by body size during the rapid growth phase (typically the first 2 months
posthatching) is important to prevent wide variability in body size within the

age cohort. �Zák et al. (2020) fed a combination of dry and presoaked pellets,
but presoaking is only necessary for pellet sizes above 1 mm. The optimal size
of dry pellets for N. furzeri is 75%e100% size of the fish eye pupil.

Challenges in keeping annual killifish Chapter | 12 301



The current protocol for the use of commercial dry food provides direction
for further development of a standardized diet. It should be noted that BioMar
pellets are well accepted but this diet leads to serious adiposity in N. furzeri,

which is a sign of dietary nutrient imbalance (�Zák et al., 2020). This is not
surprising given the natural diet of N. furzeri (Pola�cik and Reichard, 2010)
contains only about half the crude lipid content of BioMar pellets. A
N. furzeri-specific formula should be derived from the macronutrient content
of their natural diet to provide the correct balance of proteins and lipids.
Feeding trials using formulated diets (with known ingredient composition) and
commercially available diets with suitable macronutrient compositions are
currently being performed. Recent advances in the development of a killifish-
specific formula promise the availability of an optimized N. furzeri diet in the
near future.

Confirmation that N. furzeri accepts dry food should not lead to the use of a
high diversity of commercially available diets. This scenario has occurred in
zebrafish husbandry and current use of different diets has led to an unfortunate
variability in zebrafish performance among research labs (Tye and Masino,
2019). When dietary manipulation is not part of the study, no more than 10 dry
food types/formulae/brands should ideally be used in research laboratory fish
(Tye and Masino, 2019). It should be emphasized that the exact composition of
commercial food is not known and the macronutrient content of the food is
often met through a mix of various ingredients, which may even differ among
particular batches of the same brand or by country of production (Jenkins
et al., 2014; Sprague et al., 2016). This variability may be overcome through
the development of an open formula diet.

Open formula diets have known proportions of ingredients of natural
origin. The transparency of open formula diet composition significantly im-
proves research reproducibility (Barnard et al., 2009). The disadvantage of
open formula diets is that natural ingredients are slightly variable among
batches and cannot be chemically defined, although this also applies to
commercially available diets. Another option for controlled laboratory ex-
periments is the development of a purified diet made of chemically defined
ingredients (Barnard et al., 2009). Fish fed purified (and open formula) diets
have often inferior performance and survival (Watts et al., 2012), but it should
be emphasized that the primary purpose of these diets is the reproducibility of
results rather than the best performance. The development of standardized dry
food would allow more exact nutritional research on N. furzeri and enable
more scientifically robust aging interventions via nutrient manipulation and
pharmaceutical additives.

Diseases

Even the best-equipped and well-cared laboratory facilities are endangered by
the introduction of various diseases via feeding live or frozen food. Most
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disease outbreaks are caused by bacteria but also by eukaryotic agents with
direct life cycles and low host specificity. To minimize the risk of disease
introduction, the protocol for maintenance and breeding of Nothobranchius
fishes under laboratory conditions (Pola�cik et al., 2016) should be followed,
with maximum emphasis on the quality control of food.

Velvet disease

The disease manifests macroscopically as minute yellowish spots, petechial
hemorrhages and erosions on skin, or edema and hyperplasia of gill filaments.
Heavily infected fish exhibit a yellowish velvety coat over the whole body
surface (Fig. 12.3A). The causative agent, the trophic stage of the parasitic
dinoflagellate Piscinoodinium pillulare firmly attached to host cell, can be
diagnosed microscopically in wet mounts or histological sections (Fig. 12.3B
and C). A detailed description of the life cycle that includes trophonts as well

FIGURE 12.3 Velvet disease. Nothobranchius furzeri with velvet disease manifested mainly on

fins. Agent trophonts seen attached to fin epithelium (A). Trophonts of variable size detached from

gill surface (B, C). Histological section stained with hematoxylin and eosin.
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as free-living stages (tomonts dividing into tomites and motile gymnospores) is
given in Lom and Dyková (1992) and Kent and Fournie (2007). Velvet disease
can be treated using a short-term bath in 10% solution of NaCl (for 10e30 s)
(Pola�cik et al., 2016). Long-term housing of killifish at 4000 mS cm�1 suc-
cessfully limits velvet disease and does not interfere with N. furzeri condition.

Glugea sp. infections

Infections caused by Glugea sp. with light microscopical and ultrastructural
characteristics of Glugea anomala (microsporidia) were described in Notho-
branchius eggersi and N. korthausae by Lom et al. (1995). The agent develops
intracellularly in a wide range of hosts, transforming the infected host cells
into specific structures called xenomas (Lom and Dyková, 2005; Dyková and
Lom, 2007). In advanced stages of infection, xenomas are seen as giant
macroscopically visible formations (Fig. 12.4A) localized in almost all organs.
Fish-to-fish transmission occurs by ingestion of spores liberated from mature
xenomas, localized most frequently in the subepithelial layer of the intestinal
wall (Fig. 12.4B). Since connective tissue target cells are present in all organs,

FIGURE 12.4 Glugea sp. infection. Nothobranchius cardinalis with advanced stage of Glugea

sp. infection exhibiting giant xenoma formations in body cavity (A). Hematoxylin and eosin-

stained histological section through body cavity organs of Nothobranchius furzeri showing large

mature and much smaller developing intestinal xenomas (arrow) (B).
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spores are also liberated from mature xenomas in the ovaries, although the
oocytes themselves are not infected, i.e., they cannot spread infection if
adequately treated. It is impossible to control the infection.

Mycobacterioses

Mycobacterial infections, diagnosed in numerous species of wild, cultured,
and aquarium fish, represent a considerable threat to Nothobranchius research
breeding units. The ubiquitous distribution of several Mycobacterium spp.
infectious to fish (Davidovich et al., 2020; Gauthier and Rhodes, 2009) fa-
cilitates their introduction to laboratory colonies via live and frozen food.
Severe spontaneous mycobacterial infections of juveniles are manifested as a
loss of neutral buoyancy due to swimbladder lesions as early as 7 days post-
hatch (Dyková et al., 2021). In adult fish, mycobacterioses may become sys-
temic. Nonspecific gross symptoms such as faded coloration, exophthalmos,
skin erosions, and abdominal distention are associated with enlargement and
severe alterations in the kidney, liver, spleen, and swimbladder (Fig. 12.5A).
The mycobacterial etiology of lesions dominated by massive proliferation of
macrophages in the interstitial tissue of the kidney can only be identified using
ZiehleNeelsen staining, developed for the identification of acid-fast bacteria
(Fig. 12.5B). It is impossible to detect mycobacteria in hematoxylin and eosin-

FIGURE 12.5 Mycobacteriosis. Nothobranchius furzeri with pronounced enlargement of kid-

neys (arrow) associated with mycobacterial infection (L, liver, S, spleen) (A). Mycobacterial

infection visualized in kidney tissue section with ZiehleNeelsen staining specific for acid-fast

bacteria (B).
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stained histological sections, even though mycobacteria often almost fill up
macrophages or accumulate extracellularly. Regular examination of moribund
juveniles (using imprints from altered swimbladder or histological examina-
tion of the whole body) can keep the potential mycobacterial load of breeding
tanks under control.

Summary of the challenges

In this chapter, we aimed to characterize the most challenging issues associ-
ated with the maintenance, reproduction, and laboratory use of N. furzeri. One
unknown effect is the lack of circadian fluctuation in water temperature in

captivity (�Zák and Reichard, 2020). Another important challenge is the
development of a standardized diet, which is currently the subject of intensive
research. We also need to establish whether the developmental trajectory of the
embryo has any significant impact on posthatching life history, as current
evidence is equivocal. An associated issue is the need to standardize embryo
incubation conditions across laboratories to increase repeatability of experi-
mental results. Finally, the source of commonly reported proliferative changes
to multiple organs needs to be clarified, especially resolving whether these are
of spontaneous origin or induced by immunological responses to pathogens.
We conclude that despite these ongoing challenges, N. furzeri culture is well
established and N. furzeri constitutes an excellent resource for biomedical,
evolutionary, and toxicological research.
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Lom, J., Dyková, I., 2005. Microsporidian xenomas in fish seen in wider perspective. Folia

Parasitica 52, 69e81.
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Chapter 13

Mexican tetra (Astyanax
mexicanus): biology,
husbandry, and experimental
protocols

Diana P. Baumann, Andrew Ingalls
Reptile & Aquatics, Stowers Institute for Medical Research, Kansas City, MO, United States

Biology and natural history

Astyanax mexicanus, also known as the Mexican tetra, is a teleost species
originating in South America. Cataloged in 1936 by Hubbs and Innes as the
first blind fish in the Characidae family, it became available in the US
aquarium trade in the 1940s, and early investigations were carried out by
Breder (1942). While its classification was initially in question, it is now
understood that two distinct forms of the species can be found in the wild: the
surface morphology, a sighted river-dwelling fish found in the North and
Central Americas, and the troglobitic morphology, a blind cave-dwelling fish
indigenous to the Sierra de El Abra, Sierra de Guatemala, and Sierra de
Colmena regions of Mexico (Fig. 13.1).

A. mexicanus has been recorded in 29 distinct cave localities across the
regions, having diverged from their surface counterparts between 20,000 and 1
million years ago (Fumey et al., 2018; Elipot et al., 2014). This broad range in
time can be attributed to the complex regional geomorphology and, more
pertinently, a lack of detailed understanding regarding the number and timeline
of colonizations for this species. The long-standing hypothesis for the age of
divergence in these populations involves two separate surface lineages: “old”
and “new” (Gross, 2012). The “old” lineage is comprised of an ancient, extinct
variety of the surface morph, while the “new” lineage descends from the
surface morph currently inhabiting the rivers of Mexico (Gross, 2012). This
hypothesis is being revisited by studies such as Fumey et al. (2018), suggesting
that the basis for these two groupings is an inaccurate model for evolution and
that all cave populations more likely diverged as recently as approximately

Laboratory Fish in Biomedical Research. https://doi.org/10.1016/B978-0-12-821099-4.00003-1
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20,000 years ago. This furthers the intrigue surrounding this model organism,
which clearly shows a strong capacity for phenotypical adaptations in a short
period of time.

One of the key reasons why these fish have emerged so prominently as a
new model organism is that all cave morphs studied so far have proven to be
interfertile, both with one another and with the surface morph. This has opened
a window to study the evolution of the cave morphs as they have adapted to
survival in perpetually dark and nutrient-deprived environments. Trait di-
versity, both phenotypical and behavioral, can be investigated to determine the
genetic basis for these changes. Much of the work currently being conducted
revolves around trait evolution and comparative approaches. However, as the
field continues to grow, an increasing number of studies are beginning to
explore A. mexicanus as a model for human disease, in addition to their
differing biological characteristics (McGaugh et al., 2020b; Rohner, 2018a,
2018b).

FIGURE 13.1 Astyanax caves, cavefish populations, and habitats. (A) Map showing the distri-

bution of caves in the El Abra region of Tamaulipas and San Luis Potosı́, Mexico. Boxes outlined

in blue, red, and green show locations of Astyanax caves (black outlined and colored spheres) in

the Sierra de Guatemala, Sierra de El Abra, and Micos regions, respectively. Inset: Mexico map

showing the locations of Astyanax mexicanus cavefish in the El Abra epicenter (right shaded

rectangle) and Astyanax aeneus cavefish in Guerrero (left shaded sphere). (B) Most frequently

studied cavefish populations in the Guatemala (blue label), El Abra (red labels), and Micos (green

label) regions. (C) A surface fish habitat at El Nacimiento del Rı́o Choy. (D) A cavefish habitat in

El Sótano de Las Piedras. Figure is taken from Jeffery, W.R., 2020. Astyanax surface and cave fish

morphs. EvoDevo 11, 14. https://doi.org/10.1186/s13227-020-00159-6.
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Two cave morph traits that have received the most attention are the loss of
pigmentation (Jeffery, 2009; McCauley et al., 2004; Stahl and Gross, 2015)
and eye degeneration, leading to the complete absence of eyes in multiple cave
morphs (Jeffery, 2009; Krishnan and Rohner, 2017). Other physical changes
include an increase in the number of taste buds and teeth as well as structural
changes to the jaw, leading to altered feeding behavior (Schemmel, 1980).
More recent work looks at craniofacial asymmetry and changes to visual
dendrite morphology (Gross et al., 2014; Tanvir et al., 2020). Jeffery (2001)
provided a thorough overview of both constructive and regressive changes in
A. mexicanus, while Yoshizawa (2015) delivered a wide-ranging summary of
behavioral evolution. Evolutionary adaptations include changes in circadian
rhythm (Beale et al., 2013) and sleep patterning (Duboué et al., 2011; Jaggard
et al., 2018; McGaugh et al., 2020a; Yoshizawa et al., 2015). Brain atlas
studies have subsequently revealed neuroanatomical changes in brain struc-
tures associated with behavior (Jaggard et al., 2020; Loomis et al., 2019).

Genetic manipulation has been achieved through a variety of mechanisms,
including transcription activator-like effector nucleases (TALEN), Tol2
transposase, and clustered regularly interspaced short palindromic repeats
(CRISPR) (Klaassen et al., 2018; Ma et al., 2015; Stahl et al., 2019a, 2019b).

Disease modeling studies include heart regeneration (Stockdale et al., 2018).
Work on metabolism is providing insights into diabetes and obesity (Aspiras
et al., 2015; Salin et al., 2010; Volkof, 2016; Xiong et al., 2018). Novel acoustic
studies have recently increased the understanding of communication (Hyacinthe
et al., 2019), as well as the acoustic startle response (Paz et al., 2020).

For further information, Keene et al. (2016) examined the evolution and
biology of the Mexican tetra in a comprehensive tome; Kowalko (2020)
provided a review of the genetic foundations of evolved behavioral traits; and a
summary of methods, resources, meetings, websites, and conferences is
covered by Jeffery (2020).

Husbandry

To maintain high-quality, reproducible research, the husbandry of any model
organism is paramount. As the prevailing aquatic model organism, zebrafish
have steered the advancement of husbandry for many species, including
A. mexicanus. However, as A. mexicanus grows in popularity, defined differ-
ences have begun to emerge. The following overview details husbandry ele-
ments the authors find critical for A. mexicanus to thrive in a research
environment.

Housing

Depending on the needs of the facility and the research, tanks can vary in
shape, volume, and material (Fig. 13.2).
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According to Harper and Lawrence (2011), “the density at which fish are
kept in captivity exerts profound effects on their health, productivity, and
welfare.” Therefore research facilities must balance a desire to maximize the
census with the welfare of the animals. This balance is not always simple, as
some teleosts, such as the surface morph of A. mexicanus, exhibit problematic
behaviors at higher densities (territoriality), while also displaying the behav-
iors of a social species (schooling), indicating a need for companionship. Thus
the regulation of both low and high stocking densities is critical for this morph
of A. mexicanus (Burchards et al., 1985). Requirements for density regulation
among the individual cave localities are currently undetermined, and their
housing densities remain similar to that of the surface morphs.

Independent of the number of fish within a tank, many teleosts respond to
the volume of their environment. This can be seen in the surface morph of
A. mexicanus, which displays increasing territoriality as the tank size de-
creases (Burchards et al., 1985). Additionally, Gallo and Jeffery (2012) found
that surface A. mexicanus will regulate their growth rate according to their
environmental space, a trait known as space-dependent growth (SDG). Some
cavefish localities, such as Pachón, also possess a reduced version of the SDG
trait, while others, such as Tinaja, do not. As such, many facilities have
adopted a “sliding scale” (Harper and Lawrence, 2011) of densities as the fish
age, increase in size, and change in behavior and physiology. While no
standards exist for A. mexicanus, a conservative guideline of tank sizes and
densities determined by age and purpose is provided in Table 13.1.

FIGURE 13.2 Common recirculating aquaculture system tank setups for Astyanax mexicanus.

(A) Modular rack system housing 38 L tanks. (B) Modular rack system housing 3 and 10 L tanks.

Figure is taken from Stowers Institute Cavefish Team.
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Arguably the most crucial element of housing is the medium in which the
animals live: the water. The American Veterinary Medical Association
(AVMA) states that animals should have “an environment appropriate to their
care and use, with thoughtful consideration for their species-typical biology
and behavior” (AVMA, 2020a). For A. mexicanus, this means understanding
both river and cave environments. Due to the inherent difficulties of main-
taining multiple environments in a laboratory, the authors suggest a unified
approach. Table 13.2 indicates average water chemistry from several tests
taken in March 2017 and July 2019 from the Pachón cave, Rio Subterraneo
pool, and Nacimiento Rio Choy.

The authors have found that A. mexicanus can thrive in a wide range of multiple
water-quality parameters, and Table 13.3 provides values utilized at Stowers
Institute for Medical Research. Based on the field data presented in Table 13.2, a
higher range for alkalinity and general hardness may be more appropriate.

Aggression behavior

Important adaptations to feeding and social behavior have led to stark dif-
ferences in cave and surface fish. Studies have begun to explore the “fight or
feed” behaviors in A. mexicanus. These behaviors are unique to the surface and
cave morphs, respectively, yet linked by common genetic components (Elipot
et al., 2013; Rétaux and Elipot, 2013). This section will focus on the surface
morph, which exhibits an “erratic viciousness” (Breder, 1943), unlike the cave
morph, which is generally nonaggressive.

In the wild, surface morphs have a wide range of territory, compelling them
to school for protection against larger predators. During the dry season, their

TABLE 13.1 Densities and tank volume by purpose and age.

Purpose

Age

category

Age range

(months

postfertilization)

Density

(fish per

liter)

Typical

volume

(liters)

Maximum

capacity

(fish)

Nursery Larval to
early
juvenile

0e3 8e10 3 Up to 35

Grow-out Early
juvenile

3e6 6e8 3 Up to 35

Grow-out Late
juvenile

6e12 1.5e3 10e16 Up to 60

Maintenance Adult 12þ 0.5e1 16e38 Up to 60

Breeding Adult 12þ 0.5e1 38 Up to 60
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environments can diminish into small, separated pools. This decrease in vol-
ume evokes a behavioral shift toward territoriality and dominance, a trait that
has also been documented within the laboratory environment (Burchards et al.,
1985). Schooling behavior is not completely diminished, however. Even at
smaller tank volumes, a dominant female will lead the social structure.
Kowalko et al. (2013a) noted the presence of schooling and shoaling for
surface morphs in a laboratory environment; behaviors not witnessed in the
cave morphs. This social drive conflicts with the territorial behavior and can

TABLE 13.2 Location water chemistry.

Parameter Value

Specific conductance (mS/cm) 742 � 296

Temperature (�C) 25.6 � 1.3

pH 7.6 � 0.4

Ammonia (ppm) 0.05 � 0.02

Nitrite (ppm) 0.003 � 0.002

General hardness (ppm) 104 � 20a

Alkalinity (ppm) 280 � 92

Dissolved oxygen (ppm) 7.01 � 0.25b

aFour values were over-range (>120 ppm).
bFour values recorded in percent saturation (not included).

TABLE 13.3 Stowers Institute water quality parameters.

Parameter Set point Acceptable range

Specific conductance (mS/cm) 800 700e1100

Temperature (�C) 23.0 16.0e28.0

pH 7.65 7.3e8.0

Ammonia (ppm) 0 <0.5

Nitrite (ppm) 0 <0.5

Nitrate (ppm) 0 <60

General hardness (ppm as CaCO3) In range 20e120

Alkalinity (ppm as CaCO3) In range 20e120

Dissolved oxygen (% saturation) >90 80e103

316 SECTION | 2 Other small freshwater fish



lead to increased aggression as subordinates attempt to establish their place
within the hierarchy.

Feeding conditions can also play a role in the aggressive behavior of
A. mexicanus. When food is in short supply, resource guarding and increased
territoriality can be observed. Conversely, when food is in overabundance, an
excess of energy may lead to increased agonistic behaviors. Burchards et al.
(1985) showed a significant increase in attacks by the Rio Teapao surface
morph prior to satiation, revealing a relationship between aggressive behavior
and food supply.

While aggressive tendencies continue throughout the life of the surface
morph, Ingalls et al. (2020a) began to explore a trend in aggression-related
deaths when compared to age. This study showed a significant increase in
these incidences from 3 to 6 months, peaking at 5 months. It also indicated a
strong negative correlation between aggression and Fulton’s condition factor,
suggesting an inverse relationship between the welfare of the fish and its
aggressive behavior. This could be due, in part, to the start of territorial and
dominant behaviors to establish the hierarchy. Aggression can be difficult to
spot before a physical incident or death, though there are certain social be-
haviors associated with this trait. Among the most defining agonistic behaviors
are “fin spreading,” “snake swimming,” “tail beating,” “ramming,” and
“biting” (Burchards et al., 1985; Espinasa et al., 2005), with “ramming” and
“biting” being the most common. If a submissive individual subjected to these
behaviors has no way to escape or hide, the persistent attacks will result in its
eventual mortality.

There are many potential prevention techniques when dealing with
aggression. It is important to note that although no single technique will
eliminate aggression from the species, the inclusion of any of these methods
has the potential to vastly improve welfare. For subordinate fish to escape
aggression from the dominant female, hiding locations must be available for
retreat. The authors have found success using several items, such as artificial
plants, honeycomb alcoves, multitiered stands, and PVC pipes as depicted in
Fig. 13.3. Blocking visual contact between tanks can also reduce cross-tank
aggression.

Environmental factors also play a significant role in the behavior and
aggression of A. mexicanus. For example, with a change in tank size and/or
density, it is possible to further reduce aggression. Burchards et al. (1985)
showed that ramming movements are dependent on the available space and
reduce as tank volume increases. Palstra and Planas (2011) stated that an in-
crease in water flow, leading to sustained exercise, may result in reduced
aggression. As noted, food denial can increase the potential for aggression.
Rétaux and Elipot (2013) discussed that when denied food, even cave morphs
are 75% more aggressive than their “normal-fed” or “overfed” counterparts.

In some cases, the severity of this behavior requires more drastic inter-
vention, and isolation of the aggressor may be required. If a hyperaggressive
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fish does not respond to these methods, it may be necessary to cull the indi-
vidual. This will lead to the reestablishment of the pyramid hierarchy and a
temporary increase in tank-wide aggression.

Nutrition and feeding

Due to the novel status of A. mexicanus, many nutritional requirements remain
unknown. This section will use the requirements of other warm water,
omnivorous Characids, such as the neon tetra (Paracheirodon innesi) and the
Hyphessobrycon genus to propose a nutritional baseline for A. mexicanus.

Regarding macronutrients, Sealey et al. (2009) recommended a diet con-
taining at least 45% crude protein for optimal mass gain. Darve et al. (2016)
stated that neon tetras perform well at lipid levels ranging from 10% to 15%,
with a peak at 12.3%. There is no dietary requirement for carbohydrates in
teleosts. However, it is commonly used as an alternative source of energy,

FIGURE 13.3 Enrichment items used to reduce aggression. (A) Honeycomb alcoves. (B) PVC

pipes and plastic plants. (C) Multitiered stands. (D) Barriers to block visual contact between tanks.

Figure is taken from Stowers Institute Cavefish Team.
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saving protein and lipids from glucose conversion (Harper and Lawrence,
2011). This nutrient profile is preferred from the start of exogenous feeding
until the adult life stage. Due to the unknown species-specific demands for
vitamins and minerals, formulated diets carry an overabundance. Texts, such
as Nutrition and Feeding of Fish and Crustaceans and The Vitamins:
Fundamental Aspects in Nutrition and Health, contain more information on
micronutrients.

The two morphologies, surface and cave, exhibit different feeding adap-
tations. For instance, the cave morph has double the number of teeth per
maxillary bone and a protruding lower maxilla. The cave morph also has a
several-fold increase in taste buds present in the mouth, pharynx, lips, and
external surface of the head. These adaptations may have led to a posture that
promotes bottom feeding, as the surface morph is cited as feeding at a much
steeper angle than the cave morph (Jeffery, 2001; Schemmel, 1980; Yamamoto
et al., 2009). However, using quantitative trait locus on F2 fish, Kowalko et al.
(2013b) concluded that, in the case of feeding posture, they could not find a
strong correlation with morphological traits such as number of taste buds,
craniofacial morphology, or body depth. Cave and surface morph evolution
also diverge in several areas of the gut, including plasticity, morphology, and
homeostasis (Riddle et al., 2018, 2019).

There are also behavioral differences that lend themselves to the cave
morph’s foraging capability. For example, Yoshizawa et al. (2010) showed that
cavefish utilize detection in their lateral line system, allowing them to sense
the specific swimming frequencies of crustaceans such as copepods. This
behavior, known as vibration attraction behavior (VAB), is absent from most
surface fish, although a few have been noted to demonstrate it at low levels
(Yoshizawa et al., 2015). Espinasa et al. (2020) tested the presence of VAB in
the wild among several cave localities (Pachón, Tinaja, and Molino), noting
differential expression of the trait between distinct pools within the same cave.
This suggests VAB may express a level of plasticity based on the biological
load of each microenvironment. Due to this trait, the authors have found it
beneficial to halt the water flow before feeding. This can act as a feeding signal
for the fish, as well as a potential reduction of vibration interference.

At 5.5 days postfertilization (dpf) (Hinaux et al., 2011), a rudimentary
digestive tract has developed, and the yolk sac has regressed. This is when
exogenous feeding will begin, although full functionality will not be complete
until metamorphosis occurs. While this period remains unknown for
A. mexicanus, other warm water Characids such as neon tetra and black tetra
cross this milestone at approximately 20 dpf (Lipscomb et al., 2020).

The growth and energy requirements during the larval stage are at the
highest. Carbohydrates should be at a minimum (<5%) to increase di-
gestibility (Harper and Lawrence, 2011). The feeding regimen should include
a significant live feed component, such as rotifers or Artemia, due to their
balanced nutritional content and high digestibility (Lipscomb et al., 2020).

Mexican tetra (Astyanax mexicanus) Chapter | 13 319



During this life stage, larvae have not developed a strong swimming ability; as
such, it is best if food remains suspended in the water column. Continuous
feeding such as polyculture or multiple feedings per day will lead to the
highest survival rate. Toward the end of this life stage, a weaning protocol can
transition the organism into microparticulate diets. The authors have used
Skretting Gemma Micro diets for this life stage; however, many suitable feeds
exist.

Once metamorphosis has occurred, A. mexicanus enters a period of rapid
growth and maturation (McMenamin and Parichy, 2013) known as the juvenile
stage. While protein and lipids remain high to allow for maximal growth and
sexual maturation, carbohydrates are now more acceptable due to the devel-
oped digestive system. The juvenile cave morph will begin to exhibit a
foraging behavior, eating primarily at the bottom of the tank. The surface
morph will prefer to eat at the surface, then in the water column, and finally at
the bottom of the tank, so feeds should be stable for an extended period with
the ability to both float and sink.

Due to the rapid growth rate of juvenile A. mexicanus, smaller live feeds,
such as Artemia and rotifers, no longer provide a sustainable nutritional pro-
file. The feeding regimen should constitute microparticulate feeds that range in
size as the fish’s gape size increases. Three or more feedings per day will
promote high growth rates. The authors have used Skretting Gemma Micro
and Gemma Diamond diets for this life stage. However, there are many
suitable alternative feeds with similar properties.

Once the fish have reached adult maturation, at 1-year postfertilization, the
goal is no longer high growth rates. Maintenance of the stock allows for a
slight reduction in protein and lipids. While not in high demand, these mac-
ronutrients are still important for energy production and continued sexual
maturation. Carbohydrates are now used in feeds at higher levels for energy
supplementation. Diets can vary during this stage, depending on the fish’s gape
size. There are many feeds available that meet these nutrient guidelines, of
which Piscine Pellets, Skretting Gemma Diamond, and Skretting Clean Assist
are examples.

To shift from maintenance to reproduction, adults require a high concen-
tration of protein (>45%). Lipids (10%e15%) are also critical, as certain fatty
acids (n3 and n6 polyunsaturated fatty acids and highly unsaturated fatty
acids) are important for reproductive functions. Carbohydrates become a low
priority to maximize lipid and protein potential. Vitamins and minerals are
also more important during breeding. For example, elevated vitamins C and A
can have positive effects on gamete production and embryo quality (Harper
and Lawrence, 2011). Due to the energy demand, a higher feeding frequency
may be beneficial to maintain the energy lost through reproduction. Addi-
tionally, it may be helpful to supplement the diet with high-lipid feeds such as
small black soldier fly larvae or Mysis shrimp.
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Colony management

A. mexicanus remains a promising model organism in evolutionary and
developmental studies due to the interfertility of the cave and surface morphs.
Housing multiple genetic lines, maintaining population diversity, and culti-
vating F1 and F2 hybrids are all factors in the success of a facility using
A. mexicanus. Due to this species’ significant maturation time, proactive
colony management, breeding, and larval care are of critical importance to
maintaining healthy stock numbers.

Sexing

The first stage in a successful breeding program requires a healthy and robust
broodstock that regularly produces embryos. This necessitates the ability to
reliably identify sexes of the fish available to establish suitable breeding ratios.
There are several possible methods of sexual identification for A. mexicanus:
visual observation, cotton swabbing, and gamete collection. Each of these
techniques induces a varying degree of stress on the fish and must be
considered according to the certainty required. While gamete collection is the
most reliable, other techniques, either individually or in tandem, may provide
sufficient confidence to forgo the procedure. For A. mexicanus, the authors
have noted sexual maturation as early as 9 months, while other facilities have
indicated generations as short as 6 months (Borowsky, 2008a). However, to
provide the highest success rate, the authors suggest that sexing occur at
approximately 1-year postfertilization.

All A. mexicanus share dimorphic traits that allow for the identification of
sex; however, each morph may also exhibit additional traits specific to only
that locality. It is important to note that while these methods may help identify
sexes, they are not a guaranteed method for success. These dimorphic traits
can be subtle or even absent from a sexually mature adult and should only be
used as a guide for further study. A. mexicanus females frequently have a
distinct, deeper body shape than males, which can appear more concave be-
tween the pelvic and anal fins. This deep body shape extends to the transverse
view of a female, where one can see a wider abdominal region. Additionally,
females tend to have a pointed cranial region, compared to the males’ short-
ened and rounded upper and lower maxilla. Finally, the authors note that one
of the best methods for visual identification of any morph of A. mexicanus is
the shape of the anal fin: a concave posterior margin in females and an
approximately linear margin in males (Fig. 13.4).

The surface morph has a distinct coloration that appears on the anal fin of
females. The first two anterior rays will sometimes exhibit a white coloration
and thickening that makes them opaque. Additionally, the females may have a
patch of red or orange coloration throughout the anal fin. The Pachón locality
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has a distinct body coloration difference, with the males exhibiting a golden
hue versus the females’ pale yellow or slightly pink hue. This extends to the
anal fins, where males will have opaque and yellow coloration toward the
anterior half of the fin. Like the Pachón, fish from the Tinaja locality have
sexually dimorphic anal fins. The males’ fins are opaque toward the anterior
half, and a yellow hue is typically present on all fins, while females may have a
pale pink tint to their fins. The bodies of the Molino locality do not exhibit any
apparent dimorphism in color. However, like the other cave morphs, the males
do have distinct opaque coloration on the anterior half of the anal fin. Molino
females also have a small protrusion anterior to their anal fins, related to the
urogenital pore, which has not been noted with any other cavefish locality. Due
to the nature of hybrids, sexual identification is varied and can encompass
traits from both lineages. For this reason, second-generation hybrids can be
difficult to sex. First-generation hybrids will typically follow the same visual
identification as a surface morph, assuming it is part of the cross (Fig. 13.5).

While visual identification has proven to be an adequate, noninvasive
method for sexual identification, testing the anal fin for the presence of hook-
like structures known as denticles using a cotton swab will provide more
consistent results on sexually mature males. To perform this technique, gently
brush the anterior portion of the anal fin in a caudal to cranial direction along
the side of the fin. If the fish in question is a sexually mature male, the cotton
will catch on the denticles. If the swab does not catch, the fish is either a

FIGURE 13.4 Astyanax. mexicanus female (upper) and male (lower) showing anatomical dif-

ferences in overall body shape, craniofacial shape, and shape and color of the anal fin. Figure is

taken from Stowers Institute Cavefish Team.
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female or an immature male, and other methods should be used to confirm the
sex. For further verification, fish can be observed under a microscope to
validate the presence of denticles (Fig. 13.6).

Finally, gamete collection is the most successful method of sexual iden-
tification and can be used when other methods prove unreliable.

Breeding and embryo handling

When creating a breeding program for any organism, it is important to un-
derstand and replicate its reproductive cycle as closely as possible to reduce

FIGURE 13.5 Sexual dimorphism observed in Astyanax mexicanus from the major localities.

Red line, indicates anal fin margin curvature, blue arrow pointing up indicates curvature of

abdomen, and green arrow pointing down indicates anal fin coloration. Images are not to scale. (A)

Surface morph: upper image is male, lower image is female. (B) Pachón locality: upper image is

male, lower image is female. (C) Tinaja locality: upper image is female, lower image is male. (D)

Molino locality: upper image is male, lower image is female. Figure is taken from Stowers Institute

Cavefish Team.
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stress, maximize viable embryos, and prolong breeding capabilities. The
breeding cycle of A. mexicanus has not been studied extensively in the wild;
however, insights from ecological and laboratory settings are available. Elipot
et al. (2014) tracked three years of spawning data, indicating there was no
correlation between spawning efficiency and either the seasonal or lunar cycle.
Additionally, they show that the quantity and viability of embryos were
consistent throughout the year, indicating that both surface and cave morphs are
capable of continual production. Furthermore, Pachón fry have been sighted in
both the rainy and dry seasons in the wild, suggesting there is no natural sea-
sonality of the cave morph (Espinasa et al., 2017). The authors concur with
several studies observing that most spawning events occur for both cave and
surface morphs during the dark hours (Elipot et al., 2014; Simon et al., 2019). It
should also be noted that surface morphs produce more embryos per breeding
event than cave morphs (Simon et al., 2019). Females may spawn multiple
times during a breeding week, which has been validated in other facilities
(Elipot et al., 2014; Borowsky, 2008a). The authors recommend resting a brood
for a period of 1e4 weeks after each breeding week for optimal production.

Cave and surface morphs have identical courtship behaviors prior to
spawning. This similarity suggests breeding behavior may not have changed
during the divergent evolution (Simon et al., 2019). The cause for the acti-
vation of breeding events is unclear, though hormone production from the
female may play a large role in the stimulation process (Simon et al., 2019).
Additionally, photoperiod and temperature/water changes are important
signals for many teleosts, including A. mexicanus. The authors cycle the
temperature of a breeding rack from 22 to 26�C over the course of the week to
inducing spawning behavior.

The courtship ritual of A. mexicanus occurs in five quick phases that are
repeated many times over the course of 1 h and can involve many males

FIGURE 13.6 Micrograph of male anal fin. Inset: Hook-like structures known as denticles.

Figure is taken from Stowers Institute Cavefish Team.
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signaling a single female. It is interesting to note that the hierarchical pyramid
does not impact breeding behaviors as the fish indicate no preference, with all
females breeding at least once during the spawning event (Simon et al., 2019).
However, Plath et al. (2006) suggested that surface morph females will prefer
larger males when they spawn in the light. The five stages of courtship will
only last 2e3 s in total but are repeated as many times as required to elicit the
intended response (Simon et al., 2019) (Fig. 13.7).

Like other teleosts, A. mexicanus exhibits egg cannibalism. For this reason,
the authors suggest the use of a spawning trap to catch the deposited eggs
before they can be consumed. This will allow for collection of the embryos

FIGURE 13.7 Description of spawning behavior in Astyanax mexicanus. (A) (surface fish) and

(B) (cavefish) show realistic drawings capturing the distinct phases of A. mexicanus behavior in the

dark, after careful observation of many spawning events. The swimming movements and body

postures of the male and females are identical in surface fish and cavefish. (a) The female will

begin to swim along the bottom. (b) The males will chase the female. (c) A male will swim next to

the female in a rapid synchronized event known as “quiver swimming.” (d) The pair will swim

upward with the male wrapping around the back of the female. (e) The female will release a

sudden burst of energy and contraction, causing her to twitch, culminating in the deposition of eggs

as she propels in an upward direction (Simon et al., 2019). Figure is taken from Simon, V.,

Hyacinthe, C., Rétaux, S., 2019. Breeding behavior in the blind Mexican cavefish and its river-

dwelling conspecific. PLoS One 14(2), e0212591. https://doi.org/10.1371/journal.pone.0212591.
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with minimal stress to the fish and the highest retention of embryos for the
researcher (Fig. 13.8).

Once the traps have been removed from the tank, the embryos must be
separated from the organic detritus that has accumulated. Embryos should be
collected in a sieve and gently washed with fish water or embryo media to
remove the unwanted organic matter. When separating embryos into Petri
dishes, the authors recommend limiting to 50 embryos per dish to reduce
issues associated with water quality, fungal infestation, and stunted develop-
mental growth. The embryos should be submerged in embryo media or fish
water. Fungal growth can be inhibited by dosing the media with methylene
blue, an antifungal agent.

After collection, the embryo stage should be determined (hours post-
fertilization) using a developmental staging table (Hinaux et al., 2011) and a
microscope. The recommended incubation temperature for optimal embryo
survivability and development is 23�C. Faster development was noted at 28�C,
although this produced a significantly decreased survival rate (Hinaux et al.,
2011).

The embryo itself is surrounded by a soft chorion, similar to zebrafish.
Unlike zebrafish, however, the chorion has an adhesive surface, which can lead
to egg clusters. A. mexicanus have transparent embryos, making develop-
mental tracking simple. Hinaux et al. (2011) also indicated that both Pachón
and surface morphs have similar developmental milestone timepoints and
hatch at similar times, which is approximately 24 h postfertilization.

Once the embryos hatch, the authors recommend transferring all surviving
larvae into new Petri dishes to quickly remove the shed chorion debris. This is

FIGURE 13.8 Spawning traps used to collect embryos. (A) Assembled. (B) Dismantled to show

individual components. (C) Placed in tanks housing breeder fish. Figure is taken from Stowers

Institute Cavefish Team.
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a critical step for the survival of cave morphs, as organic waste build-up can
lead to infections and diminished development. Finally, Petri dishes should be
cleaned daily with removal of dead larvae and embryos to ensure optimal
survival.

Larviculture

Proper larviculture is crucial as it is the most difficult and critical stage in the
lifecycle of any teleost. A. mexicanus are born as altricial larvae roughly 24 h
postfertilization. During the first 30 min of hatching they untwist from their
embryonic state. While the developmental timeline of surface and cave
morphs is similar in the embryonic stages, clear differences in pigmentation
and eye development begin to emerge during larval growth. After the first
several days, cave morph eyes begin to degenerate, never exceeding 0.3 mm in
diameter (Hinaux et al., 2011) (Fig. 13.9).

The most pivotal time in larval development occurs at 5.5 dpf, when
exogenous feeding, bladder inflation, and other major milestones occur
(Hinaux et al., 2011). This development can be delayed by several environ-
mental factors, including temperature, medium, density, and photoperiod.
Currently, little is known of the environmental robustness of larval
A. mexicanus. The authors suggest rearing larvae (0e6 dpf) in a controlled
temperature incubator accompanied by daily media changes. The larval stage
continues until the beginning of metamorphosis.

Once the larvae reach 6 dpf, they should be placed on system in a low-flow
environment. While their swim bladders have inflated, they are not yet able to
resist strong currents and swimming exhaustion could lead to mortality. Due
to the low turnover rate in these tanks, frequent cleanings are recommended to
remove biological build-up from feed or waste. The authors suggest a pipette
for detritus removal to lessen the chance of overstressing the larvae. Finally, if
rearing in a low-flow environment, ensure the baffle screens are small enough

FIGURE 13.9 Larvae of cave and surface morph Astyanax mexicanus. (A) Pachón locality larvae

at approximately 30 h postfertilization. (B) Surface morph larvae at approximately 40 h post-

fertilization. Figure is taken from Stowers Institute Cavefish Team.
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(400 mm) to prevent the larvae from escaping. Alternatively, rearing in a static
tank, while posing significant challenges, allows for polyculture using in-
vertebrates such as rotifers to continuously feed the fish. This can be advan-
tageous for survival and growth when monitored closely. If choosing to rear in
static tanks, periodic water changes are recommended.

Animal welfare and health management

Welfare indicators

It is now well established that fish are sentient beings deserving of compassion
and humane treatment (Broom, 2007; Brown, 2015; Saraiva and Arechavala-
Lopez, 2019). This extends to their welfare and protection from suffering.
Physical welfare indicators can include growth rate, fertility, fecundity, disease
incidence, and mortality (Reli�c et al., 2010), while behavioral ones include
foraging and exploratory behavior, food-anticipatory behavior, feed intake,
swimming activity, and aggression (Martins et al., 2012). Even if the growth
rate is healthy, this does not confirm the absence of welfare issues and instead
a range of welfare indicators should be considered (Broom, 1986). It is also
important to examine the welfare of each fish in the tank, not simply as a group
since dominance can factor into an individual’s wellbeing within the envi-
ronment. Traditionally, fish care involved providing adequate and appropriate
physical and chemical environmental properties. Today there is growing in-
terest in maintaining good mental health in addition to physical health, using a
positive welfare approach to develop standards and monitoring strategies
(Fife-Cook and Franks, 2019). To eliminate or reduce unpleasant emotional
states, environments should be provided that remove boredom and fear, in
addition to pain and hunger (Johansen et al., 2006).

Directly related to animal welfare, stress can be defined as “the nonspecific
response of the body to any demand made upon it” (Selye, 1974). It is not
inherently negative, simply the body’s way of adapting to maintain homeo-
stasis. However, if a stressor becomes too intense or chronic, the response
mechanisms may not be able to maintain balance and the fish’s health and
wellbeing will begin to decline as a result. In a laboratory environment, these
stressors may include elements such as water quality, low oxygen, handling,
capture, tank density, transport, presence of a predator, startle response stimuli
such as observation, and technical procedures. These lead to the release of
cortisol, a principal corticosteroid, as a primary response. Cortisol levels have
been used as a welfare indicator to rate the severity of various acute and
chronic stressors in many species of teleosts, including A. mexicanus (Félix
et al., 2013; Gallo and Jeffery, 2012; Martins et al., 2012; Ramsay et al., 2009;
Ruane and Komen, 2003; Scott and Sorensen, 1994; Scott et al., 2008). The
prominent methods for collection are whole-body and blood draw, both of
which are stressful, invasive, and terminal in smaller fish. To date, the most
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well-studied noninvasive method in teleosts is waterborne cortisol. However,
despite the consistency in the procedure itself, this method requires validation
when applied to any new species (Félix et al., 2013).

Recently, Ingalls et al. (2020b) correlated whole-body and waterborne
cortisol levels for the surface morph of A. mexicanus, indicating a significant
and strong positive Pearson correlation between the rate of release into the
water and the level of whole-body cortisol over the course of a 1 h experiment.
This suggests that waterborne cortisol measurements can be used as an indi-
cator of the welfare of A. mexicanus. However, before this becomes a common
welfare tool, more work needs to be done to create a scale of stress levels as
they relate to absolute cortisol release rates.

Health screening

Daily observation and health monitoring of all animals are essential compo-
nents for colony maintenance. Flashlights can prove particularly useful when
viewing tanks on lower shelves farther away from the light source, as well as
observing fish toward the back of larger tanks or hidden among enrichment
items. A fish that has isolated deserves additional attention as that can provide
the first indicator of illness, injury, or aggression avoidance. Additionally, care
should be taken with fish housed on shifted light cycles, since observations
may have to be conducted at unusual times, or with red filtered lights during
the dark cycle.

Even if fish appear healthy, subclinical infections can be present and health
status might vary throughout the colony. Sampling animals for histopathology
or disease screening methods such as PCR evaluation for commonly identified
pathogens offer valuable information. The authors recommend sampling fish a
minimum of twice a year with the goal being able to understand the biological
baseline. Knowing which pathogens are present will assist with mitigation and
control decisions, as well as contribute to the interpretation of research results.
Underlying disease can affect fish morphology and physiology causing off-
protocol variation and negatively impacting studies (CCAC, 2005; Harper
and Lawrence, 2011; Johansen et al., 2006). Few facilities housing
A. mexicanus currently have a sentinel program. This may pose additional
pathogenic risks for the facility when accepting outside shipments. The au-
thors recommend having the originating facility send fish for sampling to
provide prior knowledge of potential issues. Alternatively, screening the
shipment postarrival can be an acceptable substitution. For fish arriving with
external parasites, these may be reduced with the use of a salt dip (Francis-
Floyd et al., 2019). The authors used a 3% salt solution for up to 10 min of
exposure to address the confirmed presence of monogenean parasites and have
not detected any subsequent to arrival (Francis-Floyd, 1995).

When fish are found dead, a necropsy may provide valuable insight into the
cause of death. Repeated necropsies will lead to a better understanding of the
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expected layout, volume, shape, and color of organs, which may assist with
future diagnoses.

Common health issues

The most common cause of health issues in captive fish arises from poor water
quality. Whenever disease is suspected or observed, the water chemistry
should be evaluated for out-of-range parameters (Casebolt et al., 1998). Fish
suffering from a bacterial or fungal infection should be isolated or euthanized
to avoid spreading the infection. Dead fish should be rapidly removed from the
housing system as they will be readily consumed by tankmates.

As discussed earlier, aggression is of significant concern with the surface
morphs and several commonly seen health issues, such as wounds and frayed
fins, result from this characteristic behavior. These may arise due to direct
attack or be self-inflicted during escape maneuvers. Injured fish should be
isolated to facilitate healing and, after flushing, cyanoacrylate glue can be used
to seal noninfected wounds (Nemetz and Macmillan, 1988). Trauma may also
be observed in the form of rostral abrasions, particularly in submissive fish,
affecting the front part of the nose and mouth.

Absence of natural breeding stimuli, combined with space-restricted
housing and plentiful food, can lead to egg binding or dystocia. This is
caused by a build-up of eggs in the ovaries coupled with an inability to release
them, leading to a markedly distended abdomen beyond that of a normally
gravid female. Due to the compression exerted by the enlarged ovaries, other
organs in the coelomic cavity may have their functions compromised (Khoo,
2019). The authors have found that manually expressing ova within the
housing tank by gentle massage of the abdomen can relieve symptoms and
allow females to resume a normal breeding cycle.

Exophthalmia, which can affect one or both eyes, occurs occasionally and
may indicate a growth or fluid build-up within or behind the eye, or an un-
derlying infection. Fish exhibiting exophthalmia can also suffer subsequent
trauma to the eye. If the cause is a systemic infection, other symptoms may be
observed in addition to the swollen, protruding eye. Hargis (1991) noted that
although eye disease is rarely fatal it can affect growth or lead to other diseases
and cautions that eye conditions are aggravated by housing stressors, including
overcrowding and aggression.

Other health issues the authors have regularly observed in the colony are
abnormal growths, bloating and bristling in Surface Pachón F2 hybrids, and
spinning or corkscrew spiral swimming behaviors. Congenital defects such as
missing opercula, deformed mouths, and scoliosis are best dealt with by
screening embryos and removing those affected to prevent the introduction of
abnormalities to the breeding colony. Spinal deformities are commonly
observed with aging (Fig. 13.10).
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Anesthesia

With practice and skill, it is possible to manually restrain fish for brief actions
such as transfer between tanks or swabbing. However, anesthesia should be
used for any procedure that causes pain or goes beyond momentary distress, as
well as when movement by a conscious fish could negatively impact the
procedure. The level of anesthesia required will be determined by the duration
and potential for pain of the planned procedure. Stoskopf (1985) produced a
table describing stages of anesthesia in fish, which was later adapted for in-
clusion in his 1993 manual on fish medicine (Brown, 1993). Carter et al.
(2011) provided a discussion of the appropriateness of the stage of anesthesia
to the severity of the procedure.

Fish should be fasted for up to 24 h preanesthesia and removal of stressors
will aid in a smooth induction. A recovery tank should be prepared containing

FIGURE 13.10 Observed health issues. (A) Distended abdomen. (B) Wounds and frayed fins.

(C) Prolapse. (D) Skeletal deformity. Figure is taken from Stowers Institute Cavefish Team.
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fish water prior to initiation of anesthesia. Careful handling of anesthetized fish
is paramount to avoid damage to the protective mucous layer (Brown, 1993;
Stoskopf and Posner, 2008).

MS-222, also known as tricaine methanesulfonate, tricaine, ethyl 3-
aminobenzoate methanesulfonate, TMS, Tricaine-S, and Finquel is the most
used chemical immersion method. Since MS-222 is acidic, it should be
buffered to the approximate pH of fish water to avoid exposing fish to acid
stress (Harper and Lawrence, 2011). This is readily accomplished using so-
dium bicarbonate. A dose of MS-222 between 25 and 200 mg/L is recom-
mended, with doses at the lower end of the range suitable for sedation. Neiffer
and Stamper (2009) suggest 60e300 mg/L for fish in the Characidae family.
Temperature and hardness of water affect solution potency, and this should be
considered when determining dose (Stoskopf and Posner, 2008).

Of nonchemical methods, rapid chilling is the most common. Fish are
placed in fish water at 2e4�C until loss of righting occurs and the fish is
unresponsive. Care should be taken that fish do not come into contact with the
ice used to chill the water and that no chlorine is present in the immersion
solution. This can be accomplished by placing a beaker of chilled fish water
within a secondary beaker containing the ice melt solution. Hypothermia has
been documented from fisheries to be effective for short-term anesthesia;
however, more work is needed to determine suitability for most species
(Hovda and Linley, 2000). Sudden temperature drops can lead to osmoregu-
latory changes affecting body fluids, ions, and hematology (Ross and Ross,
2008; Summerfelt and Smith, 1990). Since insufficient research exists
regarding the level of anesthesia or analgesia provided, cooling should not be
considered for invasive procedures, but instead considered as an effective
method of restraint for brief, noninvasive procedures. While working with fish
immobilized through cooling, it is important to work quickly and minimize
handling to avoid warming up the animal. Dipping gloved fingertips in chilled
water assists with this.

Both methods will render the rapid loss of consciousness suitable for re-
straint and short procedures such as imaging, fin clipping, and tagging. Eames
et al. (2010) performed a comparison of MS-222 against ice-cold water as
anesthesia methods noting that MS-222 has been reported to increase blood
glucose in teleost fish, which has a particular impact for those performing
glucose-related studies in A. mexicanus. The method selected will need to be
compatible with the research and follow the relevant local and national laws
for the country in which the research is taking place.

Euthanasia

Animals may need to be euthanized or humanely killed for a variety of reasons
during or at the conclusion of a study. Illness or injury may necessitate the
action to end suffering for an individual fish. Some animals may be unsuitable
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for experimental or breeding colony purposes due to being an undesired ge-
notype, unneeded sex, or exhibiting an unfavorable phenotype. Finally, in
many research studies, the conclusion of a project requires availability of the
whole animal carcass to study the tissues. In all cases, the method selected
must “ensure that animals are killed with minimum pain, suffering and
distress” (European Parliament, 2010) and should comply with the regulations
in the relevant country. When determining a euthanasia method, in addition to
being humane, the method must be compatible with the aims of the study, be
appropriate for the life stage of the fish, and offer reliability, reproducibility,
and irreversibility. Training of personnel performing euthanasia is essential.

Although elimination of all pain and distress may not be achievable, the
goal is to minimize it to the extent that is practicably possible. Additionally,
the AVMA Guidelines recommend carrying out the procedure in a quiet, low-
light environment with as little stimulatory input as possible, in addition to
fasting the fish prior for 12e14 h (AVMA, 2020b). The most commonly used
method is immersion of the fish in a sufficient volume of euthanasia solution
(Neiffer and Stamper, 2009). If multiple animals are being euthanized
concurrently, an adequate volume is required for all fish to exhibit normal
behavioral movements prior to loss of consciousness. For euthanasia of mul-
tiple fish, whether simultaneously or separately over a period of time, it is
important to refresh the solution periodically as it will be depleted through
absorption during the process.

Indicators of death include loss of opercular and ocular movement for a
minimum of 30 min. The CCAC guidelines recommend a two-step method
with the use of an adjunctive step after initial anesthesia (CCAC, 2005,
2010). Suitable second steps include decapitation, pithing, exsanguination,
and freezing. The guidelines note that if a physical method is utilized,
physical destruction of the brain should be accomplished through pithing or
crushing.

MS-222 is the most frequently used chemical immersion method, causing
anesthesia prior to euthanasia. Fish should remain immersed for a minimum of
30 min following cessation of opercular and ocular movement (AVMA 2020b;
CCAC, 2010). In zebrafish (Danio rerio), rapid chilling (hypothermic shock)
has been shown to have a shorter mean time for euthanasia and be less
aversive, leading multiple labs to utilize this method with A. mexicanus
(Wilson et al., 2009; Wong et al., 2014). However, careful observation is
required for full-grown fish due to their larger size and consequent increased
volume-to-surface area ratio. Eggs and embryos can be destroyed by placing in
a dilute solution of sodium or calcium hypochlorite. This method can also be
used for larval fish after anesthesia has been achieved. For studies where
chemical contamination would compromise data, euthanasia can be accom-
plished through decapitation followed by pithing. In the field, 500 mg/L MS-
222 has proven to be effective, followed by decapitation as an adjunctive
method (Peuß, 2020; personal communication, September 9).
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While developing the protocol for any study, it is important to consider and
establish humane endpoints. New procedures or transgenes can lead to un-
expected outcomes, requiring a plan to minimize pain and suffering should this
situation arise. Disposal of tissues and carcasses after completion of the study
should be performed in a manner consistent with country, municipal, and
institutional requirements. This will prevent the unwanted build-up of bio-
logical waste that could attract vermin. Both human and environmental safety
should be part of the planning process to minimize exposure and risk of dis-
ease transmission. For hazardous carcasses contaminated with chemical,
biological, or radioactive materials, all applicable guidelines and regulations
must be followed to prevent unwanted contact and exposures.

Procedures

Training is an important component of all animal work and those new to a
procedure should train on euthanized fish before progressing to live animals
whenever possible. For many procedures such as injections and oral gavage, it
can be useful to first dissect a fish to gain an understanding of the body wall
thickness and organ layout. Experience with a procedure results in greater
efficiency performing it, leading to the benefit of decreased duration required
for anesthesia. Choose appropriate restraint and anesthesia for the procedure to
be performed, taking into consideration the duration of unconsciousness
required. Have a recovery tank prepared prior to starting any procedure and
use wet gloves when handling fish to minimize damage to the protective
mucus layer. If fish do not readily recover from chemical anesthesia it can help
to pipette water over the gills once the fish is in the recovery tank. Prepare the
surface and equipment before working with fish; sponges cut with grooves to
accommodate the size of fish can be moistened with fish water and used to
hold anesthetized animals during a procedure. If a microscope will be needed,
focus on the staging platform that will be used prior to placing a fish to save
time. To minimize the number of handling and anesthesia sessions a fish ex-
periences, consider whether multiple procedures can be performed at the same
time such as gamete collection and Visible Implant Elastomer (VIE) tagging to
mark the identified sex for future reference.

Visible Implant Elastomer tagging

A useful method to distinguish individuals while cohousing is the use of VIE
tags (Northwest Marine Technology, 2020). The elastomer, a member of the
silicone family, is injected subdermally which then hardens into a pliable, solid
tag, providing externally visible markings. It is available in multiple colors,
some of which contain fluorescent pigments. Combining colors with multiple
injection locations provides the capability to individually identify large
numbers of fish. Details on the preparation and injection of the elastomer for
small fish can be found on the Northwest Marine Technology site.
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It is important to stop dispensing the elastomer before the bevel reaches
the opening to avoid any exposed elastomer, which prevents the wound from
healing over the tag end, leading to tag loss. Green and orange tags work well
on pigmented surface morphs, while cave morphs more readily display a
variety of colors due to the reduction of pigmentation. AVI light (deep violet
405 nm) can be helpful if fluorescent colors are utilized to increase tag
visibility, particularly in darker tank locations. No infections have occurred
due to tagging for the authors, and tag retention has been excellent
(Fig. 13.11).

Embryo dechorionation

It may be necessary to remove embryos from their chorions for easier
observation, chemical exposure, or surgical manipulation. The authors use a
similar manual dechorionation procedure to that detailed in The Zebrafish
Book (Westerfield, 1993). Additionally, A. mexicanus embryos can be
dechorionated using Pronase, detailed in the ZIRC embryo bleaching protocol
(Zebrafish.org, 2020).

Care is needed to avoid damaging developing embryos particularly prior to
epiboly, and once dechorionated, gentle handling is required. The use of glass
pipettes may help minimize damage. At some stages, embryos may be prone to
sticking to plastic, and so glass or 1% agarose-coated plastic Petri dishes may
be beneficial for holding purposes. Embryos fixed in 4% paraformaldehyde in
phosphate-buffered saline can be dechorionated, dehydrated in an increasing
methanol series, and stored at �20�C prior to in situ hybridization (Biland�zija
et al., 2013; Ma et al., 2014).

FIGURE 13.11 Visible Implant Elastomer tagging. (A) Placement of an anesthetized surface

morph Astyanax mexicanus in a moistened sponge trough and tagging in a dorsal location. (B)

Tagged cave morph A. mexicanus. Figure is taken from Stowers Institute Cavefish Team.
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Gamete collection

Gametes can be collected either for individual studies, such as unfertilized
eggs for RNA extraction (Ma et al., 2018), or for performing in vitro fertil-
ization (IVF) (Borowsky, 2008b; Peuß et al., 2019). Allow animals a mini-
mum of one week, preferably two, to recover between collections. For a
detailed procedure on gamete collection in A. mexicanus, see Peub et al.
(2019). Use of Ovaprim injections in females has been found to increase
spawning success by 10%e20% and can also lead to success with females
that have not spawned for multiple years (Yoshizawa, 2020, personal
communication, October 12).

When selecting a female that appears stimulated for breeding, it is common
to observe rapid swimming and a pink hue on the abdomen due to the
vasculature under the skin near the ovaries although this is more difficult to
observe in surface fish. While expressing ova, avoid rubbing along the scales
to prevent skin trauma. The number of ova produced, typically between 20 and
2000, cannot be estimated by viewing the fish due to the presence of fat pads.
In addition to ova, plugs are commonly expelled, more so in cavefish than
surface fish. Plugs can resemble clusters of eggs that have not correctly
developed or were not expelled in the previous session. Occasionally, vascu-
lature will be expelled along with the plugs. Ova that appear like clear bubbles
indicate an immature fish, which should be allowed time for further matura-
tion. Overdeveloped ova will turn white and cloudy, with uneven color dis-
tribution giving a patchy appearance (Fig. 13.12).

For males, selection of an animal able to produce gametes is much easier;
if there is a stimulated female in the tank, the males are likely to provide
samples. Males may also exhibit a color change with the whole body taking on
a pinkish hue during the increased activity. Milt may vary in opacity
depending on the strain of fish used. That from surface fish is commonly
opaque; however, cave morph milt may vary from opaque to clear. Typical
values of milt per fish will range between 2 and 20 mL, noting that this volume
does not correlate with fish size (Fig. 13.13).

In vitro fertilization

IVF is a useful procedure to obtain large numbers of synchronously developing
embryos, haploid embryos, or embryos for early pressure or heat-shock
treatments (Westerfield, 1993). In A. mexicanus, IVF is also useful to create
hybrids of surface and cave morphs to avoid the risk of aggression during
natural breeding. Additionally, IVF can be used to obtain developing embryos
during daylight hours by acclimatizing fish to shifted light cycles (Peuß et al.,
2019).
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When performing IVF, check the milt quality using a microscope and add
water to activate the sperm. Motility and sperm count are the best indicators of
sperm quality and should be verified to avoid wasting ova with poor-quality
sperm. Once fertilized, ova will become slightly more translucent before
entering the one-cell stage of development (Fig. 13.14).

Yasui et al. (2015), in their work with the yellowtail tetra (Astyanax alti-
paranae), demonstrated improvements in sperm motility by treating male fish
with hormonal spawning inducers, along with developing new procedures for
short-term storage of both sperm and oocytes. Interestingly, they also found
that housing males with ovulating female fish improved sperm quality.

FIGURE 13.12 Female gamete collection from Astyanax mexicanus. (A) Manual expression of

ova from an anesthetized female. (B) Micrograph of good ova. (C) Micrograph of underdeveloped

ova. (D) Micrograph of overdeveloped ova. (E) Micrograph of expressed plug. Figure is taken from

Stowers Institute Cavefish Team.
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Injections

Although immersion is a common method of providing chemical exposure to a
fish, it is difficult to know the level of uptake, and more precise dosages may
be required. Drug administration through injection is one method allowing
exact amounts to be delivered, at a known time, to a specific body location. To

FIGURE 13.13 Male gamete collection from Astyanax mexicanus. (A) Milt collection from an

anesthetized male using an aspirator tube. (B) Milt entering the capillary tube. (C) Micrograph of

sperm. Figure is taken from Stowers Institute Cavefish Team.

FIGURE 13.14 A) One-cell stage Astyanax mexicanus embryos. (BeJ) Embryo development

time lapse in A. mexicanus of the Pachón locality from <1 h postfertilization (hpf) to approxi-

mately 18 hpf. Figure is taken from Stowers Institute Cavefish Team.
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calculate the dose required, fish should first be weighed, which may be per-
formed as part of the process to reduce the need for additional anesthesia.
Ensure there are no air bubbles in the syringe or needle prior to injection
(Kinkel et al., 2010). Penney and Volkoff (2014) mentioned the use of per-
forming preliminary experiments with a dye to verify correct needle
placement.

Intraperitoneal injections are most common and may be used to administer
a variety of substances from experimental agents such as stimulants and in-
hibitors, to injectable ovulating and spermiating agents for reproductive im-
provements. Insert the needle along the midline between the pelvic girdle and
the anus, pointing cranially. Fast fish for a minimum of 12 h prior to injection;
this is most easily accomplished by remembering to mark the tanks the pre-
vious night to avoid any accidental morning feedings.

Schroeder (2018) noted that intramuscular and subcutaneous injections can
be a source of trauma for smaller-sized research species, making them difficult
to administer successfully. For intramuscular injections, use a dorsal approach
to the epaxial muscles on either side of the midline to avoid traumatizing the
lateral line or inadvertently entering the coelom. Using the smallest needle
possible, insert it until the bevel disappears prior to injecting. Larvae can be
embedded in agarose and injected using fine glass capillary needles, such as
those used for embryo microinjections (Seger et al., 2011).

Embryo microinjection

Embryo microinjection is a useful technique to manipulate the genome using
editing technologies such as TALEN and CRISPR. Kowalko et al. (2016)
discussed methods used to achieve this in A. mexicanus following collection of
single-cell stage eggs, remarking that needle length is important to achieve the
correct level of flexibility to perform the injections. Further modifications are
provided by Stahl et al. (2019a) who noted that at room temperature, the
single-cell stage lasts for approximately 40 min. They also suggest removing
water from the top of the eggs in the injection plate to facilitate chorion
penetration. A sample needle-pulling program is provided in Stahl et al.
(2019b).

Blood collection

Survival blood collection is difficult from small research species so blood is
most often collected as a terminal procedure from anesthetized fish. The
simplest procedure is tail ablation and collection from the severed vessels
(Whitman, 2004). Care should be taken to avoid cutting into the coelom to
avoid significant contamination by other body fluids. A similar and less precise
method involves decapitation with an appropriate blade or scissors and the use
of a microcapillary tube to collect blood from severed vessels or perhaps even
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from the heart; this procedure requires more skill and knowledge of internal
anatomy. With practice, it may be possible to obtain blood via cardiac punc-
ture using a ventral approach inserting the needle in a cranial direction. As it is
difficult to determine the depth of penetration into the heart and significant
trauma usually results, this is usually a terminal procedure. In larger fish, it
may be possible to collect from the caudal vein in the caudal peduncle using
either a ventral or a lateral approach. Hemostasis can be applied following this
technique so it may be a survival technique when performed by a skilled
technician and with careful monitoring of the fish during recovery.

Oral gavage

Riddle et al. (2018) used a pulled microcapillary needle to deliver solution into
the gastrointestinal tract through the mouth of anesthetized A. mexicanus,
following a procedure adapted from work with zebrafish larvae by Cocchiaro
and Rawls (2013). Harper and Lawrence (2011) noted in reference to zebrafish
that fish should be fasted first to assure that the solution easily flows into the
gastrointestinal lumen.

Cryopreservation

More than 200 species of fish have had spermatozoa cryopreserved (Torres
et al., 2016) and, in the research environment, cryopreservation can form an
integral component of the disaster plan. To avoid housing numerous genetic
lines not currently on study, a robust cryopreservation program can provide a
critical service. Although some initial studies on embryo cryopreservation
have been carried out, more work is needed before this becomes an established
practice (Khosla et al., 2020).

Using a modified version of Matthews et al. (2018), the authors had initial
success preserving sperm from Surface, Tinaja, Pachón, and Molino fish. Each
sample was normalized to 40 mL using E400 sperm extender to reduce the
density, then preserved using raffinose, skim milk, methanol, and bicine buffer
cryoprotective medium with 10% MeOH. Sealed samples were cooled on dry
ice for 20e60 min before placing in liquid nitrogen. Prefreezing motility
ranged from 70% to 100%. Short-term storage (<24 h) motility ranged from
10% to 60% when thawed at 28�C and activated using 1 mL of sample to 9 mL
of fish water. Samples in long-term storage (>30 days) have been used to
successfully perform IVF.
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Yoshizawa, M., Robinson, B.G., Duboué, E.R., Masek, P., Jaggard, J.B., O’Quin, K.E., et al., 2015.

Distinct genetic architecture underlies the emergence of sleep loss and prey-seeking behavior

in the Mexican cavefish. BMC Biol. 13, 15. https://doi.org/10.1186/s12915-015-0119-3.

Yoshizawa, M., 2015. Behaviors of cavefish offer insight into developmental evolution. Mol.

Reprod. Dev. 82 (4), 268e280. https://doi.org/10.1002/mrd.22471.

Zebrafish.org, 2020. Embryo Surface Sanitation (Egg Bleaching) Protocol [ZIRC Public Wiki].

Available at: https://zebrafish.org/wiki/protocols/ess. (Accessed 30 October 2020).

Northwest Marine Technology, Inc., 2020. Visible Implant Elastomer Project Manual. http://www.

nmt.us/wp-content/uploads/2017/11/VIE-Project-Manual-Nov-2017-1.pdf. (Accessed 19

September 20).

Further reading

Combs Jr., G.F., McClung, J.P., 2017. The Vitamins: Fundamental Aspects in Nutrition and Health.

Elsevier.

Guillaume, J., Kaushik, S., Bergot, P., Metailler, R., 2001. Nutrition and Feeding of Fish and

Crustaceans. Springer, London.

Mexican tetra (Astyanax mexicanus) Chapter | 13 347



Chapter 14

The housing, care, and use of a
laboratory three-spined
stickleback colony

Ellen Blaker, Marion Sebire, Tim Ellis, Ioanna Katsiadaki
Centre for Environment, Fisheries and Aquaculture Science (Cefas), The Nothe, Barrack Road,

Weymouth, Dorset, United Kingdom

Introduction

The three-spined stickleback (Gasterosteous aculeatus), hereafter referred to
as 3SSB, is a small teleost fish ubiquitous to the Northern Hemisphere. The
species is euryhaline and lives in fresh, brackish, and sea water. There are
various other species of 3SSB, of genera Gasterosteous, Pungitius, Apeltes,
and Culaea, within the order Gasterosteiformes. However, none have the
popularity of Gasterosteous aculeatus as a study species, which is due to its
environmental ubiquity and suitability as a model across several research
areas. This popularity, its small size, and ease of laboratory culture have made
it a frequently kept laboratory fish.

The 3SSB is actually a marine species and over time, anadromous pop-
ulations evolved, migrating to fresh water to reproduce. During ice ages, many
such populations became isolated in fresh water at different geographic lo-
cations and multiple time points. Freshwater populations were both repeatedly
isolated from, and recolonized by, their marine ancestor (Bell and Foster,
1994). This has resulted in a remarkable adaptive radiation, with the species
complex consisting of many different ecotypes with diverse traits in
morphology (Colosimo et al., 2004; Shapiro et al., 2004), physiology (Ishi-
kawa et al., 2019; Kitano et al., 2010), sex determination (Kitano et al., 2009;
Peichel et al., 2004), behavior (Boughman, 2001; Dingemanse et al., 2007;
Kozak and Boughman, 2009), and life history (Baker et al., 2015). The
consistent associations of particular phenotypes with certain ecological con-
ditions across different locations provide strong evidence for adaptation and
repeated selection, making the 3SSB an excellent model for studying evolution
(Peichel et al., 2001).
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The early sequencing of the 3SSB genome (Kingsley, 2003) and subse-
quent explosion in research activity cemented the species’ “supermodel” status
in studying the molecular basis of vertebrate evolution (Kingsley and Peichel,
2007). The high-quality reference genome is available via the UC-Santa Cruz
and ENSEMBL genome browsers, and comparative results based on rese-
quencing 21 other 3SSB genomes can also be explored and downloaded at
“sticklebrowser” (Jones et al., 2012). The relatively small genome of the 3SSB
implies small intron size and lack of second genome duplication event (as in
many other fish species), which aided the speed of annotation and the func-
tional characterization of genes of interest.

The early works of Tinbergen (1951, 1952) highlighted the fascinating
reproductive behavior displayed by the male 3SSB, and contributed significantly
to the study of animal behavior and ethology. Over the past 20 years, our labo-
ratory has focused on developing tools and tests for use in toxicology, capitalizing
on the unique traits of the 3SSB to detect endocrine disrupting chemicals (EDCs)
(Katsiadaki et al., 2007). Briefly, these traits are relevant to the presence of a
genetic sexmarker (Griffiths et al., 2000; Peichel et al., 2004) and a xenoandrogen-
specific endpoint. The latter is a rare trait among fishes and is based on spiggin
(Jakobsson et al., 1999), the glue protein produced in the male kidney under
androgen stimulation and used to build a nest for breeding. Spiggin is readily
induced in female 3SSB exposed to chemicals with androgenic action (Katsiadaki
et al., 2002),while its production in androgen-stimulated female 3SSB is inhibited
by simultaneous exposure to antiandrogens (Katsiadaki et al., 2006). The devel-
opment and validation of international test protocols aimed at detecting EDCs
using 3SSB have resulted in two regulatory tests under the OECD test guideline
program: the fish sexual development test (TG234) and the androgenized female
stickleback screen (GD 148).

Today, there are thousands of publications, including book series, discus-
sing 3SSB as research and experimental animals. General aspects of their
ecology and biology are well documented in books by the late Robert Wootton
(Wootton, 1976, 1984), while other more specialized areas are reviewed in the
“Biology of the three-spined stickleback” (Östlund-Nilsson et al., 2006) and
the “Evolutionary biology of the threespine stickleback” (Bell and Foster,
1994). The 3SSB research community meets every 3 years at an “International
Conference on Stickleback Behavior and Evolution,” where information flows
freely between research groups.

Nevertheless, despite its popularity as a vertebrate model across many
research disciplines, there is limited practical guidance available (e.g., Divino
and Schultz, 2015) on how to care for 3SSBs in the laboratory, or how to
establish a long-term colony. Here we aim to share our knowledge, gained
from over 20 years of practical experience in 3SSB care, with the wider
research community. Although much of this information may be common
knowledge within the 3SSB fraternity, this chapter is intended as a centralized
resource for both existing and new researchers.
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Supply, quarantine, and disinfection

Source

New stocks (taken from the wild or from another establishment) are needed to
establish a new colony and to enable outbreeding in long-established colonies.
To our knowledge, there are no registered laboratory suppliers of 3SSB, at
least in Europe. Fish will therefore need to be sourced from either another
laboratory, an ornamental fish supplier, a freshwater fish farm (where they
often occur in water supply channels), or collected from the wild. Our colony
was started with wild-caught fish and has been outbred at intervals with fish
supplied from trout farms, where 3SSB were also present in ponds. Any source
should be confirmed as suitable with respect to national regulations on animal
experimentation, environmental protection, and aquatic animal health.

We limit new introductions into our laboratory and follow a quarantine
procedure due to the inherent risks of introducing pathogens. Quarantined
stocks should be held separately from any established colony, ideally in a
different room with tight biosecurity.

Our quarantine rules include:

- Introduced stocks are housed in a separate room until their health status has
been assessed as pathogen free.

- A sample of incoming stocks is health checked: samples are taken for
bacteriology, virology, and histopathology testing and depending on the
results, fish may be therapeutically treated.

- As a precaution, stocks originating from fresh water are held at 7e10؉
salinity for 4 weeks to prophylactically treat white spot (Ichthyophthirius
multifiliis) and other ectoparasite infections. (Similarly, seawater 3SSB
could be “dipped” in fresh water [dechlorinated and pH balanced] for up to
5 min to eliminate marine ectoparasites; however, close observations are
needed to check for adverse effects and the fish should be returned to sea
water if signs are seen.)

If production of a new colony is intended, the most biosecure way is to start
from fertilized eggs (unhatched embryos) from another laboratory. Fertilized
embryos pose a much lower biosecurity risk (due to reduction in horizontally
transmitted pathogens) and can additionally be rinsed and disinfected (e.g.,
sodium hypochlorite Westerfield, 2007 or methylene blue at 1 mg/L) before
transfer to the main holding facility. Alternatively, sexually mature fish can be
obtained in early spring, held in quarantine, and humanely killed after pro-
duction of fertilized embryos (naturally or by in vitro fertilization [IVF], see
the “Natural breeding” and “In vitro fertilization” sections).

Arrival

Tanks should be set up in advance to house the transported fish, with water to
match the expected temperature and salinity during transport. While
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unpacking, consideration must be given to biosecurity, avoidance of sudden
changes in water quality, and acclimation to the new environmental conditions.
In our facility, the fish and transport water are carefully emptied into a suitable
holding vessel. As a priority, dissolved oxygen, temperature, ammoniacal-
nitrogen, and pH are recorded. If the fish have been transported in water
with compressed oxygen, there may be a build-up of dissolved carbon dioxide;
this will reduce the pH of the water and decrease the proportion of toxic NH3.
As carbon dioxide is released from the water, the pH and the proportion of
toxic NH3 will increase. To mitigate this risk, the transport water is diluted
with tank water; the rate of addition is balanced to avoid potential “shock”
from different water qualities (additions of 25%, then 33%, then 50% over a
2-h period, with water quality checks after each addition). Aeration is added to
the vessel to aid removal of carbon dioxide and restore oxygen levels, ensuring
that associated water movements do not affect the fish’s ability to maintain
position.

Despite planning and temperature control during transport, temperature
changes do occur, and we have not observed adverse effects after transfer to
tanks with a �2�C change from transport water. The fish are netted into the
receiving tank to minimize transfer of the transport water (and pathogens);
however, such handling should be kept to a minimum to reduce stress and
damage and it is also advisable to avoid changes in light intensity to allow the
animals to settle as changes in light can cause a stress response (Mork and
Gulbrandsen, 1994). If reception is completed during the morning and no adverse
effects or abnormal behaviors are observed, food can be offered in the afternoon.

Basic husbandry

Housing

3SSB can be maintained in a variety of housing systems, with transparent
tanks (glass or plastic) conventionally being used. We routinely use glass
tanks, but opaque fiberglass tanks have proved suitable for general temporary
holding. Transparent tanks are commonly used as they allow better visual
checks of health and welfare, assessment of sexual dimorphism and sexual
maturity, as well as associated behaviors (including male nest building,
courtship, and potential aggression). Consideration should be given to
screening transparent tanks, as behavior may be affected by visual cues from
nearby tank populations (Fernandes Silva et al., 2019).

All our tanks have lids or covers to reduce potential cross-contamination,
avoid unnecessary disturbance (if opaque), and aid containment of the fish. To
further prevent escape, all inflow and drain/outflow holes have apertures that
are either much smaller than the diameter of the fish’s head or are screened
with plastic mesh. As fish grow, larger apertures and mesh sizes are used to aid
waste removal. 3SSB appear to be sensitive to acoustic noise (Purser and
Radford, 2011) and our observations indicate strong reactions to sudden loud
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noises or new vibrations. Tanks should therefore be located to minimize noise
and disturbance, and ideally any equipment causing vibration (e.g., pumps)
should not be in the same room.

For tank cleaning, outflow screens are cleaned daily with a soft bristle brush
(e.g., toothbrush) to prevent blockage from food and/or fecal matter and potential
overflow. Detritus (uneaten food, feces) is removed from the tank floor by
siphoning as required; the frequency depends upon food inputs and temperature.
To restrict the siphon flow (and potential for inadvertent damage to the fish) we
use a small (4 mm) bore tube with a straight plastic pipette attached at the tank
end. The detritus and siphoned water are collected in a jug. Every 2e4 weeks,
depending on season and stage (see the “Stocking density and water quality”
section), the tank glass is cleaned with either a glass or acrylic pad to remove
algae and enable a clear view of the fish. The gravel substratum is also siphoned to
reduce detritus and improve water flow through the under-gravel filter.

Environmental enrichment

3SSB are highly social and interactive, showing complex behaviors in the labo-
ratory. To allow full expression of these behaviors, we consider a barren envi-
ronment should be avoided where possible. As a minimum we provide a gravel
(w5e10 mm Ø) substratum of 4e10 cm depth (dependent on tank size). 3SSB
do interact with the gravel, by searching interstices and moving particles around.
We have, however, recorded a possible adverse effect of gravel enrichment, i.e.,
ingestion and retention in the stomach, but this is rare and associated with in-
terventions such as protracted removal of fish from the tank. The hygiene of the
substratum is maintained via siphon cleaning and under-gravel filters (a down-
welling water flow generated by air uplifts, with the additional benefit of bio-
logical filtration). 3SSB show a strong antipredator response to shadows and
movements from above (Giles, 1984), so placement of tanks on low shelving (or
where technicians are likely to be above the tanks) should be avoided; if such
placement is necessary, then provision of opaque lids and refuges such as artificial
caves are recommended. In our experience, artificial plants are an optional
enrichment in holding tanks with mixed populations as they can cause general
disturbance during tank cleaning or repositioning when dislodged. We do, how-
ever, provide both artificial plants and refuges when sexually mature males are
held as single sex populations: these act as visual barriers and reduce aggressive
behaviors such as nipping, flashing, and chasing.

Stocking density and water quality

The stocking density at which fish are kept changes as the fish grow (see the
“Establishing and maintaining a successful colony” section). We have found
that keeping groups of sexually mature males at a density of >1 fish/L con-
tributes to minimizing aggression.
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3SSB have a relatively rare trait among small laboratory fish species as
they can grow and reproduce at a range of salinities. In the laboratory, 3SSBs
are traditionally reared in fresh water (<7؉). Although our experience is
largely with fresh water, we have found stocks can be easily transferred to full
strength sea water (35؉). We transfer fish gradually, increasing salinity by
�10؉ per week. If stocks need to be transferred to a different salinity for
experimental purposes, acclimation at the new salinity regime takes place
�2 weeks prior to the experiment.

3SSB can be maintained in a variety of water qualities and associated
maintenance systems, including flow-through, recirculation, and static sys-
tems. In static systems, filtration or regular water changes are used to maintain
water quality, and fish biomass and feeding should be controlled to ensure
ammonia does not become a problem. In our experience, flow-through systems
are preferable as they reduce labor requirements and the risk of water quality
issues by maintaining oxygen levels and flushing out metabolic waste products
(ammonia and carbon dioxide). During the spring and summer months (see the
“Annual cycle of temperature and photoperiod” section), biomass will increase
rapidly due to fish growth. The associated increases in feed input and tem-
perature during this period could potentially have a detrimental impact on
water quality. Typically, for an established system, fish loading at <0.3e0.5 g/
mL/min presents no water quality issues (with the additional biological
filtration from the under-gravel filter). As with most small fish species,
unionized ammonia (NH3) should be kept <0.05 mg/L and nitrite <0.10 mg/L
(Noga, 2010). The pH of fresh water should be approximately neutral but can
range between 6.5 and 7.5.

In our laboratory, the freshwater supply is drawn from the potable water
mains, which is dechlorinated (through activated charcoal filters) and UV light
treated before use. Residual chlorine and chloride are regularly checked and a full
suite of analyses for microcontaminants is conducted twice a year. Additional
measures may be needed if the water supply comes from natural sources.

Photoperiod and temperature

In general, we keep our fish in conditions that imitate the seasonal changes in
photoperiod and temperature. The photoperiod used in most laboratories is
between 8:16 LD and 18:6 LD (h Light: h Dark) and is linked to water
temperature to avoid unnatural combinations (i.e., cold temperature with long
daylength). Although 3SSB grow at any photoperiod within this range, a
controlled seasonal change is used to optimize sexual maturation. Increasing
daylength (coupled with rising temperature to a lesser extent) is the main
environmental cue for 3SSB to grow and mature sexually (Baggerman, 1957).
The annual cycle of photoperiod and temperature conditions applied in our
laboratory is summarized in the “Annual cycle of temperature and photope-
riod” section.
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Lighting (intensity, wavelength, diel transitions, seasonal changes) is an
area that merits further investigation in the context of holding fish in general.
We use a moderate intensity throughout the life cycle (about 500 lux at the
water surface) although this can increase (to 1000 lux) during the reproductive
season. Standard fluorescent or LED lighting systems with a lower kelvin
output have proved suitable. Higher kelvin outputs are undesirable as they
promote algal growth, which is not an inherent requirement for holding 3SSB.
We also provide dawn and dusk periods of about 30 min, with a gradual fade-
up and -down of light intensity.

Handling

Handling represents a stressful event for any fish and should be kept to a
minimum. In our laboratory, handling is necessary for sample weighing (to
monitor growth), transfers between tanks, and gamete stripping. It is typically
thought that retention in water, avoiding emersion in air, will reduce handling
stress. Brydges et al. (2009) used opercular beat rate and blood cortisol level to
compare stress responses to net handling (air exposure) and scoop handling
(kept in water); the former seemed to cause a greater physiological stress
response. In contrast, Thompson et al. (2016) assessed diving and scototaxis
tests of anxiety-like behavior, and suggested that net handling induced lower
anxiety than scoop handling.

Feeding

Feeding requirements

3SSB are predominantly carnivorous, visual predators feeding on a broad range
of live prey (Wootton, 1976). In captivity, they will take a variety of food and
will readily feed on bloodworm (aquatic larvae of Chironomus midge species,
named due to their red coloration) as observed in the wild (Dukowska et al.,
2009). This preference may be partly due to their well-documented attraction to
red (e.g., red-colored male preference in a review by Bell and Foster, 1994; red-
colored algae/thread for their nest, (Östlund-Nilsson and Holmlund, 2016).
Prepackaged frozen gamma-irradiated bloodworm is readily available and forms
the staple diet of our 3SSB colony. Rather than feeding bloodworm ad lib, we
predetermine food ration (% body weight day�1), which changes through the
life cycle to reflect differing requirements (e.g., juvenile and breeding fish in
summer conditions will have a higher nutritional demand than adult fish over-
wintering). The daily ration is fed across discrete meals at intervals through the
working day depending on the size of the fish (summarized in Table 14.1).
However, rations should be responsive to uneaten food, poor water quality,
negative/abnormal behavior, and lower than expected growth rates.

Daily feed (g) is calculated as a percentage of the total biomass (TB) of the
fish (% TB/day). TB is defined as mean fish weight (g) � total number of fish
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TABLE 14.1 Summary of diet, feeds, and rations used for three-spined stickleback at Cefas Weymouth.

Stage

Age/size (average

weight in g)

Environmental condition (see the

“Annual cycle of temperature and

photoperiod” section) Diet

Minimum

number of

feeds per day

Estimated ration

(% body weight/day)

Embryos Up to 3 dph at 17�C Summer No diet needed until yolk sac is absorbed

Early
larvae

<4 wph (<0.1) Summer Newly hatched
Artemia

3 To satiation

Late
larvae

4e6 wph (�0.1) Summer Chopped bloodworm
and newly hatched
Artemia

3 To satiation

Juvenile 6e12 wph (0.1e0.2) Summer Whole mini
bloodworm

3 30

Juvenile 12e24 wph (0.2e1) Autumnewinter Whole bloodworms 3 30

Adult 24e36 wph (>1) Winter Whole bloodworms 2 10e15

Adult 36e40 wph (>1) Spring Whole bloodworms 2 15e20

Adult >40 wph (>1) Summer Whole bloodworms
and discus diet

2 20e25

bw, Body weight; dph, days posthatching; wph, weeks posthatching.
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and the total is then divided by the number of meals. Although frozen
bloodworm blocks can be portioned and weighed, this is often impractical,
time consuming, and difficult for low rations. We have therefore developed a
method whereby the total weight of bloodworm required per day is defrosted,
added to dechlorinated water at a 1:3 ratio to create a suspension, and the
required amounts are dispensed volumetrically using disposable graduated
pipettes. This method has proved quick, accurate, repeatable, and consistent
enabling appropriate amounts to be fed to all stocks by different technicians.

First feeding and weaning

When the larvae begin to swim up from the tank floor (see the “Embryo
development” section) we provide newly hatched Artemia spp. nauplii as a
first feed. Artemia is added to the tank three times per day in excess, i.e., some
remains at the next feed. The amount of Artemia is increased as the larvae
grow. We do not routinely switch to larger on-grown (enriched) Artemia meta-
nauplii and continue with newly hatched until weaning.

At 4e6 weeks posthatch (ca. 0.1 g), we start weaning onto a bloodworm diet.
Due to the small mouth gape, finely chopped bloodworms (produced with a
kitchen blender) are fed in combination with Artemia nauplii. As juvenile 3SSB
are predominantly visual feeders, food movement is thought to be a cue for
feeding and consideration should be given to how to introduce nonlive feed. Our
flow-through systems have an inherent current, so small pieces of bloodworm
move with the flow as they sink and are readily eaten. In static systems, feeding on
the bloodworm diet should be tested by dropping a few small pieces into the tank
and allowing them to sink or by introducing them over an air stone. If feeding is
not stimulated, finely diced bloodworm may be introduced shortly after live
Artemia, which stimulates active feeding behavior.

Artemia feeds are continued until all fish are readily feeding on the diced
bloodworm diet; when this occurs, Artemia feeds are reduced to one per day.
As the fish grow, they show a preference for bloodworm over Artemia, likely
because of the latter’s small size. A single daily Artemia feed is continued to
provide a nutritional supplement and ensure access to food for any smaller fish
in the population.

At 6e12 weeks posthatch (average 0.15 g) we just feed whole “mini
bloodworm,” i.e., smaller than normal whole bloodworm, and after that they
are fed exclusively on whole normal-sized bloodworm. We have tried
providing a mix with other food items (e.g., thawed irradiated adult Artemia),
but the 3SSB preferentially select bloodworm, although discus diet, for its beef
heart content, is taken during breeding.

Establishing and maintaining a successful colony

The 3SSB has strong circannual rhythm and successful maintenance of a
laboratory colony requires the environmental cues of photoperiod and
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temperature. The annual cycle we employ at the Cefas Weymouth laboratory is
summarized in Fig. 14.1.

Annual cycle of temperature and photoperiod

We limit changes (increase/decrease) to temperature and photoperiod to 1�C
per day and 2 h per day, respectively. Early larval and juvenile stages are
provided with a long photoperiod, 18:6 (L:D h), and warm temperatures,
16e18�C. These conditions are regarded as “summer” and promote higher
activity, feeding, and growth rates. After �18 weeks (depending on fertiliza-
tion date), the stocks are shifted to “autumn,” i.e., photoperiod is reduced to
12:12 (L:D h) and temperature is reduced to 12e14�C. Stocks are held in
autumn conditions for 4e6 weeks before changing to “winter,” i.e., photope-
riod is further reduced to 6e8:18e16 (L:D h) and temperature can also be
further reduced to 10e12�C depending on practicalities. Reduction of tem-
perature seems to be less essential than photoperiod for successful sexual
maturation the following spring.

Our males reach sexual maturity before the females and it is not uncom-
mon to see some males develop breeding coloration even during winter con-
ditions. In contrast, female maturation appears to depend on environmental
“spring” cues. The change to “spring” (12:12 L:D h; 12e14�C) and subse-
quently “summer” (16e18:8e6 L:D h, 16e18�C) conditions stimulates
further males to come into breeding condition. In our experience, females need

FIGURE 14.1 Annual cycle for the three-spined stickleback. Maximum stocking density

expressed in fish/liter (fish/L). Conditions and duration represent our production regime, inclusive

of light regime and temperature. Time periods indicate age in weeks posthatch.
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more time to mature, and gravid fish are not expected until after 4 weeks in
“spring” and 4 weeks in “summer” conditions. We have tried, via photoperiod
and temperature manipulations, to shift spawning and produce out-of-season
embryos. However, our attempts have thus far failed, confirming the strong
circannual rhythm present in the species.

Genitors and embryo production

The lifespan of wild 3SSB is only 1 year in warmer environments, extending to
2e3 years at higher latitudes (Wootton, 1976, 1984), and they are seasonal
breeders, starting to spawn in early spring like the majority of temperate fish
species. In our laboratory, we tend to keep a cohort for 1 year and produce new
stocks each year using the previous years’ fish as genitors. We aim to complete
breeding early in the annual cycle to allow larvae/juveniles a long summer
growth period (up to 18 weeks).

In the wild, 3SSB minimize the risk of inbreeding by avoiding kin as
breeding partners (Frommen and Bakker, 2006). As a rule, we cross 3SSB
from different batches (no full siblings) each season (AprileJuly) to produce
the following year’s populations. Additionally, to further avoid potential
adverse effects from inbreeding and maintain a wild geno/phenotype in our
long-established laboratory colony, every 4e5 years we have introduced new
genitors (mostly wild-sourced females).

Sexual dimorphism

During the breeding season (AprileAugust), the male displays the secondary
sexual characteristics (SSCs) of red coloration on the throat and ventral side,
and blue irises (Fig. 14.2A). Outside the breeding season, however, there are
no strong SSCs and sex identification is more difficult. However, there is
sexual dimorphism in certain cranioskeletal features, including serration of the
dorsal spines in males (Kitano et al., 2007; Leinonen et al., 2011). In our
laboratory, we have observed an additional subtle SSC in head shape: females
have a slight indent in the posterioresuperior cranium dorsal to the eyes
(Fig. 14.2B). We have found this to be an accurate method for sex identifi-
cation but are unaware if it is specific to our colony or universal. Genetic sex
can be determined without terminal sampling (see the “Genetic sex determi-
nation” section).

Controlling sexual maturity and gamete production

Manipulating male sexual maturation via photoperiod and stocking density
changes (removing dominant males to allow other fish to enter breeding) has
proved easy. On the other hand, females appear to be harder to stimulate to
mature sexually. Only a proportion of females will mature under standard
conditions to provide eggs; our observations suggest that maturation is not
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related to female size. Over the years we have noticed that the proportion of
females entering active vitellogenesis can be increased by:

1. Removing excess males from the tank, aiming for a ratio of one breeding
male to 10 females.

2. Reducing the stocking density by w50%.

Removal of excess males is also important for the welfare of the fish;
mature dominant males are aggressive toward both rival males and gravid
females. We remove the dominant males once they show their characteristic
nuptial colors and house separately in all-male 10 L tanks at a density of one
fish/L. We continue removal until all male fish have been removed from the
tank before reintroducing the early dominant males that were held separately.
We find that this population manipulation ensures that the females enter and
remain in breeding condition, and the apparently fittest males are used for
breeding. It is also a simple way to reduce stocking density without handling
the females.

FIGURE 14.2 Key morphological characteristics of reproductively mature three-spined stick-

leback (3SSB) and breeding components. (A) Breeding male, showing its red nuptial coloration;

(B) cranial sexual dimorphism in the 3SSB colony at Cefas Weymouth; (C) a gravid female

displaying the head-up posture; (D) a completed nest with an entrance; (E) overly gravid

female showing a swollen cloaca and the beginning of berry appearance on her belly region;

(F) female showing a berry appearance after absorption of ovarian fluid.

360 SECTION | 2 Other small freshwater fish



We have maintained records of phenotypic sex for 11 separate batches of
fish reared over 4 years and have found that our populations of 3SSB generally
have a 1:1 sex ratio (batch average 52% M:48% F).

Natural breeding

In the wild during early spring, male 3SSB with nuptial coloration (red throat
and blue irises, Fig. 14.2A) establish a territory and build a tunnel-shaped nest
using plant material (often filamentous algae), sand, and various debris, which
he glues together with spiggin (Fig. 14.2D). Once the nest is completed, the
male displays courtship behavior toward females, which signals readiness to
spawn with a head-up posture (Fig. 14.2C). The male leads the female to the
nest with a zigzag dance (for most populations) or rolling display (Kitano
et al., 2007). The female then enters the nest, lays her eggs, and exits at the
other end. The male follows the female and fertilizes the eggs. The male then
chases the female away to prevent her eating the eggs and continues parental
care (e.g., nest guarding, fanning water over the eggs) until larvae leave the
nest.

Although it is easy to replicate natural reproductive behavior in the labo-
ratory, we typically only use natural breeding for experimental observations.
For colony maintenance, we find artificial fertilization of eggs is more effi-
cient, and reproduction is better controlled. However, when setting up con-
ditions for natural breeding in the laboratory, considerations include:

- Once males show their breeding coloration, they are ready to build a nest.
To enable this, they should be isolated in individual breeding tanks >5 L to
provide space to establish a territory and express the ritual dance.

- Gravel/sand substratum and nest material are needed for nest building. The
gravel pieces should be smaller than the mouth gape so males can move
them to form the pit in which the nest is built. The gravel/sand can cover
the floor of the tank or be limited to an area (e.g., in a Petri dish).

- Nest material can be any water weed with long threads. In laboratories, the
most commonly used materials are Canadian waterweed (Elodea cana-
densis) and synthetic or cotton threads (Barber et al., 2009; Östlund-
Nilsson and Holmlund, 2016). Care should be taken if opting for nest
material collected from the wild as this could pose a biosecurity issue and is
difficult to decontaminate.

- Although most males build a nest in �1 day after transfer to such an
environment, more reluctant nest builders can be motivated by visual
presentation of a gravid female (in a neighboring tank or confined within in
a transparent container) for 30 min periods.

- A nest is completed and ready for spawning once the male “creeps
through” the nest, i.e., enters one end and exits the other. It is not un-
common for males to dismantle, relocate, and rebuild their nests, particu-
larly when they can see other males in neighboring tanks.
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- Once a nest is completed, a gravid female should be introduced. If nesting
males are left in isolation without the opportunity to breed for more than
2 weeks, we find that they lose motivation to breed and deconstruct their
nests.

- Upon presentation of the female, spawning usually takes place within
10 min. However, female choice appears to be very strong, with certain
females apparently choosing not to breed with a particular male. If no
spawning occurs after 20 min, we remove the female and introduce a
different female.

- The fish should be observed during breeding: nesting males can become
aggressive when interacting with a gravid female, causing stress and/or
injury, which needs to be prevented by removing the female.

- Once the male has fertilized the eggs in the nest, the female should be
removed immediately. The fertilized eggs can either be left in the nest to be
cared for by the male until hatching and beyond or they can be removed for
experimental use or artificial raising (see the “Embryo development” and
“On-growing” sections).

In vitro fertilization

There are several advantages of IVF over natural breeding for laboratory
3SSB, including time and space saving, controlled selection of genitors, and
economy of production. A typical laboratory female produces an average of
100e150 eggs per batch. A single male’s sperm (used for IVF) can fertilize up
to 15 egg batches and provide around 2000 half sibling embryos within a short
time (e.g., 1 h). In contrast, natural breeding is not as efficient and requires
more labor and time to achieve the same number of half siblings.

The IVF protocol was developed by Barber and Arnott (2000), with further
adaptations in other laboratories, including our own (Sebire et al., 2015). Our
IVF protocol is detailed in Annex 11 of OECD TG234 (OECD, 2011) and we
routinely obtain �95% fertilization rate (in most cases 100%). There are three
steps to the procedure:

1. Obtaining sperm (steps 1e8 in Annex 11 TG234). The procedure is ter-
minal for the male and it is our normal practice to keep a tissue sample
(e.g., tail fixed in 100% ethanol) for future genetic assignment of parental
origin of offspring.

2. Obtaining eggs from the females (steps 1 and 2 of fertilization in Annex 11
TG234). Females can spawn several clutches of eggs in a season (batch
spawners), which lasts for around 4 months in our colony. The length of the
interspawning interval depends on food supply but is usually 3e5 days.
Eggs are spherical and vary in diameter from 1.1 to 1.8 mm, and weigh ca.
2 mg (wet weight) or 0.3e0.4 mg (dry weight) (Wallace and Selman,
2006). A female ready to spawn can be identified in the tank as they display
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the “head-up” posture (Fig. 14.2C) and a typical gravid appearance: a
rotund abdomen and “swollen” cloaca with protruding eggs in some cases.
Although some researchers anesthetize females prior to collecting eggs, we
consider that manual stripping can be conducted by experienced workers
very quickly without anesthesia. We have observed that egg color varies,
ranging from bright yellow to almost white, even between full siblings kept
in the same tank. Females can be overly gravid (Fig. 14.2E) if not allowed
to breed; such fish should have their eggs manually stripped within 3 days
of this stage. If individual eggs are visible under the skin (referred to locally
as a “berry” appearance, Fig. 14.2F), this means that ovarian fluid has been
largely reabsorbed and the female has become egg-bound. These females
will never be able to release eggs and although in most cases they do not
present a welfare concern, consideration should be given to humane killing.

3. Fertilization (steps 3e6 of fertilization in Annex 11 TG234). Fertilized egg
can be identified as the vitelline membrane separates from the chorion
resulting in a perivitelline space (Fig. 14.3). Once fertilization is confirmed,
a picture of the batch of embryos is taken and uploaded to counting soft-
ware, e.g., ImageJ with a suitable plugin enabled to aid counting and ensure
accurate records.

Embryo development

Egg development rate after fertilization is temperature dependent; the lower
the water temperature, the longer the development of the embryo takes. At
18�C, hatching takes place approximately 7 days postfertilization (dpf), i.e.,
126�C days (�C days). Embryo mortality can be assessed visually or checked
under a microscope as dead embryos usually have an opaque white appear-
ance, which contrasts with the translucent color of a healthy embryo. Dead

FIGURE 14.3 Fertilized eggs showing the vitelline membrane (arrow) separating from the egg

proper, developing the perivitelline space.
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embryos can become infected by fungus and develop visible mycelia, which
then spread to infect adjacent healthy embryos. For this reason, it is important
to check and remove dead embryos several times through the working day.

We have found that reconstituted water (referred to as dilution water in
Busquet et al., 2014) produces higher hatching and survival rates than our
aquarium water supply during the early developmental stages (ova, first
feeding). Fertilized embryos are kept in either 1 L flasks or 300 mL crystal-
lizing dishes in either a temperature-controlled room or water bath. The flasks/
dishes are filled to 100 mL with reconstituted water and refreshed every 2 days
via a partial (25%) water change. Larger water changes (50%) are given on the
days during and around hatching to mitigate water quality deterioration due to
decomposing chorions. The tops of the flask/crystallizing dishes are covered
with parafilm to reduce contamination by airborne fungal spores, with a small
hole left for aeration. Air is passed through a 0.2 mm syringe filter (to reduce
fungal contamination) and introduced as a steady but gentle stream of bubbles
via a rigid plastic tube (pipette).

After hatching, the larvae are not transferred until they are considered as
“independent feeders", meaning the larvae are able to swim up independently
through the water column looking for food and the yolk sac absorption is
almost complete. This larval form is the threshold between nonprotected/
protected life stage as defined by European Directive 2010/63. However, this
legislative criterion is variable between fish species and its interpretation varies
largely across different countries. For example, for zebrafish, the independent
feeding stage has been shown to be at 120 h postfertilization, i.e., 5 dpf at
26e28�C (Strähle et al., 2012). For the 3SSB we advise the larvae to become
protected from 9 dpf at 18�C (equivalent to 162�C days). Furthermore the
transcriptomes of five early embryonic stages comprising developmental leaps
have been described in detail (Kaitetzidou et al., 2019).

On-growing

When the larvae are considered independent feeders as defined earlier, they are
transferred without handling to on-growing tanks. We use 10 L tanks with a
fitted standpipe to an initial depth of 5 L and a flow-through of 0.05e0.15 L/
min. The tanks are barren to enable any mortalities and moribund larvae to be
seen and removed or humanely killed. Aeration is added to the tank and set to
a gentle stream of bubbles to avoid generating strong water currents. Larvae
are transferred from incubation flasks by gentle horizontal placement of the
flask within the tank (it is removed the next day after the larvae have swum
out). Larval transfer from incubation dishes is simpler: we use the flow-
through tank as the water bath, so the tank water depth is simply increased
via the standpipe to above the level of the dish and the inflow is redirected into
the dish so the larvae can swim out. The larvae (then juveniles) remain in the
10 L tank, with the water depth being increased as fish size increases.
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At 4 weeks posthatch, juveniles (0.05 g) are transferred to a 20 L tank. This
tank is set up with gravel (w4 cm deep) and an under-gravel filter with two air
lifts (positioned facing each other to reduce turbulence) and supplied with
aeration via two 2.5 cm air stones. The water in-flow rate is set at 0.2e0.4 L/
min. For batches of fish <70, the 10 L tank size may be retained. Transfer is by
netting and the opportunity is taken to assess the mean weight by temporary
holding in a preweighed jug of tank water. The fish are counted as they swim
out of the partially submerged jug into the new tank, ensuring the lip of the jug
is beneath the tank water surface; the fish are never poured.

Around 12 weeks posthatch, the juvenile 3SSBs are moved to larger tanks
(100e150 L) to reduce stocking density. These tanks have the same filter and
gravel set-up as previously and overflow mesh size can be increased (e.g.,
Ø 2e5 mm). The flow rate is set at 0.3e0.5 L/min.

Monitoring growth

We routinely sample-weigh stocks to monitor fish growth and ensure the
appropriate amount of feed is provided. This occurs up to twice a month in
summer conditions and once a month during the winter. Where possible it is
combined with moving fish between tanks to minimize handling. We
consider the benefits of interim sample-weighing, to assess total biomass and
monitor growth, outweigh the costs of handling. Our size at age data have
been collated (Fig. 14.4); from 50 weeks posthatch, breeding males and fe-
males start to differ in weight, resulting in a larger variation of their size.
This plot enables us to identify stocks that diverge from expected growth and
implement corrective measures, and to update frequently food amounts based
on expected growth.

FIGURE 14.4 The expected size (g) at age of the Cefas three-spined stickleback stocks. The

lines represent the �20% of the fitted polynomial model curve and can be used as the range for

expected weights.
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Procedures

Blood sampling

Although the 3SSB is a small fish species, sufficient blood (5e50 mL, size and
sex dependent) can be collected by terminal sampling of adults to enable in-
dividual measurement of parameters, including steroid levels (Brydges et al.,
2009) and vitellogenin (Katsiadaki et al., 2012). Briefly, fish are terminally
anesthetized (MS222 5 mg/L) and removed when in the surgical anesthesia
stage. The caudal peduncle is cut with a sharp blade, and the blood collected
by placing a heparinized microcapillary tube onto the severed blood vessel
underneath the spine. Individual steroid levels can also be measured non-
invasively via release into the water; we initially developed the noninvasive
method for salmonids (Ellis et al, 2004, 2005; Scott and Ellis, 2007) and
extended and validated its application to 3SSB, which enabled a time series of
samples from the same individual (Sebire et al, 2007, 2009).

Spine clipping

While some noninvasive methods have been used (Barber and Ruxton, 2000;
Ward et al., 2002), spine clipping has been commonly used in behavioral
studies to individually mark fish (the three spines enable a variety of marks),
and for nonterminal tissue sampling for DNA analysis where it is considered a
refinement for fin or skin sampling (Baube, 1997; Bell and Stamps, 2004;
Kraak et al., 1999). Briefly, individual fish are captured and confined in a net in
the water until the technician is ready. The fish is gently held between two
fingers, either in the air or, preferably, water. Using a sprung iris scissors tip,
the selected spine is lifted and cut to remove around 70%; it should not be cut
closer to the base to avoid skin damage. Spines are hard structures, so pro-
tective goggles should be worn for eye protection, particularly when handling
in the air. The handling and clipping procedure should take <15 s. After spine
clipping, the fish should be monitored until they have regained appropriate
orientation, operculum ventilation, and swimming behavior, which can be
expected to occur within 10e20 s. In the following few days, the fish should be
checked for signs of fungal infection.

Genetic sex determination

For genetic sex determination we use the primers designed by Peichel et al.
(2004) and a modified procedure. DNA can be collected using either a spine
clip or a mucus swab (Sebire et al., 2015). Mucus swabbing has been used
successfully in our laboratory for >7 years and has also been reported by
Breacker et al. (2016). Briefly, the fish is captured and held in the net out of
water, and mucus is collected by rubbing a sterile cotton bud on each side of

366 SECTION | 2 Other small freshwater fish



the fish. The fish is then released to an individual vessel (pending confirmation
of sex) and the cotton bud placed in an Eppendorf tube. We do not anesthetize
the fish for this procedure as it can be concluded very fast and appears to be
less stressful than the anesthesia (Tilley et al., 2020), and after swabbing, fish
should be monitored as for spine clipping.

Conclusion

Our long experience with a laboratory colony of 3SSB supports the notion that
3SSBs are highly amendable to laboratory conditions. Although zebrafish pre-
sent practical advantages such as high rearing temperatures, continuous
breeding, and short generation time, none of these traits are typical for the vast
majority of fish that live in temperate zones and have an annual reproductive
cycle. The 3SSB presents all the advantages of a small teleost and is amendable
to laboratory culture while offering further advantages such as ecological
relevance and evolutionary perspective in a changing environment. Stickle-
backs, in comparison to the salmonids and cyprinids (including zebrafish) held
in our aquarium facility, are largely free from welfare issues such as deformities
of the spine, jaw, and operculum, and although aggression does occur within
populations, this appears to be limited to the breeding season and can be
managed to avoid adverse effects. The most enjoyable aspect of working with
3SSBs is the ready (and fascinating) display of behaviors, such as their response
to human presence (approaching feeding stations and following technicians),
elaborate sexual rituals, and cognitive abilities (Bensky et al., 2017).

There is always a need to improve and optimize/standardize further the
care of 3SSBs (as with all laboratory fish species) to refine scientific use.
Future areas of work on 3SSB to facilitate this includes the production of
recognized genetic lines. Although our colony is over 20 years old, we have
made efforts to outbreed and ensure that they remain “wild type.” Given the
numerous 3SSB ecotypes, there is a strong potential to generate specific inbred
genetic lines differing in particular traits (e.g., age at senescence). A signifi-
cant contributor to this development is a reliable sperm cryopreservation
technique (Aoki et al., 1997). Another area of future work is to further stan-
dardize the environmental conditions (i.e., optimum light spectrum) with a
focus on diet, contributing to standardizing gut microflora, a potential con-
founding factor in experiments (Vatsos, 2016).

This chapter is an initial step toward the production of a complete guide for
the care of 3SSBs in the laboratory. We have described our practices for
sourcing, quarantine and biosecurity, housing, environmental conditions,
husbandry, and reproduction. We have included many anecdotal and empiri-
cally derived tips that we consider key contributors to successful laboratory
culture and refinement and we would welcome feedback and the experience of
other researchers and animal care technicians.
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The goldfish, Carassius auratus, is a species native to China that was intro-
duced to the West around the 17th century. For centuries, presumably since the
Song dynasty (960e1279), the goldfish has been domesticated and bred in
captivity for ornamental purposes. The process of selective crossings over time
has led to the development of more than 300 morphologically divergent va-
rieties of the species (Chen, 1956; Smartt, 2001). While the goldfish has been
historically considered an ornamental species, its ease of handling, convenient
size, and easy adaptation to a range of environments (including laboratory
conditions), among other important advantages, have made this species widely
used in research (Blanco et al., 2017b). The use of goldfish in scientific work
dates back to 1901, when William L. Underwood described its role as a
devourer of mosquito larvae (Underwood, 1901). Since then, use of this spe-
cies in research has increased considerably over the years (Blanco et al.,
2017b). This chapter will provide an overview of the current knowledge on the
husbandry, care, and research applications of goldfish.

Taxonomy and phylogeny

The goldfish was described as C. auratus in 1758 when the Swedish botanist,
zoologist, and physician Carl Linnaeus published his book Systema Naturae,
10th Edition (Linnaeus, 1758). C. auratus is one of six species within the
genus Carassius and one of more than 4000 species within the order of
Cypriniformes (Stout et al., 2016). The species is comprised of several sub-
species (e.g., auratus, buergeri, grandoculis, red var., etc.). A complete taxo-
nomic classification of the goldfish is shown in Table 15.1.
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Fig. 15.1 shows the phylogenetic position of goldfish within the vertebrate
lineage. Goldfish belongs to the ray-finned fishes (Actinopterygii), whose
phylogeny is further detailed in Fig. 15.2. Within the ray-finned fishes, the
goldfish belongs to the Infraclass Teleostei, which includes more than 25,000
species, representing almost 50% of all living vertebrates (Helfman et al.,
2009). Apart from two rounds of whole-genome duplications (1R and 2R) that
likely occurred at the base of the vertebrate lineage, the teleost lineage has
experienced an additional whole-genome duplication event (3R) (Glasauer and
Neuhauss, 2014). Following such event, the teleost genome was originally
tetraploid, but a process of rediploidization secondarily returned it to the
diploid state (Glasauer and Neuhauss, 2014). Within the teleosts, the Cypri-
niforms represent the largest group of freshwater fishes, and include species
important for aquaculture (such as common carp) and research applications

TABLE 15.1 Taxonomic classification of the goldfish

(Carassius auratus).

Kingdom Metazoa (Animalia)

Superphylum Deuterostomia

Phylum Chordata

Subphylum Vertebrata (Craniata)

Infraphylum Gnathostomata

Superclass Osteichthyes (Euteleostomi)

Class Actinopterygii

Subclass Neopterygii

Infraclass Teleostei

Supercohort Clupeocephala

Cohort Otomorpha

Subcohort Ostariophysi

Superorder Cypriniphysae

Order Cypriniformes

Suborder Cyprinoidei

Family Cyprinidae

Subfamily Cyprininae

Genus Carassius

Species auratus
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(such as zebrafish and goldfish). Importantly, the goldfish and carps (Cypri-
ninae subfamily), as well as other teleostean groups (e.g., the Salmonidae
Family), underwent a fourth round of whole-genome duplication (4R) later in
evolution, and thus possess a tetraploid genome (Lv et al., 2017; Wang et al.,
2012).

FIGURE 15.2 Simplified phylogeny of the ray-finned fishes (Class Actinopterygii). Diagram

shows the main ray-finned fish groups. Black pin symbols indicate the whole-genome duplication

events that occurred during the teleost evolution (3R, third round of duplication, common to all

teleosts; 4R, fourth round of duplication, lineage-specific).

FIGURE 15.1 Simplified phylogeny of the vertebrate lineage. Diagram shows the main

vertebrate groups, and indicates key evolutionary events considered for taxonomic classification.

Black pin symbols indicate the whole-genome duplication events that occurred during evolution

(1R, first round of duplication; 2R, second round; 3R, third round).
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Morphology/anatomy

External anatomy

The goldfish is one of the fish species with more interspecific variations in
morphological traits, existing as more than 300 varieties, each with different
external morphological features (Chen, 1956; Ota and Abe, 2016; Smartt,
2001). Our focus here will be to describe the morphology of the common
goldfish. The common goldfish has an elongated and laterally compressed
body, typically orange or golden, with five sets of fins following the same
pattern as most of the Cyprinidae family: dorsal (single), caudal (single, with
the dorsal and ventral lobes equal in length), anal (single), ventral or pelvic
(pair), and pectoral (pair), with a hard serrate spine at the origin of the dorsal
and anal fins. The average size of an adult fish is 10e20 cm (standard length),
but can reach up to 45 cm. The body is entirely covered by large, uniform
scales, overlapping in a regular pattern. The number of scales along the length
of the lateral line is 25e30, and from the base of the dorsal spine to the lateral
line, 5e6 (Smartt, 2001). Unlike the common carp, the goldfish lacks barbels.
The eyes are situated on both sides of the head and have relatively little
movement. Very close to the eyes, on the dorsal surface of the snout, there are
two pairs of nares or nostrils, covered with a fleshy narial flap, through which
water flows into the nasal cavity. Inside the nasal cavity lies the olfactory
epithelium with the sensory cells that detect the molecules dissolved in water.
Behind the eyes, a hard bony flap (operculum), open in the back for the release
of water, is present on each side to cover and protect the gills (Blanco et al.,
2017b). Goldfish, as the rest of fish, do not have external ears, but they have
internal ear bones or otoliths in charge of the sense of hearing. The lateral line
appears as an almost horizontal straight line, and consists of four commissural
canals (supraorbital, infraorbital, operculomandibular, and supratemporal) on
the head and a trunk canal (Puzdrowski, 1989) (Fig. 15.3).

FIGURE 15.3 External anatomy of goldfish. Image was originally drawn for use in this book

chapter.
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Internal anatomy

Internal goldfish anatomy is made up of all the usual organs of highly
developed animals (Fig. 15.4). We will limit this discussion to a brief
description of the morphology of the main organs. The brain is a highly
complex and organized system divided into discrete areas. Among them, the
most anterior region is the prominent olfactory bulbs, which are the primary
olfactory structures. The secondary olfactory projections originating in the
olfactory bulbs are part of the lateral and medial olfactory tracts, which form
relatively long stalks (Rupp et al., 1996). The rest of the telencephalon, the
optic tectum, the hypothalamus, and the cerebellum show no great difference
to other related fish, including zebrafish. However, the goldfish and zebrafish
brain differs mainly in the morphology of the paired vagal lobes: while these
lobes in goldfish form a large, separate brain part caudal to the cerebellum, in
the zebrafish they consist only of slight protrusions of the dorsal rhomben-
cephalon (Rupp et al., 1996).

Below the brain lies the pituitary gland or hypophysis. Morphologically,
the pituitary gland is typically divided into two regions: the adenohypophysis
and the neurohypophysis. The adenohypophysis occupies most of the hy-
pophysis and is comprised of three conserved lobes: (1) the proximal pars
distalis, containing gonadotrophs and somatotrophs, (2) the rostral pars dis-
talis, containing mainly lactotrophs, and a small number of thyrotrophs and
corticotrophs, and (3) the neurointermediate lobe, containing the pars inter-
media whose main function is the secretion of melanocyte-stimulating hor-
mone that regulates pigmentation (Baker, 1981; Kaul and Vollrath, 1974). The
neurohypophysis is located in the floor of the diencephalon and functions as a
neurosecretory structure innervating the adenohypophysis, unlike in the tet-
rapodean pituitaries (Kleeman and Cutler, 1963). Apart from this, two other
important differences between the teleostean and mammalian pituitary glands
are worth mentioning: (1) the distribution of endocrine cells within the

FIGURE 15.4 Internal anatomy of goldfish. Image was originally drawn for in this book

chapter.
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pituitary is highly regionalized in teleosts, while a dispersed organization of
endocrine cells is found in mammals; (2) the teleostean pituitary lacks a
functional hypothalamo-hypophyseal blood portal system and instead its
endocrine cells are directly innervated (Kaul and Vollrath, 1974).

The goldfish heart has the classical four chambers: (1) sinus venous, (2)
atrium, (3) ventricle, and (4) bulbus arteriosus. In addition, an atrioventricular
region and a muscularized conus arteriosus are present to provide support for
the atrioventricular and ventricular-bulbar valves, respectively (Garofalo et al.,
2012). The sinus venous of the goldfish heart is mostly made up of connective
tissue. The atrium is a single, large chamber, with a complex network of thin
trabeculae that divide the atrial cavity into lacunae, progressively smaller
moving from the lumen toward the epicardium. The ventricle is sac shaped
(rounded and with a blunt apex) and, among the classification of fish ventricle
based on the myocardial arrangement, it responds to a type II ventricle, which
is characterized for presenting both an external vascularized compacta layer
and an inner spongiosa layer. Finally, the bulbus arteriosus is a highly mus-
cularized structure, in continuity with the ventral aorta (Garofalo et al., 2012).

The abdominal cavity of goldfish is mostly occupied by the gastrointestinal
tract, an elongated, relatively undifferentiated long tube. The most notable
feature of this tract is the lack of a stomach comparable to that of other ver-
tebrates. Instead, a thickened straight tube capable of great expansion, known
as the intestinal bulb, replaces the stomach. The intestinal bulb, which extends
into the posterior end of the abdominal cavity, is larger and straight at its
anterior end, and narrows gradually until it merges into the intestine proper,
which occupies the ventral portion of the abdominal cavity (Mcvay and Kaan,
1940). The goldfish digestive tract could thus be divided into mouth, buccal
cavity, pharynx, esophagus, intestinal bulb, intestine, and rectum. These re-
gions are, in general, not very well demarcated, but can be distinguished by
changes in the characteristics of the epithelial lining, or by valve-like struc-
tures at the junctions between the adjoining regions (Sarbahi, 1951). The folds
of the intestinal mucous membrane present a zig-zag pattern, characterized by
straight lines and angles in the anterior portion, and a convoluted lining in the
posterior region (Sarbahi, 1951).

The goldfish gastrointestinal tract is in tight relationship with the liver,
which in this species is diffuse and consists of an elongated mass formed by
narrow hepatic lobes, right and left, extending on each side of the intestinal
bulb. The two lobes join at their anterior and posterior ends to form the
anterior median and posterior median hepatic lobes, respectively. Between the
right lobe of the liver and the intestinal bulb is the gall bladder (Sarbahi, 1951).
Different to the mammalian model, the liver cells of goldfish are not arranged
into plates or cords, but they are closely packed between the irregularly
distributed capillaries (sinusoids). In addition, no intercellular bile canaliculi
are formed in goldfish liver cells; instead, each cell has a single intracellular
bile canaliculus, which consists of channels inside the liver cells that collects
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bile secreted by hepatocytes (Yamamoto, 1965). Embedded in the substance of
the goldfish liver is the rudimentary, also diffused, pancreas, thus forming a
structure that some authors have referred to as a hepatopancreas. Both bile and
pancreatic ducts open on the roof of the intestinal bulb, behind the valve-like
structure that separates the bulb from the esophagus (Sarbahi, 1951).

The spleen of goldfish is normally an elongated organ, surrounded by a
connective tissue capsule, lying inside the serosal lining of the intestine. The
splenic parenchyma contains the same elements as in other vertebrates (blood
vessels, ellipsoids, red pulp, lymphoid tissue or white pulp, and macrophages),
although the lymphoid tissue is scattered and appears as diffuse layers sur-
rounding arteries and melanomacrophage centers (Fänge and Nilsson, 1985).
Goldfish lymphocytes of the spleen (and also of the thymus) possess surface
immunoglobulins (Ig) (Warr et al., 1976). Interestingly, goldfish contains only
one type of serum Ig, which is composed of polypeptide chains similar to those
of IgM from mammals, but exists as a tetramer in the serum of Cyprinidae
(Shelton and Smith, 1970). Unlike mammals, the fish splenic tissue does not
contain germinal centers (Fänge and Nilsson, 1985).

The goldfish kidney, like in many other fish, is a distinctly bilobed organ
consisting of a cranial and a caudal kidney (Ogawa, 1962). The caudal kidney
is the actual analog of the mammalian kidney, containing nephrons surrounded
by hematopoietic and lymphoid tissue dispersed throughout the organ.
Nephrons typically have a well-vascularized glomerulus, a ciliated neck
segment, two proximal segments, a ciliated intermediate segment, a distal
segment, and a collecting duct system (Reimschuessel, 2001). Instead, the
cranial or head kidney, located around the posterior cardinal vein, is an
endocrine and immune organ containing endocrine and hematopoietic tissue
(Reimschuessel, 2001). The endocrine tissue contains interrenal cells (inter-
renal tissue; cortical), which produce cortisol, and chromaffin cells (medul-
lary) producing catecholamines, making it the functional analog of the
mammalian adrenal gland (Sampour, 2008). The hematopoietic tissue pro-
duces lymphoid (B and T lymphocytes) and myeloid (phagocytic) cells, which
form an integral analog of the mammalian bone marrow (van Muiswinkel,
1995). In addition, the goldfish head kidney contains thyroid follicles, apart
from the typical pharyngeal thyroid (Chavin, 1956). Such follicles respond to
physiological alterations similar to those of the normally located thyroid.
Indeed, the goldfish head kidney thyroid accumulates about twice as much
radioiodine as does the pharyngeal thyroid (Chavin and Bouwman, 1965).

Like other teleosts, the gonads of goldfish lack medullary tissue, and
contain only the equivalent to the cortex of other vertebrates. Morphologically,
the female gonads (ovaries) consist of a pair of hollow sac-like organs attached
to the dorsal body wall. Each ovary is formed of oogonia, oocytes and their
surrounding follicle cells, supporting tissue or stroma, and vascular and ner-
vous tissue. Based on the pattern of oocyte development, the goldfish ovary is
classified as asynchronous, meaning that it contains oocytes at all stages of
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development. The teleost ovary has an ovarian cavity continuous with the
oviduct, where mature oocytes are discharged before moving to the oviduct. In
the goldfish, such cavity is formed by the fusion of the distal edges of the ovary
with the dorsolateral coelomic wall (Nagahama, 1983). Male gonads (testes)
are elongated paired organs, also attached to the dorsal body wall. Based on
the differentiation of the germinal tissue, goldfish testicles, as in most teleosts,
are classified as the lobular type, thus being composed of numerous lobules,
separated from each other by a thin layer of connective tissue. Within the
lobules, primary spermatogonia undergo numerous mitotic divisions to pro-
duce cysts containing several spermatogonial cells. As spermatogenesis pro-
ceeds, cysts then expand and rupture, and sperm is liberated into the lobular
lumen, which is continuous with the sperm duct (Nagahama, 1983). The sperm
duct in the testis of goldfish is not a simple duct but a cephalocaudal suc-
cession of complicatedly anastomosing cavities (Takahashi and Takano, 1972).

The goldfish is not characterized by large adipose tissue depots, but low
levels of fat depots can be found all around the body of the fish (subcutaneous
fat) or in the abdominal cavity around the digestive tract (visceral or mesen-
teric fat) (Weil et al., 2013). Visceral fat is highly dependent on the fish
nutritional status. In addition, visceral lipid stores are mobilized for ovarian
development in female goldfish (Delahunty and de Vlaming, 1980). Interest-
ingly, goldfish adipocytes have been demonstrated to be glucose-responsive
insulin-producing cells, thus having properties similar to that of pancreatic b
cells (Blanco et al., 2020a).

Geography and natural habitat

The goldfish is native to East Asia. It was first selectively bred in ancient China
more than 1000 years ago, and taken to neighboring countries, including
Japan, Korea, and Taiwan, at the very beginning of the 16th century. The first
introduction of the goldfish to Europe was to Portugal in the 17th century, and
from there it was imported to other European countries. During the course of
the 18th century the goldfish had been distributed generally over Europe, and
by 1791 it was clearly established in Russia. The late 1850s seems to be the
accepted date of introduction of the goldfish in the United States, where it is
now established or reported in all states except Alaska (Smartt, 2001).
Currently, the goldfish is spread worldwide, with a few exceptions such as
Greenland and Antarctica (Brown et al., 2018).

Natural habitats of the species include shallow (up to 20 m deep) slow-
moving rivers, lakes, and ponds, with sandy or muddy bottoms with dense
submerged vegetation (Robison and Buchanan, 2020). Goldfish also frequently
occupy stagnant backwaters that do not experience currents. Its native climate
is subtropical to tropical, and it lives preferentially in warm or cold waters
(10e21�C) with a pH close to neutrality (7e7.5) (Kottelat and Freyhof, 2007),
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although it can tolerate more extreme conditions, such as high levels of
turbidity (Wallen, 1951), temperature fluctuations (Spotila et al., 1979), low
levels of dissolved oxygen (Walker and Johansen, 1977), high salinity
(Schwartz, 1964), and even certain types of water pollution (Robison and
Buchanan, 2020).

Behavior

Social behavior

Goldfish are gregarious, and typically display shoaling and schooling behavior
(Leem et al., 2012). Such behavior of the goldfish has been subject to several
studies, which demonstrated that goldfish in larger shoals show less “timid”
behavior (for example, lurking in the weeds or rapid darting and turning) and
spend more time foraging than those in smaller shoals, probably because of a
reduced need for individual vigilance (Magurran and Pitcher, 1983; Pitcher
and Magurran, 1983). The goldfish do not form social hierarchies, and can be
described as a “friendly” or docile species toward other fish, rarely harming
another goldfish or an individual from another species, and exhibiting very
little maleemale aggression.

Feeding behavior

The goldfish is a benthic species that is characterized by constant swimming,
exploring, and/or chasing its food, i.e., it displays a foraging behavior. It
preferentially forages in sandy substrates rather than gravel, pebbles, or cob-
bles (Smith and Gray, 2011). In the wild, goldfish is omnivorous and its diet
consists of planktonic organisms, small crustaceans, mollusks, worms, insect
larvae, and various plant matter (Muus and Dahlström, 1981; Navarrete Sal-
gado et al., 2009). Laboratory studies on feeding behavior have demonstrated
that the goldfish, like many other fish species and mammals, shows increased
activity in anticipation of a forthcoming meal, known as feeding anticipatory
activity, within a few days after the establishment of a regular feeding cycle
(Spieler, 1992). Food sources in nature may vary predictably in both place and
time, and so it could be plausible that the anticipation of daily food availability
occurs in the wild as well for optimal foraging.

Reproductive behavior

The goldfish has a prolonged breeding season that starts in the late spring and
continues throughout the summer as long as water temperatures remain above
15.6�C (Robison and Buchanan, 2020). Reproduction takes place in shallow
waters with dense vegetation. During the mating ritual, males chase the fe-
males around, bumping and nudging them to prompt them to release her eggs.
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A female may be accompanied by several males who fertilize the eggs as they
are released. Depending on its size, female goldfish can lay between 4000 and
400,000 eggs. Goldfish eggs are adhesive and attach to aquatic vegetation,
typically dense plants such as Cabomba or Elodea, or roots. Hatching occurs
within 48e72 h, and under optimal conditions, fry grow rapidly (Brown et al.,
2018). Sexual maturity occurs at 1e3 years of age, and the normal lifespan is 6
or 7 years, although a maximum lifespan of 30 years has been reported
(Robison and Buchanan, 2020).

Husbandry

Aquatic facility and housing

In a facility dedicated to goldfish housing, as with all other fish species, the
primary housing enclosures are the tanks. Tanks will vary in material, shape,
and size depending on the research scope. All these are factors that should be
given careful consideration when designing the experimental projects, as they
affect the welfare of the fish and the functionality of the life-support system.
The most common materials that goldfish holding tanks are made from include
glass, thermoplastic polymers (polycarbonate), and acrylic. Glass tanks are the
most frequently implemented housing element in small-scale projects, as they
are easily available at most pet shops. Glass possesses important advantages as
material for tank construction: (1) it is inert, therefore there is no risk of
chemical leaching to fish, (2) it is relatively inexpensive, and (3) it does not
scratch easily. However, it is heavy and fragile, entailing health and safety
challenges to personnel who maintain them. As an alternative to glass, most
goldfish tanks in modern facilities are made from thermoplastic polymers,
mainly polycarbonate, although others such as polysulfone are also used.
Polycarbonate tanks are also relatively inexpensive, and have the significant
advantage of being lightweight, so are easily movable within the facility.
Nevertheless, their main disadvantage is that they contain bisphenol-A, which
has been demonstrated to cause serious reproductive problems in vertebrates,
including fish (Canesi and Fabbri, 2015). Howdeshell and coworkers (How-
deshell et al., 2003) demonstrated that polycarbonate tanks leach bisphenol-A
into the water; however, levels are minimal in new tanks and significantly
higher in old cages, thus suggesting that regular tank replacement may be a
reasonable strategy for managing the drawback of this type of tank. Finally,
acrylic tanks have become popular for goldfish and other fish research species
as they combine the main advantages of both glass and polycarbonate tanks.
Thus acrylic is lightweight and, although technically also a thermoplastic
polymer, it does not contain bisphenol-A, meaning that no leaching side effect
can be encountered. However, certain disadvantages can also be found for
acrylic: it is significantly prone to scratching, can be damaged by organic
solvents such as ethanol, and has low heat tolerance.
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Goldfish tanks are typically rectangular, although, considering the wide
tolerance range of this species, other tank designs can be used. Size of tanks is
also variable and can be adjusted to the particular needs of the research project.
The stocking density is dependent on fish size and the size of tanks available.
For instance, for fry (2.20 � 0.005 cm, 0.33 � 0.006 g), it has been reported
that a stocking density of 300/m3 provides the best fish growth (Shete et al.,
2013). As a general rule, overcrowding must be avoided (Ababouch, 2014;
M’balaka et al., 2012). If required by the experimental design, goldfish can
also be housed individually. Priestley and coworkers demonstrated that gold-
fish kept individually or in groups of 4, 8, or 16 fish/50-L tank show similar
growth rate and body condition (Priestley et al., 2006a).

Goldfish tanks can be kept independently, but most aquatic facilities have
recirculating aquaculture systems (RAS) that immensely facilitate routine
cleaning and disinfection procedures (Badiola et al., 2018). The distinguishing
feature of these systems is that the water used to house the fish is cleaned and
reused, minimizing water consumption and waste. These systems are equipped
with different filters (mechanical, biological, chemical), aeration mechanisms,
and an ultraviolet light for disinfection, which ensure an optimal water treatment.
RAS aquaria are available at different scales, from “stand-alone” systems (typi-
cally in the form of a rack filled with tanks on the top section, and with a compact
filtration assembly condensed on the bottom section) to multilinked racks with a
common filtration assembly and sump system. If not using a RAS, each goldfish
tank should be provided with a filter system, which could be either external or
internal. The filter system should be equipped with at least mechanical and bio-
logical filters, and should filter an absolute minimum flow rate of five times the
volume of the tank per hour. With some RAS, or in individual tanks with some
external filters, the waterfall generated during filtration may be able to aerate the
water sufficiently. Alternatively, and certainly for individual tanks with internal
filters, adding an air pump is highly recommended (Badiola et al., 2018).

In addition to water filtration, two other aspects should be considered in a
goldfish housing facility: temperature control and illumination. The temper-
ature in a fish housing system must be controlled and maintained within a
stable and optimum range. This can be accomplished through a combination of
adjusting the air temperature of the room and the use of specialized water
heaters and chillers that regulate water temperature via thermostats. Adequate
illumination is facilitated by the built-in lights in the room. If additional
lighting is required, fluorescent lamps may be set above individual aquaria. If
lights are added to the aquaria, special attention should be paid to the type of
light chosen, as some wavelengths may affect study parameters. For instance,
it was demonstrated that goldfish show a better growth performance under
white light than red light (Imanpoor et al., 2011). A similar observation was
reported by Ruchin (2004), who not only demonstrated that goldfish kept
under red light show a significantly lower growth rate than those kept under
luminescent, white light, but also that keeping goldfish under green light can
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result in a higher growth rate (Ruchin, 2004). Red light appears to also
negatively affect goldfish sex maturation, as suggested by a study of Yun and
coworkers, showing that this type of light inhibits the expression of important
genes involved in reproduction, such as the kisspeptin system (Yun et al.,
2015). Apart from the type of light, another key factor that should be
considered when talking about illumination is the photoperiod, i.e., the
recurring cycle of uninterrupted light and dark period fish are exposed to.
Photoperiod has been reported to affect several physiological and behavioral
aspects of goldfish, including feeding, growth, metabolism, oxidative stress,
reproduction, thermal resistance, and locomotor activity (López-Olmeda et al.,
2006; Sarkar and Upadhyay, 2011; Spieler and Noeske, 1984; Wei et al.,
2019). Therefore an appropriate photoperiod should be established according
to the scope of the research.

Water quality

Proper water quality is essential to maintain healthy fish colonies. Recommended
water quality parameters for goldfish are: temperature 10e30�C (optimal
range ¼ 20e24), pH 6.0e8.4 (optimal 7.0e8.0), hardness (CaCO3)
100e250 mg/L, conductivity 180e480 mS/cm, ammonia (total) <0.02 mg/L,
nitrite <0.2 mg/L, nitrate <40 mg/L, oxygen 5.0e8.0 mg/L, and chlorine
0.002 mg/L (Jepson, 2016). Among these parameters, probably the most critical
factor inmaintaining fish health is inadequate oxygen levels.Water containsmuch
less oxygen than air, particularly at high water temperatures. To prevent stress,
water oxygen levels should be higher than 5 ppm. Next to oxygen, the most
limiting factor in fish culture is toxic nitrogen compounds. Nitrogen compounds
are introduced into the water mainly via fish waste (excretion across the gills) or
excessive uneaten food. Such compounds can be present in two forms, as the
relatively nontoxic ionized ammonium (NH4) or as toxic nonionized ammonia
(NH3), depending on the water temperature and pH (NH4 will predominate in
water with low temperature and pH, while NH3 increases with elevated temper-
ature and pH). As ammonia is formed, bacteria calledNitrosomaswill oxidize this
ammonia to nitrite (NO2

e). Nitrite is also toxic to fish, although to a lesser extent
than ammonia; fish canwithstand roughly twice the amount of nitrite in theirwater
when compared to ammonia. Nitrite is then converted into nitrate (NO3

e) by
bacteria calledNitrobacter. Nitrate is not as harmful to fish as ammonia or nitrite,
but it is still harmful in large amounts. Under anaerobic conditions, nitrate can be
turned into harmless nitrogen gas. However, the parameters needed to create this
condition are not commonly present in most aquaria, and hence, periodic partial
water changes are the easiest and best way to keep low levels of nitrate. Levels of
nitrogenous compounds, as well as of dissolved oxygen and other parameters,
such as pH, alkalinity, hardness, and chlorine, should be checked frequently using
strips, test kits, and/or electronic probes. In an established system, weekly
monitoring is adequate.
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Export and transportation

Goldfish are usually obtained from commercial suppliers that breed fish at
large scale to export them to both pet shops for ornamental purposes or aquatic
facilities for research applications. Appropriate transportation of fish is vital to
ensure that fish arrive healthy and in good condition to the destination. Fish
transport is a lengthy process that consists of a series of sequential actions,
including harvesting, packing, actual transport, unpacking, and stocking.
There are basically two major types of transporting live fish: in tanks (the so-
called open system) or packed in polyethylene bags (closed system) (Lim et al.,
2007).

The most common system for transporting fish to research aquatic facilities
is the closed system, in which all factors necessary to meet fish survival are
self-sustained (Lim et al, 2003, 2007). It consists of packing the fish in sealed
polyethylene bags filled with overoxygenated water that is usually pretreated
with chemicals or drugs. Bags used for this system have a bottom with either a
rectangular base or a seam. In the latter case, the two bottom corners are
usually tied together with rubber bands or heat sealed to avoid fish being
trapped or squashed in the corners. Goldfish are packed at a relatively high
density for transportation. However, the number of fish per bag is highly
dependent on the volume of transport water, size of the fish, and transport time.
For instance, for consignments from Singapore to Europe with a 30-h transit
time, the average loading density of goldfish (average body weight 13.8 g) is
272 g/L (Lim et al., 2003). Since goldfish can tolerate relatively low tem-
peratures (Ford and Beitinger, 2005), they are usually packed at 15e18�C, so
that their metabolic rate is low. To improve the survival of fish during trans-
port, fish are usually starved prior to transport to prevent regurgitation of
partially digested food, minimize water pollution, and reduce stress during
transport (Nemato, 1957). The optimal duration of starvation for goldfish is
2 days (Lim et al, 2003, 2007). Once fish are placed in the bags, an adequate
supply of dissolved oxygen is added, which also depends on the number and
size of fish and the duration of the transport. For instance, an oxygen-to-water
volume ratio ranging from 4:1 to 6:1, or an oxygen-to-fish ratio of 14 mL
oxygen/g fish, is commonly used for air transport of goldfish (Lim et al, 2003,
2007). Then, the opening of the bag is closed, either by heat sealing or using
rubber (elastic) bands or a metal clip. After packing, the bags with fish are
placed in a styrofoam (polystyrene) box (usually four to eight bags per box),
which serves to provide thermal insulation to prevent sudden changes in the
water temperature. The styrofoam box is usually placed inside a cardboard box
of similar size for additional safety.

Once fish arrive at their destination, acclimation to the new tanks and re-
covery from the transport are two important operations. Acclimation includes
floating the sealed bags in the new housing tanks until the temperature of the
transport water equals that of the housing water. Then, fish should be hand
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netted and introduced in the housing tanks, either directly or after being first
transferred to a basin of clean water. Water quality is vital in the post-shipment
recovery, and all quality parameters should be as close as possible to the
optimal value for the fish. Adding salt to the water has been proven to be an
effective way to improve post-transport survival of fish (Lim et al, 2003,
2007). Indeed, goldfish has been reported to show good growth, food con-
sumption rate, and no signs of stress when kept in waters with a salinity of up
to 6% for long periods (Luz et al., 2008). The first day after arrival, it is normal
that fish are unwilling to eat, but appetite should be recovered by the second or
third day.

Handling

Proper handling of fish is essential, both to prevent injury and to reduce stress.
Even minimal handling causes a profound stress response in fish, which, apart
from likely influencing the response of fish to experimental manipulations,
may weaken the endocrine and immune systems, predisposing fish to infec-
tion, ultimately causing disease or even death (Wendelaar Bonga, 1997). In
goldfish, it was demonstrated that experimental handling stress affects the gills
and skin integrity, facilitating ulcerative diseases (Dror et al., 2006). To
minimize stress, all fish handling procedures must be quick and carried out
cautiously. Conscious fish can be captured from their tanks using a net, plastic
bag, or jar, avoiding chasing as much as possible. After capture, fish must be
held firmly, but gently, without squeezing and avoiding touching the eyes and
gills, which are very sensitive. Fish can be held with bare hands or wearing
gloves, previously moistened in both cases. Abrasive materials such as paper
towels should be avoided. The time that fish is out of the water must be
minimal; if prolonged, to moisten fish with water is highly recommended.

Feeding/nutrition

In captivity, goldfish are commonly fed dried flake or pellet food, typically
obtained commercially. An example of the complete composition of a typical
goldfish custom regular diet (Blanco et al., 2016) is shown in Table 15.2.
A nutritional study on the utilization of a commercial food by goldfish
demonstrated that this species consumes food at 3.6% of body weight, and that
the satiation and gastric evacuation times last for 93 min and 22 h, respectively
(Al-Dubakel et al., 1999). While dried flakes or pellets constitute the most
common diet for goldfish, it has been demonstrated that goldfish fed Artemia
for 60 days show superior zootechnical performance, including higher weight,
total length, weight gain, and specific growth rate, than those fed commercial
flakes (Moreira et al., 2011). Therefore adding live food supplements such as
Artemia, Daphnia, worms, mosquito larva, or similar to the goldfish diet is
recommended if the research applications require a rapid fish growth. In
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TABLE 15.2 Composition of a typical commercial custom diet for goldfish

(Blanco et al., 2016).

Protein (%) 32.3 Minerals

Arginine (%) 1.66 Ash (%) 4.9

Histidine (%) 0.81 Calcium (%) 1.11

Isoleucine (%) 1.73 Phosphorus (%) 1.21

Leucine (%) 2.75 Phosphorus (available) (%) 1.09

Lysine (%) 2.44 Potassium (%) 0.11

Methionine (%) 0.90 Magnesium (%) 0.03

Cystine (%) 0.17 Sulfur (%) 0.21

Phenylalanine (%) 1.49 Sodium (%) 0.48

Tyrosine (%) 1.28 Chloride (%) 0.20

Threonine (%) 1.34 Fluorine (ppm) 18.0

Tryptophan (%) 0.33 Iron (ppm) 169

Valine (%) 2.16 Zinc (ppm) 181

Alanine (%) 1.26 Manganese (ppm) 86

Aspartic acid (%) 2.33 Copper (ppm) 13

Glutamic acid (%) 5.09 Cobalt (ppm) 0.27

Glycine (%) 1.90 Iodine (ppm) 1.52

Proline (%) 2.12 Chromium (ppm) 0.48

Serine (%) 1.43 Molybdenum (ppm) n/s

Taurine (%) 0.04 Selenium (ppm) 0.29

Fat (ether extract) (%) 6.0 Vitamins

Fat (acid hydrolysis) (%) 6.2 Carotene (ppm) 0.0

Cholesterol (ppm) 405 Vitamin A (IU/g) 9

Linoleic acid (%) 0.05 Vitamin D3 (added) (IU/g) 2.4

Linolenic acid (%) 0.07 Vitamin E (IU/kg) 105

Arachidonic acid (%) 0.08 Vitamin K (as menadione)
(ppm)

4.7

Omega-3 fatty acids (%) 1.34 Thiamine hydrochloride (ppm) 36

Total saturated fatty acids (%) 2.18 Riboflavin (ppm) 34.2

Total monounsaturated fatty
acids (%)

1.43 Niacin (ppm) 204

Continued
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addition, algae-based feed, in particular fresh algal biomass of Nostoc ellip-
sosporum and Navicula minima, has also been reported as beneficial for body
weight gain and specific growth rate in goldfish (Khatoon et al., 2010). For
larvae, an exclusive feeding with Artemia during the first 2 weeks, followed by
feeding a mixed diet of 50% Artemia and 50% dry feed during the consecutive
weeks, was observed to lead to optimal growth results (Abi-Ayad and Kes-
temont, 1994). In an aquatic facility, goldfish are typically fed once daily.
However, frequency of feeding can be increased up to six times/day to
maximize utilization of the food ration and to improve the growth rate, as
demonstrated by Priestley et al. (2006b).

Maintenance/cleaning and disinfection

A large part of keeping fish healthy is ensuring that their habitat and envi-
ronment remain clean, healthy, and safe. Thus, following a regular mainte-
nance routine is essential in every aquatic facility. Specific points to consider
during maintenance vary, and include procedures to be carried out daily,

TABLE 15.2 Composition of a typical commercial custom diet for goldfish

(Blanco et al., 2016).dcont’d

Polyunsaturated fatty acids
(%)

1.06 Pantothenic acid (ppm) 99

Fiber (max) (%) 6.8 Folic acid (ppm) 6.6

Neutral detergent fiber1 (%) 6.1 Pyridoxine (ppm) 28.24

Acid detergent fiber2 (%) 5.4 Biotin (ppm) 0.4

Nitrogen-free extract
(by difference) (%)

40.1 Vitamin B12 (mcg/kg) 72

Starch (%) 24.25 Choline chloride (ppm) 1228

Glucose (%) 0.00 Ascorbic acid (ppm) 200.2

Fructose (%) 0.00 Energy (kcal/g) 3.44

Sucrose (%) 0.00 From protein 1.290 kcal
37.6%

Lactose (%) 0.02 From fat (ether extract) 0.541 kcal
15.8%

Total digestible nutrients (%) 62.4 From carbohydrates 1.604 kcal
46.7%

1NDF, approximately cellulose, hemicellulose and lignin.
2ADF, approximately cellulose and lignin.
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weekly, or just periodically (monthly, bimonthly, yearly). Keeping records of
each procedure on an aquarium journal or log is highly recommended. It will
keep the maintenance organized when multiple people are working in the
facility and, more importantly, it could help diagnose problems with the
aquaria and any health issue that may appear.

Daily maintenance procedures include:

- Visual equipment check to ensure the filters and any other equipment (e.g.,
air pumps, lights, etc., if present) are running properly.

- Visual examination of the water quality (transparency/turbidity).
- Check water levels in tanks and, for RAS, also in the sump tank. If levels

are low, they should be topped off with treated or aged water.
- Temperature check to ensure it is in the proper range.
- Fish counting and visual check of their physical appearance. Any unusual

behavior, such as low activity, should also be monitored.
- Removal of uneaten food.

Weekly maintenance procedures include:

- Cleaning outside surfaces of tanks with a damp cloth and scrapping inside
surfaces with a clean sponge or using a magnetic glass cleaner. Cleaning
agents and chemicals should be avoided.

- Filter cleaning. As with the tanks, soap and chemical agents are not to be
used; instead, each filter should be removed and rinsed with water.

- Partial water changes. If using independent tanks, a partial volume of water
from each tank (z10%e15%) should be replaced by treated and, if
possible, aged water. In RAS, fresh water should be incorporated to replace
a large volume of water from the sump tank.

- Testing of water quality parameters (pH, dissolved oxygen, levels of
ammonia, nitrite and nitrate, etc.) using strips, test kits, and/or electronic
probes.

Periodic maintenance procedures include:

- Change of filters and/or filter media.
- Calibration of pH meter, O2 probes, etc.

The procedures explained so far describe general protocols for routine
maintenance. However, on occasion, tanks and aquatic facilities need to be
sanitized because of an infection or disease. One of the most common disin-
fectants used for fish aquaria is bleach. While the protocol to sanitize a fish
tank using bleach is variable, a common practice includes rinsing all infected
equipment and tanks in a 10% bleach solution. Bleach is very dangerous to
fish, so fish must be placed in a separate tank while sanitizing the dirty tanks.
For the same reason, tanks and all equipment must be rinsed two or three times
to remove any remaining bleach residue before reuse with fish again.
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Breeding

Goldfish are not a common model fish used for breeding in the scientific field,
as breeding this species is a long and quite difficult process. Nevertheless,
goldfish can be bred in captivity if all appropriate conditions are met (Smartt
and Bundell, 1996). The goldfish will become sexually mature in 1 year but
will reach its prime in its third year. The first step in the breeding program is to
create the right tank environment, which includes preparing a 75-L (at a
minimum) tank with spawning mops or similar at the bottom. Then, goldfish
must be sexed and distributed into the tank. Sexing goldfish is not simple, but
there are some distinctive features between males and females during the
breeding season that can be used to differentiate them. Thus females are
rounder than males, they have round and short pectoral fins and swollen ab-
domens, and their vent protrudes when ready to spawn. On the other hand,
males have pointier and longer pectoral fins, breeding tubercles or white stars
covering their gills and pectoral fins, and their vent becomes more open and
longer when ready to spawn. Ideally, more males than females should be
introduced in the tank (e.g., three males and two females), although a single
pair is also appropriate. Because goldfish breeding in the wild is triggered by
the change in temperature from the cold winter to the warmer spring, simu-
lating such temperature change is essential for inducing breeding in captivity.
Thus water temperature needs to be dropped first to 10e12�C, and then, when
breeding needs to be induced, it must be raised gradually by 2�C per day, until
it is 20e23�C. Under these conditions, spawning behavior and natural
spawning will likely occur. If natural spawning proves unsuccessful, a gentle
rub can be applied to the vent of a male and a female to release the sperm and
eggs, respectively, which will then be combined in swirled water. Goldfish in
captivity have a tendency to eat the eggs. This makes it necessary to separate
the parents from their eggs almost immediately to ensure a full batch of eggs is
hatched successfully. Fertilized eggs should hatch within 4e7 days, depending
on the temperature of the water (Smartt, 2001; Smartt and Bundell, 1996).

Diseases/pathogens/treatment

Healthy goldfish have a bright consistent color, with shiny, even, and clean scales
that reflect the light well, clear eyes, and upright fins without rips or tears. They
swim gracefully, eagerly gobble food at regular times and respond to changes in
vibration and light. If these signs are not met, it is likely that goldfish are ill.Most
of the time, health problems are accompanied by visible signs of illness that help
diagnose the disease, and thus apply the appropriate treatment. The following is a
list with themost common goldfish diseases, including their symptoms andmost
effective ways of treatment (Bassleer, 2009; Jepson, 2016). Most of the fish
diseases are the result of poor water quality; therefore maintaining water in
healthy conditions is the best way to prevent any disease.
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Parasitic infections

Ich/white spot disease

Ichthyophthirius multifiliis, often termed “Ich,” is a parasitic ciliate that rep-
resents the most common goldfish disease in freshwater aquaria (Sharma et al.,
2014; Thilakaratne et al., 2003). Ich is usually caused by poor water quality,
overcrowded aquaria, or when a sudden temperature change occurs. This
disease also occurs when fish are stressed or when a new and infected fish is
added to the community.

Symptoms: Clamped fins, small white spots on body, fins, and gills, irri-
tation and inflammation that will make the goldfish itch against the side of the
tank.

Treatment: Gradually raise the water temperature up to 24e27�C to speed
up the ich’s life cycle, and carry out a 0.3% salt treatment during 10 days.

Anchor worm

Anchor worms (Lernaea spp.) are external copepod parasites that attach to fish
under the scales (Thilakaratne et al., 2003). This disease is caused by newly
added fish already carrying the parasite or newly added plants that can have
larvae on them.

Symptoms: Itching and flashing (rubbing against objects or walls in the
aquarium), then visible parasite attached to the body.

Treatment: Remove any visible worms with tweezers and clean the
wounds with hydrogen peroxide to help prevent infection. Then, bath all fish in
the tank in water containing potassium permanganate (10 mg/L water) for
20e30 min. Transfer fish to clean water.

Flukes

Flukes are monogenean parasites. Freshwater fish, including goldfish, are
commonly affected by monogeneans of the genera Dactylogyrus and Gyro-
dactylus. Dactylogyrus predominantly affects the gills, whereas Gyrodactylus
is more commonly found on the skin (Mayer and Donnelly, 2013a). Flukes are
usually introduced into the tank when new fish or plants that can carry eggs or
the parasite itself are added.

Symptoms: Flashing, tiny red spots or yellow dusting, excessive produc-
tion of mucus, shedding of the slime coat, clumped fins. When branchial in-
festations are present, respiratory signs (increased opercular rate, piping, and
respiratory distress) may be seen.

Treatment: A number of treatments are available for flukes, but those
containing praziquantel are the most effective. Remove carbon from the filter
and add 1 g of praziquantel per 378 L of water. Repeat treatment twice more,
spaced 4 or 5 days apart.
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Fish lice

Fish lice (Argulus spp.) are branchiuran crustaceans that parasitize both marine
and freshwater fishes (Wafer et al., 2015). As with anchor worms and flukes,
usual causes for fish lice are new unquarantined fish or plants added to the
aquarium.

Symptoms: Itching, visible parasites (seen as little green specks) moving
around the fish in protected areas such as behind the fins, near the eyes or gills.

Treatment: Remove any visible lice with tweezers and disinfect the
wounds with hydrogen peroxide. Then, treat the water in the tank. The most
effective treatment against fish lice is organophosphates, which usually are
given as two or three doses at 1-week intervals to kill emerging larvae and
juveniles. For adults, diflubenzuron (Dimilin, Chemtura) has been proved an
effective treatment, but it is a restricted-use pesticide. Other compounds with a
similar mechanism of action to that of diflubenzuron, such as lufenuron
(0.13 mg/L), have also been used successfully (Wafer et al., 2015).

Velvet disease

This is also known as “Rust Dust” or “Gold Dust” disease. Velvet is caused by
tiny parasites of the genera Oodinium that give the fish a dusty, slimy look.
Introduced to tanks by unquarantined infected new goldfish, this disease is
highly contagious and can be easily spread by contaminated tanks, fish, or
tools.

Symptoms: Fine rusty yellowish film on skin, slime shedding, clamped
fins, and scratching.

Treatment: Gradually raise water temperature up to 24e27�C, dim lights
(Oodinium is dependent on light), and treat water with 0.3% salt and 0.25 mg/
L copper sulfate for 10 days.

Trichodiniasis

This disease is caused by opportunistic ciliophoran parasites (Trichodina spp.),
usually found on the gills, skin, or fins, which infect a wide range of fish hosts.
These parasites do not feed on the goldfish, but instead they use fish as home
and transportation. However, in severe conditions and in large numbers, Tri-
chodina can compromise the goldfish’s immune system, promoting other
complications, such as ulcers or other secondary bacterial infections (Sharma
et al., 2014).

Symptoms: Flashing, irritation, ulcers, loss of appetite.
Treatment: Treat water with 0.3% salt. Medicated treatments, like water

containing potassium permanganate (10 mg/L water), have also proven
effective.
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Costiasis

Protozoan flagellates of the genus Ichthyobodo, formally known as Costia, are
known to attach to the skin and gill membrane of goldfish causing costiasis
(Sharma et al., 2014). This disease can be harmless if protozoans are present in
small numbers, but if a population explosion occurs (usually when the gold-
fish’s immune system is weakened) it can kill fish quickly.

Symptoms: Slimy patches around the head and gills, small hemorrhages
under chin, awkward swimming, gasping at the surface of the water.

Treatment: Gradually raise water temperature and treat water with 0.3%
salt. If problem persists, formalin (50 ppm) or praziquantel (2 mg/L) can be
added to the water.

Chilodonellasis

This disease is caused by Chilodonella spp., a prevalent ciliated protozoan.
Like Costia, this microorganism can lie dormant for long periods but can be
harmful if an outbreak in population occurs when a goldfish has a weak im-
mune system (Bastos Gomes et al., 2017).

Symptoms: Web-like hemorrhages on skin, excessive slime production,
clamped fins, gasping at the surface.

Treatment: Aquarium salt (0.3%) is the most effective Chilodonella
treatment. Formalin and potassium permanganate are alternative options.

Bacterial infections

Fin rot

Fin rot is one of the most common diseases in aquarium fish, but it is also one
of the most preventable and easy to cure if detected at an early stage. Although
it can also be caused by certain types of fungus, it is usually caused by bac-
teria, typically Aeromonas, Pseudomonas, Flovobacterium, or Vibrio. The
most common cause of fin rot is poor water quality, but overcrowding, rough
handling, fighting, or very low temperatures may also lead to this disease in
goldfish (Sharma et al., 2014).

Symptoms: Split and/or frayed fins, often with red streaks on them and a
white edge.

Treatment: The most common treatment for fin rot is the addition of
Melafix to the water (5 mL/40 L water). Melafix (a proprietary name) is an all-
natural aquarium antibiotic containing an essential oil from a tree in the
Melaleuca genus. Other compounds, such as malachite green or methylene
blue, are also used to treat this disease.

Mouth rot

This disease, caused by bacteria from the genus Flavobacterium, appears in
overcrowded tanks with poor quality water.
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Symptoms: Red mouth at the beginning, then lips begin to separate from
the mouth, and eventually the mouth might collapse in on itself leaving a
gaping hole.

Treatment: Swab the infected area with hydrogen peroxide using a cotton
ball, and treat water with 0.3% salt or Melafix.

Dropsy

Dropsy refers to a condition in which fish have an excessive amount of fluid
inside the body cavity or tissues. As a symptom rather than a disease, it can
indicate a number of underlying diseases, including bacterial or parasitic in-
fections, or liver, kidney, or heart failure. However, systemic infections by
bacteria of the genus Aeromonas are the most typical cause of this condition
(Conroy, 1961).

Symptoms: Swollen body, raised scales that give the fish a pine cone-
shaped appearance.

Treatment: Dropsy is not easily cured and most cases are fatal. However,
if the infection is detected early, it is possible to save affected fish. Move sick
fish to a separate tank, add salt (0.3%), and treat with antibiotics. Test water
parameters to ensure quality is optimal.

Pop eye

Pop eye, medically known as exophthalmia, is a condition where one or both
eyes of the fish are swollen and protrude abnormally from the socket. Like
dropsy, pop eye is not technically a disease but a symptom of another un-
derlying problem, typically a bacterial infection by Aeromonas or Pseudo-
monas spp.

Symptoms: Visible swelling of either one or both eyes, sometimes cloudy.
In extreme cases, rupture of the eye is also observed.

Treatment: Move sick fish to a separate tank, add salt (0.3%), and treat
with antibiotics. Ensure water quality parameters are in their optimal range.

Fungal infections

Cotton wool

Cotton wool is the general name for all fungal infections that are present in
aquaria. Several fungus species can cause infections to fish, but Saprolegnia
and Achyla spp. are the most common. Healthy fish do not have fungus as they
protect themselves from fungal infections by producing mucous layers.
Instead, fungus appears on fish weakened by stress, illness, or injury.

Symptoms: White, cottony growth on the body and fins.
Treatment: Treat sick fish in a separate tank using a salt bath (0.3%) or

antifungal agents, such as malachite green or methylene blue.

394 SECTION | 2 Other small freshwater fish



Viral infections

Carp pox

Carp pox, also called fish pox, is caused by a viral strain of herpes called HPV-
1 that affects the skin and scales (Waltzek et al., 2005). Many goldfish have the
herpes gene at birth, and this will go through periods of dormancy and activity
throughout the fish lifetime. However, during an outbreak it can be spread to
fish not carrying the gene, although how the virus passes from fish to fish
remains unknown.

Symptoms: Smooth, white, or pinkish warts on the edge of fins or on the
body.

Treatment: Unfortunately, there is no known cure for fish pox and there is
no way to fully eradicate the virus from affected fish. In most cases the con-
dition will go away on its own. Raising the temperature of the water has been
shown to accelerate recovery.

Lymphocystis

Caused by virus of the genus Lymphocystivirus, lymphocystis is a common
viral disease of both freshwater and saltwater fish. This virus infects fish and
transforms fibroblast of the skin and gills and internal connective tissue,
resulting in remarkable hypertrophy of affected cells (named lymphocysts)
(MacLachlan and Dubovi, 2017).

Symptoms:White, pearl-like lesions on the edge of the fins or on the body.
Treatment: Similar to carp pox, no particular treatment is known for this

disease, which will likely disappear on its own in weeks or months. A weekly
bacterial treatment can be helpful.

Other infections and diseases

Swim bladder disorder

Swim bladder disorder or disease is one of the most common goldfish diseases.
It can be caused by several factors, including high nitrate levels in the water,
sudden water temperature changes, a bacterial infection of the swim bladder,
etc. However, the most common causes for this disorder are overfeeding and/
or feeding a poor diet lacking in fiber, which sometimes cause gas in the
gastrointestinal tract and can lead to severe constipation that would cause the
abdomen to swell, preventing the swim bladder from functioning properly
(Mayer and Donnelly, 2013b).

Symptoms: Swimming problems, including fish swimming on one side,
head up or head down, floating on the surface (sometimes upside down), or
resting on the bottom, or struggling to rise.

Treatment: Stop feeding for 3 days, then gradually start refeeding fish
with a small amount of live food or cooked vegetables, peas, or beans.
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Black spot disease

Black spot or black smudge disease has many potential causes, among which
the most common are very high ammonia levels in the water or generally poor
water conditions, or the development of parasites (mainly aquatic snails) in the
tank.

Symptoms: Black spots on the body and/or fins.
Treatment: Test for water quality parameters, especially high ammonia

levels, and treat the water with an antiparasitic agent.

Cloudy eye

Also called white eye, this condition can be caused by numerous factors,
including poor water quality (especially very low pH), a diet lacking vitamins
and minerals, eye damage, bacterial infections, and parasites.

Symptoms: Opaque, foggy-looking eye/eyes.
Treatment: Improve water quality in the aquarium (pH levels near 7 and

zero ammonia and nitrates), add salt (0.3%) and feed fish a diet high in vi-
tamins, minerals, and fiber.

Hole-in-the-head disease

This disease is one of the less common goldfish diseases. It is usually caused
by prolonged periods of exposure to poor water quality or stress (e.g., that
caused by overcrowding). Other possible causes include the intestinal parasite
Hemaxita sp.

Symptoms: Cloudy appearance to the body, abdomen looking hollow,
sores and lesions at the base of the fins, small holes on the head, and above the
eyes.

Treatment: Place sick goldfish in a separate tank, add salt (0.3%), and feed
a balanced and vitamin-enriched diet. The use of metronidazole (400e600 mg/
100 L water for 3 days) was found effective (Bassleer, 2009).

Goldfish in biomedical research

Regulation and policies

Animal care and use in every country is regulated by ethics guidelines set by
national agencies. For example, the Canadian Council of Animal Care (CCAC,
1984; https://www.ccac.ca/en/standards/guidelines/) oversees animal (including
fish) use in research and teaching at Canadian institutions. Similarly, other
countries have their own set guidelines. Since there are differences in these
regulations among countries, the intention here is not to delve deeper into the
guidelines of the global research community. Funding agencies and scientific
journals or publishers always require ethical considerations and approval from
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appropriate regulatory entities for animal research. Irrespective of the agencies
that regulate fish research, there must be approved standard operating protocols
for all aspects, including fish housing, physical parameters, nutrition, stocking
density, daily monitoring, disease prevention and treatment, veterinary care,
analgesia, anesthesia, and specific study methods, including surgical and in-
jection procedures. For goldfish, a large set of evidence is already available for
ideal housing conditions and experimental protocols. Standard practices should
be employed without fail for fish care, health, and experimental success.

Anesthesia, analgesia, and euthanasia

A large number of anesthetics are available for use in goldfish. A detailed
review of anesthesia and analgesia in fish is provided in Sneddon (2012), and
in the detailed guidelines of the American Veterinary Medical Association and
the CCAC (cited in the reference list). Water-soluble anesthetics are
commonly used for immersion anesthesia. An example of such an anesthetic is
tricaine methanesulfonate-222. Since both analgesics and anesthetics are
bound to affect fish physiology, attention must be given to the study goals and
the general effects of anesthetics and analgesics. If anesthetics and analgesics
are required, they should be chosen in consultation with the facility veteri-
narian. In most cases, a prescription from the veterinarian is required to order
both anesthetics and analgesics. While several approaches of euthanasia exist,
deep anesthesia, followed by spinal transection or pithing, is a widely accepted
practice in goldfish research (American Veterinary Medical Association, 2020;
CCAC, 1984).

Injections and blood collection

Intraperitoneal and intracerebroventricular injections under anesthesia are
widely used in goldfish. The availability of a stereotaxic atlas of goldfish
(Peter and Gill, 1975) helps with the accurate placement of a needle into the
brain ventricles or specific brain regions, and directly injecting into the brain.
Intraperitoneal injections can be carried out with ease. This is achieved by
gently placing the needle attached to the syringe containing the solution at a
45-degree angle, in between two scales in the exterior of the peritoneum to-
ward the anal pore, then slowly applying pressure to press the needle into the
peritoneal cavity. Once the needle is inside the cavity, the solution could be
released in a very slow manner. The injection volume depends on the size of
the fish. Blood collection for obtaining serum or plasma is routinely employed
in goldfish. The ideal approach is to collect blood by caudal vein puncture of
anesthetized fish. Other options include collecting blood from the aorta or
directly from the heart chamber. If spinal transection is employed, blood
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discharged from the point of dissection could be collected before clotting.
Appropriate precautions must be taken in choosing anticoagulants (for
plasma), peptide cleavage enzyme inhibitors, and storage conditions (espe-
cially temperature). It is possible to obtain approximately 1 mL of blood from
a 25e30 g goldfish. A detailed compilation of standard operating protocols for
blood collection is prepared by the Department of Fisheries and Oceans of
Canada, and is made available through the CCAC website cited earlier.

Biomedical research applications

A recent (October 2020) search using the term “goldfish” yielded over 7100
articles in PubMed. A majority of these articles detail research that used
goldfish as a model organism. A comprehensive review of all of these research
articles is beyond the scope of this review. Next, we will focus only on brief
summaries of some of the major areas of research that has employed goldfish
as a model.

Neuroscience

Goldfish is routinely used in the study of brain and diseases affecting the
central nervous system. Xing et al. (2017) found that both aromatase and radial
glial cells influence neuronal degeneration and regeneration in goldfish.
Pollard and colleagues (1993) reviewed the use of goldfish as a suitable model
for Parkinson’s disease and other neurodegenerative diseases. A more recent
review on the same topic (Manasa et al., 2020) summarized the use of teleosts,
especially cyprinids, in studying compounds that induce and remediate
neuronal defects seen in Parkinson’s diseases. A single dose of neurotoxin 1-
methyl-4-phenyl-1,2,3,6 tetrahydropyridine induces Parkinson’s disease in
goldfish (Weinreb and Youdim, 2007). It has been shown that the advanced
metabolomics approach could be used in goldfish models of Parkinson’s dis-
ease (Lu et al., 2014). The large size of the goldfish brain, the ability to
distinguish various regions within the brain, and the vasculature of the brain
help with its use in studying brain diseases. Another area of research that
employs goldfish as a model organism is the study of retina. Retinal neurons
were studied extensively to understand their electrical properties (Country
et al, 2019, 2020). The effects of factors such as steroid hormones on visual
processing (Yue et al., 2018), the role of factor XIIIA on the retina and optic
nerve after an optic nerve lesion (Sugitani et al., 2012), and Pax2 expression in
the optic nerve head in retinal regeneration (Parrilla et al., 2012) are some
examples of other studies conducted using goldfish. Together, the foregoing
examples provide strong support for the use of goldfish as a model organism
for the study of human health and diseases, especially those pertaining to
neurology and vision.

398 SECTION | 2 Other small freshwater fish



Endocrinology, reproduction, and associated behaviors

Goldfish has been extensively used in endocrine research, and it appears that
the endocrine system and/or processes involved are the most widely studied
using goldfish as a model. We reviewed the merits and demerits of goldfish as
a model in endocrinology in Blanco et al. (2017b), and readers are referred to
this article for detailed information on this aspect. The studies in goldfish
either focused on identifying the central or peripheral actions of hormones and
neuropeptides on food intake and/or metabolic processes or the synthesis and
secretion of hormones that regulate physiological processes (Volkoff, 2013;
Volkoff et al., 1999; Blanco et al., 2017a, 2017b, 2018, 2020b; Kah, 2020).
Goldfish pituitary and pituitary cells (Chang et al., 1990) were widely studied
for the regulation of growth hormone and gonadotropin synthesis and secretion
(Marchant et al., 1989; Peng et al., 1993). Several pheromones were originally
identified from and characterized in goldfish (Sorensen et al., 2018; Levesque
et al., 2011). In addition, goldfish cells were studied to identify intracellular
signaling pathways that mediate the effects of peptidyl hormones in somato-
trophs and gonadotrophs (Yunker et al., 2003). Goldfish gonadal processes,
including gametogenesis and steroidogenesis, are widely characterized (Hab-
ibi et al., 2012; Rajeswari et al., 2020; Ma et al., 2020; Qi et al., 2013; Pati and
Habibi, 2002). Sexual behavior is another aspect that is widely characterized
in goldfish (Shahjahan et al., 2011; Levesque et al., 2011; Sachuriga et al.,
2019; Kawaguchi et al., 2014). Physical activity and anxiolytic behavior in
response in hormones were also studied using goldfish (Matsuda et al., 2020;
Araishi et al., 2019; Saoshiro et al., 2013). The highly conserved structure and
functions of many hormones, receptors, and bioactive peptides enable the use
of goldfish as a model organism in hormone research. The knowledge obtained
from this organism could be applied in many other vertebrates.

Toxicology and pharmacology

Goldfish has been used to understand the adverse pharmacological and toxic
effects of compounds. There is a large set of data available on this topic. The
focus here will be to offer some information on recent studies that focused on
various goldfish tissues. Zhang et al. (2020) reported that benzophenone-3
adversely affects goldfish tissues, including the liver and gut, especially the
gut microbiota. Moyson and colleagues (2016) found that copper exposure
increases renal activity in goldfish. Meanwhile, Wang et al. (2019b) reported
that bisphenol-A has negative effects on goldfish reproductive axis. Wang et al.
(2019a) found that bisphenol-A also caused neurotoxicity in goldfish. Simi-
larly, fluoxetine exposure leads to reproductive defects in goldfish (Mennigen
et al., 2017). Xing et al. (2016) published that dehydroabietic acid is toxic to
the radial glial cells in goldfish. Overall, goldfish continues to be a desired
model in toxicology research because several of the physiological systems in
this organism are widely characterized.
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Other use of goldfish in research

In addition to the foregoing main areas, goldfish has been used in studying
other organs or biological processes, including hydromineral balance (Kelly
and Peter, 2006), gills (Chasiotis and Kelly, 2012), heart (Leo et al., 2019),
hypoxia (Farhat et al., 2019), ionoregulation and kidney function (Fehsenfeld
and Wood, 2018), immunology (Xie and Belosevic, 2018; Grayfer and
Belosevic, 2009), circadian clock genes (Sánchez-Bretaño et al., 2017), and
gut motility (Mensah et al., 2018). This list is definitively more extensive,
considering some old literature and studies or reports that are not cataloged.
However, an extensive discussion of all reports available is beyond the scope
of this review. Readers are encouraged to consult available primary literature
for a detailed learning of topics interesting to them.

Conclusions and perspectives

Goldfish continues to be a preferred model organism for research in several
fields across the globe. While the public perception of goldfish as an aquarium
fish or ornamental fish provides this species a coveted position in the public
mind, its journey as a research model is not devoid of limitations. A major
concern is genome duplication and resulting presence of duplicate genes. This
results in more than one copy of genes and encoded proteins, making it
difficult to conduct genetic manipulation. In addition, the presence of multiple
forms of the same peptide complicates interpretations of results from physi-
ological studies. The possibility of sexual dimorphism exists in this species. In
addition, goldfish is a seasonal breeder, which introduces variations in its
physiology during sexually mature versus gonadal regressed or recrudescent
states. Despite these challenges, goldfish is still a useful model. Its relatively
large size, possibility of collecting larger volumes of blood, and already
characterized or well-studied body systems allow easy employment of this
species for research. The handling and care of goldfish must be strictly adhered
to, and this approach will assist in avoiding additional limitations in its use.
The more recent availability of goldfish genome (Chen et al., 2019) is expected
to help in the better use and care of goldfish in research.
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Biology and ecology of Danionella translucida

Danionella translucida (DT) are cyprinid fish belonging to the Danioninae
subfamily, the same group of fish to which the popular model organism
zebrafish (ZF) belongs. The adults of this species measure only 10e12 mm in
length as seen in Fig. 16.1. DT was first reported by Roberts (1986) from the
roots of floating aquatic plants in Myanmar. They were found in shallow
(maximum 1 m deep), slow flowing streams in the Pegu Division of
Myanmar. Some other fishes collected from this site included other cyprinids
of the genera Danio and Microrasbora, and other fishes like Hara and
Oryzias.

Both DT and ZF are found in the fresh waters of the tropical regions in
South-East Asia. A comparison of recent reported sightings of ZF and DT
based on Parichy (2015) and Roberts (1986), respectively, is shown in
Fig. 16.2. DT share the unique features of danionins, which include a large
indentation in the medial margin of mandibles (Howes, 1979), longer anal
fin, and a higher number of caudal vertebrae when compared to abdominal
vertebrae (Roberts, 1986). Their reduced adult size makes them an inter-
esting candidate model organism. This reduction in size is a result of mini-
aturization, a developmental phenomenon observed in at least 36 species of
Cyprinidae (Kottelat et al., 2006). It is suggested that this phenomenon might
have evolved independently several times in the cyprinid family (Ruber et al.,
2007). While in some cases, body miniaturization maintains the general
morphology of nonminiature sister species, some of these miniature fish
show developmental truncation and DT is one of them. Among these, DT
along with Danionella mirifa and Paedocypris are some of the most devel-
opmentally truncated fish (Britz and Conway, 2009). DT have a two-
chambered swim bladder with the anterior and posterior chambers widely

Laboratory Fish in Biomedical Research. https://doi.org/10.1016/B978-0-12-821099-4.00017-1
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FIGURE 16.2 Distribution of Danio rerio and Danionella translucida in south and South-East

Asia based on Parichy (2015) and Roberts (1986).

FIGURE 16.1 Eleven-month-old adult female (top) and male (bottom) Danionella translucida.

Scale bar is 2 mm.
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separated. Wild-type DT has very little pigmentation. More melanophores
are present on the ventral side compared to the dorsal side where the few
melanophores are mostly limited to the head.

Neuroscience

Larval ZF has become a very popular model organism in systems neurosci-
ence. The popularity can be ascribed to their small size, transparency, and
development of tools over the years to perform genetic manipulations. One of
the major advantages is the ability to image whole brain activity at single cell
resolution using genetically encoded calcium indicators (Ahrens et al., 2013).
By virtue of the close evolutionary relationship between ZF and DT, a lot of
these genetic tools are easily transferable from the former to the latter. To
create a mutant lacking any pigmentation, including in the eye, Schulze et al.
(2018) successfully used the CRISPR-Cas9 genome editing technique to target
the tyr gene in DT. They have also been successful in generating a stable
Tg(NeuroD:GCaMP6f) transgenic line using the Tol2-mediated transgenesis
technique. Moreover, Kadobianskyi et al. (2019) published an assembled and
annotated genome sequence of DT. This will aid all the future work on tar-
geted genetic manipulations in DT.

In ZF, most studies have focused on simple behavioral questions pertaining
to perception, locomotion, or sensorimotor transformations of a reflexive na-
ture. This is primarily because most complex behaviors appear in the later
stages of larval development. ZF larvae start to show reliable learning at
3 weeks (Valente et al., 2012). Similarly, social preference starts to appear in
3-week-old larvae (Dreosti et al., 2015). This is where the advantages of DT
become more obvious. While the adults of DT are small in size and trans-
parent, they also show a rich repertoire of behaviors. They perform visually
mediated shoaling and schooling. The males also exhibit vocalization, which
is likely related to maleemale aggression (Schulze et al., 2018). Penalva et al.
(2018) also showed socially reinforced learning in adult DT. As shown in
Fig. 16.3, imaging of adult fish can be carried out noninvasively in moderately
sedated fish embedded in agar where the gills are still free to move. This rich
behavioral repertoire in adult DT combined with its small size, lack of
pigmentation, and ease of transfer of genetic tools from ZF to DT make adult
DT a very favorable system to understand neuronal underpinnings of complex
behaviors.

In addition to the aforementioned neurobehavioral applications in adult
DT, there can be at least two other interesting applications of DT in neuro-
science: (1) To study the ontogeny of behaviors. In a vertebrate organism, it
can often be challenging to closely follow the development of a behavior and
its underlying neuronal circuit over various developmental stages in life. DT
fares well here due to its small size and transparency throughout the life cycle.
We can track the changes in neuronal networks as they mature. (2) To identify
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general principles and evolution of neuronal circuits. Given the high degree of
evolutionary closeness between DT and ZF, they can be used to understand
functional divergence of neuronal circuit if divergent behaviors can be iden-
tified between the two species, which may or may not be a result of minia-
turization in DT. As studies on ossification in Danionella dracula and
Paedocypris show that most bones affected by truncation are those that appear
late in the development of ZF, it suggests that developmental truncation occurs
later in the ontogeny of this fish species. Hence, developmentally the two
species are very much comparable in the early stages. This should come as an
advantage to comparative studies of DT and ZF, which look at the larval and
juvenile stages of the two fish species. Comparatives studies following this
methodology can be seen in invertebrates like Nudipleura (Newcomb et al.,
2012), but such studies at the level of neuronal circuits are not common in
vertebrates due to the inherent difficulty of working with organisms of higher
biological complexity.

Development and evolution

The advantages of a small, nonpigmented, adult fish are not limited to
neuroscience. The transparency of the fish throughout its life does offer a great
opportunity to developmental biologists to track the growth of various organs
during its maturation. It also offers the advantage of studying developmental
defects and other pathologies in a matured system.

On the other hand, miniaturization, which is more common among fishes,
amphibians, and reptiles, can lead to size reduction and structural simplifi-
cation in body plan (Hanken and Wake, 1993). Previous work has suggested

2% agar

Danionella translucida

Objective

FIGURE 16.3 Mounting of adult Danionella translucida for noninvasive in vivo brain imaging.
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that miniaturization can introduce morphological novelties that can increase
variability (Hanken and Wake, 1993). For instance, a number of sexually
dimorphic and nondimorphic morphological novelties have been described in
DT (Britz and Conway 2009). From an organismal and evolutionary
perspective, this is interesting and calls for more attention. At the genomic
level, Kadobianskyi et al. (2019) reported that the genome size of DT is around
half of that reported for ZF genome and this reduction can be a result of
extensive intron truncation that is observed in DT. The origin and role of in-
trons in eukaryotes have long been a source of much speculation (Rogozin
et al., 2012) and the DT genome can be a possible tool to investigate this.

Animal husbandry: early larval stages

It is critical to pay attention to the early-stage larval fish as this is usually the
period with the most mortality. We particularly pay more attention to the fish
from 0 to 16 days postfertilization (dpf). From 0 to 4 dpf, we keep the larvae in
incubators at 28�C. The fish is kept in E3 medium (without methylene blue).
The density is maintained at a maximum of four clutches (w48 eggs) per
90 cm Petri plate and the E3 medium in the plates is changed every day. The
incubator follows a light/dark cycle of approximately 14/10 h.

During 4e16 dpf, we use a coculture of rotifers and algae to grow the
larvae as they start to autonomously feed on rotifers at 4e5 dpf. The rotifers
are prepared in a 2 L instant ocean (Aquastore, catalog #342142) solution of
15 ppt concentration with 1.5 mL algae added twice a day. The rotifer system
is continuously aerated using a pump. Algal stock used is RGcomplete
(Planktovie, catalog #B001). To create the coculture, we prepare an 800 mL
solution (in a 1 L beaker) of 3.75 ppt instant ocean solution (1/4th of the salt
concentration used in the rotifer culture) along with 200 mL algae. Rotifers
collected from the culture are sequentially filtered using filters of 250, 150, and
50 mm pore size (VWR, catalog #510-0507, 510-0520, 510-0525). The filtered
rotifers collected on the 50 mm filter are mixed in a 3.75 ppt solution and
added to the foregoing coculture beaker to make a final rotifer density of
w60 rotifers/mL in a volume of 800 mL. The larvae (at most 30) at 4 dpf are
added to this beaker of rotiferealgae coculture and maintained until 16 dpf.
The resulting culture is maintained at room temperature (w24�C) until day 16.
Fig. 16.4 shows DT larvae at 10 dpf. The coculture is checked daily, and ro-
tifers and algae are replenished when needed based on their density. Rotifer
density is maintained at w60 rotifers/mL. Dead algae is periodically removed
and the beaker is changed occasionally when necessary.

Animal husbandry: early stages to adulthood

At around 16 dpf, the larvae are transferred to the system water in the main
fish facility. The fish are transferred to nursery tanks with filters. Maximum
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density at this stage is kept at 60 larvae/tank. Until 28 dpf, they remain in this
tank and the water inflow is kept to a minimum (slow dripping). At 28 dpf,
they are moved to adult tanks with a filter size of 800 mm and a constant stream
of water inflow. We use adult tanks of 8 L volume with a density of at most
11.25 fish/L. Although it is still less than 12 fish/L as recommended for ZF
(Castranova et al., 2011; Aleström et al., 2019), considering that the size of
adult DT is less than 1/3 of ZF adult, it should be possible to accommodate
more fish. We will now discuss more about the physicochemical parameters
and the food regime in use after moving the fish into the system water of the
animal house.

As most of the danionin species are found in the fresh waters of tropical
and subtropical regions, they show a considerable degree of similarity in terms
of tolerance to physicochemical parameters and food source. ZF, for instance,
can tolerate a wide range of temperatures (10e40�C), pH (6e10), and con-
ductivities (10e271 mS/cm) in nature (Aleström et al., 2019) but a narrower
range of these parameters is used in the animal housing’s system water.
Similarly, we use a narrow range of these parameters for DT, which are quite
near the values used for ZF husbandry. Hence, the housing systems can be
shared by the two species if needed. For DT, as shown in Table 16.1, the room

FIGURE 16.4 Larval Danionella translucida at 10 days postfertilization. Scale bar is 1 mm.

TABLE 16.1 Physicochemical parameters used for Danionella

translucida in the animal housing.

Parameter Range

Room temperature 20e24�C

Water temperature 25e28�C

pH 6.3e8.3

Conductivity 250e450 mS
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temperature of the facility is maintained from 21 to 23�C. The temperature of
the water is in the range of 25e28�C. The pH is balanced at 7.3 � 1. The
conductivity of the system water can vary from 250 to 450 mS/cm. The system
water contains 20 g of instant ocean (aquarium systems) per 1 L and 10 g
CaCl2 per 1 L. The pH is maintained with NaHCO3. Water renewal is fixed at
10% in 24 h. The light/dark cycle is maintained at 14/10 h in our facility for
both ZF and DT.

Regarding food, McClure et al. (2006) analyzed the gut content of 327
individual fish representing 17 populations of eight danionin species in the
wild to conclude that insects were the primary source of food in these spe-
cies. For DT in the laboratory setting, larval fish starting from 16 dpf are fed
with a regular diet of Gemma Micro 75 (Skretting, USA) (twice a day) with
occasional rotifers (three times a week). The water inlet at this point is
maintained at a very slow rate with constant dripping. Once the fish are at
28 dpf, they are transferred to a feeding regime with regular Gemma Micro
150 (Skretting, USA) (twice a day) and live Artemia (once a day). The water
inlet at this point is increased to a constant flow. Spawning, schooling, and
vocalizationdsigns of social behaviordcan be seen as a proxy for a good
health status of the fish.

Our fish husbandry system and therefore the components thereof, including
the tanks, come from Tecniplast, France.

Breeding

DT spawn eggs in clutches. Sexual maturity is reached in our facility at
6e8 weeks of age. They are also known to spawn in crevices. Hence, we add
two to four silicone tubes (w5 cm long) in the adult tanks to aid spawning
(Schulze et al., 2018). Fig. 16.5 shows an adult tank with such tubes.
Supplementary Video S1.1 shows a video of the same. We also observe that
spawning is often initiated immediately after the first feeding cycle of
Artemia in the morning indicating that food may stimulate mating.

DT do not require special breeding tanks as they do not feed on their eggs
like ZF. They lay eggs inside or around the silicone tubes in their home tanks.
So, the eggs can be collected at a later time of the day. We perform breeding of
the fish in the community in their home tanks. Mating in smaller groups has
not been tried sufficiently as with the limited number of mutants and trans-
genics at the moment it was not necessary. However, we have had anecdotal
success in breeding with as little as three fish (both two males/one female and
one male/two females).

We have now carried out at most three generations of inbreeding of DT in
our animal house and we have not observed any signs of inbreeding
depression such as reduced fecundity or emergence of sick progenies. In fact,
the 2e3-year-old fish stocks in our facility still appear mostly healthy.
However, egg production can decrease with age as we note later.

Danionella translucida, a tankful of new opportunities Chapter | 16 415



In other fish species, it has been observed that a reduction in body size is in
general linked with a reduction in fecundity and an increase in size of the egg
(Hanken and Wake, 1993; Duarte and Alcaraz, 1989). We carried out a small
observational study to quantify the egg production in DT. All the housing
parameters in the study are maintained at the aforementioned range and
breeding methodology is also kept the same (number of silicone tubes ¼ four
per tank). We observed that 1-year-old adult DT produce on an average 8.26
clutches/50 females/day or 99.12 eggs/50 females/day (at an average of 12
eggs/clutch). Fig. 16.6 shows two clutches of DT eggs. We also observed that
1-year-old DT females produced more clutches than the 2-year-old fish that
produce 1.57 clutches/50 females/day. A one female:two males sex ratio was
maintained in both 1-year- and 2-year-old groups. With regard to the sex ratio,
we had tanks with two different sex ratios in the 2-year-old group. The tanks
with the one female:two males ratio produced 2.62 times more clutches per
day than the tank with the one female:one male ratio.

The number of eggs produced per female in DT is very low if one com-
pares it to ZF, but this had been mostly sufficient for our purposes. The best
breeding outcome of 8.26 clutches/50 females/day was obtained in 1-year-old
DT fish maintained at a one female:two males ratio. However, while breeding
three fish (one female/two males) in a tank, we have had an almost constant
production of one clutch/female/day. This might indicate that community

FIGURE 16.5 Adult Danionella translucida in their home tanks with two silicone tubes to aid

spawning in the fish. Scale bar is 10 mm.
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breeding comes at a cost of high intracommunity competition to mate. So, we
believe that egg production can be eventually increased further with
improvement in breeding techniques. Breeding in many smaller communities
compared to one large community might be just one of the many changes that
one can incorporate.

Supplementary data

Supplementary data related to this article can be found online at https://doi.
org/10.1016/B978-0-12-821099-4.00017-1.
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Introduction

Thanks to numerous experimental advantages, rapidly evolving new tech-
niques, as well as the principle of replacement, an integral part of the 3R
concept (Kirk, 2018; Russell and Burch, 1959), small fish species are
constantly gaining popularity in the field of biomedicine, toxicology, and
many other research areas. Moreover, in areas where there are experimental
limitations that restrict the utility of rodents, fish can often present a relevant
alternative, e.g., large-scale studies and screens (reviewed in Lieschke and
Currie, 2007; Ablain and Zon, 2013; Rasighaemi et al., 2015). With more than
1000 laboratories using zebrafish as a model organism (zfin.org) and many
more using other small fish species, the question of proper tracking and
reporting of animals used in research is becoming more critical than before.
The fish facility manager may face the challenge of tracking tens of thousands
of animals from the moment of fertilization until their death, which can be a
laborious task.

There are certain aspects of fish tracking that make it more challenging and
complex compared to rodents. Currently, there is no cost-effective system to
distinguish fish individuals in a tank. This means that groups of animals must
be tracked as opposed to individuals, which are typically the basic trackable
unit in rodents. Although emerging technologies like subdermal chipping may
come into play in the future, they are not yet sufficiently miniaturized to be
routinely used for small fish species (Cousin et al., 2012). It is therefore highly
recommended to employ a dedicated and scalable database solution that can
track groups of animals and their rearrangements, and is capable of storing the
breeding history as well as creating animal usage reports, tailored specifically
to the needs of a fish facility.

For a long time, proper animal tracking has been a neglected topic in the
fish community, but gradually this subject is getting more attention. The use of
nonmammalian vertebrates is a subject of legal regulation by EU Directive
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Copyright © 2022 Elsevier Inc. All rights reserved. 421



2010/63 on the protection of animals for scientific purposes, and recommen-
dations have been issued by the Federation for Laboratory Animal Science
Associations and EuFishBioMed (Aleström, 2020), which emphasize the need
for high standards of identification, tracking, and reporting of aquatic animals.
Also, in the last few years, the focus on reproducibility, standardization, and
proper identification of genetic modifications and backgrounds has become
much more prominent in the community.

In this chapter, you will find an overview of the features currently available
in purpose-designed fish databases in the market, as well as practical recom-
mendations for animal tracking.

Basic operation principles

Before we delve deeper into the topic, let me briefly mention general con-
siderations to focus on when choosing the database solution for a fish facility.
Because the fish inventory database will be used by facility staff and re-
searchers on a daily basis, careful evaluation of the basic operation principles
of available options before finally choosing the most suitable one will certainly
pay off in the long term.

First, it is a good idea to consider platform and data accessibility. There
are solutions dedicated only to a single platform (e.g., iPad or desktop) but
there are also cross-platform, web-based options, which offer one notable
advantage: the data can be accessed from anywhere. This can be helpful
because browsing stocks from a desktop sitting in an office can be as equally
important as entering fish-related actions from a mobile phone while walking
around a facility. Another relevant point, especially for web-based solutions, is
data security. Secure sockets layer encryption for communication between
users and an application, as well as storage of sensitive data at highly secure
servers, should always be guaranteed.

Next, excellent usability via an intuitive user interface, with attributes like
consistent color coding, advanced data visualization, drag-and-drop support,
and mobile device optimization, is a plus. The rationale is that the more often
users have to write notes by hand and then enter this into the software, or are
even forced to find workarounds due to poor design of the database, the more
mistakes will be generated in the long term. This will not only slow down the
whole process, but potentially also compromise the overall accuracy of the
data. Finally, a wide variety of exporting, reporting, and backup options will
make a facility manager’s life easier. Importantly, sustainability of a solution
of choice should always be guaranteed by the provider, as transferring data
from one solution to another is a long and burdensome task.

Finding a fish husbandry database compliant with all these requirements
may indeed be a challenge, but as the inventory will be one of the cornerstones
of smooth facility operation, all the aforementioned aspects deserve attention.
Avoiding solutions with poor sustainability, limited exporting options, or a
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single platform commitment is a reasonable strategy, because all these aspects
can slow down the workflow significantly or even compromise the data.

Fish characterization and grouping

Comprehensive spatial and temporal tracking, a foundation of any husbandry
database, is based on systematic characterization and grouping of the animals.
Therefore the crucial step in the process of animal tracking is the introduction
of proper naming rules.

The common naming standard for genetically modified zebrafish lines,
recommended by the Zebrafish Nomenclature Committee (see zfin.org),
should be used consistently throughout reports, manuscripts, and the tracking
system itself to provide sufficient details about the animals. Without a well-
designed database system, naming consistency may be difficult to achieve in
larger facilities, as users often unintentionally introduce different spelling
variants of the same genomic feature. This may become unavoidable without
proper consistency controls in the database system.

For routine daily work, in some cases it may be practical to use aliases or
abbreviations, especially for lines that possess multiple genomic features, or
that have a well-known and abundant historical “nickname.” A common
example might be the Casper zebrafish, which carries two mutations in the
genome causing transparency, but there are many other examples where a
trivial name is commonly used (for a list of examples, see Table 17.1). How-
ever, in these cases it is necessary to store both the alias and the full name of the
line within the database to prevent confusion. When identified, the genomic
features and alleles should always be defined in the database for each line.

In zebrafish, inbred lines as we know them from rodents have not been
established, due to high sensitivity of the animals to inbreeding depression

TABLE 17.1 Examples of commonly used trivial names for zebrafish mutant

lines.

Trivial name Affected gene Phenotypic defect

Casper mitfa, mpv17 Pigmentation

Panther csf1ra Pigmentation

Sparse kita Pigmentation

Moonshine trim33 Erythroid development

Cloche npas4l Hematopoietic and endothelial development

Vlad Tepes gata1 Erythroid development

Spadetail tbx16 Mesodermal and hematopoietic development
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(Monson and Sadler, 2010). So-called backgrounds are based on the origins of
the founder population and its characteristics, and they do not necessarily
ensure genetic homogeneity.

Structure of a line name

To ensure naming consistency, it is recommended to structure the names of the
genetically modified lines into multiple fields and avoid unstructured text
whenever possible. Here is an example of a name structure for genetic
modification. Please note that various database solutions may slightly differ in
the designation of individual elements.

Type of modification: transgenic (Tg), mutant (Mut), other custom op-
tions, e.g., enhancer trap (Et)
Fields for transgenic modifications: driver, triggered gene/genetic
element, allele/mutation (optional)
Fields for mutant modifications: affected gene, allele/mutation

In the software, the name of a genetically modified line can occur in several
forms: full official name, e.g., Tg(gata1:DsRed), short name, e.g.,
gata1:DsRed, or an alias, e.g., gata1. On the other hand, for wild-type line
names, simply designating the background, e.g., WT (AB), may be sufficient
in most cases, without the need for abbreviation.

In case multiple fish species are kept within the same facility, it is rec-
ommended to use a prefix, suffix, or a dedicated field to distinguish between
species in the database.

Animal grouping

Based on the genotype and background, animals of the same species should be
divided into lines/strains, which are further subdivided into stocks, i.e., groups
of fish sharing the same line, as well as parents and date of birth (DOB).
Within the database, each line and stock should have a unique identifier (ID)
that can be used for a quick reference in the physical facility but also for fast
searching in the database.

In reality, the number of fish originating from a single mating event can,
and often does, exceed the capacity of a single tank. Therefore the database
should also track rearrangements of the tanks, like splitting and merging. For
instance, in one of the currently available solutions, Zebrabase, this is solved
by diving the virtual stock units further into so-called substocks, defined as
physical subgroups of a stock sharing the same container. Substocks serve as
the basic operation units within the software and can be further rearranged.

For each line/strain, it is also practical to store permission documents for
experimental lines, information about the source and the date the line was
imported or created, the user responsible for the proper breeding strategy of
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that particular line/strain, as well as attachments like publications, genotyping
protocols, or even visual content (e.g., observed phenotype, or expression
pattern of a transgene). For specific stocks or their subgroups, tracking of the
owner, IDs of parents, and permission document IDs for experimental tanks
are recommended.

Record browsing and spatial tracking

The most essential feature of a husbandry database is efficient browsing of the
data that allows quick filtering and searching for specific subset of stocks
based on various parameters, e.g., owner, line/strain, age, status, or location.
Although for very small facilities, it may be sufficient to use a list view of all
the tanks (Fig. 17.1A), to ensure comprehensive tracking in larger facilities, it
is necessary to use a dedicated visual representation of the facility within the
software (Fig. 17.1B). Details of the stock records then contain additional
details, like action history or IDs of parents and siblings, that do not fit into the
more compact views (Fig. 17.2A and B).

For efficient spatial tracking, it is essential to have a clear system in
designating individual tank positions by unique identifiers. Typically, the fa-
cility comprises multiple rooms and racks. An example of a unique identifier
of a specific tank position could be F01:C11, where the ID of the room (F) and
rack (01) are part of the position name, together with the specific tank position
within the rack (C11). Ideally, every change in position should be tracked
within the software. However, in certain circumstances this may not be
necessary or practical, and information about a room or rack may be sufficient.
Some database solutions also allow advanced spatial operations, like reserving
or blocking positions, splitting the tanks into multiple subtanks using a divider,
or sharing positions by multiple independent stocks (Fig. 17.1B).

Tank labeling

It is recommended to employ a consistent tank labeling system, including the
name of the line, DOB, and a unique identifier of the (sub)stock within the
database (Fig. 17.2C). Most currently available databases provide the option of
printing preconfigured labels directly from the software. QR codes providing a
link to a specific tank record in the database can improve the efficiency of
browsing the record details as well as entering actions (Fig. 17.2A).

Performing actions and monitoring parameters

Counting of the animals

Central monitoring of the animal numbers is vital for any facility. Initial
counting of any tank should be performed at the developmental stage, which is
required by law (e.g., 120 h postfertilization corresponding to independently
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FIGURE 17.1 Basic views of the data. (A) List view of fish stocks. List view can be browsed,

filtered, and searched to find a specific (sub)stock record. It displays a set of basic relevant in-

formation like number of fish in the tank, the owner, and location within the facility. When clicked,

the record detail opens. The interface also performs actions via the action menu button on the left-

hand side of each row. (B) Visual representation of a facility. Tanks are organized according to

their position in rooms, e.g., F, and racks, e.g., 01. Tanks can be transferred by drag and drop from

one position to another and additional information is shown in the tooltip on mouse-over. When

clicked, the record detail opens. All images acquired in Zebrabase 3.0 Oltova, J., et al., 2018.

Zebrabase: an intuitive tracking solution for aquatic model organisms. Zebrafish 15 (6), 642e647;

for more information, visit www.zebrabase.org.

426 SECTION | 3 Databases



feeding larvae in zebrafish). Then, every change in the number of fish should
be entered to the database, including details about the cause (animal found
dead, animal euthanized, animal used for experiment) and the name of the user
reporting the change. In case an animal is used for an experiment, additional
details like procedure and severity assessment should be entered as well.

Proper fish densities in a tank are essential for optimal development and
size of the animals. For zebrafish, it has been reported that the density can
influence the sex ratio within the group (Ribas et al., 2017). Usually, it is

FIGURE 17.2 Tank record detail. (A) Detailed stock record, including the number of animals,

date of birth, owner, location in the facility, and status. This view allows the most common actions

to be performed like counting, crossing, splitting, or genotyping. (B) Pedigree shows past gen-

erations and actions from which the current substock originated. All parts of the pedigree serve as

links to the respective ancestor records. (C) An example of a tank label including a QR code.

The code serves as a direct link to the stock detail in the database. All images acquired in

Zebrabase 3.0 Oltova, J., et al., 2018. Zebrabase: an intuitive tracking solution for aquatic model

organisms. Zebrafish 15 (6), 642e647; for more information, visit www.zebrabase.org.
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recommended to keep 4e10 adult fish per liter (Lawrence and Manson, 2012;
Castranova et al., 2011) and it is generally advisable to keep zebrafish as
mixed sex groups to avoid oviduct inflammation in females (Aleström, 2020).
Therefore also the monitoring of the numbers of animals of each sex in a tank
is highly recommended. This information gives users a good idea about how
many breeding tanks can be set up from a specific housing tank.

In certain situations, it might be necessary to isolate a single fish in a
housing tank. The time a fish spends in solitude should be limited, as it is
detrimental to its health, but sometimes the isolated fish can be mixed with a
group of visually distinguishable animals of other stocks (e.g., transparent
background). Such “positional sharing” between two independent stocks
should also be indicated in the database, in case there is an option to do so.

Animal age, productivity, and status

Monitoring and visualization of animal age, health, and productivity is another
essential feature of any husbandry database. The age can be visualized using
icons as embryos, juvenile fish, and adult fish in list view (Fig. 17.1A).
Moreover, consistent color coding can be used throughout the application to
implicate tank status in different views, e.g., gray for unproductive fish, green
for productive fish, red for retired fish, and yellow for user-defined alerts
(Fig. 17.1A and B). The database should provide enough versatility to define
custom statuses and rules when these are applied, e.g., sick animal, low pro-
ductivity, low progeny survival, etc. That way, each user can immediately see
potential issues associated with a particular stock.

Breeding management

High fecundity is one of the most attractive characteristics of zebrafish that
make it a great research model and thus breeding is one of the most common
activities in a facility and requires a dedicated strategy. Mating and its fre-
quency should be tracked to ensure that a necessary regeneration period for the
females is provided between mating (typically 1 week). Another aim of
breeding management is the prevention of inbreeding, which can cause
inbreeding depression as already mentioned. Inbreeding depression results in
accumulation of deleterious effects (e.g., low survival, fecundity, and devel-
opmental defects) in the progeny of sibling parents. New generations should
therefore arise preferentially from an outcross. Close relational breeding
should be avoided whenever possible (Varga, 2016; Martins et al., 2016;
Trevarrow and Robison, 2004).

In the database, a purpose-designed function should be used for incrossing
and outcrossing of the animals. The internal structure of the database should
automatically combine the genotypes of the parents when outcrossing to a
different line, and when the genotype combination is unique, a new line
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should also be created automatically in the software. Moreover, the zygosity
(e.g., þ/þ, þ/�) of the stocks should always be indicated, both in the
software and on the tank labels, and it is recommended to track changes of
zygosity in the database using a dedicated genotyping function.

Furthermore, it is advisable to store breeding frequency, the date of last
breeding, as well as breeding performance of each individual stock. Breeding
history as well as interactive pedigrees should be displayed, showing the dates
of crossings and stock rearrangements (Fig. 17.2B). Breeding history enables
animals that shared the same container in the past to be tracked, which can be
convenient when a disease outbreak or unintentional animal mix-up occurs and
it is necessary to trace back the mistake to the source tank.

Monitoring of the conditions

In addition to storing the standard operating procedures for the reference of all
facility users and especially the caretakers, it may be useful to monitor the
following parameters in detail and keep the information in the database.

Temperature

The development of poikilothermic animals, including zebrafish, is tempera-
ture dependent, and for consistency when referring to developmental forms, it
is recommended to keep zebrafish embryos at a defined reference temperature
of 28.5�C (Kimmel et al.). Although adults generally tolerate a wider tem-
perature range (24e29�C), it is important to avoid sudden changes in tem-
perature (Aleström, 2020). In systems without internal monitoring,
temperature should be checked regularly, and values should be stored in the
database system.

Light cycle

A static dark/light cycle is used in most fish facilities, commonly using the
recommended 10 h dark, 14 h light cycle for zebrafish. However, alternative or
shifted light cycles can be introduced for various practical and experimental
reasons. These should be tracked within the database to provide fast and easy
identification of light cycle variants within the facility.

Diet

A combination of dry and live feed is used in most facilities to provide an
optimal mixture supporting growth, productivity, and also to provide enrich-
ment for the animals (Varga, 2016; Lawrence et al., 2012). As fish of different
developmental stages require different feed compositions and feeding fre-
quencies, it also may be useful to store the information independently for each
tank, rack, or room for the caretaker’s reference, especially in case multiple
feeding regimes for the adults are employed within a single facility. These data
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can also be correlated with productivity or size of the animals, which can
provide useful information when testing different diets.

Water quality

In housing systems, basic parameters of the water like pH and conductivity
should be inspected daily. Even when the unit has internal monitoring of water
quality, it might be a good idea to import the information in the husbandry
database, and in the case of health or productivity issues, look for correlation
of the problem with changes in water quality parameters. Filtering of the
outgoing water and a constant water exchange in recirculating systems ensure
proper control of ammonia, nitrite, and nitrate levels but as these parameters
are critical for animal health, they should be monitored and documented at
least once per week (Aleström, 2020).

Other actions

Also for other actions, like tank rearrangements, updates of the basic stock
entry, or batch actions used for changing owner, permission ID, or printing
labels, it is recommended to keep a full log, including the date, time, and user.
All performed actions should be fully searchable in the action history.

Statistics and reporting

Based on the 3Rs (refinement, replacement, and reduction), part of the EU
Directive 2010/63, the onset of protected life stage for all nonhuman verte-
brates is the independently feeding free-living form, which has been set at
120 h postfertilization at 28.5�C for zebrafish (Strahle et al., 2012; Hernandez
et al., 2018). From that time point, all experimental procedures as well as fish
numbers should be recorded and summarized in periodical reports. The
database should store and filter the fish census and export usage reports for the
whole facility or a specific user, line/strain, permission license ID, location,
and date range. The statistics should display an overview of the animals that
were born, found dead, euthanized, and used for experiments.

According to EU Directive 2010/63, the experimental procedures should
also include severity assessment, where each procedure in an experiment
should be classified as “nonrecovery,” “mild,” “moderate,” or “severe.” This
classification is based on several parameters like the type of procedure, fre-
quency, intensity, and duration, effectiveness of refinements, and cumulative
severity, and can differ for different species. For more information about
severity assessment in fish, please refer to Hawkins et al. (2011).

Advanced features

User management

For efficient organization of larger facilities, it is necessary to set up several
permission groups within the software, e.g., administrator, caretaker, standard
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user, or guest. The user rights of various permission groups can range from
view-only to most advanced facility configuration rights. In the case when
multiple research groups are sharing the same facility, some solutions assign
the users to working groups ensuring effective data separation.

Communication, requesting, and experiment planning

Communication between users, which is one of the building blocks of smooth
facility operation, can be streamlined by an in-app messaging system. More-
over, it is useful to configure in-built notifications in a way that each change
related to a tank is reported to the owner. For planning of the animal-related
actions, this is practical when the database supports different types of
request to the facility manager/caretakers (e.g., tank termination, setting up
fish in breeding tanks, or genotyping), and if users can use a built-in calendar
system to plan their own fish-related activities, like genotyping/sorting and
various experimental procedures.

Data management

Periodical backups (recommended minimum once per day) and exports of the
data should be performed by the facility manager based on the facility’s needs,
unless they are performed automatically by the software.

Examples of current solutions

Commercial solutions

PyRAT Aquatics (Scionics)

https://www.scionics.com/pyrat_aquatic.html
Scionics has been well known for its PyRAT animal facility software,

which became a widespread standard for rodent tracking. The dedicated
aquatic version of its facility inventory system is web based and provides a
wide range of features using the original PyRAT user interface. The product is
ISO certified. Free demo installation is available upon request.

Hybrid solutions

Zebrabase (Oltova et al., 2018)

https://zebrabase.org/
Zebrabase is a nonprofit web-based application developed at the Institute of

Molecular Genetics in Prague, provided for free to small facilities. Larger
facilities are charged based on their size to ensure technical reinforcement,
future development, and sustainability of the application. Zebrabase has been
designed specifically for small fish species but can also be adjusted for use
with other aquatic animals housed in tanks. The hosted character of Zebrabase
allows automatic backups and instant version upgrades as part of the service.
Free demo can be accessed directly from the webpage.
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Open-source solutions

ZeBase (Hensley et al., 2012)

http://zebase.bio.purdue.edu/
ZeBase is an open-source relational database designed to store fishline-

related genetic, breeding, and survival information. The application includes
barcode generation and scanning, and provides an option for both single- and
multilaboratory environments. The application can be accessed through web
browsers in the network and allows customization by simple scripting. Demo
can be accessed directly from the webpage.

Facile Fish (Yakulov and Walz, 2015)

https://zebrafish.jimdofree.com/
In addition to basic fish-tracking functionalities, Facile Fish plans experi-

ments, monitors and displays water parameters, and prints labels directly from
the database. Moreover, it provides an integrated calendar and allows cus-
tomization. Demo can be accessed directly from the webpage.

Future of fish databases

Although keeping fish records organized seems like a straightforward
assignment, without a proper tracking system it can become very laborious and
time demanding. When it comes to features, the currently available solutions
certainly offer significant improvements over those available several years ago,
including more attractive operation principles (cross-platform character,
mobile-optimized user interface, etc.). However, the development of fish in-
ventory databases will unquestionably move forward in the coming years. One
possible future direction is advanced management features for large facilities,
like detailed enterprise resource planning and invoicing, which would
streamline the charging of users for different services. Another improvement
could be the generation of customized exports based on user-defined templates
that could be used for reporting purposes or monitoring of various parameters
and their correlation in the facility.

There is also room for future development in networking. Currently, the
solutions do not allow any interactions between facilities; however, their
concept could be easily expanded to develop a common repository of shared
fish stocks, where users could upload their stock information directly from
their own database. Contact information and physical location of the stock and
its status could be synchronized with the original database and contained
within a stock record in a “virtual stock center.” Such a tool would help to
streamline the process of animal importing and reinforce collaboration in the
already very collaborative fish community, which would certainly be highly
appreciated among researchers and facility managers.
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neurons, 224e225

paralogs, 232e233
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Gpr54, 223e224
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mRNA, 224
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189e190, 216e217, 221

GFP-labeled cells, 233e234

Growth monitoring, 365
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Guide RNA (gRNA), 201, 250

synthesis, 260e261

template preparation, 259e260
Gyrodactylus, 391
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Half diapausing embryos, 298

Handling, 355

Hands-on approach, 252

Hara, 409

Harmful phenotypes, 106

Hatching of injected eggs and rearing of fry,

254e255

Head dissecting, 270

Health issues, 330, 331f

Health monitoring, 81, 145

Health screening, 329e330

Heart, 270

Heat-shock protocol, 257

Heating ventilation air conditioning system

(HVAC system), 26

Hematopoietic tissue, 379

Hematoxylin and eosin staining (HE

staining), 222

Hemicentrotus pulcherrimus. See Sea urchin

(Hemicentrotus pulcherrimus)

Hemostasis, 339e340
Heterozygous fish, 266

High-frequency firing of GnRH1 neuron in

afternoon stimulates LH cells, 232

High-quality reference genome, 350

High-throughput screens, 11e13

Histological analyses, reproductive systems

by, 216e217
Histological data, 217

Histological studies using medaka, 217e223

comparison of histological methods, 218f

conventional histological staining,

222e223

histological methods in medaka, 220f

IHC, 220e221
ISH, 221e222

protocol of perfusion fixation, 219f

single-cell labeling and tract tracing using

axonal transport, 222

Histological techniques, 216e217
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Histopathology, 92e93
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Homology-directed repair (HDR), 250, 258

pathways, 202, 203f, 205

Hormonal assays, 216e217

Hormones

peptidyl, 399

steroid, 398

Host cell, 303e304
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annual killifish, 292e297

conditions, 382e384

husbandry, 352e353
densities and tank volume, 315t

Mexican tetra, 313e315

Humane end-points (HEP), 108e109

Humic acid preparation, 256

Husbandry, 34e57, 82, 104e106, 144e145

carbonate hardness, 37e40

environmental enrichment, 104e106

fish husbandry

database, 422e423, 425

system, 415

goldfish, 382e396
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export and transportation, 385e386

feeding/nutrition, 386e388

fungal infections, 394

handling, 386

maintenance/cleaning and disinfection,

388e389
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parasitic infections, 391e393

viral infections, 395

water quality, 384

under laboratory conditions, 188e189

animal husbandry, 188

early larval stages, 189
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housing, 313e315
nutrition and feeding, 318e320
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3SSB, 352e357

environmental enrichment, 353

feeding, 355e357

handling, 355

housing, 352e353
photoperiod and temperature, 354e355
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total hardness, 37
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Hydrochloric acid (HCl), 36

Hydrogen peroxide (H2O2), 28
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Hypothalamic releasing factor, 223

Hypothalamicepituitaryegonadal axis

(HPG axis), 216

differences between mammals and teleosts

in terms of function, 224e225, 225f
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system in teleosts, 226

regulation clarified by multidisciplinary

analyses in vertebrates, 223e226

regulation in medaka and teleosts, 235

Hypothalamo-hypophyseal blood portal

system, 377e378
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Ibuprofen, 123
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Ichthyophthirius multifiliis. See White spot

(Ichthyophthirius multifiliis)
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IGF1R genes, 271e272
IL8 genes, 271e272

Immunohistochemistry (IHC), 216e217,

220e221

In situ hybridization (ISH), 216e217,
221e222

In vitro fertilization (IVF), 158e159,

171e172, 336e337, 362e363

fertilized eggs, 363f

protocol for, 163e172

In-vitro transcription (IVT), 258e259

Infection pressure, 82

Injection needle preparation, 263e264

Injured fish, 330

Insulin/insulin-like growth factor (IGF),

248

Internal goldfish anatomy, 377e380
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120e121
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Intraperitoneally analgesics (IP analgesics),

120e121
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sequences), 193
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Kidneys, 254

KillerRed protein, 8

Killifish, 245e248, 273
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model, 250
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neuronal system, 224e225
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teleosts in terms of function, 224e225
novel functions, 226
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DNA double-stranded break repair,
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using donor plasmid with bait sequences,

201e202

Knockout lines (KO lines), 216e217

Knockout medaka, 189e193
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Laboratory fishes, 297

lamb1a, 149e150

Large-scale husbandry, 251e252

food, 252

housing and water parameters, 251e252

Larvae, 339

Larvae medaka, 189

Larval transfer, 364

Larviculture, 64, 327e328, 327f

Laser warming, 175

Lernaea spp. See Anchor worms (Lernaea

spp)

Lidocaine, 124

Light cycle, 429

Lighting, 46

Liquid nitrogen (LN2), 158e159

Live foods, 47e50
Liver, 269

Local anesthetics, 124

bupivacaine, 124

lidocaine, 124

Long-term storage of embryos and

cryopreservation of sperm, 256e257

Luteinizing hormone (LH), 223

high-frequency firing of GnRH1 neuron in

afternoon stimulates LH cells, 232

pulse, 236

Lymphocystis, 395

Lymphocystivirus genus, 395

Lymphoid tissue, 379
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Maintenance programs, 50e55
continuity planning, 52

human, 52e55

mechanical and infrastructure, 53e54
spare parts, 54e55

mapta, 15

maptb, 15

Maternal-to-zygotic transition, 5

Mechanical filtration, 29e30

Medaka (Oryzias latipes), 185e189, 195

endocrine studies using, 226e230

as experimental fish, 186e188
generation of transgenic/knockout medaka,

189e193

conventional ways, 189e190
double promoter methods, 191e193

generation of knockout using

TALEN/CRISPR, 190e191

histological studies using, 217e223
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history, 185e188

HPG axis regulation by multidisciplinary

analyses in vertebrates, 223e226
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analyses, 216e217
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230e235
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research fields of reproduction, 215e216
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Melaleuca, 393

Melanophores, 409e411

Metabolism, 313

Metamorphosis, 320
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Metomidate, 128

Mexican tetra (Astyanax mexicanus), 311,

313e315, 317, 320, 324e325

animal welfare and health management,

328e334
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colony management, 321e328

breeding and embryo handling,

323e327
larviculture, 327e328

sexing, 321e323, 322fe323f

husbandry, 313e320

procedures, 334e340
blood collection, 339e340

cryopreservation, 340

embryo dechorionation, 335

embryo microinjection, 339
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injections, 338e339

IVF, 336e337
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Microhomology-mediated end joining
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Microinjection, 263e265

of CPA and GNR, 173e174
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Micropyle, 5
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Model organism, 4e5, 398
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148e150
Morphine, 122

Mortality rates, 111

Mouse (Mus musculus), 248

Mouth rot, 393e394
mRNA, 221

Multiple independent stocks, 425

Multiplexing CRISPR/Cas9 guide mRNAs,

9e10

Mus musculus. See Mouse (Mus musculus)

Muscle dystrophies (MDs), 16
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Mutant (Mut), 424

fish management, 143e146

data management, 146
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postresearch management for future

opportunities and collaboration, 146

quarantine provision and procedures,
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Mycobacterial infections, 305e306
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Neon tetra (Paracheirodon innesi), 318

Nephrocalcinosis, 89

Neurobiotin, 222
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zebrafish as model for, 15
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Alzheimer’s disease, 15

muscle dystrophies, 16

Neuroendocrine stress response, 103e104
Neuroendocrine systems, general mechanism

of, 236e237

Neurohypophysis regions, 377e378

Neuronal systems, 216e217
Neurophysiological analysis, 230e231
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imaging, 231t

Neurophysiological studies, 235
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230e235
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neurophysiological analysis, 230e231
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Nitrification process, 33

Nitrite (NO2), 32, 43
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nitrate, 45
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troubleshooting, 45
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NHEJ-mediated knock-in, 205e206
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aspirin, 123
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ibuprofen, 123
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Northern medaka (Oryzias sakaizumii),

185e186
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Nothobranchius, 289e292, 294, 298,
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N. eggersi, 304e305

N. furzeri, 268, 289e292, 301

N. guentheri, 289e292

N. kadleci, 291e292
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turquoise killifish (Nothobranchius

furzeri)
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Olfactory

bulbs, 377
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structures, 377

tracts, 377

Omics datasets, 270e271
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Onchorhynchus mykiss. See Rainbow trout

(Onchorhynchus mykiss)

Oocytes, 159e160

Oodinium, 251, 392

Open reading frame (ORF), 190

Open system, 385

Opioids, 120e123

buprenorphine, 122e123

butorphanol, 123

morphine, 122

tramadol, 123

Oreochromis niloticus. See Nile tilapia

(Oreochromis niloticus)

Organ dissection, 269e270
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trunk dissection, 269e270

Organism model, 311e312

Organogenesis, 7
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(Oryzias latipes); Medaka

(Oryzias latipes)

Oryzias sakaizumii. See Northern medaka

(Oryzias sakaizumii)
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Oxygen, 385
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(Pagrus major)
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(Paracheirodon innesi)
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high-frequency firing of GnRH1 neuron in
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Pharmacology, 399
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195e200
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confirm integration by phiC31 integrase,
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FLP recombinase-mediated locus cleanup,

199, 200f

genetical features of attP-landing strains in

collection, 196
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by, 216e217
Pigmentation, 313, 327
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Plasmid, 189e190

Pleistophora hyphessobryconis, 83e84
Poikilothermic animals, 429

Point mutation mutagenesis project, 7

POLG genes, 271e272
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Pooled sperm freezing, 167e169
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Preoptic area (POA), 223
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Pzcmlc2-tagCFP gene, 198

Pzcmlc2. See Zebrafish cmlc2 promoter
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fields, 215e216
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217t
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Rust dust disease. See Velvet disease
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(Saccharomyces cerevisiae)
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Sapje-like mutants, 16

Saprolegnia spp, 394

Sarcopenia, 273

SARS-Cov-2 pandemic, 26

Screening, 82

Sea urchin (Hemicentrotus pulcherrimus),

201e202

Search strategy, 109e112

Second-generation hybrids, 321e322

Sentinels, 91

Sex steroid hormones
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hormonal analysis of, 228e230
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359e361

Single guide RNAs (sgRNAs), 141

Single-cell labeling and tract tracing using

axonal transport, 222

Sinus venous chamber, 378

SIRT6 genes, 271e272
Sliding scale, 314

Sludge worms (Tubifex tubifex), 301

Social tanks, 293e295

Sodium bicarbonate (NaHCO3), 34e35

Sodium carbonate (Na2CO3), 34e35, 38

Sodium chloride (NaCl), 39

Sodium thiosulfate (Na2S2O3), 45e46
South American annual killifish

(Austrolebias spp), 298

Space-dependent growth (SDG), 314

Spawning, 66

Speciesism, 111

Specific pathogen free (SPF), 82, 94

for threshold prevalence, 94
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dilution, 166e167
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motility assessment, 169e170

protocol for sperm cryopreservation,

163e172

sample thawing, 170e171

Standard operating procedure (SOP), 53

Standardized diet, 302
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Steroid hormones, 398

Stickleback (Gasterosteus aculeatus), 105
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Stocks, 351
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Stowers Institute For Medical Research, 315

Strains, 106

Substocks, 424

Survival assessment, 175e176
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size, 383
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Target proteins, 220e221
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Temperature, 36e37, 429
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Terminal nerve GnRH3 neurons (TN-GnRH3
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embryo development, 363e364
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359e363
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blood sampling, 366

genetic sex determination, 366e367
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supply, quarantine, and disinfection,

351e352

arrival, 351e352
source, 351

Tol2, 8

Tol2-based transgenesis, 262e263
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Total biomass (TB), 355e357

Total gas pressure (TGP), 42

Total hardness, 37

Toxic nonionized ammonia, 384

Toxicology, 270, 399

Tracking of animals, 421

Tramadol, 123

Trans-activating crRNA (tracrRNA), 141

Transcription activator-like effector nuclease

(TALEN), 186, 193, 313

generation of knockout using

TALEN/CRISPR, 190e191

Transgenesis, 157e158. See also phiC31

integrase-mediated transgenesis

with DNA transposase, 193e194

transposase improves transgenic

efficiency, 194

techniques, 8

Transgenic (Tg), 424

cancer models, 9e10

fish management, 148

medaka, 189e193
methods, 193e207

CRISPR/Cas-based knock-in
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phiC31 integrase-mediated transgenesis,

195e200

transgenesis with DNA transposase,

193e194
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Transparent tanks, 352

Transplantation models, 8e9

Transposase improves transgenic efficiency,
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Triage of imports, 94e96
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Trichodina spp. See Ciliophoran parasites
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Tubifex tubifex. See Sludge worms

(Tubifex tubifex)

Turquoise killifish, 248e250

and related species, 291f

U
Ultraviolet C (UVC), 31

Ultraviolet disinfection, 31
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measuring, 102e104

refinements in regulated procedures,
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White eye, 396

White spot (Ichthyophthirius multifiliis),

83e84, 351, 391

Wild zebrafish, 4

Wild-type DT, 409e411

Worm (Caenorhabditis elegans), 248
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Xenopus, 262

Xenopus laevis. See Frogs (Xenopus laevis)

XY-based sexual determination system,
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Yamamoto’s embryo solution, 253, 256

Yeast (Saccharomyces cerevisiae), 248

Yellowtail tetra (Astyanax altiparanae), 337
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zc9orf72 loss-of-function model, 16
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Zebrafish (Danio rerio), 3e5, 4f, 23, 63, 81,
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421, 423e424, 427e428

aquatic concepts, 29e33
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embryonic development, 5
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phylogeny and genetics, 4e5
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for breeding, 66e68
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care and embryo collection, 173

caring for young juveniles, 73e76

colonies and biosecurity, 94e97

biosecurity, 96e97
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embryo in drug discovery and high-

throughput screens, 11e13

relevance and limitation of zebrafish
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