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Preface

Electron microscopy is frequently portrayed as a discipline that stands alone, separated from
molecular biology, light microscopy, physiology, and biochemistry, among other disciplines. It is
also presented as a technically demanding discipline operating largely in the sphere of “black
boxes” and governed by many absolute laws of procedure. At the introductory level, this portrayal
does the discipline and the student a disservice. The instrumentation we use is complex, but
ultimately understandable and, more importantly, repairable. The procedures we employ for
preparing tissues and cells are not totally understood, but enough information is available to allow
investigators to make reasonable choices concerning the best techniques to apply to their parti-
cular problems. There are countless specialized techniques in the field of electron and light
microscopy that require the acquisition of specialized knowledge, particularly for interpretation of
results (electron tomography and energy dispersive spectroscopy immediately come to mind), but
most laboratories possessing the equipment to effect these approaches have specialists to help the
casual user. The advent of computer operated electron microscopes has also broadened access to
these instruments, allowing users with little technical knowledge about electron microscope
design to quickly become operators. This has been a welcome advance, because earlier instru-
ments required a level of knowledge about electron optics and vacuum systems to produce
optimal photographs and to avoid “crashing” the instruments that typically made it difficult for
beginners.

There are many books and book series that deal with biological electron microscopy, but
there are only few individual texts that give a comprehensive overview of preparative techniques
and instrumentation that can answer the myriad questions posed by those pursuing structure—
function relationships of cellular materials. Many students are taught to fear, rather than respect,
electron microscopy instrumentation. In addition, many texts continue to teach that there is only
one right way to fix and embed a given class of organisms, only one way to properly break a glass
knife, only one side of a grid to use for section retrieval, and only one way to properly post-stain
grids. After spending over 30 years reading about all the different types of approaches utilized to
obtain publishable ultrastructural work, it is obvious that there are numerous equally valid
methods to approach various questions, all of which will produce publishable results.

This textbook is an updated blend of technical approaches and didactic information found in
the two books, Biological Electron Microscopy: Theory, Techniques, and Troubleshooting (Dykstra,
1992) and A Manual of Applied Techniques for Biological Electron Microscopy (Dykstra, 1993).
This book is intended for a one-semester course that covers all the basic approaches to light
microscopy, transmission electron microscopy, and scanning electron microscopy. Sections have
been added to address photomicroscopy (including confocal scanning microscopy), digital imaging,
and electron tomography utilizing intermediate voltage transmission electron microscopes.

A major component of this book is suggested by the subtitle: Theory, Techniques, and
Troubleshooting. Too many electron microscopists have been trained with little theory beyond
optical theory, too little about techniques except the ones used in their specific laboratory,
and almost nothing about troubleshooting problems, particularly with regard to instrumentation.
In a discipline with so many varied approaches from which to choose, learning how to apply
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vi Preface

appropriate preparative techniques and choosing instrumentation for approaching questions con-
cerning cell biology logically probably represent the highest aim of a course in electron
microscopy.

This text is definitely not an in-depth compendium of all of the techniques and instrumen-
tation capabilities currently available. Such an endeavor would occupy countless volumes (as
exemplified by the excellent series edited by Audrey Glauert, Practical Methods in Electron
Microscopy). What we have tried to accomplish is to put forth some basic tested techniques for
common needs in the Techniques section at the end of various chapters, along with basic expla-
nations of the different technical approaches and instrumentation employed, so that a student can
see what is possible and can see what methods can be used to answer the variety of questions
posed by cell biology in the cytological arena. To do this in one text suitable for a one-semester
course necessitates brevity and superficiality in some areas, but the literature citations are intended
to allow students to take their quest for knowledge in a specific area to a higher level.

A student who masters the concepts in this text will be capable, with continued practice on
technical skills, to productively utilize electron and light microscopy techniques in his or her
research. We hope that this text will also provide a sufficient foundation from which students can
expand their horizons to numerous other specific areas of expertise within biological research.

Michael J. Dykstra
January 19, 2003
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Introduction to the Second Edition

Since the first edition of this book appeared in 1992, there has been an incremental improvement
in most of the instrumentation utilized by electron microscopists. Conventional transmission
electron microscopes (TEMs) operating in the 80-120kV range and conventional scanning electron
microscopes (SEMs) have generally been adapted to run in a Microsoft Windows™ environment.
Specialized instrumentation, including intermediate voltage electron microscopes (IVEMs), high-
resolution scanning electron microscopes, and environmental scanning electron microscopes
(ESEMs) have become easier to use, more reliable, and are more commonly found on university cam-
puses than in previous years. Advances in digital imaging and electron tomography techniques have
changed our methods of image acquisition and storage and improved our understanding of complex
three-dimensional structures. Finally, incremental advances in microanalytical packages (both in hard-
ware and software), ultramicrotomes, cryoultramicrotomes, and various devices involved in preparing
or viewing cryosamples have increased the ease of access to these techniques to biological researchers.

The transition from single department research electron microscopy facilities to multi-user
service facilities serving campus-wide constituencies has been necessitated by the ever-increasing
cost of instrumentation and maintenance. A fortuitous outcome of this shift in resource placement
has been that the remaining facilities have greater pooled resources, allowing the purchase of more
expensive and more broadly capable instrumentation in many cases.

Specimen preparation techniques have not changed much since the last edition of this
book. The epoxide resins, acrylic resins, and fixatives used today were all available in 1992. The
equipment for processing samples, both for conventional resin embedding and for cryotechniques,
have improved, but no major breakthroughs have occurred. For this reason, the sections dealing
with these subjects will be quite familiar to readers of the previous edition. The addition of a spe-
cific methods section at the end of selected chapters, however, is a major change from the first edi-
tion and we hope that this will help the reader to quickly jump from the didactic material to the
direct application of techniques to their research problems.

Electron microscopy societies have, in general, broadened their bases by adding light
microscopy approaches to their traditional interest in electron microscopy methodologies. In par-
ticular, the rapid rise in the importance of confocal microscopy to cytological investigations has
filled in some visual gaps between light microscopy and electron microscopy, creating a fairly
seamless path from images produced by compound light microscopes through those from confo-
cal microscopes to those generated by transmission and scanning electron microscopes. To reflect
this broadening, for example, the Electron Microscopy Society of America (EMSA) became the
Microscopy Society of America (MSA). These changes seem fitting, particularly since electron
microscopists have always used light microscopy methods during their investigations.

With that said, we asked ourselves why a new edition of our book(s) seemed sensible.
As mentioned above, we decided that a new edition would allow us to merge the two original texts
so that the didactic survey of different approaches to instrumentation and techniques could be
immediately followed by specific techniques that we felt we could recommend, based on our years
using them in our service laboratory. Having all of this material in one place, rather than in two
separate volumes, was seen as a better package for the reader.



X Introduction to the Second Edition

Some of the newer instruments gaining prominence in the 1990s such as IVEMs, low
vacuum scanning electron microscopes (LV SEMs), FEG-equipped SEMs and TEMs, and ESEMs
are now widely available and have increased the variety of capabilities for cytological obser-
vations considerably. The most notable advance has been the development of the discipline of
electron tomography, which has produced scores of papers in the last 10 years and has allowed the
characterization of the structure of macromolecules and cellular organelles as well as elucidating
the three-dimensional relationships between cellular constituents with an ease and clarity only
dreamed about by most electron microscopists in the 1980s.

The digital revolution that is affecting all aspects of visual communication has led to the
digital control of microscopes, production of digital images, and the concomitant problems asso-
ciated with producing appropriate digital files for their intended purposes, both from electron
microscopes and from light microscopes. As you will see, we still believe film-based photography
has a place with monochromatic images, though color digital images are a more pragmatic
approach to producing printable color images.

We hope that the discussions of instrumentation and technical approaches available for
cytological investigations will stimulate the reader to embark on the exciting adventure of study-
ing cells and tissues. We are devoted to the concept that understanding structure/function rela-
tionships between what is in a cell and what the cell is doing are invaluable. We also encourage
all students of cytological approaches to recognize that research should not be designed to use
tools. Instead, tools should be chosen on the basis of the scientific questions being asked.
Cytological, physiological, biochemical, and molecular tools should be used in concert, at a min-
imum, to study cellular behavior. Thus, it is appropriate for biologists utilizing electron
microscopy to describe themselves from the standpoint of their biological discipline (e.g., botany,
entomology, microbiology), rather than to describe themselves as electron microscopists.
The physicists and electronics engineers, starting with Ernst Ruska, who have made possible the
stunning array of electron microscopes available today are the true electron microscopists.

The purpose of this text is to help students see what is possible and to help them approach
instrumentation and preparative techniques in a thoughtful, scientific way, so that they can solve
microscopy and sample handling problems quickly and easily so that they can get on with their
investigations of cells and tissues.

When exploring the technical approaches we recommend, we hope you realize that we
are not trying to be encyclopedic. The techniques described are included because we routinely
use them with great success. They will not fulfill every need for every sample, but they work for
the vast majority of samples and they should serve as an excellent starting point, if no other spe-
cific approach has been gleaned from the literature pertaining to your specific biological model.

We hope that the journey through the myriad types of instrumentation and associated sam-
ple preparation procedures will serve to introduce you to a set of disciplines associated with cyto-
logical investigations that have kept the senior author fascinated with cellular structure and
function for over 30 years as he has used electron microscopy to study aspects of protozoan and
fungal development in his own research. Over the years, studies of bacteria, viruses, mammalian
tissues, insects, fish, reptiles, amphibians, nematodes, and various types of cytopatholgy were
added to the mix. In recent years, our laboratory has devoted a major amount of effort to the
assessment of changes induced in animal tissues produced during drug development studies.
There seems to be an infinite variety of biological questions that can be answered, at least in part,
by cytological approaches.

We hope that the introduction to this discipline that is in your hands will lead you to cyto-
logical research and that it will give you as much thoughtful stimulation and entertainment as we
have experienced during our years as biologists using electron and light microscopy.
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Specimen Preparation for
Electron Microscopy

The purpose of fixation is twofold: to bring about the rapid cessation of biological activity and to
preserve the structure of the cell. Ideally, the colloidal suspension of the cytoplasm and organelles
within a cell is turned into a gel that maintains the spatial relationship of the components while
providing sufficient stability for them to survive the solvent action of aqueous buffers, dehydra-
tion agents, and plastic resins. The objective is to process tissues and cells without significant
changes in size, shape, and positional relationships of the cellular components and to preserve as
much of the biological activity and chemical nature of cellular constituents, such as enzymes and
antigenic proteins.

I. PHYSICAL FIXATION TECHNIQUES

Physical fixation involves the application of either heat or cold to stabilize cellular
components.

A. Heat

Heat fixation can be demonstrated simply by observing the changes that take place in an
egg when it is fried: The translucent, colloidal proteinaceous material of the egg white becomes
gelled into an opaque, rubbery solid. This material is truly fixed; however, it has been massively
altered in structure. Heat fixing has also been used for decades to preserve blood smears in a clin-
ical setting. Blood samples are smeared onto a glass slide and then passed through heat, such as a
Bunsen burner flame, to affix the cells semipermanently to the slide and to stabilize their structure
enough for rudimentary staining for further identification of cell populations. Neither of these
techniques avoids serious precipitation of proteins and major changes in their tertiary structures.
In addition, there is a rapid change in the states of hydration of cellular components. Various con-
stituents, such as lipids, normally would not be well preserved by such methods. Thus, these tech-
niques are grossly inadequate for ultrastructural preservation.

In recent years, microwave use (Giberson and Demaree, 2001; Leong et al., 1985; Leong
and Gove, 1990; Login er al., 1990; Login and Dvorak, 1994) has resulted in some novel,
extremely rapid fixation and staining techniques. They are not, however, solely heat fixation tech-
niques. Cells or tissues may be fixed directly by microwaves (after suspension in a suitable fluid
such as phosphate-buffered saline) or may be put into a fixative (aldehydes or osmium), which is
then subjected to microwaves for a matter of seconds. In the latter case, this allows a much shorter
time of fixation and is reported to result in better fixative penetration than conventional chilled or
room-temperature fixation for an hour or two.
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B. Cold

Cold, defined as the rapid freezing of cells or tissues, has been used effectively for preser-
vation of cellular details. Cryofixation, in general, is restricted to much smaller sample sizes than
needed for conventional chemical fixation. This is because heat must be removed from the speci-
men quickly enough to prevent ice crystal formation and consequent cellular damage. This is gen-
erally only possible near the surface of a specimen. Thus, with most techniques, an adequate
freezing depth of about 10-15 wm is achieved. The more basal layers of the specimen have ice
crystals large enough that ultrastructural detail is unacceptably distorted. There are three major
variations on the theme of cryopreservation that will be elaborated:

1. Cryofixation followed by cryoultramicrotomy to produce ultrathin frozen sections,
primarily for microanalysis and immunolabeling.

2. Cryosubstitution, wherein a specimen is quickly frozen and then dehydrated at reduced
temperatures (—80°C), followed by infiltration with chemical fixatives that are inactive
at the low temperature at which the sample is maintained. After diffusion of the fixation
solution throughout the specimen, the temperature is raised in a controlled fashion.
As the temperature increases, the fixative components become chemically active and sta-
bilize all of the cellular components with which they react simultaneously (as opposed
to normal chemical fixation, which involves diffusion of the fixatives from outside the
tissues/cells to the interior, resulting in different areas of the sample becoming fixed at
different times).

3. Freeze-drying, which involves cyrofixation followed by the removal of water by sub-
limation while the specimen is maintained at a low temperature under vacuum. See
Chapter 2 for further information on cryotechniques.

1. TRADITIONAL CHEMICAL FIXATION

Before beginning this section, I want to recommend two texts by Hayat (1981, 2000),
which are invaluable sources that contain information concerning all aspects of biological speci-
men preparation in much greater depth than can be provided in this text. The text by Glauert and
Lewis (1998) also gives in-depth attention to all aspects of fixation and embedment of biological
samples. In this chapter, the techniques will be discussed primarily in regard to preparing speci-
mens for transmission electron microscopy (TEM), but many of the primary fixation suggestions
pertain to preparing samples for scanning electron microscopy (SEM) as well. Techniques specific
to preparing samples for SEM will be presented in Chapter 13.

A. Purpose; Killing versus Fixing

When preparing samples, one of the first concepts to consider is the difference between
killing and fixing. Most of the time, the term fixing is used to include both processes, which some-
times leads us to forget that they are not one and the same thing. Most primary fixatives used today
are aldehyde fixatives, and it is well documented that cells can have significant time periods dur-
ing which they can respond to fixative solutions before death (Table 1). Slime mold amoebae
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Table 1. Rates of Fixation (Gilkey and Staehelin, 1986; with permission)

I. CHEMICAL FIXATION
A. 3% glutaraldehyde/3% acrolein: Pyrsonympha axoneme moves for 2 seconds
B. 3% glutaraldehyde: chicken embryo fibroblast cytoplasmic inclusions move for 3045 seconds
C. Tomato petiolar hair cell cytoplasmic streaming continues for:
1. 15 min with 0.5-5.3% glutaraldehyde
2. 9 min with 5% acrolein
3. 6 min with 2% glutaraldehyde + 5% acrolein
4. 15 min with 2% glutaraldehyde + 1% osmium

II. CRYOFIXATION: Movement ceases in 10 msec

grown to confluence on an agar surface can be seen to round up and develop intercellular spaces
during the first 30s after a glutaraldehyde mixture is poured onto them. If, instead, the Petri dish
containing the cells is first inverted over a drop of 1% osmium tetroxide for 3 min, the addition of
glutaraldehyde causes no obvious morphological change in the cells. Thus, the highly volatile and
toxic osmium tetroxide vapor kills the cells, and the later addition of glutaraldehyde fixes the cells.
It is important not to forget that these processes are not the same thing when evaluating the
success or failure of your particular fixation regimen.

B. Methods

Chemical fixation has been the standard of the biological electron microscopy trade since
its inception and, despite the advances in cryopreservation techniques discussed subsequently,
continues to dominate the field. The fixatives commonly in use have been derived to a large extent
from the leather-tanning industry. The advantages of chemical fixation are that the chemicals are
generally fairly stable, the specimen-handling techniques are simple, materials can be stored in
the solutions for some period of time, no significant equipment is needed, and the fixatives are
relatively inexpensive.

It is important to remember that typical chemical fixation procedures involve chemical
reactions that occur over time and that the process is dependent on the diffusion of fixative
components into the samples. The samples and fixative solutions are continually changing
during the initial period of fixation. With standard aldehyde fixation, the sample is immersed
in a fixative solution containing a specific concentration of the fixative chemical in a buffering
solution. At the outset of fixation, the surface of the sample is exposed to the full-strength fixa-
tive. As the solution diffuses to the interior of the sample, the aldehyde component becomes bound
to sample constituents. As the sample components become cross-linked, the assemblages become
partial barriers to further penetration of the sample by the fixative solution. In addition, as the alde-
hyde component becomes bound to sample components, the remaining solution diffusing more
deeply into the sample contains less of the aldehyde. Thus, over time, fixative penetration from
the sample surface slows down (due to partial aldehyde/tissue barriers) at the same time that the
concentration of the fixative component (aldehyde) in the diffusing solution becomes weaker,
since the aldehyde is being removed from the solution by the sample fixation process. The solu-
tion to the twin problems of ever-decreased speed of fixative penetration and ever-more-diluted
fixative solution reaching the interior of the sample is to have a vast excess of fixative solution in
which the sample is immersed (the fixative solution volume should be 5-10 times the volume of
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the sample), along with a sample that is a millimeter or less in thickness in at least one dimension.
If these rules are observed, although the rate of chemical fixative penetration is not particularly
fast, and specimens must be made thin enough for rapid penetration of fixative solutions to pre-
vent autolysis of structures deep within the sample, a relatively large sample can be adequately
preserved. The general rule of thumb is that most fixatives will penetrate at least 0.5 mm into a
sample within 1 hr such that if you could produce a 1-mm-thin slice through the center of a water-
melon, it would be well fixed. Figure 1 shows one block that was less than 1 mm in the narrowest
dimension during osmication, while the other block was approximately 2mm? when osmicated.
The center of the latter piece is still unblackened, since the osmium never penetrated to that area
during the 1hr step. Needless to say, softer samples, such as brain tissue, are resistant to being
neatly sliced into 1-mm-thick portions without some sort of fixation. Vascular perfusion techniques
are typically employed to address this problem (see specific techniques in Hayat, 1981, 2000).
Evidence of good fixation is based on a variety of criteria, including: (1) preservation
of ground substance (a background density greater than that of non-tissue plastic areas outside
the cells) in the cytoplasm and nucleoplasm, and membranes of the nuclear envelope virtually
parallel, without significant swelling; (2) mitochondria that are not distended, and inner and outer
membranes that are more or less parallel; (3) endoplasmic reticulum that is not swollen, and most
membranes and cellular components are intact. If these three criteria are met, fixation is considered
adequate in most cases. Figure 2 shows a slightly suboptimally fixed rat liver, with slightly inflated
endoplasmic reticulum and slightly uneven spacing between the inner and outer nuclear envelope
membranes. Cytoplasmic and nucleoplasmic ground substance is well represented, and mito-
chondria are dense. The sample was fixed in McDowell and Trump’s (1976) 4F:1G fixative
(4F:1G) utilizing the general processing schedule in the Techniques section at the end of this chap-
ter. The area examined was apparently just a little too far from the sample surface so that either the
primary fixative was diluted slightly too much when it interacted with the area shown, or it may
have taken slightly too long to arrive at the site so that some minor autolytic changes occurred, as
shown. The woodchuck cardiac muscle shown in Fig. 3 was fixed in buffered neutral formalin
(BNF) and shows quite enlarged and leached out mitochondria, a swollen nuclear envelope, and
various membrane discontinuities characteristic of fixation with BNF. In addition, however, after

S

Figure 1. Rat liver. The smaller section is from a block of tissue that was 0.75 mm thick in the thinnest dimension. During
the osmication step, osmium penetrated to the center of the sample. The larger section was cut from the center of a block
that was 2mm?> when osmicated. The white central area did not react with osmium during the osmication step. 8.5X.
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Figure 2. Suboptimally fixed rat liver (4F:1G primary fixation, followed by osmium postfixation). 4308 .

the sample was examined, it was discovered that the tissue was taken from an animal that had been
found dead in its cage, and the animal care workers did not know how long it had been dead.
Muscle tissue autolyzes more slowly than other types of tissues such as liver, kidney, and brain,
so the overall preservation except for the mitochondria was not too bad.

Another factor that makes identification of good fixation of samples difficult is the recog-
nition that cells grown in culture undergo a number of cytological changes when compared with
the same cells fixed immediately after the tissue is removed from the living host. Franks and
Wilson (1977) showed that one of the consistent changes that occur in cells grown in culture is
apparent mitochondrial damage. The changes are typified by enlargement of mitochondria, an
increase in “motheaten” mitochondria, and apparent degradation of cristal profiles. Figures 4-6
show three different cell types in culture that were healthy and growing well when fixed. As you
will note, the mitochondria look damaged in a variety of ways.

Primary fixation is clearly a critical step in electron microscopy. If the samples are not well
fixed, they will produce images that exhibit excessive contrast because cellular constituents
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Figure 3. Woodchuck cardiac muscle fixed with buffered neutral formalin (BNF). The animal was found dead prior to
excision and fixation of tissue. 4,308 X.

that were poorly fixed become extracted during the various rinses in the processing schedule.
Some components are also extracted during resin infiltration steps. Another problem with poor
primary fixation is subsequent poor infiltration of resin. Thus, in addition to yielding sections with
poor image quality, the blocks are frequently difficult to section. The hallmark of this problem is
sections that are of uneven thickness when cut on the ultramicrotome. The interior, poorly fixed
areas of tissue are softer than the exterior, more adequately fixed areas, resulting in a different
section thickness in the two areas of the section.

In a general contemporary fixation schedule for straight structural examinations, tissues
are fixed in a primary aldehyde fixative followed by rinses in an appropriate buffer. The samples
are then postfixed in osmium, dehydrated, infiltrated with an epoxide resin, and the resin contain-
ing the sample is then put into molds and polymerized with heat.

We will now examine individual chemical fixatives and evaluate their effects on
various cellular components. In addition, we will discuss their formulation, storage, and param-
eters of use.
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Figure 4. Mouse lymphoma cell line. 5,050X.

1. Osmium Tetroxide

Osmium tetroxide (osmium, osmium tetraoxide, OsO,) has been used for over a century
for the preservation of cellular detail. Botanists of the late 1800s would put a drop of osmium
solution on a section of tissue on a glass slide and examine it avidly until sufficient darkening had
occurred. These individuals often suffered from a certain haziness of vision, but it eventually
resolved due to the sloughing of the old osmium-fixed corneal epithelium, followed by reepithe-
lialization of the corneum. Osmium was the first successfully used fixative for the ultrastructural
preservation of animal tissues (Glauert, 1975).

This fixative has a high vapor pressure, is highly toxic, and should be used under a fume
hood at all times. An excellent rule to follow is that any detection of its acrid odor means you
are working too close to this chemical. If osmium contacts skin, it will blacken it, and if you
manage to cut yourself with an osmium-coated surface, the wound will heal more slowly than
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Figure 5. Rat pancreatic cell line. 5,050X.

usual because the cells lining the interior of the wound are killed by the fixative, delaying the
normal controlled metastasis of cells during the healing process. Tissues generally turn black after
osmication, but this is not the best judge of efficacy, since tissues low in lipids (such as highly pro-
teinaceous scar tissues) will not blacken. In addition, lipids with different degrees of saturation
reduce different amounts of osmium. If the unused aqueous osmium stock is straw-colored, it can
be assumed to be chemically reactive. When the solution begins to gray or blacken, which indi-
cates reduction of the osmium, it should be discarded.

As a primary fixative, osmium causes rapid gross permeabilization of membranes with
cessation of cytoplasmic movement within seconds to minutes in most cases. It has been used as
a vapor fixative to quickly stop biological processes in cell monolayers or cells suspended in small
drops of growth medium. It has also been used to stabilize materials without the need for an aque-
ous phase. In the latter case, samples containing potentially soluble products have been prepared
for X-ray microanalysis (energy dispersive spectroscopy, EDS) by exposing freeze-dried tissues
to osmium crystals in a desiccator for 8 hr (Hayat, 1981).
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Figure 6. Human colon spheroids. 6,819X.

a. Disadvantages

Osmium is one of the most slowly penetrating fixatives we use and has no cross-linking
capabilities for cellular components. When used as a primary fixative, it typically makes the nucleo-
plasm and cytoplasm look somewhat extracted, giving the material more contrast than when using
better fixation techniques. As it is a strong oxidant, osmium profoundly inactivates virtually all
enzymes and can be expected to damage many antigens.

b. Advantages

Osmium has nine different oxidation states (Hayat, 1981), and at least five of them are rel-
atively stable and have different reactivity with cellular components. Osmium is soluble in both
polar and nonpolar media, and thus can penetrate and fix both hydrophobic and hydrophilic
domains in cells. Finally, when osmium reacts with cellular components in an oxidative fashion,
it is concomitantly reduced. The reduced form is largely nonextractable and also has the added
benefit of exhibiting electron density under an electron beam, since it is a heavy metal.
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c. Specific Activity

Lipids. Osmium interacts directly with unsaturated lipids by oxidizing double bonds,
leading to the formation of monoesters, diesters, and dimeric monoesters (Fig. 7). Saturated fatty
acids are normally chemically unreactive with osmium, since they lack double bonds but often are
preserved by an indirect route. As mentioned above, osmium is soluble in nonpolar materials such
as lipids. Osmium can be taken up in an unreduced form by saturated lipids and then subsequently
be reduced by organic solvents such as an ethanolic dehydration series. Thus, all classes of lipids
are potentially preserved by osmication, either by a direct chemical reaction or indirectly in the
case of saturated lipids.

Proteins. Prolonged osmium fixation results in the progressive denaturation of proteins,
leading to the eventual extraction of the smaller peptides during buffer washes and the dehydra-
tion series. According to Hayat (1981), a weak osmium solution can produce gels with proteins
such as albumin, globulin, and fibrinogen, possibly due to the presence of tryptophan residues
with reactive double bonds. Osmium also reacts with a number of other amino acids, such as cys-
teine and methionine (at alkaline pH), with sulthydryl, phenolic, hydroxyl, carboxyl, amino, and
certain heterocyclic groups, and with disulfide linkages.

Nucleic Acids. Osmium can cause the formation of coarse aggregates of DNA. Some
workers have added calcium to osmium to improve the stabilization of bacterial DNA. It is thought
(Hayat, 1981) that chromosomal reactivity with osmium may be due to the presence of reactive
amino acids in associated histones.

Carbohydrates. Osmium does not react with most pentoses and hexoses, though
prolonged treatment of tissues with osmium at 50°C will cause glycogen blackening (Hayat, 1981).
Most carbohydrates in osmium-fixed tissue are extracted during rinsing and dehydration.

d. Physical Changes

Osmium causes some swelling (30% in liver after 4hr, 15% after 15 min, according to
Hayat, 1981). This is normally counteracted to some extent by the consequent shrinkage encoun-
tered during dehydration. Some workers add calcium chloride or sodium chloride to osmium when
using it as a primary fixative to help reduce the swelling. Nonelectrolytes, such as sucrose or
glucose, have also been used in an attempt to alleviate the problem. This phenomenon is not a
problem when osmium is used as a postfixative following aldehyde primary fixation. Some workers
report that calcium added to osmium may cause a granular precipitate in tissue, while others claim
that the calcium helps to prevent this artifact (Millonig and Marinozzi, 1968).
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Figure 7. Osmium tetroxide (osmium, osmium tetraoxide).
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Hardening. Hardening of tissues takes place as a result of osmium exposure. In most
cases, this is a trivial problem, but in cases in which structures are fragile or when cells need to be
centrifuged, this can cause severe problems. As discussed in the section on embedding media, cell
suspensions are often embedded in molten water agar for subsequent ease of handling. If this is
done after osmication, there is a great tendency for the cells to be sheared during centrifugation
due to the hardening effects of osmium. This is not a significant problem with small cells such as
bacteria, but with larger cells such as protozoa, it can be a serious problem.

e. Parameters

Concentration. Most workers utilize 1-2% osmium in buffers at slightly alkaline
pH (7.2-7.4). It has been suggested that higher concentrations of osmium result in a greater
conversion of polypeptides to soluble peptides, which can lead to cells with evident extraction of
cytoplasmic components.

Temperature. Some workers insist on osmicating on ice or at 4°C, but other laboratories
osmicate at room temperature with consistently good results. As with all chemical reactions and
diffusion processes, lower temperatures can be expected to contribute to slower penetration of the
tissue and reduced chemical reactivity of the fixative component.

Rate of Penetration. The addition of electrolytes or nonelectrolytes to osmium, as
mentioned above, is said to decrease the rate of penetration (nonelectrolytes are said to reduce the
rate of penetration more than electrolytes). At room temperature, the rate of penetration is no more
than 0.5 mm/hr. Thus, a 1-mm-thick piece of tissue will be fixed to the center in 1 hr. After 1 hr, as
mentioned before, fixation slows down because the fixed surface of the sample impedes the
further incursion of fixative and the fixative that does reach the center is more dilute than the
original fixative solution due to binding of the fixative to tissue components.

Duration. Fixation for 1-2hr is usually sufficient for properly prepared samples (1 mm
thin in at least one dimension) due to the penetration rate cited above, though some workers have
utilized up to 12 hr with embryonic tissues or algae (Hayat, 1981).

Formulation and Storage. Osmium crystals can be melted by hot tap water. This allows
the preparation of diluted osmium stocks from crystals, while avoiding the possibility of contam-
ination, as described in the section Chapter 1 Techniques. Dilute aqueous stocks of osmium stored
at 4°C are stable for 6 months or more. If the solution becomes gray or black, it is contaminated
and should be replaced. Minute amounts of buffer or alcohol, as well as prolonged exposure to
light are sufficient to begin the reduction of the osmium solution and its consequent darkening.
Thus, it is always best to remove aliquots of the solution with a fresh Pasteur pipet and to keep the
container in the refrigerator whenever it is not being used.

2. Permanganates

Permanganates were initially introduced to overcome some of the fixation problems
encountered with walled organisms such as plants, as workers realized that osmium penetration
was not adequate. Permanganates have now almost passed into history as primary fixatives,



12 Chapter 1

though papers utilizing potassium permanganate are still seen periodically. Permanganates were
introduced by Luft (1956) and were noted for their ability to penetrate tissue rapidly (approxi-
mately 1 mm/hr). Potassium, lithium, lanthanum, and sodium permanganates have all been used.
They are all strong oxidants, like osmium, but they do not confer electron density to the cellular
components with which they react. They preserve membranes well, but the rest of the cellular
constituents are severely extracted. Ribosomes are lost, mitochondria and chloroplasts swell, and
many lipids are lost, as are microtubules and microfilaments. Workers have generally used
solutions containing 0.6-3.0% potassium permanganate buffered to pH 7.2-7.4. Fixation is
usually on ice for about 1 hr, since higher temperatures and longer fixation times result in further
cytoplasmic extractions.

3. Formaldehyde

Formaldehyde (Fig. 8) was used as a standard histological fixative component long before
the advent of electron microscopy. It is the smallest and simplest aldehyde used, the formula
CH,0. It is available as commercial formalin (37-40% formaldehyde), which contains formic
acid (less than 0.05%) and 6-15% methanol, the latter being added to prevent polymerization.
When diluted to 2-4%, formaldehyde is primarily in monomeric form. Many electron micro-
scopists prefer to make up formaldehyde fresh from the polymerized paraformaldehyde powder.
Unfortunately, after paraformaldehyde is depolymerized to make pure formaldehyde, it immedi-
ately begins polymerizing again, leading to a limited shelf life. Do not be confused by literature
stating that investigators “fixed with paraformaldehyde.” What they mean is that they fixed with
pure formaldehyde, freshly prepared from paraformaldehyde powder.

Formaldehyde is usually regarded as an inferior primary fixative for structural electron
microscopy, because even though it penetrates rapidly due to the small size of the monomeric mol-
ecule, it does not cross-link strongly, and the fixation it achieves is reversible with sufficient wash-
ing in aqueous solvents (the formaldehyde can be washed out of the tissue). The pH of BNF
solutions (4% formaldehyde in a phosphate buffer) made from 37% commercial formalin stocks
and used in routine histological work frequently drops to 6.0-6.5 in a relatively short period of
time on the shelf and causes poor ultrastructural fixation if not corrected. Carson et al. (1973)
developed a formulation for phosphate-buffered 4% formaldehyde that produces acceptable
ultrastructural preservation in many cases. It is generally accepted that the addition of methanol
and other stabilizers to commercial-grade 37% formaldehyde makes it unsuitable for enzyme
cytochemistry, but many procedures for light-level immunohistochemistry utilize BNF with great
success, so this objection appears to be questionable. In addition, by the time the 37% stocks are
diluted to 4% for fixation, the concentration of the stabilizers is not very significant.

We still make up fresh formaldehyde from paraformaldehyde for cytochemical procedures
but utilize 37% formaldehyde stocks to prepare fixative solutions for conventional structural
examinations. Numerous clinical samples submitted to our service laboratory in formaldehyde for

Figure 8. Formaldehyde.
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ultrastructural study over the last 20 years have yielded images as good as glutaraldehyde-
fixed tissues, while others have been so extracted and poorly fixed that they were virtually
unusable. Clearly, the care with which formaldehyde is buffered and the handling of the tissue
prior to fixation (i.e., not letting it sit on a counter at room temperature for 30min prior to
being put into the fixative) probably accounts for this observed variation. Ghadially (1985)
illustrated his text on tumors exclusively with excellent photographs taken of formaldehyde-fixed
tissues.

Poor fixation with formalin is characterized by numerous membrane discontinuities,
nucleoplasmic and cytoplasmic areas with reduced ground substance (little gray background in an
electron micrograph), and swollen endoplasmic reticulum and mitochondria. Nuclear envelopes
often look fairly well preserved.

a. Disadvantages

As mentioned above, formaldehyde cross-links more weakly than other aldehydes and can
be washed out of tissues by aqueous rinses. As with all aldehydes, it provides no electron density
to tissues.

b. Advantages

The formaldehyde molecule is the smallest aldehyde and thus penetrates rapidly into sam-
ples. Being a small molecule, once it is bound to tissues or cells, it offers little steric hindrance to
the interaction of biological molecules such as enzymes and antibodies with the samples, com-
pared to the larger five-carbon glutaraldehyde molecule. Since it is not a strong cross-linker, it
tends to leave most protein structures relatively unchanged and thus is a preferred fixative for var-
1ous enzyme cytochemical procedures, as well as for immunocytochemical techniques.

c. Specific Activity

Lipids. Formaldehyde can react with the double bonds of unsaturated lipids, but various
solvents in the processing series extract the lipids unless postfixation with osmium is added to sta-
bilize lipids.

Proteins. Peptide chains are cross-linked, but the vast majority of the cross-links can be
reversed by aqueous solutions. Using higher concentrations of the fixative causes increased
formaldehyde binding. Higher temperatures and pH will also increase binding to proteins.
Maximum binding to proteins is reported to be at pH 7.5-8.0 (Hayat, 1981).

Nucleic Acids. Formaldehyde reacts with nucleic acids and proteins without breaking the
linear structure of either. The preservation of nucleic acids is probably due mostly to the interac-
tion of formaldehyde with the protein component of nucleoproteins. As with pure proteins, the
reaction of formaldehyde with nucleoproteins is reversible in aqueous solutions.

Carbohydrates. Small carbohydrate molecules are not preserved and are washed out
during processing. Carbohydrate moieties complexed with other cellular components may be
preserved. Mucoproteins are fixed, but acid mucopolysaccharides are not. Glycogen survives
formaldehyde fixation, provided fixation times are not too long.
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d. Physical Changes

Properly formulated formaldehyde solutions, such as that of Carson et al. (1973) applied
to tissues less than 1-mm-thick in at least one dimension, should result in little appreciable shrink-
age or swelling of tissues. Formaldehyde will toughen tissues, but they remain pliable (unlike
osmium-fixed tissues, which become brittle). Cells can be easily pelleted through molten water
agar without significant damage.

e. Parameters

Concentration. Most workers use 4% formaldehyde solutions, though some of the recent
immunocytochemical procedures utilize as little as 2% formaldehyde made up from
paraformaldehyde.

Temperature. Room-temperature fixation is successful, though some workers believe
that ice-bath temperatures provide better fixation.

Rate of Penetration. Formaldehyde penetrates more rapidly than either osmium or glu-
taraldehyde due to the small size of the monoaldehyde and is thus the fixative of choice for large
samples.

Duration. Many workers also warn that since the reaction of formaldehyde is slow and
reversible, tissues should not be left in formaldehyde for very long. However, Ghadially has pub-
lished two books (1975, 1985) illustrating numerous pathology samples that have been success-
fully fixed with BNF from histology labs, many of which have been stored in these solutions for
extended periods of time. Generally, it would appear prudent to fix tissues for no longer than
1-2hr in fixative solutions containing only formaldehyde and buffers before proceeding with the
rest of the processing schedule.

Formulation and Storage. As mentioned previously, many electron microscopists
believe that formalin (37-40% formaldehyde solutions containing stabilizers) is inappropriate for
ultrastructural preservation. This is clearly not the case when one considers the numerous medical
case reports illustrated with electron micrographs prepared from tissues fixed with BNF. However,
poorly formulated BNF, particularly if the pH is below 7.0, is not recommended. If making fresh
formaldehyde from paraformaldehyde powder, the monoaldehydes that are produced by putting
the powder into heated water and raising the pH will begin repolymerizing immediately. Thus,
most workers recommend utilizing freshly made formaldehyde immediately, or at least within a
week or two. If the solution is being stored for a week or two, it should be refrigerated. Some
investigators recommend freezing small aliquots for long-term storage. However, standard bio-
logical-grade formalin (37-40% formaldehyde sold by supply houses) has a storage life of years
at room temperature. Buffered dilute stocks (4%) stored under refrigeration are presumed to be
even more stable.

4. Acrolein

Luft first introduced acrolein (Fig. 9) as a primary fixative for electron microscopy in
1959. 1t is a three-carbon monoaldehyde (C3H40) noted for its ability to penetrate tissues more
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Figure 9. Acrolein.

rapidly than osmium, glutaraldehyde, or formaldehyde. It is more reactive than the other aldehydes
and inactivates enzymes profoundly.

a. Disadvantages

Acrolein polymerizes rapidly upon exposure to air, light, and chemicals, and generates
heat during the process. Commercial preparations usually contain 0.1% hydroquinone to prevent
oxidation. Acrolein is flammable, and its vapors can be quite irritating to mucous membranes
(it is a component of tear gas).

b. Advantages

Acrolein is more reactive with proteins than formaldehyde and penetrates tissues quite
rapidly. It preserves microtubules better than either glutaraldehyde or formaldehyde alone.

c. Specific Activity (Glauert, 1975)
Lipids. Acrolein is reported to solubilize lipids.
Proteins. This aldehyde is more reactive with proteins than any of the other aldehydes.

For enzyme or antigen localization, it is contraindicated as a fixative because of the chance for the
severe denaturation of proteins.

Nucleic Acids. Acrolein is thought to be somewhat reactive with charged groups, but the
primary fixation of nucleic acids is probably due to their association with well-fixed histone
proteins.

Carbohydrates. These constituents are generally regarded as unreactive with acrolein.

d. Physical Changes

Acrolein causes a toughening of tissues without loss of pliability, a feature shared with the
other aldehyde fixatives. The loss of lipids reported by some authors may be associated with
changes in membrane permeability.

e. Parameters

Concentration. Some workers recommend 10% buffered acrolein, but others have used
3-4% with success.
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Temperatures. Fixation at 4°C or at room temperature gives good results.

Rate of Penetration. Penetration of about I mm/hr has been reported for rat kidney
tissue. This fixative has been recommended for large samples because of its excellent penetration
capabilities.

Duration. Due to its rapid rate of penetration, 1 hr at room temperature is quite adequate
for the sample sizes normally encountered in an electron microscopy laboratory.

Formulation and Storage. As previously mentioned, acrolein usually comes in concen-
trated form containing hydroquinone as a stabilizer. The presence of the stabilizer does not seem
to adversely affect fixation. The shelf life of acrolein at room temperature is not long because of
its propensity for auto-polymerization. Storage at 4°C is recommended. Diluted solutions will be
less prone to polymerize. If a 10% solution in water has a pH below 6.4, or if there is turbidity in
the concentrated solution from which the dilute solution is made, discard the solution. This fixa-
tive has a high vapor pressure and is extremely toxic, so always work carefully with it under a
fume hood.

5. Glutaraldehyde

With the introduction of glutaraldehyde (Fig. 10) by Sabatini ez al. (1963), a revolution in
chemical fixation resulted because its capabilities were so much better than the preceding alter-
natives. The fact that it is a five-carbon dialdehyde (CsHgO,) with two hydroxyl groups capable
of binding proteins makes it an extremely good cross-linking fixative. This strong cross-linking is
virtually irreversible, unlike the reversible cross-linking from formaldehyde.

a. Disadvantages

Glutaraldehyde penetrates tissues more slowly than formaldehyde or acrolein and inacti-
vates some enzymes and antibodies. This is probably due to glutaraldehyde itself, or some of the
nearby cross-linked proteins, sterically hindering access to reactive sites. Microtubules are depoly-
merized if they are exposed to cold fixative. No electron opacity is produced in the fixed tissue.
Physiological activities of the cells are not stopped immediately, resulting in cells changing con-
formation in response to the fixative under some conditions. In addition, membranes become more
permeable after primary glutaraldehyde fixation, and cellular compartments can subsequently
leak. This will result in some hydrolytic enzymes escaping their normal cellular sequestration in
lysosomes, which can cause some autolytic damage unless samples stored for prolonged periods
are kept at temperatures considerably below the temperature at which the enzymes are most phys-
iologically active (4°C is the temperature recommended for storing mammalian tissues that are
normally at 36-38°C during life).
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Figure 10. Glutaraldehyde.
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b. Advantages

Even though this fixative affects the a-helix of proteins, the tertiary structure of proteins is
unaffected. As previously mentioned, reactive moieties of proteins may be occupied by glutaralde-
hyde and thus be inaccessible to cytochemical procedures, though most proteins maintain a fair
amount of their activity, which is useful for cytochemical or immunocytochemical procedures.

c. Specific Activity

Lipids. Glutaraldehyde probably reacts only with phospholipids containing free amino
groups. If glutaraldehyde-fixed samples are not postfixed with osmium, most lipids are extracted
during dehydration. Glutaraldehyde itself may make some phospholipids go into solution, which
can result in the artifactual formation of myelin-like whorls of membranes that are stabilized by
consequent osmication. This appears to be responsible for the formation of “mesosomes” in bacte-
ria, since they are not found in cryopreserved materials (Aldrich et al., 1987). Myelin figures are
usually more abundant in large samples and are more common when extended glutaraldehyde
fixation times are used. Some investigators add 1-3mM CaCl, to glutaraldehyde to minimize this
phenomenon.

Proteins. These are the main target of glutaraldehyde, which is most reactive with many
free amino groups and cross-links proteins through this agency.

Nucleic Acids. As with the other aldehydes, most of the preservation of nucleic acids is
considered to be due to the interaction of this fixative with the proteins associated with nucleic
acids more than by any direct interaction between nucleic acids and glutaraldehyde.

Carbohydrates. Most carbohydrates are not fixed well and are lost during subsequent
rinses. Glycogen is a major exception; 40-65% of the total glycogen remains in fixed tissues,
according to Hayat (1981).

d. Physical Changes

Glutaraldehyde toughens tissues but does not impart electron density. It is known to cause
shrinkage and so is generally made up in hypertonic solutions. Linear shrinkage in the realm of
5% is common for many tissues.

e. Parameters

Concentration. A high concentration (37%) causes profound shrinkage, while a low con-
centration (0.1-0.5%, as used in a number of immunocytochemical procedures) can result in
severe extraction. Typically, solutions of 1.54% glutaraldehyde in an appropriate buffer are used.
With larger sample sizes, some workers use higher concentrations of glutaraldehyde, since the
solution becomes more dilute as it passes to the interior of a sample because the glutaraldehyde
becomes bound and is no longer free in solution.

Temperature. Historically, it has been recommended that glutaraldehyde fixation be done
on ice or at 4°C. At the same time, it was established early on that microtubules become depoly-
merized when held at such temperatures. Glutaraldehyde fixation at room temperature seems to
give adequate results without causing microtubule depolymerization.
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Rate of Penetration. Hayat (1981) reported that a 2% solution of glutaraldehyde at a
tonicity of 200 mOsm penetrates liver to a depth of 0.7 mm after 3 hr at room temperature. Periodic
acid-Schiff reagent staining to monitor the depth of penetration is effective, since the Schiff
reagent will react with the two hydroxyls of glutaraldehyde.

Duration. Even though the fixative can reach depths in the tissue beyond 0.5 mm after
1 hr, most tissues will exhibit evidence of autolysis after an hour at room temperature. Thus, if the
fixative does not penetrate all areas of the tissue after 1 hr at room temperature, most tissues will
exhibit poorly fixed central areas.

Formulation and Storage. Glutaraldehyde is available in various forms, from a 70%
aqueous solution stored under dry nitrogen gas in sealed ampules, to 50% or 25% aqueous
solutions stored in 500-ml brown bottles, to 8% solutions in sealed ampules. Some users have
redistilled their glutaraldehyde after the method of Smith and Farquhar (1966), but this is rarely
necessary. Glutaraldehyde at high concentrations (over 25%) is subject to spontaneous polymer-
ization if not stored under dry nitrogen. Heat can also adversely affect such stocks, though
glutaraldehyde is not photosensitive. If stored under dry nitrogen in sealed ampules, glutaraldehyde
should be stable indefinitely if stored at 4°C. Biological-grade glutaraldehyde (25%) stored in a
refrigerator generally has a shelf life of several years. If glutaraldehyde stocks become yellowed,
polymerization may be taking place. A more reliable indicator is pH. If the pH of 25% stocks is
between 3 and 6, they are probably all right. If a spectrophotometric reading of the stock reveals
a larger peak at 235nm than at 280 nm, the stocks may be bad. A 1:1 or 2:1 ratio of 280-nm to
235-nm peaks is associated with good glutaraldehyde. After distillation, only the 280-nm
(monomeric) peak should remain. Dimeric (235 nm) and higher polymeric forms are not consid-
ered good for fixation. Glutaraldehyde solutions mixed with buffer at working concentrations
(2-4%) are good for at least a year at 4°C.

6. Fixative Supplements

Various agents have been previously mentioned, such as electrolytes, nonelectrolytes, cal-
cium, and buffers that are added to fixatives to attempt to address the problems of tonicity and pH,
and to help stabilize various cellular constituents. These agents usually deal broadly with cellular
reactions rather than with a specific subset of cellular components.

A variety of other supplements (Hayat, 1981, 2000) have been utilized to stabilize specific
compounds or structures. One of the most frequent problems addressed is that of lipid stability.
Since the most commonly used primary fixatives, aldehydes, do not fix lipids, the lipids can
undergo structural alterations and reconfigurations during the primary fixation period prior
to osmium steps that will help to stabilize them. Thus, workers have added specific agents to
aldehydes to help stabilize lipids until osmium can react with them. Glutaraldehyde containing
digitonin has been used to specifically stabilize cholesterol and cholesterol esters, while
glutaraldehyde containing malachite green has been used to preserve some lipid-containing granules
in mammalian spermatozoa. A combination of glutaraldehyde fixation followed by osmium with
added potassium ferricyanide has been used to help preserve phospholipids in central nervous
system samples as well as the surfactant material in type II cells of the lung (myelin-like figures
in vacuoles of type II cells).
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Glutaraldehyde containing lead acetate has been used to preserve soluble inorganic phos-
phate, which would otherwise be washed out during fixation and buffer washes. Glutaraldehyde
containing phosphotungstic acid applied to tissues pretreated with polyethyleneimine has been used
to demonstrate anionic sites in basement membranes and collagen. Biogenic amines, such as
adrenaline, have been demonstrated with a combination of glutaraldehyde and potassium
dichromate.

Borrowing from light microscopy techniques, trinitro compounds, most notably, picric
acid and 2,4,6-trinitrocresol, have been added to primary fixatives such as glutaraldehyde to
better preserve smooth endoplasmic reticulum in interstitial cells of testes and other steroid-
secreting cells, although microtubules are sometimes sacrificed in the process. Another attempt to
produce better preservation of male reproductive tissues has utilized glutaraldehyde primary fixa-
tion followed by postfixation in osmium containing potassium ferrocyanide.

Tannic acid has been added to glutaraldehyde to help preserve various proteinaceous com-
ponents of cells, such as microfilaments and microtubules, as well as cytomembranes. Its mode of
action is purported to be a reaction with peptide bonds, amine, and amide residues present in side
chains of polar amino acids.

Glutaraldehyde containing uranyl acetate has been utilized to preserve structures with a
tendency to lose DNA because the mixture has been shown to gel DNA in minutes. Uranyl acetate
is also frequently used as a separate incubation step (usually a 0.5% aqueous mixture) after pri-
mary aldehyde fixation and osmium postfixation. Samples are fixed overnight at 4°C in the uranyl
acetate solution to help preserve phospholipids and to stabilize nucleic acids. The need for a uranyl
acetate poststaining step is then considered by many workers to be unnecessary. Uranyl acetate
reacts with phosphate groups of phospholipids and nucleic acids, and serves as an electron-dense
stain after becoming complexed with these cellular constituents.

Finally, various workers have utilized alcian blue, ruthenium red, or cetylpyridinium
chloride in aldehydes to help stabilize polysaccharide residues, particularly those on cell surfaces.
In addition, ruthenium red has also been utilized for the same purpose as an additive during
osmium postfixations. This area will be considered again in the section on cytochemistry, since
the compounds are semispecific stains as well as fixatives.

7. Procedural Comparisons

a. Sequential Fixation

Sequential aldehyde/osmium fixation with a primary fixation for 1-2 hr in 2% glutaralde-
hyde in a 100 mM phosphate or cacodylate buffer at pH 7.2-7.4, followed by a postfixation in
1-2% osmium in the same buffer, is common in electron microscopy. As mentioned previously,
lipids can sometimes migrate and/or change configuration in this type of fixation schedule.

b. Simultaneous Fixation

Simultaneous aldehyde/osmium fixation can be used successfully with various single-
celled protozoans but can be expected to be most useful in a situation where lipid lability is of
concern. It can exhibit penetration problems with blocks of tissue, resulting in only a superficial
layer of adequate fixation. Customarily, quadruple-strength glutaraldehyde (8%) is mixed in equal
volume with quadruple-strength buffer (0.4 M phosphate buffer, pH 7.2-7.4), and this combined
mixture is added to an equal volume of double-strength aqueous osmium (4%) just before adding
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tissues or cells. This results in a fixative containing 2% glutaraldehyde, 2% osmium, and 0.1 M
phosphate buffer at pH 7.2-7.4. The various components can be easily made up far in advance of
use and stored separately in the refrigerator. However, once they are mixed together, they begin
reacting, with the glutaraldehyde reducing the osmium. At room temperature, the mixture will turn
an opaque black within 1 hr after mixing. This is not of concern because there is such an excess
of both fixative components. Some workers insist that this sort of procedure should be done at 4°C
to minimize the fixative interactions, but it is unnecessary and theoretically would impede the
interaction of the fixatives with the tissue to some extent. The whole point of this regimen is to be
able to stabilize both proteins and lipids in the early moments of the fixation schedule, rather than
waiting for 1-2 hr to stabilize the lipids with osmium. This technique is very effective for certain
protozoans and seems to improve some neural samples.

c. Aldehyde Mixtures

Karnovsky first introduce aldehyde mixtures as primary fixatives in 1965. His original for-
mula contained 5% glutaraldehyde and 4% formaldehyde made freshly from paraformaldehyde in
80mM cacodylate buffer at pH 7.3 and included 5mM CaCl,. Various workers almost immedi-
ately modified this highly hypertonic medium (2,010 mOsm) by using it in a half-strength formu-
lation. Over the years, some investigators have used phosphate buffer rather than cacodylate
buffer, have used other percentages of the constituent aldehydes, or have omitted the calcium chlo-
ride. Thus, when reading the literature, beware of papers indicating that they used “Karnovsky’s”
fixative. Unless the authors specifically spell out the formulation they used, all you know is that
they used some combination of formaldehyde and glutaraldehyde in some sort of buffer for their
primary fixation.

Another major advance came in 1976 when McDowell and Trump examined a variety of
aldehyde fixative combinations for kidney perfusions. They determined that 4F:1G (4% formalde-
hyde, 1% glutaraldehyde in a sodium phosphate buffer at pH 7.2-7.4) fulfilled their needs most
completely. They were looking for a fixative of moderate osmolarity (760 mOsm) that could be
made from commonly stocked chemicals with long shelf lives (25% biological-grade glutaralde-
hyde and 37-40% biological-grade formaldehyde) and that could be made into the final fixative
solution and stored for some months before use (up to 3 months at 4°C). In addition, they wanted
a fast-penetrating fixative that was suitable for perfusing kidneys. The formaldehyde component
penetrated the tissue rapidly and was then followed by the more slowly diffusing glutaraldehyde,
which stabilized the tissue more thoroughly and more permanently than the formaldehyde. This
fixative was easier to formulate than Karnovsky’s, since the formaldehyde was not made up fresh
from paraformaldehyde powder and had a longer shelf life before application to tissues. They also
determined that kidneys could be stored in the fixative for up to a year at 4°C without any serious
structural changes. Finally, they noted that 4F:1G-fixed tissues embedded in paraffin still sec-
tioned well and could be subjected to common histological staining techniques with excellent
results. This contrasted significantly with the situation for most electron microscopy fixatives.
Almost all procedures call for the use of at least 2% glutaraldehyde for fixing samples for
ultrastructural examination. Tissues prepared in this fashion and then embedded in paraffin are
typically brittle and hard to section. In addition, the excess glutaraldehyde in the samples with
unbound hydroxyl groups makes them nonspecifically Schiff’s reagent positive. As mentioned
earlier, this is one way to monitor the depth of fixative penetration into tissues fixed with glu-
taraldehyde. By dropping the glutaraldehyde concentration to only 1%, most of the glutaraldehyde
hydroxyl groups that could react with Schiff’s reagent are cross-linked to proteins in the tissue and
are thus unavailable to react with the stain.
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d. Temperatures for Fixation

As mentioned previously, temperatures for fixation are variable in the literature. Many
workers are convinced that fixing on ice or at 4°C is necessary. During fixation, various hydrolytic
enzymes, such as acid phosphatases and esterases, begin leaking from their storage compartments
(lysosomes) as membranes become partially solubilized during fixation. These enzymes can
hydrolyze various cytoplasmic components, culminating in their removal during ensuing aqueous
and other solvent washes. It is recognized that formaldehyde and glutaraldehyde, our most com-
monly used primary fixatives, do not completely inactivate a broad assemblage of enzymes
(Hopwood, 1967, 1972). We make use of this knowledge when designing protocols for enzyme
cytochemistry but frequently overlook it when questioning a partially unsuccessful fixation
procedure. Maintaining a temperature considerably below the normal V_,, range for these
enzymes thus makes some sense. In addition, lower temperatures should also decrease the amount
of cellular extractions possible during various fluid washes while tissues are being processed.

However, low temperatures will depolymerize microtubules and will cause vasoconstriction
during perfusions of live animal tissues.

Our laboratory has used room-temperature fixation for 1 hr in 4F:1G fixative followed by
postfixation for 1hr in 1% osmium in a 0.1 M phosphate buffer, which is suitable for a variety of
tissues from mammals, birds, fish, and plants, as well as for viruses, bacteria, fungi, and protozoans.

e. Storage

Storage of fixatives has been covered under the sections on individual fixatives, but a gen-
eral recapping is in order. Most aldehyde fixatives diluted to working strength and appropriately
buffered for use are stable for at least a year at 4°C. Aqueous osmium stocks are stable for months
at the same temperature, provided that no dirt, buffer, or other reactive substances have been intro-
duced and that they are stored in the dark.

Discussions on the pros and cons of storing EM samples in fixatives are relatively scarce
in the literature (Bozzola and Russell, 1999; Flegler et al., 1993; Robinson et al., 1987). Glauert
(1975) suggested, “... Fixation should not be prolonged since aldehydes do not stabilize lipid
components and these may well be extracted during an extended fixation.” Hayat (2000) says “The
most desirable practice in the preparation of specimens for electron microscopy is to fix and
embed them immediately after their collection.” He gives no information concerning the outcome
of long storage in fixatives but does say that storage of aldehyde-fixed samples in buffer “... is not
recommended.” In one of Hayat’s earliest texts (1970), he discusses acceptable results reported in
the literature in cases where samples had been stored in various aldehydes for several months or
buffered formalin for up to 1 year. Chapter 5 in Procedures in electron microscopy (Robards and
Wilson, 1993) provides a section on sample storage in fixatives and repeats the conventional wis-
dom that “... best preservation of biological specimens is achieved when processing immediately
follows primary fixation.” They next review reports that prolonged storage of perfusion-fixed liver,
kidney, brain, and heart samples from rats fixed and stored at either 4°C or 21°C for up to
12 months produced rare myelin-like whorls of membrane in all of the tissues, but most promi-
nently in the brain tissue at 6 months of storage. By 12 months, the whorls were associated with
“areas of lucency,” suggesting lipid leaching. Myelin-like whorls were also seen in skin samples
stored for up to 4 weeks in phosphate-buffered 2.5% glutaraldehyde. In addition, storage of gas-
trin cells in 4% glutaraldehyde for 24 hr produced a marked decrease in dense-cored granules in
the cells. Other workers insist that samples should never be stored in aldehydes because excessive
protein precipitation will take place over time. Figures 11 and 12 compare a rat kidney sample
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Figure 11. Distal convoluted tubule of a rat kidney fixed with 4F:1G and processed on the same day in 1985. 10,769X.

fixed and processed to resin on the same day in 1985 to a piece of the same sample of rat kidney
stored in 4F:1G fixative at 4°C until final processing to resin in 2002. You will note that they are
essentially indistinguishable and that long-term storage in aldehyde fixative produced a good pub-
lishable image. Long-term storage in other aldehyde fixatives has not been explored in our labo-
ratory, but similar results would be expected. If the primary fixation is of a high quality, storage
at 4°C in the fixative for long periods should not seriously degrade the samples.

However, it is generally agreed that long-term storage of samples in osmium solutions is
not a good idea because within hours, polypeptides are cleaved into peptides, which are solubi-
lized by the various washes, resulting in significant extraction of cellular contents.

f. Perfusion Methods

As mentioned before, perfusion methods for a variety of tissues are thoroughly discussed
by Hayat (1981, 2000), and thus the technical aspects will be omitted here. Suffice it to say that
if your research necessitates perfusion, it is best to consult recent literature in your area to
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Figure 12. Distal convoluted tubule from the same rat kidney as shown in Fig. 11, except that it was fixed in 4F:1G in
1985 and subsequently stored at 4°C until further processing in 2002. 10,769X.

determine what your colleagues are doing with success. Perfusions are indicated when the tissue
autolyzes quickly, changes structurally when vascular supplies are compromised (kidneys), or is
deep within a large organism, necessitating lengthy dissection procedures before you can excise
the small pieces mandated for good fixation, such as with brain. Clearly, utilizing the vasculature
of an organism for the delivery of fixatives to all cells in a tissue is quicker than relying on diffu-
sion of the fixative from the surface into a millimeter cube.

Most textbooks and manuals discount the need for any consideration of transport when
working with plants or other nonvascular (in the circulating-fluid sense) organisms. There are
exceptions to this concept, however. Dr. Gene Shih (personal communication) studied phloem in
higher plants in the early 1970s and discovered that sieve-tube elements with plasmodesmata com-
municating with adjacent cells presented two different pictures depending on whether the stems
were cut beneath fixative solutions or whether they were cut and then immersed into fixatives.
He suggested that the image produced from stems sliced open under fixative solutions was less
artifactual.



24 Chapter 1

g. Marine Organisms

Marine organisms collected from nature or grown in complex artificial media can present
special problems on occasion. Many ciliates and flagellates will continue swimming to the top of
a tube while you are trying to spin them to the bottom prior to fixative addition. In these situa-
tions, it becomes necessary to mix a double-strength fixative in equal volume with the surround-
ing medium in the tube to kill them prior to centrifugation. If the medium contains significant
amounts of reactive salts, such as calcium or magnesium, phosphate buffers will become copre-
cipitated with them, thus potentially putting precipitates into the tissue, as well as losing the
buffering capacity of the medium and the fixative buffer. To avoid this problem, it is advisable to
utilize cacodylate buffers, as will be detailed in the section on buffers.

Mixing double-strength fixative solutions with organisms contained in growth media is
also necessary if the organisms have cellular projections, such as bacterial pili or flagella, which
may be shed by the organisms if handled excessively. In many cases, once the fixative kills the
cells, the structures will not be shed.

h. Anesthetics

Anesthetics are another often overlooked aspect of fixation. The various common
anesthetics utilized in animal research affect some tissues in deleterious ways that must be
considered when designing fixation protocols. A tissue such as liver can respond to certain classes
of anesthetics such as barbiturates. Thus, if working with liver, other anesthetics should be con-
sidered. A more thorough discussion of this topic can be found in Hayat’s works (1981, 2000).

i. Nutritional States

Nutritional states of some organisms can affect the perceived fixation quality. A liver from
an animal fed right up to the moment of sacrifice is structurally different in terms of glycogen
reserves and mitochondrial configurations from an animal taken off food 12 hr before sacrifice.
Compare ultrathin sections from the liver of a well-fed rat (Fig. 13) with those from the liver of a
fasted animal (Fig. 14). You will note that hepatocytes of the well-fed liver contain large cyto-
plasmic pools of dark, granular glycogen, while the hepatocytes from the fasted rat liver have
dense cytoplasmic contents devoid of this material. This kind of change is important to consider
when designing protocols and evaluating resulting photographs.

This whole section on fixation should make it clear that a variety of approaches can
usually be taken to solve the same problem. If the initial simple attempts with general protocols
fail, move on to more esoteric formulations to stabilize the samples in question. The approach in
our laboratory is to try something like 4F:1G fixative first; we rarely have to move on to the more
complicated procedures.

I1l. BUFFERS
A. Molarity/Molality/Osmolarity/Tonicity

Before any serious consideration of buffering systems can be undertaken, it is useful to
review the various ways to discuss the concentration of solutions. When making up chemical
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Figure 13. Rat liver from well-fed rat. 3,385X.

solutions, we normally talk in terms of molarity, wherein a 1.0M solution is one molecular
weight (MW) of solute brought up to 1liter with solvent. Conversely, to make a solution with
a molality of 1.0, I MW of the solute is added to sufficient solvent to produce a kilogram of
solution.

A related concept used with acidic and basic solutions is normality (N). If the acid has only
one hydrogen (HCI) or the base has only one hydroxyl group (NaOH), normality and molarity are
identical. However, if there is more than one hydrogen or hydroxyl group in the formula, the
normality and molarity are not identical, and the concept of equivalent weight must be considered.
Equivalent weight is the molecular weight divided by the number of unit charges. Hydrochloric acid
has a molecular weight of approximately 36.45, which means that a 1.0M solution would contain
36.45 g of pure HCI, brought up to 1 liter with water. A 1.0 N solution would be formulated the same
way, since the molecular weight divided by the number of unit charges (one hydrogen) is still
36.45g/1. A 1.0M solution of phosphoric acid (H;PO,4), however, consists of 98 g/l, but only
32.67 g/l is needed to make a 1.0N solution (98 MW/3 charges due to the three hydrogens = 32.67).

The term osmolarity (Osm/l) occurs frequently in discussions of buffers and fixative
solutions. Tonicity and osmolarity are equivalent. An isotonic solution has the same osmotic
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Figure 14. Rat liver from fasted rat. 3,385X.

potential as the cytoplasm of cells within it. If a nonelectrolytic solution is involved, molarity and
osmolarity are the same. If a solution contains a dissociating electrolyte, the osmolarity is greater
than the molarity (the osmotic pressure on the cells greater than it would be for a nonelectrolyte
solution of the same molarity). Osmolarity is most frequently measured by freezing-point depres-
sion of a solution. Fixative solutions are typically either isotonic or slightly hypertonic (see Saito
and Tanaka, 1980 for examples of the effect of different tonicities on cells).

Unfortunately, osmolarity of the cytoplasm of a living cell is not measurable. In practice,
this means that fixatives with different tonicity have been tried on a variety of cell and tissue types.
Some of those that have worked have had their osmolarity checked. Further studies can use an
osmometer to ensure that all fixative solutions have the same osmolarity. Naturally, in a given
organism such as a rat different tissues may have various osmolarities. It then becomes a task of
empirically determining the best osmolarity for a fixative and buffering system. Once a suitable
buffer strength is selected, an osmometer can be utilized to reproduce this osmolarity for ensuing
studies. Thus, the osmolarity of a fixative or buffer can be measured, but the osmolarity of a cell
is hard to determine. The best function of an osmometer is to measure the consistency of tonicity
of solutions.
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To formulate a glutaraldehyde fixative solution with the same osmotic potential as the
osmium postfixative solution, it would be necessary to increase the tonicity of the vehicle (buffer)
for the osmium because osmium has less osmotic potential than glutaraldehyde. A quick scan of
the bulk of the electron microscopy techniques used in the literature makes it obvious that most
investigators use the same buffer for both the primary and secondary fixative solutions, so absolute
equivalencies in osmolarity are not necessary in customary practice.

B. Purpose

The purpose of buffers is threefold. First, the buffer serves as a solvent for the fixative con-
stituents. Second, the buffer helps maintain a specified pH. Third, the buffer maintains tonicity, as
described above. In the primary fixative, all three factors are important. However, after primary
fixation in aldehydes, tonicity becomes a trivial concern because the cell membranes are no longer
subject to osmotic potentials due to a major increase in permeability for small molecules conferred
by primary fixation.

This is best exemplified by one of the major techniques utilized for the preparation of
samples for cyroultramicrotomy (Tokuyasu, 1983). In this technique, cells are lightly fixed with
aldehydes prior to being rinsed and placed in 2.3 M sucrose in phosphate buffer. If the cells were
placed in sucrose prior to the aldehyde fixation, they would plasmolyze badly, but primary fixa-
tion prevents plasmolysis because of molecular changes in the plasmalemma induced by primary
fixation.

Maintenance of pH is a significant activity of buffers, particularly if tissues are stored in
the primary fixative or buffers for any period of time. As mentioned in the section on osmium, if
osmium is the primary fixative, it tends to cleave polypeptides into their constituent peptide
molecules. As the process continues, more and more carboxy terminals are exposed, causing a
tendency for a decrease in pH that the buffer must resist. Tissues left in unbuffered osmium go
from pH 6.2 to 4.4 in 48 hr (Hayat, 1981). Cellular necrosis itself can cause pH changes as the
constituent proteins undergo autolysis, leading to the same potential for a drop in pH.

When designing buffering protocols, it is important to recognize that pH is somewhat
dependent on temperature, so the buffer pH should be adjusted at the temperature at which the
buffer is to be used. Another consideration is the effect of buffer concentration. A 0.2 M buffer
diluted to 0.1 M by adding an equal volume of distilled water will still have the same pH, but its
buffering capacity will be reduced.

C. Types, Characteristics, and Uses of Buffers
1. Phosphate Buffers

Phosphate buffers are probably the most widely used buffers in biological work. They are
used for irrigation solutions for living tissues during surgical procedures (phosphate-buffered
saline, or PBS), are used to make up immunologically active solutions during immunocytochem-
ical staining procedures, and are used widely to buffer fixatives for light and electron microscopy
preparations. They can be used to wash living cells in culture without inducing injury. The pH is
maintained more effectively than with the other most commonly used buffer, sodium cacodylate.
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In electron microscopy, phosphate buffers may be formulated from monobasic sodium
phosphate (NaH,PQO,), as in Millonig’s phosphate buffer, or from a combination of monobasic and
dibasic (Na,HPO,) sodium phosphate, as in Sorenson’s buffer. Phosphate buffers are preferred by
many workers, partially because of the lack of toxicity compared with the second most commonly
used buffer, sodium cacodylate. However, the reactivity of phosphate groups must be considered
when formulating solutions containing positively charged compounds, such as calcium or magnesium
salts. It has been reported that the dibasic form of phosphate may cause protein precipitation and
also can precipitate lead, uranyl acetate, and other polyvalent cations. Glauert (1975) has shown
dog lung cells covered with a black precipitate that is said to be due to mixing phosphate buffer
with osmium. Similar work in our laboratory has never produced this artifact. Phosphate buffers
are best used either at physiological pH or in a slightly alkaline formulation (pH 7.2-7.4). Their
buffering capacity drops dramatically when significantly above or below this range.

2. Sodium Cacodylate (Cacodylate) Buffer

Cacodylate buffer is the second most commonly used buffering material used in electron
microscopy. Like phosphate buffer, it is used primarily at physiological pH or at slightly alkaline
conditions, though it buffers effectively at pH 6.4-7.4. It lacks the strongly reactive character of
phosphate solutions and thus can be used in cytochemical reaction mixtures and with media con-
taining various ions without fear of coprecipitation with other solution components. If, for exam-
ple, you are faced with fixing a marine protist that cannot be centrifuged easily in a living state
because the organism swims to the top of the tube, it is often advisable to mix double-strength
buffered fixative in equal volume with seawater containing the organism. However, seawater con-
tains numerous salts that can be precipitated by phosphate buffers with consequent drastic changes
in pH. Cacodylate buffers will avoid this problem, but this will precipitate uranyl acetate.
Furthermore, sodium cacodylate contains arsenic and can produce arsenic gas when exposed to
acids. It is toxic to the user and can cause dermatitis, so it must be handled with care. Sodium
cacodylate is more toxic to cells than phosphate buffers. Finally, sodium cacodylate is also
considerably more expensive than phosphate buffer components.

3. Collidine Buffer

Collidine buffer has mostly historical significance at this time. It was used as a buffer for
osmium when used as a primary fixative. It was originally used because it had an effective pH
range of 6.0-8.0, but it caused significant extraction of proteins in some tissues and was not com-
patible with formaldehyde, leading to membrane damage. It is also a relatively toxic compound.

4. Veronal Acetate

Veronal acetate buffer works most effectively at pH 4.2-5.2, is ineffective at physiological
pH, and is reactive with aldehydes. It is thus contraindicated as a buffer for electron microscopy.
Veronal acetate was first used as a buffer when osmium was being used as a primary fixative
(Palade, 1952). Hayat (2000) states that it produces better membrane preservation than other
buffering systems used with osmium. Veronal acetate is useful for cytochemical procedures that
require maintenance of slightly acidic conditions.
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5. Tris

Tris buffer is most effective above pH 7.5 and thus finds most use in cytochemical incu-
bation solutions for demonstrating enzymes with activity under alkaline conditions. It may react
with glutaraldehyde, so washing after primary fixation must be thorough.

6. Sodium Bicarbonate

Sodium bicarbonate is frequently encountered in buffers prepared for physiological stud-
ies but is not commonly recommended for electron microscopy fixative preparation. Salema and
Brandao (1973) suggested that it was superior to phosphate buffers for the preservation of plant
tissues.

7. Zwitterionic Buffers

The zwitterionic buffers PIPES, HEPES, and MOPS are a class of buffers little used in
electron microscopy that are either amines or N-substituted amino acids. They have been used in
tissue culture media, indicating their lack of toxicity and their effective buffering capabilities.
Hayat (1981) states that they might find utility in microanalytical studies because they do not
contain ions that might compromise elemental analysis. He also suggests that they produce a
relatively high cellular density because of increased retention of proteins and phospholipids.

8. Miscellaneous Buffers

Various enzymatic localization protocols require maintenance of either high or low pH, so
miscellaneous buffers are used for these specific purposes. It is helpful to recognize that many of
these buffers have incompatibilities with common components of fixative solutions, and appro-
priate washes need to be employed to prevent inappropriate interactions between the constituents
of these different solutions.

1IV. DEHYDRATION

A. Purpose

The purpose of dehydration agents is to remove water from samples so that they can be
infiltrated with the most widely used embedding media that are typically immiscible with water.
Dehydration is also important for the preparation of materials for SEM, removing water from the
specimen, and typically replacing it with ethanol, which then can be exchanged with liquid
carbon dioxide during the critical-point drying process.

B. Agents

Ethanol and acetone are the two most commonly used dehydration fluids, with propylene
oxide frequently recommended as a final transition solvent used to make up diluted epoxide
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mixtures during the initial resin infiltration. Many of the electron microscopy texts and laboratory
manuals suggest that propylene oxide is necessary for epoxide resin infiltration or that it is in some
way superior to acetone as a transition solvent. This is neither borne out in practice nor mandated
by the resin manufacturers’ and vendors’ instructions. The standard epoxide resins in use today
(Spurr’s resin, Poly-Bed 812, LX-112, SPI-Pon 812) are easily mixed with acetone, and infiltra-
tion is excellent with this transitional solvent. In addition, these resins are also miscible with
ethanol and the resulting blocks section well, though the blocks are usually somewhat tacky on the
surface. Despite its long record in the literature, because propylene oxide is the most toxic of the
three solvents, has the highest vapor pressure, and confers no discernible advantage to infiltration
processes for epoxide resins, it can no longer be recommended.

1. Ethanol

Ethanol continues to see the widest application as a dehydration agent. It is the most
benign of the solvents used for dehydration because it is not as strong an organic solvent as ace-
tone and thus is potentially less injurious to the user. In addition, it exhibits less flammability than
acetone. However, Luft and Wood (1963) reported that 4% of proteins were extracted during dehy-
dration following primary fixation in osmium, with the majority being lost in the more dilute
ethanol steps. None were lost in 95-100% ethanol rinses or in the propylene oxide step. A study
by Hanstede and Gerrits (1983) described linear shrinkage of about 9.3% in liver dehydrated with
ethanol, mostly in ethanol concentrations above 95%.

2. Acetone

Acetone has been used as the sole dehydration agent in some protocols and appears to
cause less tissue shrinkage than an ethanolic series. An early study by Page and Huxley (1963)
determined that while 10% linear shrinkage in skeletal muscle occurred with ethanol dehydration,
none was noticeable with an acetone series. Phospholipids stabilized by en bloc uranyl acetate
treatment should be relatively unextracted by acetone dehydration, while the more hydrophobic
lipid entities such as sterols and glycerides can be expected to be significantly extracted.

3. Dimethoxypropane

Dimethoxypropane (DMP) has been recommended as a superior dehydration agent com-
pared to acetone or ethanol because more water-soluble entities remain in place (Thorpe and
Harvey, 1979). Other workers (Beckmann and Dierichs, 1982) have suggested that DMP treatment
extracts more lipids than ethanol or acetone. Due to the relatively limited application of DMP for
dehydration in comparison with the other two solvents listed, it is still difficult to make a strong
argument for the use of DMP.

C. Parameters

It should be evident from this brief discussion that shrinkage and extraction of various cel-
lular components are to be expected with any dehydration series. It is thus important to consider



Specimen Preparation for Electron Microscopy 31

ways to minimize this effect. Employing a protocol that provides the least amount of time in sol-
vents, including the eventual infiltration of resins (which are also solvents) is clearly the best plan.
A brief scanning of the literature will reveal that there are proponents of cold dehydrations to min-
imize extractions, while other workers routinely dehydrate at room temperature. If refrigerated
dehydration series are used, they will tend to develop increased water content after each exposure
to room-temperature air as they come out of the refrigerator due to condensation of moisture from
the air as it contacts the cold solvent. This can compromise the “dryness” of the final dehydration
steps (100% ethanol, 100% acetone). As you will see in the section on resins, this is of extreme
importance, because any residual water in the specimen or transition solvent can ruin the poly-
merization capabilities of most epoxide resins.

There are various approaches to dehydration, some involving more incremental steps and
some involving fewer steps. If speed is the most important consideration, as might be expected in
certain clinical settings, extremely rapid dehydration can be accomplished if the tissue samples are
kept small (0.25 mm?). Coulter (1967) completed a successful dehydration using ethanol followed
by propylene oxide in under 30 min utilizing such small pieces of tissue and constant agitation.
Under most circumstances, however, it is more convenient to dehydrate at a more leisurely pace.
In our laboratory, we remove our osmium postfixative with two quick distilled water rinses fol-
lowed by room temperature washes in 50% ethanol (15 min), 75% ethanol (15 min), 95% ethanol
(two 15-min washes), 100% ethanol (two 30-min washes), and finish with two 10-min washes
with 100% acetone before beginning our epoxide resin infiltration steps. We have never encoun-
tered any problems with insufficient dehydration or any appearance of excessive extraction. This
procedure has been used with organisms from the five major kingdoms of life with equally good
results.

V. EMBEDDING MEDIA
A. ldeal Qualities

Ideal qualities of embedding media include uniformity of batches of resin components,
good solubility in dehydration agents, and low viscosity as a monomer, along with minimal
shrinkage, stability under the electron beam, minimal granularity, and good sectioning character-
istics. Unfortunately, some of these goals are mutually exclusive. For example, resins with low
viscosity tend to shrink significantly during polymerization (see Table 2 for a listing of resins and
resin viscosities). In addition, certain sacrifices are made when cytochemical or immunocyto-
chemical methods are employed. Methods and media designed for the preservation of chemical
reactivity often lead to muddier images than seen with samples prepared for strictly structural
studies.

B. Classes and Characteristics of Resins

1. Acrylic Resins

The use of acrylic resins, primarily for immunocytochemical procedures, is predicated on
the fact that these resins are more hydrophilic than the highly hydrophobic epoxide resins utilized
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Table 2. Selected Resin Embedding Media

Acrylic
Hydrophilic (polar): used primarily for immunocytochemistry
Lowicryl K4M (polymerizes with UV at —35°C)
Lowicryl K11M (polymerizes with UV at —60°C)
LR White (polymerizes at room temperature with added accelerator; at 60°C overnight without accelerator)
LR Gold (polymerizes at —25°C with UV)

Hydrophobic (apolar): good for lipid retention
Lowicryl HM20 (polymerizes with UV at —70°C)

Lowicryl HM23 (polymerizes with UV at —80°C)

Epoxy (viscosities in centipoises [cP] at 25°C)
Water-immiscible
Epon 812 (150-210 cP; manufacture discontinued by Shell Oil Co. in 1979)
Epon 812 Replacements:
©® Medcast (Pelco)
® Eponate 12 (Pelco)
® SPI-pon 812 (SPI)
® Poly/Bed 812 (Polysciences; somewhat water miscible)
® EMbed 812 (EMS)
o LX-112
Araldites
© 502 (3,000cP)
® 6005 (1,300-1,650cP)
Maraglas 655 (500 cP)
Spurr (60 cP)
HXSA-based Low Viscosity (21 cP; similar to Spurr except NSA replaced with Hexenyl Succinic Anhydride
[HXSA]; Pelco)
Water-miscible
Durcupan
Quetol 812 (140 cP; Kushida, H. 1983. J. Electron Microsc. 32: 65)
Quetol 651 (15 cP; Fujita ez al. 1977. J. Electron Microsc. 23: 165)
Quetol 653 (60 cP; Kushida, H. 1980. J. Electron Microsc. 29: 193)

Melamine
Nanoplast (water-miscible, no dehydration necessary; good for LM and EM; 8 to 10 times more expensive than
resins such as Spurr’s)

Polyester
Vestopal-W

for standard structural studies. This allows sections of acrylic resin embedded materials to be
probed with a variety of aqueous reagents with great success.

Acrylic resins were first used in the form of glycol methacrylates (Newman et al., 1949).
The glycol methacrylates have proved inadequate for ultrastructural examination because of their
lability under the electron beam but have remained important for light microscopy studies, pri-
marily in the form of JB-4™ resin. Acrylics, in general, are prone to uneven polymerization,
which can be due to impurities in the resin or to the specimen itself catalyzing polymerization.
Acrylics are strong lipid extractors as well as being more unstable under the electron beam than
the epoxide resins. They must be polymerized in the absence of oxygen, so specimens are usually
placed into resin-filled gelatin capsules, which are capped to exclude excess oxygen. Acetone also
prevents polymerization, so the typical dehydration series is ethanolic, culminating in 95-100%
ethanol for the water-miscible acrylics such as Lowicryl K4M, and LR White. Osmium in tissues
can lead to inadequate polymerization in some cases, notably with the glycol methacrylates used
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for light microscopy. Osmium also renders tissues opaque, thus preventing proper polymerization
if ultraviolet (UV) light is used. Lowicryl resins will polymerize at room temperature with their
catalyst, but the reaction is exothermic and produces an unacceptable increase in temperature
unless polymerized at lower temperatures (on ice, typically). LR White resin sections can be
usually picked up on uncoated grids, though they will respond to the electron beam by drifting
initially. However, Lowicryl sections generally need a support film such as Formvar to prevent
excessive movement under the beam. See Table 2 for brief descriptions of some of the acrylic
resins currently in use.

2. Polyester Resins

Polyester resins were introduced by Kellenberger et al. (1956). The most commonly
available resin is Vestopal W. It is more immune to beam damage than the methacrylates that it
replaced, shrinks less, and polymerizes more evenly. The presence of air results in uneven
polymerization. Polymerized blocks are harder than epoxy resin blocks. Two of the three
components, benzoyl peroxide and cobalt napthenate, are unstable even if held at 4°C, and
benzoyl peroxide must be mixed with Vestopal W prior to the addition of cobalt napthenate or a
strongly exothermic reaction may take place. Heat may be used to polymerize the resin, eliminating
the need for cobalt napthenate. The polymerized resin has excellent sectioning characteristics, low
background, and consequent high contrast.

3. Epoxide Resins

Epoxide resins (see Table 2 for brief descriptions of readily available types) were intro-
duced in 1956, with the Araldites (Glauert et al., 1956) finding wide use despite their high vis-
cosity. Luft (1961) published a seminal paper utilizing Epon 812 from Shell Oil Co., which had
considerably less viscosity than the Araldites. Several authors then formulated mixtures of Epon
and Araldites (Mollenhauer, 1964) that yielded blocks with the excellent sectioning characteris-
tics of Araldites, along with a lower viscosity than found with Araldites used alone.

Epon was often used as the sole embedding medium because of its relatively low viscos-
ity, minimal shrinkage, excellent sectioning and staining characteristics, and the low granularity
of resulting images. Unfortunately, Shell Oil Co. stopped producing Epon in 1979, and the
various Epon substitutes subsequently marketed are not exact replacements for Epon in all of the
characteristics mentioned. Be aware that contemporary literature frequently mentions that samples
were embedded in Epon (which was a specific trade name for the Shell Oil Co. product), but the
investigators are invariably using one of the substitutes. Since the various Epon substitutes avail-
able from different vendors are not identical, it is useful to ascertain which Epon substitute they
are actually using.

Most of the epoxides are extremely intolerant of the presence of water and will fail to
polymerize properly if the tissue is not totally dehydrated, resulting in extremely rubbery blocks
from which tissues cannot be rescued. As mentioned in the dehydration section, the epoxides are
soluble in ethanol, acetone, and propylene oxide, though most schedules suggest passage through
acetone or propylene oxide. These fransitional solvents are better solvents for the resins than
straight ethanol, though propylene oxide is more toxic than acetone and has no features to
recommend its use. A few of the more recently derived resins are water miscible (see Table 2).
Resins with viscosities higher than about 150 cP benefit from longer infiltration times, more gradual
steps involving diluted resins, and rotation or tumbling of the specimens during infiltration.
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Mollenhauer (1986) suggested the addition to Spurr resin of 0.1-0.4 g of lecithin dissolved
in 0.1-0.4 g of peanut oil to improve sectioning characteristics with glass knives. This technique
may be applicable to other epoxide resins.

Spurr resin (Spurr, 1969) is an excellent all-purpose epoxide resin that penetrates most tis-
sues easily, stores for up to 2 months at —20°C, and has a short infiltration series (30 min in 50%
Spurr/50% acetone; two 60-min steps in 100% Spurr; transfer samples to new Spurr in molds and
polymerize overnight to 3 days at 70°C). If stored frozen, Spurr resin must be warmed to room
temperature before opening to prevent water condensation, which would prevent proper polymer-
ization of the resin. It has been our experience that vigorous conversation while changing resins
or introducing samples into resin in molds is enough to produce rubber blocks, presumably due to
a fine saliva spray being added to the liquid resin. The low viscosity of the monomer is associated
with visible shrinkage in molds during polymerization. In addition, the resin chemically interacts
with commonly used silicon embedding molds, unlike the other epoxides, resulting in premature
failure of the molds (pieces of the silicon are pulled from the molds during block removal and
cracking of the mold chambers is common over time). Spurr resin also does not stain effectively
with aqueous uranyl acetate, so a 5% methanolic stain is usually employed, which can result in
extensive wrinkling of sections if they are not dried properly (see the comments on section stain-
ing at the end of Chapter 4).

4. Polyethylene Glycol

Polyethylene glycol (PEG) was introduced as an embedding medium for producing
sections for high-voltage electron microscopy (Wolosewick, 1980). The technique involves
dehydrating normally fixed tissues to 100% ethanol, followed by placing the samples into a
1:1 mixture of 100% ethanol and PEG 4000 overnight at 60°C in uncapped vials, to let the
alcohol evaporate. The tissues are then removed, briefly blotted dry, and placed in predried
gelatin capsules filled with fresh PEG 4000. When the specimen has sunk to the bottom, the
capsule is rapidly immersed in liquid nitrogen. Ultrathin sections are then cut (though the blocks
are extremely hydrophilic and must be blotted dry frequently during sectioning) and placed on
Formvar and poly-L-lysine-coated grids (the latter to keep the sections attached to the plastic
film). They are next dehydrated again to remove the PEG and critical-point dried. This results
in critical-point dried sections on grids without any surrounding medium, which thus have
sufficient contrast to eliminate the need for poststaining. Samples embedded in PEG are relatively
difficult to produce, so this technique has been largely limited to high-voltage electron microscopy
preparations.

5. Miscellaneous Water-Miscible Media

Before the introduction of modern water-miscible acrylic resins in the form of the
Lowicryls and the LR resins, media such as urea—aldehdye (Pease and Peterson, 1972) and
Heckman and Barrnett’s (1973) glutaraldehyde—carbohydrazide (GACH) were introduced to
increase lipid retention and to produce sections that could be used for cytochemistry. These were
innovative and useful in their day, but more difficult to handle than the acrylics, and so they have
faded into history.
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6. Health Hazards

All resins and their associated solvents present potential hazards. As mentioned previously,
many workers still utilize the epoxide, propylene oxide, as a transitional solvent for epoxide
resins. This is unnecessary and contraindicated due to its toxicity. We deal with a significant num-
ber of toxic substances during sample preparation and any that can be, should be eliminated. All
epoxide resins should be treated with respect, but the vinylcyclohexene dioxide found in Spurr
resin has been singled out for particular caution. It has been reported that, in addition to being
potentially carcinogenic in liquid or vapor form, it is even dangerous after polymerization
(Causton, 1981), suggesting that block trimming that produces chips of resin is a procedure that
requires careful monitoring and cleanup. Acrylic resins are reputed to be less toxic than epoxides,
but all resins and most of their solvents can cause dermatitis, so repeated contact with them may
produce hypersensitivity. There are no readily available gloves guaranteed to be impervious to
penetration by these substances. Double-gloving, wearing nitrile-based gloves, and keeping
exposure times short may help, but the best policy is to prevent contact with these media in any
way at any time.

C. Embedding Mold Types
Choice of Molds

The choice of molds is determined by the characteristics of the embedding medium
employed and the need for specific specimen orientation. If an acrylic or polyester medium is
used, air must be excluded, so gelatin capsules are commonly used. Polyethylene molds such as
BEEM™ capsules are sometimes incompatible with acrylic resins polymerized with heat because
they can partially dissolve. Flat embedding molds made of silicone rubber permit sample orienta-
tion. These molds come in a variety of colors and shapes, and are designed for different widths,
lengths, and depths of resulting resin blocks. Some ultramicrotome chucks, in particular those
used with Reichert and Leica ultramicrotomes, work best with flat blocks of a specific width that
span the stepped ledges in the chucks. Experimentation with different mold configurations from
different suppliers will reveal which ones work best for a specific ultramicrotome. The depth of
the mold chambers also can be critical for some of the more brittle resins. Spurr resin blocks tend
to break during trimming if too thin, so we use relatively deep molds to minimize this problem.
One type of BEEM™ capsule has an extremely narrow attenuated tip that is not recommended for
general use because they have a tendency to show chattered sections due to flexing. However, they
permit good orientation of long, thin samples such as peripheral nerves or optic nerves, for trans-
verse sections.

Specialized molds have been developed to embed cells grown on coverslips (Chang
coverslip molds) or to serve as a substrate on which cells can be grown, fixed, dehydrated, and
embedded, resulting in a 1 X 3in. (2.5 X 7.6 cm) slide that has excellent optical characteristics for
selecting individual cells to section (Hanker-Giammara mold). Consult the catalogs from electron
microscopy supply houses listed at the back of this text for details concerning the different types
of embedding molds manufactured.

Another approach to achieving desired sample orientation is to flat-embed tissues, cut out
areas of the blocks and reorient them by gluing them to previously polymerized resin blocks
containing no samples. Pieces of tissue can also be removed from polymerized resin blocks with
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a jeweler’s saw and oriented in empty flat-embedding molds, which then can be filled with fresh
liquid resin and polymerized.

D. Agar Embedment

Agar embedment is a useful method for turning suspensions of cells, particulates such as
mitochondria and microsomal preparations, or small metazoans such as shrimp embryos into
tissue-like blocks for ease of handling during processing. Typically, cells are placed in primary fix-
ative and rinsed several times in buffer before being immersed in molten water agar (at 45-50°C)
and immediately centrifuged to bring the sample into the tip of the centrifuge tube (see the detailed
instructions in the section Chapter 1 Techniques).

Another use of agar for specimen handling is the agar-peel technique for cells in situ.
In this procedure, adherent cells in flasks or Petri dishes are rinsed free of growth medium with
PBS to remove media proteins that otherwise would be fixed by aldehyde fixatives. The culture is
then covered with the appropriate aldehyde fixative. After 30-60 min, the primary fixative is
removed from the culture by several rinses with an appropriate buffer, and the cells are osmicated
for an appropriate period of time and rinsed several times with distilled water. Molten 3—4% water
agar is then gently poured onto the surface of the culture and allowed to harden. The culture is
then dehydrated in a normal fashion. During the 100% acetone steps, the agar should come away
from the dish, hopefully with the cultured cells attached to it. At that point, the agar with the cells
can be cut into strips for further processing in vials and then finally flat embedded. On some occa-
sions, the agar lifts off without removing the cells from the plate. If this occurs, put the plate back
into 100% ethanol, so the plate will not be totally dissolved by the acetone. Then, go directly into
a mixture of plastic resin and 100% ethanol after several rinses in 100% ethanol. After polymeriza-
tion, pieces of the dish containing cells can be cut out with a jeweler’s saw and glued to other blank
blocks for sectioning. A method utilizing Permanox™ Petri dishes for growing, fixing, and embed-
ding cells without using the agar-peel technique is described in the section Chapter 1 Techniques.

VI. EXAMINATION OF TISSUES PREPARED WITH
A VARIETY OF FIXATIVES AND BUFFERS

We have already discussed various types of aldehyde fixatives and their combinations, as
well as different buffers that can be used, and mixtures of aldhehydes and osmium for primary
fixations. At this point, it would be useful to compare the effect of different protocols on a set of
tissues. We have chosen three mouse tissues (kidney, liver, and small intestine). All the tissues
were collected at the same time from the same animal and immediately placed in the various fix-
atives. Primary fixation was for 1 hr at room temperature, and in the cases where osmium was used
as a postfixative, that step also lasted for 1 hr at room temperature. All tissues were rinsed in the
same buffer used during primary fixation, rinsed in distilled water after osmium treatment, dehy-
drated in an ethanolic series, and embedded in Spurr resin as described in the section on routine
processing of TEM samples in the Techniques section of this chapter. The figure legends describe
the fixation protocol for each sample.

Figures 15-24 illustrate mouse kidney fixed in a variety of solutions. No totally unaccept-
able images appear, except in two cases. Figure 21 from a kidney fixed simultaneously with
glutaraldehyde and osmium shows mitochondria almost in negative contrast and an overall mud-
diness of preservation, while the kidneys fixed in glutaraldehyde without osmium post-fixation
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Figure 15. Mouse kidney fixed with Carson’s fixative (4% formaldehyde in a phosphate buffer, pH 7.28. Postfixed in 1%
osmium in the same buffer (Fix #1). 10,923 X.

(Fig. 24) has indistinct membranous profiles, as well as electron-lucent areas where materials
were extracted. The image shows a general granularity and muddiness. There are variations
between the other preparations from the standpoint of mitochondrial density and nuclear and cyto-
plasmic extraction, but there is nothing in the series that is clearly unacceptable. In normal prac-
tice, samples prepared in exactly the same way with the same fixatives will show variation in the
same range as seen in these samples.

Examination of the liver samples (Figs. 25-34) reveals more variation than found with the
kidney samples. The Carson’s-fixed sample (Fig. 25) had very irregular nuclear outlines and
poorly differentiated glycogen. The full-strength Karnovsky’s sample (Fig. 27) showed marked
distension of endoplasmic reticulum, along with an apparent leaching of cytoplasmic materials.
The material exposed to half-strength Karnovsky’s (Fig. 28) showed some dilation of endoplasmic
reticulum, along with a swollen and ruffled nuclear envelope profile. Tissues treated with osmium
as a primary fixative (Figs. 32 and 33) showed some cytoplasmic extraction and damaged
mitochondria. Finally, the liver fixed with glutaraldehyde, but without osmium postfixation (Fig. 34),
had large extracted areas and indistinct membranous profiles.
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Figure 16. Mouse kidney fixed McDowell and Trump’s 4F:1G in phosphate buffer, pH 7.22. Postfixed in 1% osmium in
phosphate buffer (Fix #2). 10,923 X.

The intestine samples (Figs. 35—44) looked well fixed except for the sample fixed with glu-
taraldehyde in phosphate buffer with osmium postfixation (Fig. 39), the sample treated with
glutaraldehyde in cacodylate buffer with osmium postfixation (Fig. 40), the simultaneous glu-
taraldehyde/osmium fixation (Fig. 41), and the glutaraldehyde fixation without osmium postfixa-
tion (Fig. 42). The glutaraldehyde-fixed materials that had an osmium postfixation had
mitochondrial abnormalities (swelling) in both phosphate and cacodylate buffering systems,
though the defect was most noticeable with cacodylate buffer (Fig. 40). The intestine sample fixed
with glutaraldehyde without osmium postfixation (Fig. 44) had empty spaces and indistinct mem-
brane profiles, as found with the kidney and liver samples fixed in the same way.

This series of photographs is meant to illustrate that good fixation can be influenced by the
type of tissue and individual sample of tissue, as well as the constituents of the fixative solution.
Most of the fixations in the series resulted in usable material, but an aldehyde fixation followed
by osmium postfixation seemed to offer the best preservation. The poor image quality for the
intestine samples fixed in glutaraldehyde with an osmium postfixation seems to be anomalous.
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Figure 17. Mouse kidney fixed in Karnovsky’s, pH 7.25. Postfixed in 1% osmium in the same buffer (Fix #3). 10,923 X.

Unfortunately, it represents the fact that good fixative solutions can yield bad samples, even with
rapid collection of samples thinner than 1 mm.

Evaluation of semithin sections (Figs. 45 and 46) also can deliver a wealth of information
about the success of fixation techniques. Figure 45 shows a rat liver fixed in 4F:1G (McDowell
and Trump, 1976), followed by osmication. The surface of the tissue block is at the lower left of
the photograph. Large grayish glycogen pools are seen in the cytoplasm. As one moves deeper into
the block (upper right), it becomes evident that these glycogen pools are increasingly extracted,
indicating poor fixation. The nuclei also become more open as the nucleoplasm has been
extracted. Figure 46 shows a mouse kidney semithin section from a block of tissue simultaneously
fixed with glutaraldehyde/osmium in a phosphate buffer. The surface of the tissue (lower left)
is well fixed, but only two to three kidney tubules into the block, the tissue becomes grossly
understained due to poor fixation. In this case, the combined action of both fixatives working on
the tissue simultaneously apparently blocked the ingress of the fixative components deeper into
the sample. Similar-sized blocks fixed with sequential procedures do not show this artifact.
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Figure 18. Mouse kidney fixed in half-strength Karnovsky’s, pH 7.25. Postfixed in 1% osmium in the same buffer
(Fix #4). 10,923 X.

VII. A QUASI-UNIVERSAL FIXATION, DEHYDRATION, AND
EMBEDMENT SCHEDULE SUCCESSFULLY USED FOR
ORGANISMS FROM THE FIVE MAJOR KINGDOMS OF
LIFE (SEE THE FIXATION SCHEDULE IN THE SECTION
CHAPTER 1 TECHNIQUES)

Figures 11 and 12 illustrate distal convoluted tubule epithelial cells from a rat kidney that
was perfused with 4F:1G in March 1985. Figure 11 is a piece of the tissue that was processed
immediately after perfusion, and Fig. 12 is of the same kidney sample that was processed in
2002, after storage in 4F:1G at 4°C since 1985. Both of these figures show cells containing mito-
chondria that have a normal density and that have no evidence of artifactual swelling. The nuclear
envelopes and the endoplasmic reticulum are not significantly dilated. Overall, cytoplasmic and
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Figure 19. Mouse kidney fixed in 2% glutaraldehyde in 0.1 M phosphate buffer, pH 7.27. Postfixed in 1% osmium in the
same buffer (Fix #5). 10,923 X.

nucleoplasmic ground substance is well preserved, and the various cytoplasmic membranes do not
show any notable discontinuities.

Figure 47 is from a small intestine of a bobwhite quail infected with Cryptosporidium. The
enterocytes contain mitochondria, lysosomes, and nuclei, none of which show any signs of fixa-
tion damage. Part of an adjacent goblet cell also has normal ultrastructural conformation. The
Cryptosporidium trophozoites contained nuclei and characteristic electron-dense granules, as well
as a network of tubules constituting the feeding apparatus along the border of the attachment zone
on host cells. There is an obvious separation of the protozoan pellicle from the cytoplasmic con-
tents in the two more mature cells. All of these features are consistent with images published for
various coccidians, including Cryptosporidium. The density of the nucleoplasm and cytoplasm
indicates good chemical fixation.

Figure 48 shows a cell of Giardia that was grown in liquid artificial medium prior to
fixation. A centriole and associated rootlet for a flagellum are shown, as well as the complex
subpellicular microtubule array characteristic of this organism. The nuclear envelope and
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Figure 20. Mouse kidney fixed in 2% glutaraldehyde in 0.1 M cacodylate buffer, pH 7.26. Postfixed in 1% osmium in the
same buffer (Fix #6). 10,923 X.

endoplasmic reticulum reveal no artifactual swelling. No extraction of the cytoplasm or nucleo-
plasm is evident.

Mammalian cells infected with herpes virus HHV6 (Fig. 49) have slight mitochondrial
abnormalities in the form of swelling and motheaten areas, which are consistent with profiles of
a great number of cells grown in culture (Franks and Wilson, 1977). Otherwise, the cytoplasmic
and nucleoplasmic preservation looks normal for chemical fixation.

Healthy fish skin containing both cytoplasmically dense and relatively electron-lucent epi-
dermal cells is shown in Fig. 50. Desmosomes and their associated tonofilaments are well pre-
served. The nucleus and cytoplasm of the less electron-dense cell are somewhat extracted, and the
nuclear envelope profiles are somewhat distended. Figure 51 is an illustration of a hypertrophied
fish epidermal cell from a field-collected sample infected with the iridovirus, Lymphocystis. The
cell surface has a network of cytoplasmic extensions, and the cytoplasm contains numerous mito-
chondria in apparently good condition.
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Figure 21. Mouse kidney fixed in 2% glutaraldehyde/0.5% osmium in 0.1 M phosphate buffer, pH 7.39. Simultaneous
fixation with no postfixation (Fix #7). 10,923 X.

The yeast, Rhodotorula, and the filamentous fungus, Aspergillus, are shown in Figs. 52
and 53, respectively. They both show well-fixed wall materials, mitochondria, and cytoplasmic
ground substance. The Aspergillus cell contains two nuclei, which have well-preserved nuclear
membranes, as well as one lipid droplet. An unevenly distributed extracellular matrix is present
(Fig. 53).

Escherichia coli (Fig. 54) cells appear normal and contain the expected distribution of
ribosomes and bacterial chromosomal material typical for this organism after chemical fixation.
The cell membranes appear well preserved, and the cytoplasmic ground substance appears
unextracted.

Root meristem cells from Zea mays (Fig. 55) contain well-fixed nuclei, mitochondria,
vacuoles, and plasmodesmata through the cell walls. No swelling of endoplasmic reticulum,
nuclear, or mitochondrial profiles is seen. Starch grains are somewhat extracted, as is typical for
chemically fixed plant cells. The nucleoplasm and cytoplasm appear unextracted.
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Figure 22. Mouse kidney fixed in 1% osmium in 0.1 M cacodylate buffer, pH 7.26. No postfixation (Fix #8). 10,923 X.

McDowell and Trump (1976) designed their 4F:1G fixative to address a number of
problems peculiar to their kidney research:

1. Kidneys need to be perfused with fixatives at physiological pressure to maintain proper
structural integrity of proximal convoluted tubules.

2. Kidney researchers customarily examine materials by both light microscopy of paraffin
sections and by electron microscopy of plastic sections.

3. Tissues fixed in glutaraldehyde concentrations of 2% or greater become difficult to sec-
tion due to brittleness if embedded in paraffin; they also exhibit nonspecific periodic
acid-Schiff staining throughout due to the free hydroxyl groups of glutaraldehyde, which
are not totally bound to the fixed tissues.

4. Collection of large numbers of tissues from relatively complicated surgical procedures
frequently results in sampling over long periods of time before it is possible to finish the
processing run to polymerized resin blocks.
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Figure 23. Mouse kidney fixed in 1% osmium in 0.1 M phosphate buffer, pH 7.39. No postfixation (Fix #9). 10,923 X.

Our experience with this fixation regimen over the last 26 years has illustrated that it
accomplishes the goals listed above but, fortunately, has even greater capabilities than originally
described.

We have shown that good quality, publishable electron micrographs can be produced from
a variety of tissues stored for greater than 5 years at 4°C in 4F:1G (Dykstra et al., 2002). In addi-
tion, Figs. 11 and 12 demonstrate the comparability of images produced from the kidney tissue
processed on the day it was taken, or stored for 18 years at 4°C before processing.

Probably the most significant aspect of our routine processing schedule for TEM is the
potentially broad applicability to organisms from five kingdoms of life and from various environ-
ments. We have used this schedule on terrestrial plants, terrestrial metazoans, marine metazoans
and protozoans, fungi, bacteria, and viruses. We have fixed free-living protozoans, parasitic
protozoans, tissues, and cells in culture. There are still some cell types that do not fix well with
4F:1G, but we feel that this is always a good starting point for fixing samples that have not been
approached before.
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Figure 24. Mouse kidney fixed in 2% glutaraldehyde in 0.1 M phosphate buffer, pH 7.27. No postfixation (Fix #10).
10,923%.

Many fixation regimens probably will work equally well with the variety of tissues and
cells from the variety of environments that we have studied. We have chosen to recommend 4F:1G
because of the variety of specimens that we have personally seen respond well to the fixative. In
addition, we appreciate the flexibility available to submit samples of fixed tissues for histological
preparation for light microscopy concomitantly with submission for electron microscopy process-
ing without compromising either eventual use. Finally, 4F:1G fixative can be stored for at least 3
months at 4°C before use, and once tissues are immersed in the fixative, they can be stored for
years at 4°C and still be expected to provide publishable results.
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Figure 25. Mouse liver, Fix #1. 10,923 X.
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Figure 26. Mouse liver, Fix #2. 10,923 X.
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Figure 27. Mouse liver, Fix #3. 10,923 X.
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Figure 28. Mouse liver, Fix #4. 10,923 X.
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Figure 29. Mouse liver, Fix #5. 10,923 X.
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Figure 30. Mouse liver, Fix #6.

10,923X.
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Figure 31. Mouse liver, Fix #7. 10,923X.
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Figure 32. Mouse liver, Fix #8. 10,923 X.
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Figure 33. Mouse liver, Fix #9. 10,923 X.
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Figure 34. Mouse liver, Fix #10. 10,923 X.
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Figure 35. Mouse small intestine, Fix #1. 10,923 X.
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Figure 36. Mouse small intestine, Fix #2. 10,923X.
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Figure 37. Mouse small intestine, Fix #3. 10,923 X.
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Figure 38. Mouse small intestine, Fix #4. 10,923 X.
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Figure 39. Mouse small intestine, Fix #5. 10,923X.
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Figure 40. Mouse small intestine, Fix #6. 10,923 X.
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Figure 41. Mouse small intestine, Fix #7. 10,923X.
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Figure 42. Mouse small intestine, Fix #8. 10,923 X.
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Figure 43. Mouse small intestine, Fix #9. 10,923 .
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Figure 44. Mouse small intestine, Fix #10. 10,923 X.
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Figure 45. Rat liver, semithin section stained with toluidine blue O. 460X.
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Figure 46. Mouse kidney, semithin section stained with toluidine blue O. 460X.
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Figure 47. Bobwhite quail intestine infected with Cryprosporidium (arrows). Note the normal appearance of goblet cells
(G) and enterocytes (E). 4,600X.

Figure 48. Giardia from liquid culture with centriole (C) and associated rootlet and nucleus (N) closely associated with
the subpellicular microtubule array. 15,600X.



Figure 50. Healthy fish skin (Zilapia) showing desmosomes (D) with associated tonofilaments. 12,300X.
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Figure 51. Field-collected fish skin cell infected with Lymphocystis virus (arrows). 12,000X.

Figure 52. Yeast cell (Rhodotorula) with mitochondria (M) and endoplasmic reticulum (arrows). 29,400X.



Figure 53. Filamentous fungus (Aspergillus) showing nuclei (N), mitochondrion (M), lipid droplet (L), and extracellular
matrix (arrows). 29,100X.

Figure 54. Bacteria (Escherichia coli). 23,900X.
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Figure 55. Corn root meristem showing nucleus (N), mitochondria (M), starch grains (S), vacuoles (V), cell wall (C), and
plasmodesmata (arrowheads). 5,400X.

REFERENCES

Aldrich, H.C., Biemborn, D.B., and Schonheit, P. 1987. Creation of artifactual internal membranes during fixation of
Methanobacterium thermoautotrophicum. Can. J. Microbiol. 33: 844.

Beckman, H.-J. and Dierichs, R. 1982. Lipid extracting properties of 2,2-dimethoxypropane as revealed by electron
microscopy and thin layer chromatography. Histochemistry 76: 407.

Bozzola, J.J. and Russell, L.D. 1999. Electron microscopy, 2nd edn. Jones and Bartlett, Boston.

Carson, F.,, Martin, J.H., and Lynn, J.A. 1973. Formalin fixation for electron microscopy: A reevaluation. Am. J. Clin.
Pathol. 59: 365.

Causton, B.E. 1981. Resins: toxicity, hazards, and safe handling. Proc. R. Microsc. Soc. 16: 265.

Coulter, H.D. 1967. Rapid and improved methods for embedding biological tissues in Epon-812 and Araldite 502.

J. Ultrastruct. Res. 20: 346.

Dykstra, M.J., Mann, PM., Elwell, M.R., and Ching, S.V. 2002. Suggested standard operating procedures (SOPs) for the prepa-
ration of electron microscopy samples for toxicology/pathology studies in a GLP environment. Toxicol. Pathol. 30: 735.

Flegler, S.L., Heckman, J.W. Jr., and Klomparens, K.L. 1993. Scanning and transmission electron microscopy.
W.H. Freeman and Co., New York.

Franks, L.M., and Wilson, P.D. 1977. Origin and ultrastructure of cells in vitro. In: G.H. Bourne, J.F. Danielli, and
K.W. Jeon (eds.), International review of cytology (Vol. 48). Academic Press, New York.

Ghadially, EN. 1985. Diagnostic electron microscopy of tumors, 2nd edn. Butterworths, London.

Ghadially, EN. 1997. Ultrastructural pathology of the cell and matrix, 4th edn. in 2 Volumes. Butterworth-Heinemann,
London.

Giberson, R.T. and Demaree, R.S., Jr. (eds.). 2001. Microwave techniques and protocols. Humana Press, Totowa, NJ.

Gilkey, J.C. and Staehelin, L.A. 1986. Advances in ultrarapid freezing for the preservation of cellular ultrastructure.
J. Electron Microsc. Tech. 3: 177.

Glauert, A.M. 1975. Fixation, dehydration and embedding of biological specimens. Elsevier North-Holland, New York.

Glauert, A.M., Rogers, G.E., and Glauert, R.H. 1956. A new embedding medium for electron microscopy. Nature 178: 803.



Specimen Preparation for Electron Microscopy 73

Glauert, A.M. and Lewis, P.R. 1998. Biological specimen preparation for transmission electron microscopy. Vol. 17. In:
A M. Glauert (ed.), Practical methods in electron microscopy. Princeton University Press, Princeton, NJ.

Hanstede, J.G. and Gerrits, P.O. 1983. The effects of embedding in water-soluble plastics on the final dimensions of liver
sections. J. Microsc. 131: 79.

Hayat, M.A. 1970. Principles and techniques of electron microscopy: Biological applications (Vol. 1). Van Nostrand
Reinhold, New York.

Hayat, M.A. 1981. Fixation for electron microscopy. Academic Press, New York.

Hayat, M.A. 2000. Electron microscopy: Biological applications, 4th edn. Cambridge University Press, New York.

Heckman, C.A. and Barmnett, RJ. 1973. GACH: A water-miscible, lipid-retaining embedding polymer for electron
microscopy. J. Ultrastruct Res. 42: 156.

Hopwood, D. 1967. Some aspects of fixation with glutaraldehyde: A biochemical and histochemical comparison of the
effects of formaldehyde and glutaraldehyde fixation on various enzymes and glycogen with a note on penetration of
glutaraldehyde into liver. J. Anat. 101: 83.

Hopwood, D. 1972. Theoretical and practical aspects of glutaraldehyde fixation. In: PJ. Stoward (ed.), Fixation in
histochemistry. Chapman & Hall, London.

Karnovsky, M.J. 1965. A formaldehyde—glutaraldehyde fixative of high osmolality for use in electron microscopy. J. Cell
Biol. 27: 137A.

Kellenberger, E., Schwab, W., and Ryter, A. 1956. L'utilisation d’un copolymere des polyesters comme materiel
d’inclusion en ultramicrotomie. Experientia 12: 421.

Leong, A.S.-Y., Daymon, M.E., and Milios, J. 1985. Microwave irradiation as a form of fixation for light and electron
microscopy. J. Pathol. 146: 313.

Leong, A.S.-Y. and Gove, D.W. 1990. Microwave techniques for tissue fixation, processing and staining. Electron Microsc.
Soc. Am. Bull. 20: 61.

Login, G.R. and Dvorak, A M. 1994. The microwave tool book. Beth Israel Hospital, Boston.

Login, G.R., Dwyer, B.K., and Dvorak, A.M. 1990. Rapid primary microwave-osmium fixation. I. Preservation of
structure for electron microscopy in seconds. J. Histochem. Cytochem. 38: 755.

Luft, J.H. 1956. Permanganate—a new fixative for electron microscopy. J. Biophys. Biochem. Cytol. 2: 799.

Luft, J.H. 1959. The use of acrolein as a fixative for light and electron microscopy. Anat. Record. 133: 305.

Luft, J.H. 1961. Improvements in epoxy resin embedding methods. J. Biophys. Biochem. Cytol. 9: 409.

Luft, J.JH. and Wood, R.L. 1963. The extraction of tissue protein during and after fixation with osmium tetroxide in
various buffer systems. J. Cell Biol. 19: 46A.

McDowell, E.M. and Trump, B.F. 1976. Histologic fixatives suitable for diagnostic light and electron microscopy. Arch.
Pathol. Lab. Med. 100: 405.

Millonig, G. and Marinozzi, V. 1968. Fixation and embedding in electron microscopy. In: R. Baser and V.E. Cosslett (eds.),
Advances in optical and electron microscopy (Vol. 2). Academic Press, New York.

Mollenhauer, H.H. 1964. Plastic embedding mixtures for use in electron microscopy. Stain Tech. 39: 111.

Mollenhauer, H.H. 1986. Surfactants as resin modifiers and their effect on sections. J. Electron Microsc. Tech. 3: 217.

Newman, S.B., Borysko, E., and Swerdlo, M. 1949. New sectioning techniques for light and electron microscopy. Science
110: 66.

Page, S.G. and Huxley, H.E. 1963. Filament lengths in striated muscle. J. Cell Biol. 19: 369.

Palade, G.E. 1952. A study of fixation for electron microscopy. J. Exp. Med. 95: 285.

Pease, D.C. and Peterson, R.G. 1972. Polymerizable glutaraldehyde—urea mixtures as polar, water-containing embedding
media. J. Ultrastruct. Res. 41: 133.

Robards, A.W. and Wilson, A.J. (eds.). 1993. Procedures in electron microscopy. Wiley, New York.

Robinson, D.G., Ehlers, U., Herken, R., Herrmann, B., Mayer, F., and Schiirmann, F.-W. 1987. Methods of preparation for
electron microscopy. Springer-Verlag, Berlin.

Sabatini, D.D., Miller, F., and Barrnett, R.J. 1963. Cytochemistry and electron microscopy, the preservation of cellular
ulstrastructure and enzymatic activity by aldehyde fixation. J. Cell Biol. 17: 19.

Saito, Y. and Tanaka, Y. 1980. Glutaraldehyde fixation of fish tissue for electron microscopy. J. Electron Microsc. 29: 1.

Salema, R. and Brandao, I. 1973. The use of PIPES buffer in the fixation of plant cells for electron microscopy.
J. Submicrosc. Cytol. 5:79.

Smith, R.E. and Farquhar, M.G. 1966. Lysosome function in the regulation of the secretory process in the cells of the
anterior pituitary gland. J. Cell Biol. 31: 319.

Spurr, A.R. 1969. A low-viscosity epoxy resin embedding medium for electron microscopy. J. Ultrastruct. Res. 26: 31.

Thorpe, J.R. and Harvey, D.M.R. 1979. Optimization and investigation of the use of 2,2-dimethoxypropane as a dehydra-
tion agent for plant tissues in transmission electron microscopy. J. Ultrastruct. Res. 68: 186.

Tokuyasu, K.T. 1983. Present state of immunocryoultramicrotomy. J. Histochem. Cytochem. 31: 164.

Wolosewick, J.J. 1980. The application of polyethylene glycol (PEG) to electron microscopy. J. Cell Biol. 86: 675.



74 Chapter 1
CHAPTER 1 TECHNIQUES

Making Dilutions

Diluting Stock Solutions

Making dilutions from preexisting stock solutions can sometimes be confusing, but Dr. Harry Dean,
who taught botanical microtechnique at the University of Iowa over 30 years ago, passed out a simple
formula for such work. For example, to dilute an 80% solution of acetic acid stock to make a 28% working
solution, the following formula would be used:

80% acetic acid stock 28 ml acetic acid stock

\

0% acetic acid (all water) / \ 52 ml water

28% acetic acid

In other words, to dilute an 80% acetic acid stock to a 28% solution, subtract 28 from 80 to determine
how much water (52 ml) should be added to 28 ml of the acetic acid stock.

Preparing Stock Solutions to be Mixed Together to Achieve
Specific Final Concentrations in a Working Fixative Solution

Various protocols specify final concentrations of substances within them without explaining how they
are prepared. It is frequently necessary to prepare stock solutions considerably more concentrated than the
final working solutions so that they may be mixed together sequentially without individual components
becoming overly diluted. For example, say a fixation procedure calls for a final solution containing 4% glu-
taraldehyde, 2% formaldehyde, and 0.1 M phosphate buffer. Most laboratories have 0.2 M phosphate buffer
stocks, so these could be diluted with an equal volume of a solution containing 8% glutaraldehyde and 4%
formaldehyde to produce the final solution desired. This would mean that to make 50 ml of this fixative, it
would be necessary to prepare 12.5ml of 16% glutaraldehyde from 25% biological grade glutaraldehyde
stocks using the dilution formula above (16 ml glutaraldehyde added to 9 ml distilled water) and 12.5 ml of
8% formaldehyde from 37% formaldehyde (8 ml formaldehyde added to 29 ml distilled water). The resulting
25 ml of glutaraldehyde/formaldehyde mixture produced by mixing the two stocks (8% and 4%, respectively)
would then be added to 25ml of 0.2M phosphate buffer to produce the final 4% glutaraldehyde/2%
formaldehyde solution in a 0.1 M phosphate buffer.

A Routine Fixation and Embedding Schedule for
Transmission Electron Microscopy Samples
(Tissues or Cells)

1. Applications and Objectives

This technique can be applied to viruses, bacteria, protozoans, plants, fungi, and animal tissues or
cells. Specific procedural instructions for handling microorganisms or cells in culture, monolayers in situ or
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suspended, are provided as separate protocols later in this text. Samples can be stored in the primary fixative
for several years in a refrigerator. The primary fixative is particularly useful for collecting samples in the field
for further processing later in an electron microscopy laboratory. McDowell’s and Trump’s 4F:1G fixative
(4F:1G) is equally useful for perfusion as well as immersion fixation of samples.

2. Materials Needed

4F:1G fixative

0.2M and 0.1 M Sorenson’s sodium phosphate buffer, pH 7.2-7.4
2% aqueous osmium

100% ethanol (to make the dilution series)

100% acetone (transitional solvent)

Spurr resin (6.3 g DER recipe)

3. Procedure

1. Immerse samples that are no more than 1 mm thick in at least one dimension in 4F:1G fixative as
quickly as possible. The fixative volume should be 5-10 times that of the sample volume. Fix for
1-2 hr at room temperature (see Cautionary Statement below about storage of fixed tissues).

2. Rinse tissue two times (15 min each) in 0.1 M Sorenson’s sodium phosphate buffer at pH 7.2-7.4.

3. Postfix sample in 1% osmium/0.1M phosphate buffer for 1hr at room temperature (made by
mixing equal volumes of 2% aqueous osmium and 0.2 M Sorenson’s sodium phosphate buffer, pH
7.2-174).

4. Rinse tissue in distilled water two times (5 min each).

5. Dehydrate sample by passing it through the following alcohol series. Always use fluid volumes at
least five to 10 times greater than the sample volume:

e 50% ethanol 15 min

o 75% ethanol 15 min (If necessary, samples can be left overnight at 4°C)
o 95% ethanol 15 min, two times

o 100% ethanol 30 min, two times

® 100% acetone 10 min, two times

6. Infiltrate with Spurr resin (6.3 recipe)

o Spurr:100% acetone (1:1): 30 min

e 100% Spurr resin: 60 min

e 100% Spurr resin: 60 min

e New 100% Spurr resin; put in appropriate molds with labels
7. Polymerize in 70°C oven overnight to 3 days.

4. Results Expected

Tissues/cells will have nuclear envelopes with parallel membranes, mitochondria, and endoplasmic
reticulum with no signs of swelling, and cytoplasm and nucleoplasm with no signs of excessive protein
extraction (Figs. 56 and 57).

5. Cautionary Statements

The fixatives used should be handled under a fume hood because of their toxicity and should not
come into contact with skin. Spurr resin is regarded as a carcinogen (Ringo et al., 1982), should be formu-
lated, handled, and polymerized under a fume hood, and should not come into contact with skin.

The primary fixative (4F:1G) is stable at 4°C for several months prior to use. Samples may be stored
at the same temperature for several years without excessive extraction of cytoplasmic components.
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3

Figure 57. Rat kidney perfused with 4F:1G and prepared by the routine processing schedule for TEM. X 5,280.

All osmium and water washes following osmium must be collected in a container designated for
osmium waste.

All plastic resins and diluted plastic resins must be collected in disposable plastic beakers for poly-
merization before disposal. Do not put any resins down laboratory sinks. The resins are considered to be
carcinogenic, so do not breathe the fumes or allow skin contact with the resin or its components.

Used Spurr resin should be removed from sample vials with 5% in. (13 cm) Pasteur pipets (Fig. 58)
and transferred to a disposable beaker kept under the fume hood. After several weeks, any remnants of
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acetone will have evaporated, and the resin will have polymerized. At that time, the beaker containing solid
resin can be discarded. To add fresh resin to vials, plastic disposable pipets (Fig. 59) are used to make sure
that pipets for removing waste resin are not confused with pipets containing fresh resin, leading to contami-
nation of fresh resin.

Spurr resin is readily contaminated by water. Be careful to keep all containers of the fluid resin closed
and free of water vapor. In some cases, breathing into vials containing resin or sneezing near resin in open
containers has resulted in poorly polymerized, rubber-like blocks.

Labels are customarily printed with a laserjet printer (Figs. 60-63), placed in molds during the last
100% infiltration step, and then placed in a 70°C oven until needed to assure that the labels and molds are

Figure 58. Removing resin from a sample vial with a glass 5 Y, in. (13 cm) Pasteur pipet for transfer to waste Spurr resin
beaker, shown to the left in the photo.

Figure 59. Adding Spurr resin to a sample vial with a plastic transfer pipet from a polypropylene bottle containing fresh
resin, located behind the tube rack.
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moisture-free. See the instructions for Spurr resin formulation concerning filling molds to proper levels. If
using BEEM™ capsules, remove the lids. If any of the epoxide resins contain residual amounts of the sam-
ple dehydration agents (ethanol, acetone), closing the caps of the BEEM™ capsules can result in retention
of these agents, thereby preventing proper resin polymerization.

Figure 60. BEEM™ capsules (all with lids properly removed except the one on the left) and flat silicone embedding mold
with prepared labels and applicator stick tapered with a razor blade, which will be used to add samples to molds after the

addition of a few drops of resin.

Figure 61. Putting a label in a flat embedding mold, with lettering down.
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Figure 62. Putting a label into a BEEM™ capsule, with lettering facing out.

Figure 63. Label properly positioned near the tapered portion of a BEEM™ capsule tip.
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Preparation of Primary (Aldehyde) Fixatives

All of the primary fixatives described are suitable for immersion fixation, while the modified
Karnovsky’s fixative and 4F:1G fixative are also specifically recommended as perfusates. All of the aldehyde
fixatives stabilize cellular components for further dehydration (TEM and SEM preparations) and embedment
in resins (TEM preparations).

1. Glutaraldehyde (2-4%) in a phosphate or cacodylate buffer is one of the most frequently used
fixatives for electron microscopy. It is usually easiest to make up a double-strength fixative solution
(8%) that can be diluted with equal volumes of a double-strength buffer of your choice (e.g., 0.2M
sodium phosphate buffer). This dilution produces a 4% glutaraldehyde fixative solution in a 0.1 M
phosphate buffer. This concentration of glutaraldehyde (4%) is often recommended for dense,
highly proteinaceous samples such as skin, since much of the glutaraldehyde in the solution will
be bound to the tissue proteins as the solution diffuses to the center of the tissue block. Hence,
the central portion of the tissue will receive a more diluted solution of glutaraldehyde than the
surface of the tissue, so it is reasonable to start with a high concentration of aldehyde to assure that
the center of the tissue receives a sufficient aldehyde concentration for good fixation. A
monolayer of cells, however, will have no aldehyde penetration problem and usually fixes well in
1% glutaraldehyde within 15-30 min.

2. 4F:1G fixative (McDowell and Trump, 1976) is a mixture containing 4% formaldehyde and 1%
glutaraldehyde in a monobasic phosphate buffer with a final pH of 7.2-7.4 and a final osmolality
of 176 mosmol. To make 100 ml of 4F:1G, mix the following in the order listed:

e 86 ml of distilled water

e 10ml of Fisher F-79 (37-40% formaldehyde)'
e 4 ml of 25% biological grade glutaraldehyde

e 1.16g of NaH,PO4H,0

e (.27 g of NaOH (stir while adding components)

3. Modified Karnovsky’s fixative (Karnovsky, 1965) is formulated at half the strength of the original
recipe, which decreases the tonicity of the solution and generally provides fixation that is better than
that produced by the full-strength mixture. In addition, we delete the calcium chloride called for in
the original recipe and utilize a phosphate buffer rather than the original cacodylate buffer, unless
we are concerned about charged materials in our fixation protocols (see recommendations about
cacodylate and phosphate buffer uses in the buffer section). Our recipe produces a fixative solution
containing 2% formaldehyde and 2.5% glutaraldehyde in phosphate buffer at pH 7.2-7.4.

a. Prepare 25ml of fresh 4% formaldehyde from paraformaldehyde (see below) in a 50-ml
volumetric flask.

! Substitution of formaldehyde made freshly from paraformaldehyde powder is recommended for cytochemical procedures
to avoid any potential problems from the stabilizers added to typical 37-40% formaldehyde stocks. As with all proce-
dures calling for formaldehyde made from paraformaldehyde, it is recommended that the fixative be made just before use
to lessen the chance that the formaldehyde rerepolymerizes into paraformaldehyde.

This fixative is strongly recommended for perfusions or immersion fixation of plants, animals, fungi, bacteria,
viruses, and many protozoans. The fixative is stable at 4 °C for at least 3 months before use, and samples may be stored
in the fixative at the same temperature for up to 5 years without any serious damage (see discussion in this chapter). In
addition, the glutaraldehyde concentration is low enough that tissues embedded in paraffin still section and stain well
(glutaraldehyde concentrations of 2% and above result in brittle paraffin blocks and nonspecific periodic acid-Schiff
reagent staining), so this is an ideal fixative if a sample is used for both light and electron microscopy.
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b. Add Sml of 25% biological grade glutaraldehyde.

c. Add 0.2M Sorenson’s sodium phosphate buffer pH 7.2-7.4 to bring the final volume to 50 ml.
This fixative keeps at 4°C for 1-2 weeks. After that time, it should be discarded because the
formaldehyde component may have begun repolymerizing into paraformaldehyde. Most users
do not recommend storing samples in Karnovksy'’s for extended periods of time.

d. A 4% formaldehyde solution from paraformaldehyde powder (Karnovsky, 1965) should be
prepared under a fume hood because of the toxicity of the formaldehyde fumes.

i.  Dissolve 1.0 g of paraformaldehyde in 25 ml of distilled water heated to 60-70°C (steam-
ing) with stirring.

ii. Add 1-3 drops of 1 N NaOH and stir until clear.

iii. Cover and cool to room temperature.

To prepare 4% formaldehyde in a 0.1 M phosphate buffer solution from paraformaldehyde stocks,

dissolve 2 g of paraformaldehyde in 25 ml of distilled water as described above, clear with NaOH,

cool to room temperature, and then dilute with 25 ml of 0.2 M phosphate buffer, pH 7.2-7.4.
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Preparation of Osmium (Osmium Tetroxide,
Osmium Tetraoxide)

1. Applications and Objectives

Osmium is a strong oxidizer known to interact readily with unsaturated double bonds found in vari-
ous molecules. Because of the high number of double bonds found in lipids, osmium is typically thought of
primarily as a lipid fixative. When osmium oxidizes double bonds, it is consequently reduced to electron-
dense osmium blacks, which stop an electron beam at the site of the reduced osmium. In addition, osmium
is soluble in nonpolar media, including saturated lipids, even though there will be no chemical reaction with
the saturated lipids. The osmium solubilized in the saturated lipids will be reduced by ethanol during dehy-
dration, thus resulting in an osmium black at the site of the saturated lipids.

This osmium formulation method will produce an uncontaminated 2% aqueous solution of osmium
stock from crystalline osmium. For use as a postfixative, a volume of the osmium stock is mixed with an
equal volume of double-strength buffer and used within a few hours. For example, mix 2 ml of 2% osmium
stock with 2 ml of 0.2 M Sorenson sodium phosphate buffer pH 7.2-7.4 to produce a postfixative consisting
of 1% osmium in a pH 7.2-7.4, 0.1 M sodium phosphate buffer.

2. Materials Needed

50ml of distilled water

1.0 g of osmium crystals in a sealed glass ampule

100 ml plastic-clad glass bottle with a plastic screw cap
Small triangular file

Pasteur pipet and bulb

Parafilm™
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3. Procedure
The cleanest method for producing an uncontaminated 2% aqueous osmium stock is as follows:

1. Heat S0ml of distilled water in a clean beaker to barely steaming on a hot plate under the fume
hood.

2. Heat the glass ampule containing osmium crystals (Figs. 64 and 65) with water that is almost too
hot for your hand. When the crystals have melted and run down into the bottom of the ampule
(Fig. 66), allow the ampule to return to room temperature (the osmium will recrystallize).

3. Score the ampule (preferably on the painted line), or look for the factory-made score mark to
rescore with a small triangular file.

4. Wrap the vial in a protective paper towel so that when the ampule is snapped, no glass fragments
become embedded in your hand (Fig. 67). Snap the vial.

5. Locate the half of the vial containing the recrystallized osmium (Fig. 68).

6. Use a clean Pasteur pipet to gently pipet a small volume of the steaming distilled water into the bro-
ken ampule containing osmium crystals. Pipet the water up and down (gently) until the osmium
crystals melt.

7. Transfer the liquid osmium to the 100-ml plastic-clad stock bottle (Fig. 69), being careful not to let
the liquid osmium run down the side of the bottle. If the liquified osmium contacts the side of the
room temperature bottle, it will crystallize and adhere to the side of the bottle, making it difficult to
dissolve the osmium in the water if it is above the final water level. Be extemely careful with the
liquified osmium crystals, since they are heavier than water and will tend to run out of the end of
the Pasteur pipet.

8. Once all the osmium has been transferred to the plastic-clad bottle, transfer the remaining steaming
distilled water to the container. A large drop of liquid osmium will be visible in the bottle. Next, cap
the bottle, wrap the cap and bottle neck with Parafilm™, and then place that bottle in a larger dark
bottle (or one wrapped in aluminum foil), preferably made of plastic to minimize the chance
of breakage. Leave the osmium container under the fume hood for about 24 hr (for a 2% solution)
or 48 hr (for a 4% solution) to allow the osmium to dissolve completely and then place it in a
refrigerator designated for toxic chemical storage.

Figure 64. Osmium crystals in a sealed ampule, located both above and below the constricted and scored portion of the
ampule, which will be the break line when the vial is snapped.
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Figure 65. Running warm water over the ampule to melt the osmium crystals so that they will run into the bottom half of
the ampule.

Figure 66. Ampule with recrystallized osmium in the bottom portion of the ampule.

4. Results Expected

After 24 hr, all of the osmium should have gone into solution, resulting in a straw-colored 2% aque-
ous osmium solution that is stable for months at 4°C if not contaminated by buffers or dirty pipets.




% Chapter 1

Figure 67. Ampule containing osmium wrapped in several layers of paper towels, ready to be snapped in two.

Figure 68. Ampule after breaking into two pieces, the bottom half containing osmium crystals.

5. Cautionary Statements

Osmium is a strong oxidant, has a high vapor pressure, and should not be inhaled or allowed to con-
tact skin. Any buffers or other contaminants inadvertently introduced into the osmium solution will cause
reduction and consequent contamination of the osmium, as evidenced by the solution becoming gray and
finally black. If the solution is anything but straw-colored, discard it.

If the osmium is not sealed and double-bottled as described, the high vapor pressure of the osmium
will allow the osmium to escape the container and contaminate the inside of the refrigerator (which will turn
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Figure 69. Osmium crystals melted in steaming distilled water from beaker to the right being pipetted into the osmium
stock bottle with a Pasteur pipet.

gray to black). All osmium stocks and osmium waste that is to be disposed of should be collected by proper
waste-disposal personnel after being placed in properly labeled containers.

Buffering Systems

The most commonly formulated buffers are phosphate buffers (either sodium phosphate or a mixture
of sodium and potassium phosphate) and buffers made from cacodylic acid. Both can buffer solutions in the
pH range of 6.5-7.5 quite effectively and thus lend themselves to the preparation of working solutions in the
physiological pH range of most tissues and cells.

Phosphate buffers are the least expensive to formulate and are regarded as nontoxic. Unfortunately,
the phosphate molecule has a negative charge and thus can interact with some cytochemical reagents or salts
in the medium that contains the organisms. Cacodylic acid buffers are toxic, since they contain arsenic. They
are also more expensive than phosphate buffers, but they do not possess highly reactive groups and are thus
the buffer system of choice when working near neutral pH with materials that contain positively charged
moieties capable of reacting with the phosphate buffers.

When working with various cytochemical procedures, it is often necessary to prepare incubation
media with high- or low-pH conditions, necessitating the employment of other buffering systems. These may
produce images of a lower quality than those produced from phosphate or cacodylic acid buffering systems,
but the pH conditions necessary for the reactions desired necessitate the use of these alternative buffering
systems. Tris buffers are commonly used for high-pH conditions, while acetate buffers are used for low-
pH conditions.

All buffers are intended to maintain the pH selected and to maintain the tonicity of a solution at a
level that will prevent plasmolysis or swelling of cells and tissues. For typical structural studies, the buffer is
intended to counteract the natural drop in pH that accompanies cell death. In addition, osmium postfixation
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results in some cleavage of polypeptides into smaller peptides with a consequent increase in carboxyl groups
within cells, which could cause a drop in pH leading to damage to cytoplasmic structures without buffering.

When adjusting the pH of buffers, the components in the buffers and the components contained in the
fixative solutions should be considered. If a sodium phosphate buffer is being used on cells that have been
previously grown in saline-containing medium, it would be appropriate to use NaOH or HCI to adjust pH,
since no new ions are being introduced to the system. If, however, compounds are employed that would inter-
act with chloride ions, the use of acetic acid to lower pH would be the best alternative. The recipes below are
intended for the preparation of buffer solutions with the pH specified at room temperature. If the buffer is to
be used at a temperature other than room temperature, it is necessary to check and possibly adjust the pH at
the temperature specified.

Cacodylate Buffers

1. Applications and Objective

Cacodylate buffer is used at physiological pH and is normally formulated from the sodium salt of
cacodylic acid with the formula (CH;),AsO,Na*3H,0, which has a formula weight of 214. To make a 0.2 M
stock, dissolve 4.28 g in 100 ml of distilled water and adjust the pH to 7.2-7.4 with 0.1 N HCI. This stock is
used to dilute osmium stocks and to make 0.1 M cacodylate buffer for washing samples (prepared by mixing
equal volumes of the stock and distilled water).

2. Materials Needed

Sodium cacodylate
Concentrated HCI
pH meter
Glassware

3. Procedure

To make 0.1 M cacodylate buffers with pHs from 6.4 to 7.4 (Robinson et al., 1987), two stock solu-
tions are prepared. Solution A is a 0.2 M sodium cacodylate stock prepared as described above. Solution B
is a 0.2 N HCl stock made by adding 16.6 ml of concentrated (36-38%) HCl to 1 liter of distilled H,O. To
prepare buffer solutions, place 50 ml of solution A into a 100-ml volumetric flask, add the appropriate amount
of solution B (see Table 3), and bring the final volume to 100 ml.

Table 3. Preparation of Cacodylate Buffers

pH Desired at

Room Temperature Quantity Solution B (ml)
6.4 36.8
6.6 26.8
6.8 18.8
7.0 12.8
7.2 8.4

7.4 5.6
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Reference

Robinson, D.G., Ehlers, U., Herken, R., Herrmann, B., Mayer, F., and Schurmann, F.-W. 1987. Methods of preparation for
electron microscopy. Springer-Verlag, Berlin.

Phosphate Buffers

1. Applications and Objectives

Phosphate buffers are typically used at physiological pH. They are specifically avoided in situations
where the negatively charged phosphate groups could be expected to interact with positively charged ions
in incubation media, causing precipitates to form. This can be a problem with cytochemical procedures
such as ruthenium red staining and also if the fixation protocol involves mixing fixative and buffer with
microorganisms in complex growth media or seawater without prewashing to remove the salt-containing
fluids.

There are three major phosphate buffers used in most laboratories: Sorenson’s phosphate buffer
formulated from sodium and potassium phosphate salts, Sorenson’s sodium phosphate buffer (which we
use exclusively in our laboratory), and Millonig’s sodium phosphate buffer.

2. Materials Needed

Monobasic sodium phosphate (NaH,PO,H,0)
Dibasic sodium phosphate (Na,HPO,, anhydrous)
Monobasic potassium phosphate (KH,PO,, anhydrous)
pH meter

Glassware

3. Procedures

Sorenson’s Sodium Phosphate Buffer, pH 7.3-7.4. To prepare a 0.2M Sorenson sodium
phosphate buffer at pH 7.2—7.4 for diluting osmium stocks and preparing 0.1 M phosphate buffer for washes
(by diluting 1:1 with distilled H,0):

Stock solutions:

Stock A: 0.2 M solution of NaH,PO,H,0 (27.6 g/l of H,0)
Stock B: 0.2 M solution of Na,HPO,, anhydrous (28.4 g/l of H,0)
To make 0.2M working buffer, pH 7.2-7.4: Mix 23 ml of stock A and 77 ml of stock B

Sorenson’s Sodium Phosphate Buffer at Various pH Values (Glauert, 1975)
Stock solutions:

Stock A: 0.2M solution of NaH,PO,H,0 (27.6 g/l of H,0)
Stock B: 0.2M solution of Na,HPO, (28.4 g/l of H,0)

To prepare a 0.1 M buffer solution at the desired pH, Stock A and Stock B are mixed in the amounts
shown in Table 4 and then brought to a final volume of 200 ml with distilled H,O.
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Table 4. Preparation of Sorenson’s Sodium Phosphate Buffer

pH Desired at

Room Temperature Stock A (ml) Stock B (ml)
5.8 4.0 46
6.0 6.15 43.85
6.2 9.25 40.75
6.4 13.25 36.75
6.6 18.75 31.25
6.8 24.5 25.5
7.0 30.5 19.5
7.2 36.0 14.0
7.4 40.5 9.5
7.6 43.5 6.5
7.8 45.75 4.25
8.0 47.35 2.65

Reference

Glauert, A.M. 1975. Fixation, dehydration and embedding of biological specimens. North-Holland, New York.

Sorenson’s Phosphate Buffer with Sodium and Potassium Phosphate (Robinson
etal., 1987)
Stock solutions:

e Stock A: 0.1 M Na,HPO,, anhydrous (14.2 g/l of H,0)
e Stock B: 0.1 M KH,POy, anhydrous (13.76 g/l of H,0)

To make a 0.1 M working buffer solution at a specific pH, Stock A and Stock B are mixed in the
amounts shown in Table 5.

Table 5. Preparation of Sorenson’s Sodium/Potassium

Phosphate Buffer

pH Desired at

Room Temperature Stock A (ml) Stock B (ml)
6.0 87.7 12.3
6.8 50.8 49.2
7.0 39.2 60.8
7.2 28.5 71.5
7.4 19.6 80.4
7.6 13.2 86.8
7.8 8.6 91.4
8.0 55 94.5

Reference

Robinson, D.G., Ehlers, U., Herken, R., Herrmann, B., Mayer, F., and Schurmann, F.-W. 1987. Methods of preparation for
electron microscopy. Springer-Verlag, Berlin.
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Millonig’s Phosphate Buffer (Millonig, 1964). This buffer is designed to be mixed with
osmium and used to fix very hydrated tissues. The pH of the buffer is 7.4, and the osmolarity is 440 mosmol,
hypertonic for most cells. It is recommended that the sodium chloride concentration be raised to 3% for fix-
ing marine organisms.

The buffer is prepared by dissolving 1.8 g of NaH,PO,H,0, 23.25 g of Na,HPO,7H,0, and 5.0 g of
NaCl in distilled H,O, with a final volume of 1 liter.

Reference

Millonig, G. 1964. Study on the factors which influence preservation of fine structure. In: P. Buffa (ed.), Symposium on
electron microscopy (p. 347). Consiglio Nazionale delle Ricerche, Rome.

Tris—HCI Buffer (Chayen et al., 1969)

1. Applications and Objectives

Tris buffer is not considered to be one of the better buffers for electron microscopy because it can
interact with aldehydes to some extent, but it is the best choice if a pH above 7.4 is needed for cytochemical
procedures, since cacodylate and phosphate buffers do not work well above pH 7.4.

2. Materials Needed

Tris(hydroxymethyl)aminomethane (TRIS)
HCl1

pH meter

Glassware

3. Procedure

1. Prepare stock solutions:
e Stock A: 0.2M TRIS (2.4 g of Tris/100 ml of H,0)

e Stock B: 0.1 M HCI (1.8 ml of 36-38% HCl added to distilled H,O and brought to 100 ml final
volume)

2. To prepare a 0.05M Tris buffer of specific pH, 25 ml of Stock A is added to the appropriate volume
of Stock B (see Table 6), and the mixture is brought to a final volume of 100 ml with distilled water.

Table 6. Preparation of Tris-HCI Buffer

pH Desired at

Room Temperature Stock B (ml)
74 42.0
7.6 38.5
7.8 345
8.0 29.0
8.2 23.0
8.4 17.5
8.6 13.0
8.8 9.0
9.0 6.5

9.2 4.0
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Reference

Chayen, J., Bitensky, L., Butcher, R.G., and Poulter, L.W. 1969. A guide to practical histochemistry. J.B. Lippincott,
Philadelphia.

Sodium Acetate Buffer (Chayen et al., 1969)

1. Applications and Objectives

Sodium acetate buffer is used for cytochemical procedures where a low pH is necessary for enzymatic
activity (as with the acid hydrolases of lysosomes).

2. Materials Needed

Sodium acetate (CH;COONa*H,0)
Glacial acetic acid

Glassware

pH meter

3. Procedure

1. Prepare stock solutions:
e Stock A: 0.2 M sodium acetate (2.72 g/l of H,0)
e Stock B: 0.2M acetic acid (1.2 g/100 ml of H,0)
2. To prepare a 0.2M acetate buffer of known pH, mix Stock A with Stock B, as shown in Table 7.

Table 7. Preparation of Sodium Acetate Buffers

pH Desired at

Room Temperature Stock A (ml) Stock B (ml)
3.6 8 922
3.8 13 87
4.0 20 80
42 30 70
44 40 60
4.6 50 50
4.8 60 40
5.0 70 30
5.2 80 20
54 86 14
5.6 90 10

Reference

Chayen, J., Bitensky, L., Butcher, R.G., and Poulter, L.W. 1969. A guide to practical histochemistry. J.B. Lippincott,
Philadelphia.
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Dulbecco’s Phosphate-Buffered Saline

1. Applications and Objectives

Dulbecco’s phosphate-buffered saline (DPBS) is not customarily used for fixative preparation or
washing steps during processing but is useful for washing the complex media containing salts and proteins
like bovine serum from cell cultures prior to primary fixation. If the growth medium is not washed from cell
cultures prior to fixation, or serum is not washed from blood samples (Fig. 70), precipitation and cross-link-
ing of extracellular proteins present will produce a background of fibrillar material.

Dulbecco’s balanced salt solution (DBSS) is often found in laboratories working with cell cultures
and is used to wash cell suspensions. Since this solution is prepared by adding 100mg/l of CaCl, and
59.2 mg/1 of MgSO, to DPBS, and thus contains reactive ions not present in DPBS, it is not recommended
for washing cells prior to primary fixation.

2. Materials Needed

Potassium chloride (KCI)

Monobasic potassium phosphate (KH,PO,4)
Sodium chloride (NaCl)

Dibasic sodium phosphate (Na,HPO,)

pH meter

Glassware

Figure 70. Canine blood sample fixed with 4F:1G without a DPBS rinse to remove serum proteins, which was
subsequently processed according to the routine TEM schedule. Note the granulo-fibrillar background serum proteins
stabilized by 4F:1G. X5,000.
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3. Procedure

To prepare DPBS, mix 0.2 g of KCl, 0.2 g of KH,PO,, 8g of NaCl, and 1.15g of Na,HPOj in dis-
tilled H,O, bring the final volume to 1 liter, and adjust the pH to 7.2-7.4.

Resin Formulations

The majority of ultrastructural studies undertaken today utilize one of two classes of embedding
media: epoxide and acrylic resins. The former provide superior structural images and are quite stable under
the electron beam but are extremely hydrophobic, while the latter exhibit somewhat diminished structural
preservation, particularly since many procedures utilizing the acrylic resins do not employ osmium postfix-
ation. Acrylic resins have diminished electron beam stability but are more hydrophilic than epoxides, which
is a useful characteristic for a variety of cytochemical procedures. Epoxides are generally infiltrated at room
temperature and polymerized with heat, while some of the acrylic resins can be infiltrated at low tempera-
tures (—20 to —80°C) and polymerized with ultraviolet radiation at the same temperature. The stated char-
acteristics of these resins explain why epoxides are employed more for structural studies, whereas the
acrylics are more useful for cytochemical procedures, particularly immunocytochemical procedures.

Resin infiltration of samples with waxy or chitinous cuticles such as plants and insects, respectively,
or thick cell walls and coats, as found with protozoans and seeds, may be difficult. Resin choice in terms of
viscosity (cP) thus is often dictated by sample type. Some resin viscosities are given in Table 8. Resins poly-
merize slowly at room temperature, resulting in changes in viscosity in as little as 24 hr, but storing most
epoxide resins at —20°C for 1-2 months works well as long as the resin is warmed to room temperature
before being exposed to air to prevent possible condensation of atmospheric moisture onto cold resin, which
would prevent proper polymerization of most epoxides.

To control the flow of viscous resin components being weighed during formulation of embedding
media, applicator sticks are quite useful. They can be held across the mouth of a bottle of resin component,
allowing the fluid to be dispensed into the polypropylene mixing bottle in a controlled way (Fig. 71). Always
use a new, clean applicator stick with each separate resin component to prevent cross-contamination.

Table 8. Viscosities of Commonly Used Resins®

Viscosity at Room Viscosity after 48 hr

Type of Resin temperature (cP) at 20°C (cP)
Epoxides:

e Epon-Araldite 506 800

e Epon 812 290 540

e Poly/Bed 812 300 330

e Spurr/Araldite 506 220

o LX-112 190 212

e Spurr 60
Acrylics:

e LR White 8

“ After Ellis (1983).
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Figure 71. Measuring out one component of Spurr resin mixture on a top-loading balance protected by a weighing dish
in case of spills. Note the gloves and the applicator stick used to control the flow rate into the polypropylene mixing bottle.

Reference

Ellis, E.A. 1983. Evaluation of the Epon 812 replacement resins, LX-112 and Poly/Bed 812. Proc. Southeast Electron
Microsc. Soc. 16: 14.

Spurr Resin

1. Applications and Objectives

Spurr resin was originally designed for plants with cell walls that were hard to infiltrate with higher-vis-
cosity epoxide resins. The resin is also ideal for other hard-to-penetrate specimens like insects and skin samples.
It provides a relatively brief infiltration schedule for most materials that can shorten overall specimen process-
ing times. The embedding resin is compatible with acetone, ethanol, and other commonly used solvents. The
resin is completely miscible with ethanol, though blocks polymerized following an ethanol-only dehydration
series often have a slightly tacky surface not found when acetone is used as a transitional solvent. Because of the
low viscosity of Spurr resin, it is not necessary to rotate or agitate specimens in the resin during infiltration.

With proper handling, Spurr resin provides quick infiltration of difficult samples and can be readily
trimmed and sectioned, yielding excellent results.

2. Materials Needed

ERL 4206 (vinylcyclohexene dioxide): a cycloaliphatic diepoxide
DER 736: a diglycidyl ether of polypropylene glycol, used to control hardness of the polymerized
blocks
e Nonenyl succinic anhydride (NSA), a hardener that should have minimal exposure to air to lessen
the chance of hydrolysis
Dimethylaminoethanol (S-1) (DMAE), an accelerator that induces rapid curing of the resin at 70°C
100-ml polypropylene bottle
Applicator sticks
Pasteur pipet with bulb
Top-loading balance
Parafilm™
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3. Procedure

Recipes. Several recipes are offered by the various vendors as shown in Table 9, with all compo-
nents weighed out in grams:

Table 9. Possible Spurr Resin Recipes

Component Standard Resin ~ Hard Resin  Soft Resin 6.3 Recipe
ERL 4206 10.0g 10.0g 10.0g 10.0¢g
DER 736 6.0g 40¢g 8.0¢g 63g
NSA 260¢g 260¢g 26.0¢g 26.0¢g
DMAE 04¢g 04g 04¢g 04¢g

In our laboratory, the resin components are added, in order, to a 100-ml polypropylene bottle with a
screw cap. The bottle is capped and swirled to mix the resin. The resin initially colors a deep yellow to orange
yellow but then clears to a lighter yellow. If the bottle neck and cap are wrapped in Parafilm™, the resin can
be stored at —20°C for several months. Make sure that the resin container is at room temperature before
opening to prevent condensation of water on cold resin, which would prevent proper polymerization. The
resin is fully cured in all the recipes listed after 8 hr at 70°C. Leaving the resin in the oven up to 3 days (over
a weekend) does not seem to change the qualities of the blocks compared with 8 hr of polymerization.

Infiltration and Polymerization. After tissues have been fixed in aldehydes, washed, postfixed
in osmium, and properly dehydrated with anhydrous acetone or ethanol, room-temperature infiltration with
Spurr resin can proceed.

1. Remove the solvent from vials containing samples and replace with new anhydrous solvent. Add an
equal volume of 100% Spurr resin (6.3) to the vials and mix gently by pipetting the solution up and
down with a fresh (and dry) Pasteur pipet. Cap the vial and let it sit 30 min.

2. Remove 1:1 mixture of Spurr resin and solvent and replace with 100% Spurr resin, cap vials and

let sit for 1hr.

Remove Spurr resin, replace with fresh Spurr resin, recap vials, and let sit 1 hr.

Prepare molds for samples.

5. Flat embedding molds or BEEM™ capsules should have dry labels inserted (Figs. 60-63) and
should then be filled about half full with fresh Spurr resin. Insert specimens into the molds and
orient them.

6. Finish filling molds. Fill BEEM™ capsules only to the line near the open end. Make sure that the
label is deep enough in the capsule to be well below the plastic resin level. The BEEM™ capsule
lids should be pulled off to assure that they will not be closed during polymerization, which tends
to produce rubbery blocks. Flat embedding molds should have laser jet (or lead pencil-marked)
labels placed information-side down in the chamber, and then the chamber should be filled about
half full prior to sample introduction. After the specimen is placed into a chamber and oriented
properly, resin should be added with a fresh Pasteur pipet until the resin level in the chamber is
slightly convex (Fig. 72). The resin decreases in volume during polymerization, and if the resin in
the chambers is concave before polymerization, the blocks will be thin and prone to breakage. If the
chambers are over-filled, the resin will flow over the mold edges during polymerization. Spurr resin
is the only epoxide resin that will interact with typical silicone rubber embedding molds, causing
them to curl up, split, and lose pieces of silicone when blocks are removed (Fig. 73).

W

4. Results Expected

Polymerized blocks should be colorless to slightly yellow, not remarkably brittle when trimmed with
a razor blade, and capable of being dented only slightly by a fingernail. Sections stain well with 5min in
methanolic uranyl acetate (100% methanol nearly saturated with uranyl acetate) followed by 8min in
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Figure 72. Side view of a silicone embedding mold with one chamber on the left end filled appropriately with Spurr resin.
After polymerization, the convex aspect of the fluid will have vanished as the resin shrinks during polymerization, and the
final block will have virtually parallel top and bottom sides.

Figure 73. Silicone embedding mold used with Spurr resin. The mold has probably been used two dozen times and has
interacted with the resin. The resin has caused the mold to curve. When the polymerized blocks were removed from the
mold, small pieces of the silicone were pulled away, as can be seen in the corner of the chamber at the lower left.

Reynolds’ lead citrate. Sections will often develop permanent folds that can intrude on virtually every grid
square (on a 200 mesh grid). These folds occur during the poststaining step in methanolic uranyl acetate.
Folds can be virtually eliminated by proper drying between staining steps (see the Techniques section on
staining). Some investigators have left the specimens overnight in 0.5% uranyl acetate after washing out the
osmium postfixative, followed by a water rinse prior to ethanolic dehydration as an alternative to uranyl
acetate poststaining, which will also avoid the problem of folds.
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5. Cautionary Statements

The firm formulation (6.0 g of DER 736) recommended by most vendors produces blocks that are so
hard that glass knives become rapidly degraded, and diamond knives even have some difficulty with the
material. When I was in Dr. R. Sjoland’s laboratory at the University of Iowa, we were trained to use 6.2 g
of DER 736 if we intended to cut sections with diamond knives and 6.4 g of DER if we had to cut all our sec-
tions with glass knives. For the last 23 years, my laboratories have used 6.3 g of DER 736 for materials des-
tined for either glass or diamond knife sectioning with good results.

As has been mentioned several times, Spurr resin, specifically the DER 736 component, is purported
to be carcinogenic, even after it is polymerized. For that reason, it is important to avoid contact with the com-
plete resin or its components and to minimize exposure to dust or chips created during block trimming. We
keep a vacuum cleaner at our trimming station and vacuum up the trimming debris continually as we work
and always wash our hands immediately after block trimming.

Even trace amounts of water will interfere with proper resin polymerization, so moisture must not
come into contact with the unpolymerized resin. The few times we have produced rubber blocks due to mois-
ture contacting the uncured resin have been associated with excessive conversation or sneezing over exposed
liquid resin.

Reference

Spurr, A.R. 1969. A low-viscosity epoxy resin embedding medium for electron microscopy. J. Ultrastruct. Res. 26: 31.

Poly/Bed 812 Resin

1. Applications and Objectives

Poly/Bed 812 is sold by Polysciences, Inc. as a replacement for Epon 812 resin. It has similar infil-
tration and polymerization qualities to Epon and sections equally well. The polymerized resin has a very fine
grain and can be stained either with aqueous or methanolic uranyl acetate and lead citrate, though it does not
stain as readily as the original Epon. The complete resin may be stored in the freezer in a tightly capped
polypropylene bottle with the neck wrapped in Parafilm™. Do not open the bottle of resin until it is at or
above ambient temperature to avoid moisture condensation on the resin, which would compromise polymer-
ization. An ethanol or acetone dehydration series followed by absolute acetone as a transitional solvent and
diluent for the resin works well.

The blocks produced from this resin should be hard and yellow to dark yellow in color. This material
is somewhat more difficult to cut on glass knives than Spurr resin because it is harder than the 6.3 Spurr resin
recipe we use.

2. Materials Needed

Poly/Bed 812 resin

DDSA (dodecenylsuccinic anhydride)

NMA (nadic methyl anhydride)

DMP-30 (2,4,6-tridimethylamino methyl phenol)
100-ml polypropylene bottle

Top-loading balance

Applicator sticks

Parafilm™
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3. Procedure

Resin Formulation. The following components should be added in the order listed to a
100-ml polypropylene bottle and then mixed vigorously by swirling the container:

21 ml of Poly/Bed 812
13ml of DDSA

11 ml of NMA

0.7 ml of DMP-30

Sample Processing

1. Fix, wash, postfix, wash, and dehydrate specimens as specified for routine TEM sample processing.
2. Infiltration with resin (all done at room temperature):

Poly/Bed 812 and anhydrous acetone (1:1) for 1 hr

100% Poly/Bed 812 overnight

100% Poly/Bed 812 for 1 hr

Put fresh Poly/Bed 812 into embedding molds with labels as described for Spurr resin
Polymerize overnight at 60°C

4. Results Expected

The polymerized blocks are hard and clear, and section and poststain well. The sections are quite sta-
ble under the electron beam. Sections can be stained in aqueous uranyl acetate (10 min), or methanolic uranyl
acetate (5 min), followed by 8 min in Reynolds’ lead citrate to produce good specimen contrast.

5. Cautionary Statements

As with all organic solvents, consider this resin to be toxic or, at the very least, potentially allergenic,
and avoid inhalation or skin contact. Do not allow water to come into contact with the formulated embed-
ding mixture or any of the individual components, as it will interfere with proper polymerization.

Reference

Polysciences, Inc. product sheet 233.

SPI-Pon 812

1. Applications and Objectives

This resin is marketed by SPI Supplies as a replacement for Epon 812. It has similar infiltration char-
acteristics, polymerization requirements, and sectioning qualities to Epon 812. The resin mixture stays
usable for about 1 day at room temperature and will remain usable for several months if stored at —20°C in
a Parafilm™-wrapped polypropylene bottle. The unpolymerized resin is readily soluble in acetone, so the
more toxic propylene oxide transition solvent recommended by SPI Supplies is not necessary. The resin is
more viscous than Spurr resin, so gentle agitation (provided by some sort of slanted rotating device) is use-
ful for better specimen penetration. SPI Supplies suggests that the resin mixture can be combined with
Araldite 6005 to produce a resin similar to Mollenhauer’s Epon-Araldite formulation.

The blocks of infiltrated tissues and cells are easily trimmed, sectioned, and poststained.
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2. Materials Needed

SPI-pon 812 resin

DDSA

Nadic methyl anhydride (NMA)
2,4,6-Tridimethylamino methyl phenol (DMP-30)
100-ml polypropylene bottle

Applicator sticks

Top-loading balance

Parafilm™

3. Procedure

Resin Formulation. Weigh out the following into a 100-ml polypropylene bottle in the order
listed, with thorough mixing by swirling after all the components have been added:

18.5 g of SPI-Pon 812 (16.2 ml)
9.3 g of DDSA (10.0ml)

10.0 g of NMA (8.9 ml)

0.6 g of DMP-30 (0.6 ml)

Sample Processing

1. Fix, wash, postfix, wash, and dehydrate specimens as recommended for routine TEM specimen
preparation. All steps, including resin infiltration, are done at room temperature.

2. Infiltrate with a 1:1 mixture of complete resin mixture (hereafter referred to as “SPI-Pon”)-acetone

for 1 hr with gentle rotation.

Replace resin:acetone mixture with fresh 100% SPI-Pon and gently rotate for 1 hr.

Put fresh 100% SPI-Pon into molds with labels and add specimens as described for Spurr resin.

Polymerize resin for 24 hr at 60°C.

Cool blocks to room temperature, remove from molds, and section them.

SANNA

4. Results Expected

The polymerized blocks trim and section easily and produce sections that poststain readily in 2%
aqueous uranyl acetate (5 min) and Reynolds’ lead citrate (8 min).

5. Cautionary Statements

This resin is an epoxide and thus should be handled as if toxic. It should be measured, handled, and
polymerized under a fume hood.

References

Mollenhauer, H.H. 1964. Plastic embedding mixtures for use in electron microscopy. Stain Technol. 39: 111.
SPI Supplies. SPI-Pon 812 kit instructions for use.
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Araldite 6005 Resin

1. Applications and Objectives

The 502 and 6005 Araldite resins most commonly used have a high initial viscosity, causing infiltra-
tion difficulties with some samples, but the polymerized blocks change volume the least of all the commonly
used epoxide resins.

Araldite resins are soluble in ethanol and acetone, though acetone is recommended as a transitional
solvent for the infiltration series.

This procedure will produce sample-containing blocks which, upon polymerization, have essentially
the same volume as before polymerization, have excellent trimming and sectioning characteristics, stain well,
have a minimal grain structure, and are stable under the electron beam.

2. Materials Needed

Araldite 6005

DDSA

Benzyl dimethylamine (BDMA)
100-ml polypropylene bottle
Applicator sticks

Top-loading balance

Parafilm™

3. Procedure

Resin Formulation. Add the following ingredients to a 100-ml polypropylene bottle in the order
listed and swirl to mix:

29.0 g Araldite 6005
20.3g DDSA
0.7g BDMA

Sample Processing

1. Fix, wash, postfix, wash, and dehydrate according to the schedule for routine TEM specimen
preparation.
2. Infiltrate, with continuous stirring:
e Acetone + embedding mixture (3:1): 60 min
e Acetone + embedding mixture (1:1): 60 min
e Acetone + embedding mixture (1:3): 60 min
e 100% embedding mixture 60 min
Put new 100% embedding mixture into appropriate molds, add samples, and polymerize at 45°C for
24 hr followed by 60°C incubation for another 24 hr.

4. Results Expected

According to Hayat (2000), Araldite has the finest grain structure and the greatest electron density of
all the epoxides. The blocks will section and stain well.
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5. Cautionary Statements

The Araldites are extremely viscous and can be difficult to handle during processing because they do
not pipet well. Araldites also have difficulty penetrating some samples. The electron density of the resin can
reduce the contrast in sections compared with other resins. The resin is an epoxide, and so it should be
handled as if it is a toxic material (work under the hood, avoiding skin contact).

References

Hayat, M.A. 2000. Electron microscopy: Biological applications, 4th edn. Cambridge University Press, New York.
Polysciences, Inc. data sheet 128.

Mollenhauer’s Epon/Araldite Resin (Adapted for Use with
Epon Substitutes)

1. Applications and Objectives

Mollenhauer (1964) concocted a mixture of Epon 812 and Araldite 502 to provide a resin with less
viscosity than Araldite alone, but with the characteristics of fine grain, minimal shrinkage during polymer-
ization, good sectioning and staining techniques as well as good electron beam stability. Mollenhauer has
reported that Epon 812 can be successfully replaced with Poly/Bed 812 in the recipe. The fixation, dehydra-
tion, and embedding protocols suitable for Epon substitutes or Araldite resins are appropriate for the
Mollenhauer mixture.

The resin mixture can be applied to a variety of organisms and cell types, though it still will have
some of the penetration difficulties encountered with some specimens when utilizing either Epon substitutes
or Araldite alone.

2. Materials Needed

Poly/Bed 812

Araldite 502 or 6005

DDSA

BDMA

100-ml polypropylene bottle
Applicator sticks
Top-loading balance
Parafilm™

3. Procedure

Resin Formulation. Add the following components in the order listed to a 100-ml polypropylene
bottle and swirl to mix:

100 g of Poly/Bed 812

55 g of Araldite 502 or 6005

180 g of DDSA

10g of BDMA (5 g of DMP-30 can be substituted for the BDMA)
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Sample Processing. The processing schedule used for Araldite 6005 works well here.

4. Results Expected

The blocks have minimal shrinkage after polymerization. Aqueous uranyl acetate and Reynolds’ lead
citrate are appropriate stains for sections.

5. Cautionary Statements

The normal cautionary statements to avoid water contact with the resin and to avoid inhalation and
skin contact apply, as with all the epoxides.

References

Mollenhauer, H.H. 1964. Plastic embedding mixtures for use in electron microscopy. Stain Technol. 39: 111.
Polysciences, Inc. data sheet 128.

London Resin Co. (LR) White Resin

1. Applications and Objectives

This resin is the resin of choice for the room-temperature preparation of samples for immunocyto-
chemical procedures because it is an acrylic resin and thus is somewhat water-miscible.

It is easier to probe LR White-embedded tissues with immunolabels than those embedded in epoxide
resins. Another advantage of LR White resin’s tolerance for water is that, according to the manufacturers,
samples in 70% alcohol can be passed directly into the resin. The suggestion is that the lower alcohol con-
centrations employed in this procedure will help prevent the antigenic site denaturation that is possible with
higher alcohol concentrations.

This technique produces blocks containing samples that have not been osmicated or exposed to exten-
sive dehydration in high concentrations of alcohols and acetone, which should leave antigenic sites less
degraded than is characteristic with routine fixation, dehydration, and embedment in epoxide resins.

2. Materials Needed

LR White resin stock solution, which is marketed in 500-ml plastic squeeze bottles with a nozzle, is
the working solution. This bottle is stored in the refrigerator. A catalyst is also available that can be mixed
with the resin, but heat polymerization in a 55°C oven works well.

3. Procedure

1. Fix tissues in 4F:1G, or 2—4% formaldehyde prepared from paraformaldehyde, fixative for 1hr at
room temperature.

Rinse in 0.1 M Sorenson’s sodium phosphate buffer, pH 7.2-7.4 for 5 min (three times).

Postfix in 1% osmium in 0.1 M Sorenson’s phosphate buffer at pH 7.2-7.4 for 1 hr.

Rinse for 5 min (three times) in distilled water.

Dehydrate:

e 50% ethanol for 15 min

Rl
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e 75% ethanol for 15 min; at this point, some workers go directly into LR White resin mixed 1:1
with 75% ethanol; if you choose to do this, make sure that the two mix well; if there is turbid-
ity, infiltration will be compromised

o 95% ethanol for 15min (additional 100% ethanol rinses can be used but are not necessary)
Do not dehydrate with acetone

6. Remove ethanol and add pure LR White resin. Leave overnight at room temperature. Change resin
three times during the following day.

7. Remove tissue, put in gelatin capsules with labels, add resin to the capsules until full, cap them

tightly, and then incubate them at 55°C overnight (check to see if they are completely polymerized).

Section as usual (they are more hydrophilic than Spurr or other epoxide resin blocks).

9. Poststain in aqueous uranyl acetate for 5 min and Reynolds’ lead citrate for 8 min. Alcoholic stains
may remove sections from the grids.

S

4. Results Expected

The omission of osmication produces samples from which almost all lipids have been extracted, lead-
ing to membranes often being indiscernible. It is always clear where all cellular compartments are and where
the lipid was located. Low-magnification photographs look relatively normal (Fig. 74), but higher magnifi-
cations show significant membrane extraction in most cases (Fig. 75). However, immunocytochemical reac-
tivity of sections embedded following this protocol is superior to that of conventionally fixed, osmicated, and
epoxide resin-embedded samples.

5. Cautionary Statements

Acetone prevents proper polymerization of LR White resin and so must not be used in the dehydra-
tion series. It is imperative that the tissue and resin be polymerized in tightly capped gelatin capsules, since
the resin will not polymerize properly in the presence of oxygen, and the resin may dissolve polypropylene
capsules (BEEM™ capsules) during oven polymerization in some cases. The polymerized blocks may be
brittle, but they still section quite well.

Figure 74. Rat kidney perfused with 4F:1G and embedded in LR White resin. No osmication. X35,100.
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Figure 75. Rat kidney perfused with 4F:1G and embedded in LR White resin. No osmication. X35,700.

The block faces are hydrophilic and will tend to pull water out of the knife boat unless the block is
kept far away from the knife edge except just at the moment of cutting sections. At times, the block face will
need to be blotted with filter paper or a Kimwipe™ before every section is cut.

The toxicity of this resin has not been thoroughly studied, so it should be treated as toxic. Resin wastes
are collected in disposable beakers until full, at which time they are capped and polymerized in a 55°C oven.
After polymerization, the resulting plastic block can be disposed of in normal laboratory trash bins.

Tissues can be osmicated if the resin is oven-cured at 55°C but should not be osmicated if the cata-
lyst is used for cold curing. Samples should be immersed in a cold-water bath for catalyst curing to dissipate
the heat produced by the exothermic process.

Reference

Polysciences, Inc. data sheets 305 and 305A.

Lowicryl and LR Gold Resins

1. Applications and Objectives

A number of low-temperature acrylic resins are available, some of which can be infiltrated into a
specimen at temperatures as low as —80°C to reduce damage to antigenic sites. However, our laboratory does
not use these resins because we find that ultrathin frozen sections can be produced more quickly and work
at least as well for immunolabeling. For further information on these resins, their applications, and their for-
mulation, consult the references listed.

References

Hayat, M.A. 2000. Electron microscopy: Biological applications, 4th edn. Cambridge University Press, New York.
Polysciences, Inc. Data sheets, 305 and 305A.
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PEG Method for TEM Sections

1. Applications and Objectives

This method for embedding materials in polyethylene glycol (PEG) and subsequent sectioning, removal
of PEG, and critical point drying (CPD) provides sections of cells and tissues without any surrounding resin
materials. When viewed in the TEM without poststaining, these sections have sufficient contrast, since there
is no surrounding resin embedding medium to reduce tissue contrast as with conventionally embedded mate-
rials. This helps visualization of fibrillar cytoplasmic proteins, among other cellular constituents.

2. Materials Needed

Carbon- and Formvar-coated grids

5% ethanolic PEG 4000

Pasteur pipet with heated and pulled tip (to reduce orifice diameter) to make small drops of PEG
Container with 95% ethanol

Containers for CPD preparation

0.1% poly-L-lysine solution and microscope slide

Petri dish and filter paper

Ceramic spot plate

Gelatin capsules

Liquid nitrogen

3. Procedure

PEG Embedment. Fix as usual for TEM and dehydrate to 100% ethanol, 15min per step.
Transfer to 50% PEG 4000 in 100% ethanol and leave overnight. Transfer to 70% PEG in 100% ethanol for
several hours. Then put into 100% PEG at 68°C for several hours (several changes). Fill gelatin capsules with
tissue and molten 100% PEG and then plunge into liquid nitrogen.

Preparation of Coated Grids

Take microscope slide and place one drop of 0.1% poly-L-lysine in the center.

Obtain previously Formvar — and carbon-coated grids. Dip each grid into poly-L-lysine solution.
Blot grid to dryness.

Repeat this three times for each grid. They are ready to use when dry.

Sl ol

Preparation of Block for Sectioning

1. Trim with a razor blade until a smooth surface is obtained.

2. Place block in the ultramicrotome and section at 6°C with a glass knife with no trough. Section at
0.25-pm increments.

3. Cutone section at a time. Use hair to remove and place in spot plate. Cut as many sections as needed
to cover a grid. Exercise extreme caution handling sections because they easily blow away in a
draft.

4. Carry spot plate carefully to dissecting microscope.

5. Focus on one spot. The sections should be obvious.

6. Use hair to pick up sections and place them onto a Formvar- and carbon-coated grid. Flatten
sections.

7. Pipet a drop of 5% PEG solution onto grid.
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8. Immediately blot with filter paper and put grid into CPD holder. Make sure grid is submerged in
95% ethanol, and do not let it dry out.
9. Run sections in CPD holders through two changes of 95% ethanol and two or three changes of
100% ethanol (1 min per change).
10. Critical point dry the grids.
11. Examine the grids with TEM.

4. Results Expected

The sections produced will have a good contrast when viewed with the TEM, without the need for
any poststaining. The structural preservation will appear different from that found with standard plastic
embedded materials poststained with uranyl acetate and lead citrate.

5. Cautionary Statements

All of the cautionary statements about fixatives and postfixatives apply to this procedure.

Reference

Wolosewick, J.J. 1980. The application of polyethylene glycol (PEG) to electron microscopy. J. Cell Biol. 86: 675.

JB-4™ (Glycol Methacrylate) Techniques for
High-Resolution Light Microscopy

1. Applications and Objective

Cells and tissues embedded in glycol methacrylate after aldehyde fixation can be easily sectioned into
1- to 2-pm thick sections that provide excellent resolution and that, unlike epoxide-embedded samples, can
be stained with the majority of standard histological techniques because of the hydrophilic nature of the resin.
These materials are also appropriate for immunoprobing at the light microscopic level (Pedraza and Mason,
1984; Wordinger et al., 1987).

2. Materials Needed

JB-4™ glycol methacrylate embedding kit (Polysciences, Inc.)
Embedding molds and chucks for JB-4 (Polysciences, Inc.)
Rotary microtome, JB-4 microtome, or ultramicrotome
Razor blades

Rotary platform

Transfer pipets for resin

Applicator sticks for moving specimens

Disposable beakers for mixing resin components

Forceps

Water bath

Glass slides

Coplin jars for staining solutions
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Richard-Allan Hematoxylin-1 (Richard-Allan Medical Industries, P.O. Box 351, Richland, MI
49083)

Richard-Allan eosin-Y

Richard-Allan bluing reagent

Polymount™ (Polysciences, Inc.)

3. Procedure

1.

Fix tissues with 4F:1G according to routine TEM procedures. Do not use osmium or Bouin’s fixa-

tive because both will cause uneven or improper resin polymerization.

Dehydrate in ethanolic series to 100% ethanol as described for routine TEM preparation.

Infiltrate with JB-4™ resin:

a. Mix the following, in the order listed to make the infiltration medium:

e 100ml of JB-4™ solution A
e (.90g of dry catalyst C (mix until dissolved)
The solution may be stored for several weeks at 4°C in the dark.

b. Place the tissue (blocks no more than 2mm? in size) into the infiltration medium for 5hr at
room temperature on a rotator. Change to new medium after 2-3 hr.

c. Prepare the embedding medium by mixing the following components in the order listed:

e 1ml of JB-4™ solution B
e 25ml of freshly catalyzed solution A (see step a)
Never use exhausted infiltration medium for embedding.

d. Stir the mixture thoroughly and place it into an ice bath to prevent premature polymerization
of the resin while arranging tissues in molds.

e. Place tissues into the embedding molds, orient the tissues and fill the molds with embedding
medium. The molds must be filled entirely with embedding medium, as air will prevent proper
resin polymerization. Place tissues in molds in a desiccator overnight at room temperature.

f. After polymerization, trim off excess plastic with a razor blade, but be sure to leave some excess
around all the edges, otherwise they will curl slightly. The trimmed block face should be no
more than 5 mm?.

Break triangular glass knife, orient it at 6° and cut 2-pm-thick sections with a dry knife.

Pick up dry sections with forceps and release onto the surface of H,O in staining dish (adding a drop

of ammonium hydroxide may help the sections spread).

Pick up sections on glass microscope slides and heat them on a hot plate set at about 60°C for

15 min.

Stain the slides as described below.

Hematoxylin staining: Place slide directly in Richard—Allen Hematoxylin for 15-20 min.

Rinse in two changes of distilled H,O (about 1 min each).

Place slide into bluing solution for 30-60s.

Rinse in two changes of distilled H,O (about 1 min each).

Stain for 1 min in Richard-Allen Eosin.

Destain in 70% ethanol (two changes) for about 1 min each.

Rinse once in distilled H,O.

Dry on hotplate and add 1-2 drops of Polymount™. Place a #1.5 coverslip over the sections

and examine them with a light microscope.

P o o o

4. Results Expected

The sections will provide excellent resolution because they are so thin but will not be stained as

darkly as paraffin-embeded sections (6—10-um-thick sections).
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5. Cautionary Statements

As mentioned above, osmium and the picric acid in Bouin’s fixative should be avoided to ensure good
resin polymerization. In addition, air will prevent polymerization. If using embedding molds other than those
designed for JB-4™ resin, it is necessary to cover them in such a way as to exclude oxygen (BEEM™ cap-
sules or gelatin capsules work well if filled completely and then closed). If the polymerized blocks seem
slightly rubbery, refrigerating them at 4°C for 1-2 hr will make the blocks harder.

Some workers have become sensitized to JB-4™ resin, but only because customary laboratory
precautions to prevent skin and respiratory exposure were neglected.

References

Pedraza, M.A. and Mason, D. 1984. Immunoperoxidase methods with plastic embedded materials. Lab. Med. 15: 113.
Wordinger, R., Miller, G., and Nicodemus, D. 1987. Manual of immunoperoxidase techniques, 6th edn. (pp. 34-35,
61-62).

Agar Embedment of Cell Suspensions or Subcellular
Particulates for TEM

1. Applications and Objectives

This technique may be applied to nonadherent mammalian cell cultures and cell suspensions of var-
ious types, such as free-living protozoans, bacteria, and disaggregated tissues. In addition, the technique is
useful for subcellular fractions or organelles large enough to be pelleted by clinical centrifuges or
microfuges. This procedure provides a surrounding matrix to suspended cells or subcellular materials so that
they can be handled similarly to tissue pieces during subsequent processing steps.

2. Materials Needed

Specimens in primary aldehyde fixative solution

3-4% water agar

Pasteur pipets

Centrifuge tubes (preferably polypropylene microfuge tubes)
Single-edge razor blades

Applicator sticks

3. Procedure

1. Add 0.3-0.4 g agar to 10ml of distilled water in a 15- to 20-ml shell vial and heat on a hot plate in
a 50-ml beaker containing distilled water until the agar dissolves.

2. After the cells or particulates have been in the primary fixative for at least 1 hr at room temperature,
pellet the sample with a centrifuge adjusted for an appropriate relative centrifugal force (rcf)
selected from Table 10.

3. Carefully remove the fixative from the pelleted sample with a Pasteur pipet, taking care not to dis-
turb the pellet. Replace with approximately 1 ml of an appropriate buffer. Resuspend the pellet by
vortexing to avoid the potential shearing action of vigorous pipetting of particulates with Pasteur
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Table 10. Sample Centrifugation

Cell Type Fixed Unfixed Recommended rcf
Protozoans (4-50 um) X 250-300
Protozoans X 300-2,000
Mammalian cells (10-20 wm) X 250-300
Mammalian cells X 2,000-2,500
Bacteria (0.5-2 um) X 6,000-8,000
Bacteria X 9,000-9,500
Mitochondria, chloroplasts X X 6,000-9,000

pipets. Transfer the resuspended sample to a 1.5-ml microfuge tube, taking care to pipet gently.
After 15 min, pellet the sample and resuspend it in fresh buffer. Incubate for an additional 15 min.

4. Pellet the sample and remove the buffer. Heat a clean Pasteur pipet by drawing up heated water sev-
eral times from the beaker containing the vial of molten water agar. Then, remove approximately
1 ml of molten agar from the vial of agar with the pipet, place the pipet tip at the bottom of the pel-
leted sample in the microfuge tube, and expel the agar. Next, quickly place the microfuge tube into
a microfuge already containing a balance tube with 1 ml of water and pellet the suspension at an
appropriate rcf for 30s.

5. Remove the microfuge tube containing the agarized sample and wait until the agar has solidified
and become translucent. To speed up this step, the sample can be placed at 4°C.

6. With a single-edge razor blade, carefully slice the end off the microfuge tube just above the agarized
pellet. Cut the pellet into 1-mm-thick slices. Use an applicator stick to transfer the agarized sample
slices to a vial containing osmium and buffer.

7. Further processing steps can be carried out by gently pipetting fluids in and out of the processing
vial as would be appropriate with slices of tissue.

4. Results Expected

This method provides slices containing agar-embedded particulates that can be subsequently handled
like slices of tissues, thus avoiding centrifugation throughout the entire processing schedule.

5. Cautionary Statements

If a microfuge is not available, this technique can be performed in larger centrifuge tubes utilizing a
clinical centrifuge, and the agarized pellet can be removed by using an applicator stick to remove the whole
volume of agar from which the tip containing the sample can then be cut.

A sample that must be spun down with an ultracentrifuge cannot be handled in this fashion, since the
molten agar would solidify long before sufficient speed was obtained. In that case, gently remove the buffer
from the ultracentrifuged sample and add droplets of molten agar (two to three times the sample volume) to
the sample and quickly stir with a pipet tip or applicator stick to suspend the sample in a minimum volume
of the agar before it solidifies. After it has cooled, remove the droplet of agarized sample and slice it into
1-mm-thick pieces for subsequent processing. The sample will not be as concentrated as those prepared with
the microfuge, but typically will be usable.

When pipetting samples (which should be done as little as possible, particularly with larger cells),
remember that cells can suffer shearing artifacts if pipetting is too vigorous. In addition, cells postfixed with
osmium are much more prone to damage, since they are more brittle than aldehyde-fixed cells.

It is necessary to pellet the samples in molten agar within 30-60s to prevent shearing artifacts caused
by the agar solidifying during the centrifuge run.
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Preparing Adherent Tissue Culture Monolayers
in Situ for TEM

1. Applications and Objectives

This method can be used to prepare cells grown in a variety of typical polystyrene culture vessels,
such as disposable Petri dishes, T-25, and T-75 culture flasks, that are solubilized by acetone. After agar
embedment, the cells are removed from the culture vessel and flat-embedded for ultramicrotomy. With this
technique, cell—cell interactions and in vitro morphology will be accurately preserved.

2. Materials Needed

e 3-4% molten water agar
e Normal fixation and dehydration agents

3. Procedure

L=

Fix in 4F:1G as described for routine TEM processing.

Rinse two times (10 min each) in 0.1 M Sorenson’s phosphate buffer, pH 7.2-7.4.

Cover with 1% osmium in the same buffer for 1hr.

Rinse in distilled water three times (2 min each). Drain the culture vessel and then cover monolayer

with a thin layer (1-2 mm) of 4% water agar that is hot to the touch. Let the agar cool until it is
hard.
5. Dehydrate the agarized monolayer within the culture vessel:

50% ethanol for 15 min

75% ethanol for 15 min

95% ethanol for 15 min (two times)

100% ethanol for 30 min (two times)

100% acetone: Pour the acetone onto the surface of the agarized monolayer and watch for the
polystyrene vessel to begin softening. This should start happening within 2-3 min. As it does,
tease the edge of the agar from the vessel surface with a scalpel or needle until the agar layer
can be completely removed from the vessel, carrying the monolayer with it. Transfer to new
100% acetone in glass vials after slicing the agarized monolayer into appropriately sized strips
and let sit for 10 min.

6. Infiltrate with Spurr resin (6.3 recipe):

1:1 resin and acetone mixture for 30 min
100% resin for 1 hr

100% resin for 1 hr

Put in flat molds in new 100% resin
Polymerize for 8 hr to 3 days at 70°C

4. Results Expected

If random sections of the monolayer are desired, the polymerized blocks can be trimmed down to the
monolayer and sectioned. Alternatively, since the polymerized blocks are clear enough to be examined eas-
ily with a light microscope, areas of interest can be selected, cut out of the block, and remounted on previ-
ously prepared blank epoxide blocks with one of the 5-min epoxy cements. After the cement has polymerized
at 70°C for 15 min, the selected cells can be sectioned.

5. Cautionary Statements

When the agar is poured onto the cells prior to osmium postfixation, the agar sometimes will darken.
If the agarized cell layer begins lifting off of the culture vessel surface in the 100% ethanol dehydration step,
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cut up the peeled agar and finish dehydration and embedment in glass vials. If peeling the agar from the cul-
ture vessel leaves most of the cells on the vessel surface, quickly drain off any residual acetone and replace
with 100% ethanol, wait 10 min, and then replace with Spurr resin mixed 1:1 with 100% ethanol. Finish the
infiltration procedure as above. When adding the final resin for polymerization, add enough to fill the culture
vessel to a depth of 1-2 mm. Place the entire culture vessel in the polymerization oven. After polymerization,
the polystyrene vessel will have a fairly opaque, milky surface beneath the cells, making it fairly difficult to
see through the dish using a light microscope. Nonetheless, areas covered with cells can be removed from
the culture vessel with a jeweler’s saw and glued on an end to blank epoxide blocks (Figs. 76 and 77) with
5-min epoxy cement as described above. Unfortunately, when the blocks are sectioned, the Spurr resin and

Figure 76. Plastic dish with embedded cells being cut with jeweler’s saw.

Figure 77. Embedded monolayer mounted on blank epoxy block with 5-min epoxy cement.
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polystyrene plastic compress and expand differently, so the sections cut should probably be placed onto
Formvar-coated grids to lessen movement under the electron beam.

Flat Embedding of Cell Cultures Grown on Permanox®
Tissue Culture Dishes for TEM

1. Applications and Objectives

This is an ideal technique for embedding monolayers of cells, particularly if only a small proportion
of the monolayer will have a feature of interest, requiring careful selection of areas to be examined with the
electron microscope (e.g., cells in anaphase of mitosis are of interest, but only represent 5% of the total cell
population).

These dishes were designed for cell culture leading to physiological studies because most plastic
dishes are porous to incubation chamber gases and also retain these gases within their structure. The
Permanox® plastic (polymethylpentene) is porous to gases, but does not retain them.

For our purposes in electron microscopy, these dishes are particularly useful because they do not
interact with ethanol, acetone, xylene, or epoxide resins (including Spurr resin).

This technique provides flat-embedded tissue culture monolayers that have not had their morphology
or relationship to adjacent cells perturbed by removal from the substrate prior to fixation and embedding.

2. Materials Needed

LUX 60 X 15 mm sterile Permanox® Tissue culture dishes. These dishes are available from EMS,
Thomas Scientific, PGC Scientific, and other supply houses. They are manufactured by NUNC, Inc.,
Naperville, IL 60566. In 2002, the cost was about $460.00 per case, or $48.00 for 40 dishes in the 60-mm-
diameter size (Electron Microscopy Sciences, Ft. Washington, PA).

3. Procedure

Cells can be grown on the plates, the medium decanted, the plates rinsed briefly with buffer, and then
flooded with fixative. The monolayer can then be postfixed, dehydrated, and embedded in the epoxide of
choice, and finally polymerized in situ. After polymerization, the plate is brought to room temperature, and
by gently flexing the plate, the embedding resin is popped free, taking the cells with it. These plates can also
be used to flat-embed a variety of other specimens.

4. Results Expected

The polymerized resin removed from the culture dish is optically excellent and may be examined by
light microscopy to select areas of interest, which are then removed with a jeweler’s saw and remounted on
blank epoxy blocks with 5-min epoxy cement for subsequent sectioning.

Preparation of Buffy Coats for TEM

1. Applications and Objectives

Analysis of blood samples for various types of pathology including the presence of organisms such
as malarial parasites often are aided by segregating the different types of blood cells. If a subset of blood
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cells, such as leukocytes, is of interest, this technique concentrates each of the three major subsets of blood
cells into separate bands. Thus, analysis of these populations is quicker than if all types were mixed together
at random, as occurs if whole blood is fixed without prior centrifugation.

The technique produces a pellet of cells with platelets, nucleated white blood cells, and red blood
cells segregated into separate bands (Fig. 78).

2. Materials Needed

ethylenediaminetetraacetate (EDTA) blood collection tubes
Wintrobe tubes

4F:1G fixative

Molten 3-4% water agar

Glass microscope slide

Glass TEM sample vial

2- to 3-ml plastic syringe

Figure 78. (A) TEM view of buffy coat preparation showing different cell populations segregated into layers. Platelets
and one lymphocyte. 7,385X.
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Figure 78. (B) TEM view of buffy coat preparation showing cell layer beneath (A) in the Wintrobe tube. Note polymor-
phonuclear neutrophils subtended by erythrocytes. 7,385X.

e Triangular file or diamond scriber
e Applicator stick
e Single-edge razor blade

3. Procedure

—

Draw 2 ml of freshly collected whole blood into a plastic syringe.

2. Immediately inject the blood into a standard EDTA blood-collection (lavender-top) tube to prevent

coagulation. Invert the tube and transport to the electron microscopy laboratory.

Fill a Wintrobe tube with blood from EDTA tube. Centrifuge at low speed (250 rcf) for 510 min.

Gently remove plasma (transparent fluid) with a Pasteur pipet and discard.

5. Gently pipet 4F:1G fixative on top of cells in Wintrobe tube. Fill the tube to the top and refrigerate
overnight (do not stir).

6. Remove the fixative with a Pasteur pipet, score the tube below the buffy coat (pale band at the top

of the pelleted cells) with a triangular file or diamond scriber. Wash the outer surface of the

Rl
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Wintrobe tube to remove glass dust, break tube, and push the buffy coat out of the tube with an
applicator stick.

7. Place the buffy coat pellet onto a glass microscope slide and carefully cut the buffy coat plug
lengthwise with a single-edge razor blade. Put a small pool of molten 3—4% water agar onto the
glass slide and immediately add the longitudinally bisected buffy coat to the agar. Cover the buffy
coat with more molten agar.

8. After the agar has solidified, trim around the buffy coat, transfer the agar-encased buffy coat plug
to a sample vial containing buffer, and process as usual for any other tissue sample.

9. Flat-embed the sample so that a subsequent semithin section of the block face will contain a longi-
tudinal section of the buffy coat from which the cell population of interest can be identified prior to
block trimming for ultrathin sectioning.

4. Results Expected

Sectioning the buffy coat will reveal platelets at one end, nucleated leukocytes in the middle, and red
blood cells at the other end.

5. Cautionary Statements

Be sure to collect the blood sample in an EDTA tube. If the cells coagulate, the layering of the cell
populations by centrifugation will not occur. Be careful not to agitate the centrifuged blood sample during
plasma removal and fixative addition to the Wintrobe tube. If agitation occurs, the layers of cells will become
intermixed.

Sperm Fixation

1. Applications and Objectives

Sperm is notorious for showing fixation artifacts, primarily separation of the plasma membrane from
the acrosomal region. A number of fixation techniques have been employed by different laboratories with
variable results (see supplementary references below for several examples). If the procedure is successful, it
will produce images of sperm with intact plasma membranes closely adherent to the acrosomal region.

2. Materials Needed

8% glutaraldehyde

4% formaldehyde

0.2M cacodylate buffer, pH 7.0-7.2
0.1 M cacodylate buffer, pH 7.0-7.2
Picric acid

CaCl,

Sucrose

3. Procedure

Fixative Preparation. To prepare a final fixative containing 2% glutaraldehyde, 1% formalde-
hyde, 1.5mM CaCl,, 0.2M sucrose, and 0.1% picric acid in 0.1 M cacodylate buffer at pH 7.0-7.2:

1. Add 25ml of 8% aqueous glutaraldehyde to 25 ml of aqueous 4% formaldehyde (yields an aqueous
mixture of 4% glutaraldehyde and 2% formaldehyde).
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2. To 50ml of 0.2M cacodylate buffer, pH 7.0-7.2, add:
e 6.84 g of sucrose
e 0.0327g of CaCl,
e 0.1g of picric acid
e Mix thoroughly
3. Mix 50 ml of the aldehyde mixture, step 1, with 50 ml of the buffer mixture, step 2.

Sample Preparation

1. Collect fresh ejaculate and add to fixative solution.
Leave for 1 hr to several days at 4°C.

3. Remove clumped semen from fixative solution with forceps. Centrifuge remaining fluid at
500700 rcf for 10 min.

4. Remove fixative with a Pasteur pipet and resuspend pelleted cells in 0.1 M cacodylate buffer. After
10 min, centrifuge sample, remove buffer, and resuspend pellet in new buffer.

5. Repeat centrifugation and buffer rinse until most of the yellow color is gone and embed in 3—4%
molten water agar, as previously described for handling cell suspensions.

6. Osmicate, dehydrate, and embed as described for routine processing.

4. Results Expected

Sections of this material will contain sperm with good ultrastructural preservation, with the plasma
membrane closely adherent to the acrosomal region.

5. Cautionary Statements

Before working with picric acid solutions, read the Material Safety Data Sheets (MSDS) sheets
describing handling of picric acid and proper disposal practices.

While this technique yields good results, it is often sufficient to fix sperm samples by the routine TEM
processing technique described previously, which involves less difficult procedures.

Reference

Cran, D.G., Dott, H.M., and Wilmington, J.W. 1982. The structure and formation of rolled and crested bull spermatozoa.
Gamete Res. 5: 263-269.

Supplementary References

Dadoune, J.P. and Alfonsi, M.F. 1986. Ultrastructural and cytochemical changes in the head components of human sper-
matids and spermatozoa. Gamete Res. 14: 33-46.

Plummer, J.M., Watson, P.F,, and Allen, W.E. 1987. A spermatozoal midpiece abnormality associated with infertility in a
Llasa Apso dog. J. Small Anim. Pract. 28: 743-751.

Vogl, A.W., Soucy, L.J., and Foo, V. 1985. Ultrastructure of sertoli cell penetrating processes found in germ cells of the
golden-mantled ground squirrel. Am. J. Anat. 172: 75-86.
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Central Nervous System Fixation (Brain, Spinal Cord)

1. Applications and Objectives

This technique, modified from Langford and Coggeshall (1980), is designed to provide good fixation
of myelinated neural tissues from the central nervous system.

2. Materials Needed

4F:1G fixative

2% aqueous osmium

0.2M Sorenson’s sodium phosphate buffer, pH 7.2-7.4
Potassium ferricyanide

3. Procedure

Fixative Preparation. To prepare 1% osmium and 0.5% potassium ferricyanide in 0.1 M sodium
phosphate buffer:

1. Add 1 part 2% aqueous osmium to 1 part 0.2 M sodium phosphate buffer (add 1 ml of each to make
2 ml of solution).
2. Add 0.03 g of potassium ferricyanide to the solution in step 1 just before postfixing the tissue.

Sample Preparation

1. Perfuse the animal with 4F:1G fixative.

2. Remove the neural tissue and slice into 1-mm-thick slices. Put in fresh 4F:1G for 2 hr to overnight
at 4°C.

3. Rinse the tissue two times (15 min each) in 0.1 M phosphate buffer.

4. Put the tissue into 1% osmium in 0.1 M phosphate buffer containing 0.5% potassium ferricyanide.

5. After 2 hr at room temperature, rinse the tissue in distilled water, dehydrate, and embed as described
for routine tissue processing for TEM.

4. Results Expected

After the neural tissue is perfused with the primary fixative, it should be firm enough to slice easily
into 1-mm-thick pieces for further processing. The final image should show circular profiles of myelinated
neurons, with a minimal number of angular images.

5. Cautionary Statements

If the perfused neural tissue is still soft, rather than somewhat rubbery in texture, the perfusion was
not totally successful. If the sample cannot be easily reproduced, cut up the tissue into 1 mm? pieces as best
you can, put the tissue into fresh primary fixative, and continue the processing procedure outlined above.

Reference

Langford, L.A. and Coggeshall, R.E. 1980. The use of potassium ferricyanide in neural fixation. Anat. Rec. 197: 297-303.
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Using Vacuum to Help Wet Fungal, Plant, or
Insect Samples during Primary Fixation

1. Applications and Objectives

This technique is used for samples that are typically difficult to wet because of air trapped between
insect hairs, plant trichomes, or filamentous structures such as fungal sporangiophores. If the specimen sur-
faces are not wetted, fixation will not be optimal.

2. Materials Needed

e 4F:1G fixative

e A source of vacuum (5-101bs/in?, 34—69 kPa)

e A piece of Tygon™ tubing attached to a glass tube passing through a rubber stopper attached to a
trapped vacuum line

3. Procedure

1. Add the specimen to 1 ml of 4F:1G contained in a 4 dram sample vial.

Apply a slight vacuum (5-101bs/in’, 3469 kPa) to the vial by the vacuum line attached to a glass
tube passing through a hole in a rubber stopper large enough to cover the mouth of the sample vial
(Fig. 79).

3. Asavacuum is applied, the fixative will become slightly turbid as minute bubbles of air are drawn
from the fluid. After about 1-2 min, tap the vial firmly against the counter top several times to dis-
lodge any of the larger air bubbles. The specimen should sink to the bottom of the vial.

4. 1If the specimen is still floating, the rubber stopper attached to the vacuum line can be lifted slightly
from the surface of the sample vial, which will cause a large amount of turbulence right at the
surface of the fixative and usually will help sink the specimen. Be careful not to suck the fixative
or specimen up the vacuum line.

5. Once the specimen sinks in the sample vial, proceed with the routine fixation protocols.

Figure 79. Rubber stopper pierced by glass tube being used to apply a vacuum to a sample vial. Note the side-arm
Erlenmeyer flask used to trap the vacuum line.
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4. Results Expected

The tissue will sink to the bottom of the fixative solution as the air bubbles trapped on the sample sur-
face, which are responsible for providing specimen flotation, are removed.

5. Cautionary Statements

As mentioned above, while the stopper attached to the vacuum line is partially removed from the
mouth of the sample vial, it is possible to aspirate both the fixative and sample. In particular, if the sample
vial is over half full, loss of the fixative fluid or samples is very likely with this procedure. As a precaution
to prevent aspirating fluids and samples into the vacuum system, it is necessary to provide a trap (Fig. 79) on
the vacuum line.

Simultaneous Glutaraldehyde/Osmium Fixation for
Protozoan Samples or Samples with a Large Amount
of Lipid

1. Applications and Objectives

Lipids are not stabilized by aldehyde fixatives and thus may move or change configuration during pri-
mary fixation. If there is any evidence of membrane or lipid body alteration following primary aldehyde fix-
ation, this technique may be applied to help stabilize lipids from the beginning of the fixation process. Also,
some protozoans seem to exhibit a better ultrastructural preservation when fixed with this technique
(Dykstra, 1976; Dykstra and Porter, 1984).

2. Materials Needed

® 4% osmium
® 8% glutaraldehyde
e (0.2 M phosphate or cacodylate buffer, pH 7.2-7.4

3. Procedure
The final solution will consist of 1% osmium and 2% glutaraldehyde in a 0.1 M buffer solution:

1. Right before adding the sample to the fixation vial, mix 1 part of the osmium stock with 1 part of
the glutaraldehyde stock and 2 parts of the buffer.

2. Immerse the sample in the fixative solution, cap the vial, and place in the refrigerator for 1 hr.

3. Remove the fixative solution, which will have turned black, and rinse the sample with distilled
water two to three times over 10 min, or until the wash fluid is no longer colored.

4. Dehydrate and embed the sample as described for routine processing.

4. Results Expected

The sample and fixation fluid should turn black during the 1-hr fixation in the refrigerator. The
following processing steps are routine. The sample should have a superior lipid retention, compared with
samples fixed by sequential aldehyde/osmium fixation.
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5. Cautionary Statements

As usual, all the osmium-containing waste should be collected for proper disposal. As noted, the fix-
ative will typically turn quite black during the 1-hr fixation process as the aldehyde reduces the osmium in
the solution. Since there is an excess of fixative components when the fixative has a volume of five to 10
times that of the sample, as is customary, the chemical interaction of aldehyde and osmium with subsequent
removal of both components from the fixation solution is unimportant.

This technique is not suitable for blocks of tissue of the normal 1-mm thickness. It appears that the
rapid and thorough fixation of the surface layers of a tissue block impedes the further diffusion of fixative

components to the center of tissues because only the outermost layers of such a specimen will be well fixed
(Fig. 21).

References

Dykstra, M.J. 1976. Wall and membrane biogenesis in the unusual labyrinthulid-like organism Sorodiplophrys stercorea.
Protoplasma 87: 329-346.

Dykstra, M.J. and Porter, D. 1984. Diplophrys marina, a new scale-forming marine protist with labyrinthulid affinities.
Mycologia 76: 626-632.

Killing Cells Prior to Chemical Fixation

1. Applications and Objectives

If cell-to-cell contacts are of interest, it may be necessary to kill cells prior to immersing them in fix-
ative solutions. In previous studies in our laboratory with amoebae of slime molds growing on an agar sur-
face (Dykstra and Aldrich, 1978), it was noted that the cells rounded up and changed their spatial relationship
with each other if fixative solutions were poured onto the culture dish surface. By exposing them to osmium
vapor prior to flooding the dish with fixative, this change was prevented.

2. Materials Needed

e 2% aqueous osmium
4F:1G (or other suitable aldehyde) fixative

3. Procedure

1. Invert the culture dish over several drops of 2% osmium contained in a smaller dish (Fig. 80). If the
cells have been grown in liquid media, decant as much fluid as possible prior to inverting the dish.

2. After 3-5 min, flood the culture dish with 4F:1G fixative.

3. Follow all the subsequent steps previously described for routine processing. The cells may be
encased in agar or processed entirely and embedded in situ without agarizing (see the procedure
using Permanox™ plates).

4. Results Expected

The cells will be fixed without having changed spatial relationships.
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Figure 80. Monolayer of cells (A) attached to a Petri dish surface inverted over a droplet of 2% aqueous osmium (C) on
the lid of the Petri dish (B).

5. Cautionary Statements

Perform this procedure under a fume hood to contain the osmium fumes.

Reference

Dykstra, M.J., and Aldrich, H.C. 1978. Successful demonstration of an elusive cell coat in amebae. J. Protozool. 25: 38—41.

Flat Embedding on Microscope Slides’

1. Applications and Objectives

Whole specimens can be embedded conveniently if they are small or flat (Reymond and Pickett-
Heaps, 1983). Flat embedding can also be used to embed specimens grown on dialysis tubing (see Mims
etal., 1988).2

After processing, these specimens can be viewed easily with a light microscope, allowing areas to be
selected, cut out, and reembedded.

2. Materials Needed

Clean glass coverslips and microscope slides

Single edge razor blades

Cyanoacrylate glue (Crazy® glue)

Fluoroglide® (Norton Plastics, available from EMS)*
Fixed specimens in unpolymerized 100% Spurr resin
Kimwipes™

Spurr resin

2Special thanks are due to Dr. Karen Snetselaar, Department of Biology, St. Joseph’s University, Philadelphia, PA, for
introducing us to this technique.

3 Dialysis tubing: Specimens can be prepared on small pieces of dialysis membrane (Mims et al., 1988). This technique is
especially good for subsequent plunge-freezing. Prepare the dialysis tubing by boiling it for at least 10 min in 1% sodium
bicarbonate/0.1% EDTA, followed by boiling in several changes of distilled water. The membrane then can be sterilized
by autoclaving prior to use. To use the membrane, touch it to a cell suspension, let it dry briefly and then plunge-freeze
it. After cryosubstitution, it can be embedded with the technique above.

“#Electron Microscopy Sciences (Ft. Washington, PA) also sells a water-soluble release agent (Liquid Release Agent) that
comes as a liquid into which the slides and coverslips could be dipped instead of using the spray Fluoroglide® product.
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3. Procedure

1. Glass slides and coverslips are sprayed with the Fluoroglide® and wiped well with a Kimwipe™.
Repeat two times.

2. Place several specimens on the coated slide. Put a couple of small drops of Spurr resin on the slide.

Use tape or broken bits of coverslips as spacers at the ends of the coverslip to prevent the resin from

going all the way to the ends of the coverslip, otherwise the coverslip will be difficult to remove

from the slide.

Place slides in a 60-70°C oven for resin polymerization, and make sure that they are level.

4.  After the resin has polymerized (8 hr to 3 days), remove the coverslip from the polymerized resin
by working a new single-edge razor blade under the edge of the coverslip. Safety glasses are
recommended, since the coverslip may shatter.

5. Examine the plastic-embedded material remaining on the slide with the light microscope, and mark
areas of interest with a diamond scribe, magic marker, or scalpel.

6. Cut out the marked area with a scalpel or razor blade and glue to the top of a blank block of
polymerized resin previously cast in a BEEM™ capsule with cyanoacrylate glue or 5-min epoxide
glue. When the glue is polymerized, trim block and section as usual. If possible, glue the specimen
into a slot previously in the blank block (Fig. 81).

w

4. Results Expected

This method produces a thin wafer of polymerized resin containing the specimen, which then can be
examined easily with a light microscope for selection of areas of interest to be mounted on blank blocks and
sectioned.

5. Cautionary Statements

When spraying the Fluoroglide®, as with any aerosol product, work under a hood to prevent exposure
to the chemical product. The coverslip should also be detached with care, utilizing safety glasses to avoid
eye injury.

Figure 81. Slotted blank block with a flat-embedded specimen glued in place.
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Procedure for Deparaffining Samples

1. Applications and Objectives

On some occasions, it is necessary to retrieve information from samples previously fixed and embed-
ded for standard histological examination. This situation is not uncommon in a clinical setting where bioptic
samples are collected, such as tumors, and all the tissue is embedded in paraffin. After light microscopic
examination, the clinical staff determines that ultrastructural examination is necessary for absolute identifi-
cation of the pathology present. The electron microscopy laboratory staff is then asked to supply information
from a sample that may have been suboptimally aldehyde-fixed (4% formaldehyde), dehydrated, and then
heated for a prolonged period during paraffin infiltration. The technique described below is modified from
Weidmann et al. (1987).

2. Materials Needed

Xylene

Ethanol dehydration series

2% osmium

0.2M Sorenson’s sodium phosphate buffer, pH 7.2-7.4
Spurr resin (6.3 recipe as described in the resin section)

3. Procedure

1. Cut a piece of tissue out of the paraffin block, removing as much excess paraffin as possible.
Place in 100% xylene for 1-2hr, changing xylene several times until no evidence of paraffin
remains.

3. Rehydrate tissue:

100% ethanol: two changes over 60 min

95% ethanol: two changes over 30 min

75% ethanol for 15 min (or overnight at 4°C)

50% ethanol for 15 min
e Distilled water: two changes over 10 min

4. 1% osmium in 0.1 M phosphate buffer for 1 hr

5. Rinse in distilled water two times (5 min each). Dehydrate and embed in Spurr resin as described
for routine TEM sample preparation.

4. Results Expected

Such material, usually being suboptimally fixed in 4% formalin and then washed for extended peri-
ods of time before being embedded in paraffin, will usually not look very good. Much of the cytoplasmic
detail will have been leached out, and membranes will often be severely disrupted. The heating steps involved
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in paraffin embedding will also have coagulated much of the cytoplasm. This procedure is a viable option if
no more tissue can be obtained from important cases, because proteinaceous components such as cytoskele-
tal filaments, specific cellular granules, viral particles, and junctional complexes between cells can still be
identified in most cases. This type of sample will not often yield publishable results, but can still provide
usable diagnostic information.

5. Cautionary Statements

Handle and dispose of xylene according to MSDS information. Xylene is a toxic and potentially car-
cinogenic material and must be handled appropriately. Other cautions concerning routine TEM processing
apply.

Reference

Weidmann, J., Freund, M., and McGeever-Rubin, B. 1987. Comparative light and electron microscopy of paraffin-
embedded tissue: An assessment of three methods. J. Histotechnol. 10: 163-166.

Supplementary Reference

Chien, K., Van de Velde, R.L., and Heusser, R.C. 1982. A one-step method for re-embedding paraffin embedded specimens
for electron microscopy. In Proc. Electron Microsc. Soc. Am. 40th Annual Meeting (pp. 356-357). San Francisco
Press, San Francisco.
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Cryotechniques

The first question that arises when considering cryotechniques in general is: What are the
advantages to cryofixation? As we discussed in Chapter 1, fixation ideally instantaneously stops
biological activity, immobilizes cellular components, and enables them to withstand any further
processing procedures. In principle, biological materials can be fixed with either chemical or
physical techniques (cold, heat). Good chemical fixation requires the fast diffusion of chemical
agents through membranes and cytoplasmic components. Cryofixation, however, requires the
rapid diffusion of heat out of the specimen. The reason cryofixation can be superior to chemical
fixation is that the rate of chemical diffusion into the specimen is much slower than the rate of heat
diffusion out of the specimen. However, most cryofixation techniques adequately freeze samples
to a depth of no more than 10-15 wm, in contrast to chemical fixation, which consistently fixes
samples to a depth of at least 0.5 mm. Cryofixation is often inferior for structural studies because
of the limited sample size available but is vastly superior to chemical fixation for many microan-
alytical or immunocytochemical procedures because of the changes in cellular constituents caused
by extraction and chemical/physical changes during the process of chemical fixation.

The second question that requires investigation concerns the freezing process itself.
To understand the final product of cryofixation, it is necessary to examine the effect of freezing
biological samples. When water turns to crystalline ice, the fine structure of membranes vanishes,
and samples become cloudy. Improper freezing of samples can result in the growth of ice crystals
by recruitment of water molecules from surrounding cytoplasmic areas, thus separating water
from other nonaqueous molecules. As the crystals continue growing, they may draw extracellular
water into cells. At a certain point, the attraction of water molecules to the growing ice crystals
is overcome by the strength of the attraction of the remaining free water to other cellular con-
stituents, thereby bringing a halt to further ice crystal growth. If a frozen cell is examined closely,
ice crystals will be seen that have displaced normal cellular architecture and have actually
penetrated structures such as membranes. The proteinaceous components of the cytoplasm and
nucleoplasm become more concentrated than they were before freezing because they have been
dehydrated during the growth of adjacent ice crystals. Thus, after improper freezing of cells,
physical damage will have been caused by crystal formation, water will have been gathered
into crystals at the expense of dehydrating the areas where the water was originally located, and
various cellular structures will have been physically displaced by the growth of ice crystals.

Modern cryotechniques attempt to avoid the formation of crystalline ice by freezing the
sample so rapidly that migration of water molecules followed by nucleation and crystal formation
cannot occur. If frozen quickly enough, samples will have vitreous (amorphous) ice formed with-
out a crystal lattice. Unfortunately, technical difficulties usually limit us to samples that have
microcrystalline ice whose crystals are not readily visualized by electron microscopy. Careful
examination with a cold stage and electron diffraction will still reveal diffraction patterns
consistent with the crystalline structure of frozen water.

This chapter is devoted to exploring the history of cryotechniques, the methods for
fixing cells with cryotechniques that produce minimal crystallization, and the use to which these
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cryopreserved materials may be put. Three texts that are devoted to cryotechniques are those by
Robards and Sleytr (1985), Roos and Morgan (1990), and Steinbrecht and Zierold (1987).

I. HISTORY
A. Organismal Period

This earliest period in cryobiology was devoted primarily to determining what organisms
and life stages of organisms could withstand freezing. In the mid-1660s, Henry Power froze eel
worms (nematodes) found in vinegar and discovered that they were still alive after thawing. In the
late 1700s, Spalanzani froze rotifers, and embryos, eggs, and adult forms of various organisms and
found that the embryos and eggs survived freezing more successfully than adults, which he attrib-
uted to the oily fluids that the embryos and eggs contained.

One of the major problems during this organismal period of cryobiology was the poor
cryogens available. A saltwater and ice slush was usually the best cryogen available, causing very
slow freezing and, thus, a high probability of ice crystal formation. Toward the end of the 19th
century, cryotechnology had advanced to the point where —200°C temperatures were possible,
and the list of organisms and tissues frozen and thawed had grown considerably. In addition,
freeze-drying had been attempted on some tissues.

B. Mechanistic Period

Beginning in the 1900s, investigators began looking at the mechanisms involved in
successful freezing of organisms as defined by the process producing minimal tissue damage.

In the early 1900s, the rate of freezing was determined to be a critical issue. By the 1930s,
studies on the actual formation of ice crystals in protoplasm at the microscopic level demonstrated
the cytoplasmic displacements that took place. By the 1940s, it was determined that it was neces-
sary to form vitreous ice within tissue for survival. During the same period, the cryoprotectant
glycerol was used during cryofixation of avian sperm and other cells and tissues to decrease the
formation of crystalline ice. Later workers have subsequently demonstrated that some overwin-
tering insects naturally contain as much as 20% glycerol in their cells (Lee and Denlinger, 1991),
the percentage usually used as a cryoprotectant for freeze-fracture work.

C. Cytological Period

This period was characterized by the successful use of cryotechniques for ultrastructural
studies, a period that was ushered in by the development of freeze-fracture equipment to fracture
membranes and cells for subsequent replica production and TEM examination. The first device
was designed by Steere (1957) and became the commercially available Denton freeze-fracture
apparatus. This was followed by the production, by Moor et al. (1961), of a freeze-fracture
apparatus, which was much easier to use and gained wide acceptance when it was marketed by
Balzers (now Bal-Tec).
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Sjostrand tried freeze-drying samples for electron microscopy in the 1940s with poor
results but achieved reasonable preservation methods by 1958 (Sjostrand and Baker, 1958). Linner
et al. (1986) described a highly effective method for cryofixing specimens and drying them in a
molecular distillation device that was superior to previous freeze-drying equipment.

Fernandez-Moran, who was so instrumental in the development of diamond knives for
ultramicrotomy, began exploring methods for freeze substitution of samples wherein cryofixed
samples were subsequently dehydrated at low temperatures and embedded for sectioning at room
temperature (Fernandez-Moran, 1957).

By the 1980s, a number of different specimen freezing methods had been developed that
produced samples with vitreous or microcrystalline ice, and the techniques for cryoultramicro-
tomy pioneered by Bernhard (1965) had become routine. Tokuyasu (1973) introduced a technique
for freezing tissues for cryoultramicrotomy that stimulated the development of immunolabeling of
frozen ultrathin sections, which continues to be the major application for cryoultramicrotomy to
biological samples.

In addition, the 1980s saw the development of low-temperature acrylic resins for
embedment of specimens prepared by cryotechniques (see the section on resins in Chapter 1).

Il. PURPOSE

The purpose of cryofixation is to stop biological activity, which happens in about 10 ms
(Gilkey and Staehelin, 1986), prevent nucleation and crystallization of water, and preserve the
spatial relationships and as much biological activity of cellular constituents as possible.

Ice crystal development begins with a nucleation point to which water from the surround-
ing medium migrates, resulting in the growth of an ice crystal. This causes the solute concentra-
tion in regions between the ice crystals to increase, eventually reaching a concentration sufficient
to prevent further growth of the adjacent ice crystal. At this point, a solid eutectic has been formed,
consisting of water and solute in a vitrified (glassy) state. In living organisms, ice crystal forma-
tion is thought to occur between —2°C and —80°C, although some workers (Linner ef al., 1986)
maintain that some crystallization can occur even below —100°C.

The lowest temperature in the range is the recrystallization point. If a rapidly frozen spec-
imen is allowed to warm to a temperature above —100°C, ice crystals will form (Dubochet, 1995).
It is important to remember that ice crystals can form from freezing a specimen too slowly or
warming a specimen too slowly.

Water that is ultrarapidly frozen with a slam-freezing device held at —196 °C with liquid
nitrogen will demonstrate a structure no different from that of liquid water when studied with dif-
fraction techniques (Linner et al., 1986). This vitreous or amorphous ice goes through a transition
if warmed to —135°C to —120°C and becomes microcrystalline in structure by the formation of
cubic ice crystals. As the temperature increases from —120°C to —40°C, several types of ice are
formed. By the time the temperature has warmed to —35°C, further crystallization results in large
ice crystals, and some melting has also occurred. The size of the ice crystals is dependent on the
rate of freezing or thawing and the solute concentration (cytoplasmic solutes and/or cryoprotec-
tants added). At the high freezing rates achieved with modern cryotechniques, most of the water
in a specimen crystallizes homogeneously into 20 nm? crystals that are difficult to resolve ultra-
structurally, and the specimen is commonly described as “vitrified.” If these samples are examined
in the native frozen state with a cold stage-equipped TEM set up for diffraction, a crystal structure
can still be demonstrated, so the sample is not truly vitrified but actually has microcrystalline
structure.
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The concept of cryoprotection arose out of the knowledge that certain cell types with a low
water content (bacterial spores, some seeds, fungal spores) may be subjected to freezing temper-
atures and then thawed without any appreciable damage. Cryoprotectants have been added to other
types of cells and tissues to improve their capacity to withstand the freezing process. Glycerol,
ethylene glycol, dimethylsulfoxide (DMSO), and sucrose have been used extensively in this
regard. A buffered solution of 20-25% glycerol is one of the most extensively used cryoprotec-
tants and was originally developed for use with freeze-fracture methods. Cells and tissues are usu-
ally first fixed with aldehydes, since many unfixed cells will shrink in glycerol because of osmotic
effects. The fixative is then rinsed out with an appropriate buffer, and the cells are immersed in the
buffer/glycerol mixture for 30-60 min prior to freezing. The larger the piece of tissue, the higher
the concentration of glycerol used. More than 2 hr in glycerol is considered undesirable. Some
workers mix glycerol with sucrose (10% glycerol/20% sucrose) with good results. If the glycerol
concentration is above 35-40%, specimen etching, if desired, becomes impossible because the
water contained in the specimen cannot sublime from the surface under normal etching conditions.

Tokuyasu (1973) demonstrated that a light aldehyde fixation permeabilizes cytoplasmic
membranes sufficiently to eliminate the possiblity of cryoprotectant-induced osmotic effects.
Severe osmotic damage is induced in unfixed cells by 2.1 M sucrose, but no damage results from
exposure to the sucrose if the cells have been lightly fixed in 2% buffered formaldehyde first.

I1l. CRYOGENS

Costello and Corless (1978) examined the actual temperatures and freezing rates of cryo-
gens used for cryofixation (Table 11). Examination of this table reveals that the temperature of the
cryogen is not the most important factor in determining its suitability for freezing specimens.
Liquid nitrogen (—196°C) and nitrogen slush (—207°C) are the coldest cryogens in the list but
have the slowest freezing rates (16,000 and 21,000°C/sec, respectively). To be effective for cryofix-
ation, the cryogen must remain in contact with the specimen surface. Nitrogen has a low boiling
point (—196°C) and quickly turns into a gas when confronted with a specimen at ambient tem-
perature. The nitrogen gas formed is a significant thermal insulator, slowing the specimen freez-
ing process. The most effective cryogens are those that remain liquid when cooled almost to liquid
nitrogen temperature, thus allowing them to wet the specimen for quickest cooling. In addition,
they have a boiling point several degrees higher, so they will remain liquid while the specimen is
plunged (or sprayed) into them. Propane is the cryogen of choice for immersion, spray, or jet
freezing, since it maintains a low temperature and has a fast freezing rate.

Table 11. Temperature and Freezing Rate of Cryogens Used for

Cryofixation
Temperature at

Cryogen Cryogen Surface (°C) Freezing Rate (°C/sec)
Propane —190 98,000

Freon 13 —185 78,000

Freon 22 —155 66,000

Freon 12 —152 47,000
Isopentane —160 45,000
Nitrogen slush —207 21,000

Liquid nitrogen —196 16,000
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With metal mirror (slam) freezing, a polished metal surface is cooled with liquid nitrogen
to —190°C to —196°C, at which time the specimen is brought into contact with the metal surface
and held there until cryofixation is complete. With the specimen held in intimate contact with the
nitrogen-cooled metal, the problem of nitrogen boiling is eliminated.

IV. SAFETY PRECAUTIONS

All of the cryogens must be handled carefully to avoid injury to the user. Liquid nitrogen
can produce serious freezing damage if trapped inside gloves, shoes, or other articles of clothing.
If liquid nitrogen is spilled onto bare skin, its rapid evaporation usually results in minimal
damage. However, the other cryogens do not evaporate quickly and so can cause severe damage
to exposed skin with which they come into contact. An added danger with propane is its flamma-
bility. Liquid propane, if exposed to the atmosphere, is cold enough to cause condensation of air
(containing oxygen) on its surface or the surface of the vessel in which it is contained. This com-
bination of cooled propane and oxygen is extremely flammable. For this reason, sample freezing
should take place under a fume hood to avoid producing dangerous levels of gaseous propane.
After specimen freezing is completed, the cryogen should be evaporated under the fume hood at
a slow rate. Liquid propane and gaseous propane are both heavier than air. They will seek the low-
est level in a room and can actually “run” out from under a fume hood down onto a laboratory
floor if the hood is turned off. As the gaseous propane diffuses (or liquid propane vaporizes), any
spark or flame in the vicinity can cause an explosion.

Finally, liquid nitrogen is generally treated as a relatively benign substance, since it rarely
causes serious freezing unless trapped against body parts, but the gaseous form of nitrogen can
also be extremely dangerous. If a typical 160-liter liquid nitrogen tank is stored in a small room
without adequate ventilation, the very act of transferring nitrogen to another container for trans-
port to specimen preparation areas can be dangerous, since large volumes of gaseous nitrogen
can be produced. In a poorly ventilated space, this can result in air being displaced by nitrogen,
leading to the real possibility of suffocation.

V. FREEZING METHODS

Four of the five basic freezing methods (immersion, metal mirror, jet, and spray freezing)
will produce well-frozen cells only within 10-15 um of the specimen surface. Below that thin
layer, the thermal mass of the rest of the tissue prevents sufficient heat extraction to produce good
freezing. This limits the overall mass of tissue that can be cryofixed adequately. Specimens over
0.2 mm in thickness are clearly unnecessary and counterproductive. Monolayers of cells will typ-
ically be more successful subjects for cryofixation than multicellular tissues. Various methods
have been developed to try to increase this depth of cryofixation, but the only method that has
succeeded is the high-pressure freezer initially introduced by Balzers and now marketed by
Bal-Tec AG as the HPM 010 High Pressure Freezing Machine. In addition, Leica now markets
the EM PACT High Pressure Freezer. Both units are purported to produce samples that are well-
frozen to depths of approximately 200 pm, close to the normal depths for good chemical fixation
(Gilkey and Staehelin, 1986; Moor, 1986).
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A. High-Speed Plunging/Immersion

Cryoprotected material may be frozen by being quickly plunged by hand (held with forceps)
directly into liquid nitrogen. If crystal damage to tissue is observed, the specimens can be plunged
by hand into a moderate cryogen like Freon 13 or 22 cooled by liquid nitrogen with improved results.

Specimens that have not been cryoprotected have more stringent requirements for proper
cryofixation. Those specimens must be immersed more quickly into a more effective cryogen like
propane cooled with liquid nitrogen. Robards and Crosby (1983) studied the effect of the entry
velocity of specimens into liquid nitrogen-cooled propane and found that specimen cooling
increased with increasing speed of entry up to about 3m/sec. Above that speed, cooling rates
decreased, possibly because of trapped air pockets or induced turbulence insulating the specimen
surface. The only exception to this velocity limitation is specimens that are prepared with the aero-
dynamic shape of blades or needles, which have been successfully frozen with immersion rates of
15 m/sec (Handley et al., 1981). Immersion freezing devices that are laboratory-built or industrially
manufactured (Fig. 82A) typically use springs or gravity to achieve desired specimen velocity. It
is important to keep the cryogen surface near the top of the vessel into which the specimen is
plunged. If the cryogen is at the bottom of a long tube, the air space above the cryogen can be cool
enough to freeze the specimen as it passes through on its way to the cryogen but will still be too
warm to freeze the specimen adequately, resulting in ice damage.

Not only are the specimen velocity, the placement of the cryogen in the freezing chamber,
and the nature of the cryogen of importance, but also the shape and size of the specimen are
factors that must be considered. Handley et al. (1981) put their specimens (blood) behind a thin
titanium foil with an edged profile to improve heat transfer. Other workers have used foils of
copper and gold.

Figure 82. (A) Diagram of a Leica EM CPC high-speed immersion freezer with specimen (o) behind metal conical foil
(f) driven by spring (p) into liquid propane cryogen (c) cooled with liquid nitrogen (ND2) in surrounding chamber.
(Redrawn from diagram, courtesy of Leica Microsystems).
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Dubochet et al. (1983) described a technique using a 400-mesh grid to which a droplet of
subcellular particles up to the size of bacteria or mitochondria (0.5-pm diameter) had been added.
The grid was wicked almost to dryness with a piece of filter paper, thus leaving a liquid film about
100-nm thick. The grid with its thin film of specimen/liquid was immersed in liquid nitrogen-
cooled propane, cryotransferred to a TEM cryostage, and observed with a low-dose unit to
decrease heating of the frozen specimen. The immersion speed did not have to be particularly fast,
since the heat-transfer characteristics of the metal grid were excellent.

Thin slices of tissue or suspensions of cells (20-pm thick or less) have been placed between
thin metal sheets (titanium or gold, typically) about 50 wm thick, resulting in excellent heat trans-
fer upon submersion in the cryogen (Gilkey and Staehelin, 1986). Some devices, such as the Leica
EM CPC (Fig. 82B), have a holder that grasps locking forceps holding the specimen. The EM
CPC then plunges the specimen-holding forceps into a cylinder of nitrogen-cooled propane by
spring-loaded pressure. The EM CPC can also plunge-freeze specimens situated on pins compatible
with Leica Microsystems ultramicrotomes designed for cryoultramicrotomy, which then provides a
sample that can be quickly transferred to the ultramicrotome cryochamber for ultrathin sectioning.

(B)

Figure 82. (B) Photograph of the Leica EM CPC unit set up for a high-speed immersion freezing. (Courtesy of
Leica Microsystems).
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B. Spray Freezing

This technique (Bachmann and Schmitt-Fumian, 1973) is based on the principle that cells
contained in droplets of fluid, about 10-30 wm in diameter, that are sprayed into liquid nitrogen-
cooled propane will be quickly frozen because of the favorable surface-to-volume ratio. The
frozen droplets are then transferred to a surface held at —85°C and put under vacuum to extract
the liquid propane. After the propane is removed, butylbenzene (freezing point: —95°C) is mixed
with the droplets to produce a paste that can be transferred to freeze-fracture planchets and dipped
into liquid nitrogen before freeze-fracturing. Gilkey and Staehelin (1986) suggest that the high
freezing rates possible with this technique (>100,000°C/sec) are outweighed by the tediousness
of the processing and the difficulty in obtaining good fractured surfaces because of smearing of
the butylbenzene by the fracturing blade.

C. Jet Freezing

Miiller et al. (1980) introduced the double-jet propane freezer (Fig. 83). With this
technique, a thin specimen is sandwiched between two metal planchets or sheets, which
protect the surface of the sample from the high-velocity propane jet and ensure rapid heat trans-
fer. The specimen is held between the two jets through which liquid nitrogen-cooled liquid
propane is propelled by high pressure toward the sample. Since the specimen is cooled from both

Propane

Gaseous N
Vent

LN,in

Figure 83. Propane jet-freezing device from Miiller er al. (1980). Propane (P) cooled by liquid nitrogen (LN,) is
forced by gaseous N, into two tubes with small orifices (J), producing a jet of cooled propane. (Redrawn from Gilkey and
Staehelin, 1986, courtesy of Wiley-Liss, Inc.)
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sides at once, Gilkey and Staehelin (1986) report that the specimen is, on average, frozen to a
depth of 40 um.

D. High-Pressure Freezing

This technique was developed by Moor and his colleagues (Moor and Riehle, 1968; Moor
et al., 1980). A basic diagram of the functional parts of the commercially made unit produced by
Bal-Tec (HPM 010) is shown in Fig. 84.

Specimens are placed between two metal planchets to help reduce the possibility of the
samples being crushed. The specimen is placed within the high-pressure chamber, the chamber
is pressurized, and then liquid nitrogen is forced into the chamber under pressure to freeze the
sample.

As pointed out by Dubochet (1995), water increases in volume when it becomes
more ordered (frozen), but by freezing water at high pressure, the increase in volume is made more
difficult, thus decreasing the growth of ice crystals.

It was found that pressurizing the chamber with liquid nitrogen alone resulted in a cooling
rate that was too slow. The system currently available forces a small bolus of isopropyl alcohol
(2 ml) into the chamber during initial pressurization, and freezing begins when the nitrogen enters
the chamber at about 210 MPa and is directed onto the specimen from jets in the chamber. The
pressurization and freezing cycle, which lowers the specimen temperature to —150°C, takes about
0.55. The specimen temperature remains below —100°C for about 6-8 s, allowing the operator to
remove the sample for storage in liquid nitrogen before it thaws.

1] [L.N
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Figure 84. Diagrammatic representation of Bal-Tec AG high-pressure freezer, as designed by Moor et al. Abbreviations:
HC: high-pressure cylinder; DV: Dewar; PP: pressure piston; HL: high-pressure line; PA: pressure accumulator; GB: gas
balloon; PV: pressure valve; IN: isopropyl alcohol insertion port; PC: pressure chamber containing specimen in metal
sandwich; AP: exhaust aperture; LC: low-pressure chamber; LL: low-pressure line; HP: hydraulic pump; LN;: liquid
nitrogen. (Redrawn from Gilkey and Staehelin, 1986, courtesy of Wiley-Liss, Inc.)
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Moor (1986) points out several potential problems with high-pressure freezing:

1. FEuglena exposed to 200MPa for 0.1sec have a 90% survival rate, while all those
exposed for 4sec die, indicating that freezing must quickly follow pressurization to
ensure good results.

2. It is important to raise the chamber pressure to 210 MPa before freezing takes place,
which is the purpose of the isopropyl alcohol, thus delaying the entrance of the liquid
nitrogen into the chamber until it has been sufficiently pressurized (this is critical,
since the liquid nitrogen is being used both to pressurize the chamber and to freeze the
specimen). He reports that it takes 15msec to pressurize the chamber sufficiently for
the freezing process to work effectively.

3. The specimen should be cooled for a period following freezing so that there is no chance
of the temperature rising above the crystallization point during specimen transfer to
liquid nitrogen for storage.

4. Finally, as with all freezing techniques, the surface of the specimen freezes before the
interior. In order to achieve the great depths of freezing (0.5-0.6 mm) produced by
this technique, it is necessary to hold the pressure during freezing for at least 0.3 sec to
ensure thorough freezing.

E. Metal Mirror/Slam Freezing

Van Harreveld and Crowell (1964) are credited with being the first to freeze samples for
electron microscopy on cooled metal blocks. At the present time, there are a variety of commer-
cially produced slam freezers (Fig. 85A and B) available from electron microscopy supply houses
or directly from equipment manufacturers. The Leica EM CPC unit that was mentioned above in
reference to high-speed plunge freezing can also be set up for metal mirror freezing utilizing
three gold-plated copper targets.

All of these devices consist of a polished metal surface, usually copper, which is cooled
with liquid nitrogen or liquid helium. The specimen is attached to a plunger above the metal mir-
ror and is subsequently impinged upon the mirror surface by gravity, electromagnetic force, gas
pressure, or springs. Some of the devices rely on nitrogen gas rising up from the reservoir cooling
the mirror to keep air from condensing on the mirror surface, while others have the mirror within
a low vacuum chamber while it is being cooled and only open the chamber milliseconds prior to
slamming the specimen onto the mirror.

The copper metal mirror is polished and cleaned prior to slamming so that the specimen
will be slammed onto a blemish-free surface for best thermal conductivity. The mirror is then
placed into the slamming chamber and cooled with liquid nitrogen. Liquid helium can also be
used, but is much more expensive and does not appear to produce a significant difference in final
specimen quality. The chamber containing the target mirror is covered during the cooling process
to minimize the formation of insulating frost on the mirror surface. Just as the specimen driver is
being released, the chamber door is opened. After the specimen is slammed, it is held onto the
cooled metal for 20-30 sec to cool areas behind the superficial well-frozen 10-15 wm. After this
cooling period, the specimen is transferred quickly to liquid nitrogen for storage until subsequent
processing steps.

One problem that was noted during the development of slammers was that a specimen
striking the target because of gravity (a free fall device) tended to bounce after initial contact,
briefly breaking thermal contact with the target. It was noted that this was sufficient to cause ice
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Figure 85. (A) Photograph of Leica EM CPC unit set up for metal mirror freezing. (B) Detail of chamber and specimen
plunger of a slam freezer. Copper bar (C) with polished surface (m) is kept free of frost by gaseous nitrogen (GN2)
produced from the liquid nitrogen reservoir (LN2) cooling copper bar. Specimen (0) is driven onto mirror by a spring
wrapped around the inner shaft (i). (Both images courtesy of Leica Microsystems).

damage. To eliminate this problem, some of the devices have used shock absorbers to prevent
rebound (Gentleman Jim®), and others have used gas-driven plungers or electromagnetic drivers
to slam the specimen holder against the target while not allowing any recoil. Another problem con-
cerns the target surface. All targets develop frost after removing the frozen specimen. The frost
must be removed prior to the next slamming cycle by thawing the target. In the process of heat-
ing and then recooling a copper target, the surface tends to oxidize, thus providing poorer thermal
contact surfaces for the specimen. It is thus necessary to remove the target and polish it between
slams unless the copper target is gold-plated, which eliminates the problem of target oxidation.

VI. USES OF FROZEN SPECIMENS

Once a specimen is frozen by one of the five techniques described above, further choices
must be made between different sample handling procedures determined by the eventual sample fate.
Frozen samples may be prepared for freeze-fracture, cryosubstitution, freeze-drying, immunola-
beling, or microanalytical approaches.

Another parameter of cryotechniques concerns the quality of the final product examined.
As previously mentioned, most cryotechniques produce images that appear significantly different
from conventional chemically fixed and epoxide-embedded materials (Fig. 86). Thus, when deter-
mining what techniques to employ, it is necessary to focus on the question being asked. If straight
structural studies are desired, cryosubstitution or conventional chemical fixation will yield the
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Figure 86. Top: Liver, conventional chemical fixation and embedment, poststained with uranyl acetate and lead citrate.
18,462 X. Bottom: Liver, Tokuyasu (1973) technique. Light aldehyde fixation followed by cryoprotection in 2.3 M sucrose,
cryofixation in Freon cooled with liquid nitrogen, cryoultramicrotomy, and staining with ammonium molybdate. 25,962 X.

most cellular detail. However, if immunolabeling is the primary objective, cytological preserva-
tion is sacrificed for antigen preservation and accessibility. Some of the immunolabeling proce-
dures sacrifice membrane preservation, but compartments can still be identified, so antibody
labeling can be described as occurring inside or outside of various cellular compartments despite
the poor preservation of membranes. Frozen sections or samples prepared by freeze-drying also
look significantly different from conventionally prepared samples, but both techniques can mini-
mize exposure of samples to fixatives, solvents, heat, and strongly cross-linked resins. Thus, struc-
tural detail is often sacrificed for preservation of other features being sought with cryotechniques.
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A. Cryoultramicrotomy

Ultramicrotomes used for cryoultramicrotomy have had thermal advance mechanisms or
mechanical advance mechanisms, though the instruments marketed today are all mechanical
advance devices (Leica UCT, RMC MT-X, and Micro Star Cryoultramicrotome). Since current
techniques produce ultrathin frozen sections on dry knives, eliminating the possibility of evaluating
section thickness by the normal interference colors produced by sections floating on water when
illuminated with diffuse light, mechanical specimen advance is preferred so that section thickness
can be more accurately determined.

Cryoultramicrotomes equipped for fast arm return speeds along with adjustability to very
slow cutting speeds (<0.1 mm/sec) and small cutting windows (<1.0 mm) give the most satisfying
results for native frozen materials (those cryofixed without any chemical treatment) destined for
microanalysis with or without cryotransfer to a cryostage in a TEM. These materials are generally
sectioned at —150°C after ultrarapid freezing without cryoprotection. If the cutting speed is too
fast, section melting can occur, as revealed by the presence of knife marks in sections.

Block face trimming is critical for success. The block should be reduced to 0.2-0.5-mm
length, with the upper and lower edges exactly parallel, and then the face should be trimmed
smooth with a glass knife. Glass knives cooled to —100°C to —120°C to produce sections by the
Tokuyasu (1973) technique for immunolabeling are considerably harder than when used at room
temperature and will cut many good frozen sections. Diamond knives are considered superior
when cutting 10- to 50-nm sections of native frozen materials for microanalysis.

1. Immunolabeling (Tokuyasu, 1973)

Samples are typically fixed for 1 hr in 2-4% phosphate-buffered (pH 7.0) formaldehyde made
up freshly from paraformaldehyde powder. After rinsing the samples in the same buffer, they are
immersed in 2.3 M sucrose for 1 hr before being cryofixed. Because of the cryoprotection provided by
the sucrose, they can usually be manually immersed in liquid nitrogen, producing adequate cryofixa-
tion. If excessive freezing artifacts (Fig. 87) are observed, immersion fixation in Freon cooled with lig-
uid nitrogen may be necessary. The knife temperature (—105°C) should be slightly cooler than that of
the specimen (—100°C). Sections for immunolabeling are picked up with a drop of 2.3 M sucrose just
before the sucrose freezes (Fig. 88), transferred to the surface of a grid, which is then floated on dis-
tilled water in a small Petri dish to remove the sucrose. After blotting the grid dry, it can be immuno-
labeled and then negatively stained with 3% ammonium molybdate (see Chapter 8 Techniques).

2. Frozen Sections for Microanalysis

Native frozen sections that have had no chemical fixation or cryoprotection can be cryosec-
tioned, cryotransferred, and examined on a cryostage-equipped TEM. Native frozen samples can
yield information concerning the location of diffusible elements such as sodium and potassium as
well as insoluble materials.

Since no chemical fixation or cryoprotectants are employed, native frozen sections must
be frozen by the most exacting methods. Most workers use jet, slam, or high-pressure freezing to
produce materials suitable for cryosectioning. Samples are usually sectioned at —120°C to —150°C.
Dry sections are moved to Formvar-coated grids within the cryosectioning chamber with a pre-
cooled eyelash and then pressed down onto the grid surface with a cooled nylon-tipped rod. Static
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Figure 87. Sample with freezing artifacts in the form of a generalized motheaten appearance of slam-frozen and
cryosubstituted sample caused by the formation of numerous small ice crystals in cytoplasmic areas away from the
sample surface (S) of mouse skeletal muscle. 2,404 X.
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Figure 88. Tokuyasu (1973) procedure for transferring frozen sections to a grid with a loop containing a drop of sucrose.

electricity is often a problem when working at low temperatures with native frozen sections,
so many workers use devices such as a Static Line II™ (Electron Microscopy Sciences, Fort
Washington, PA) to decrease electrostatic charges in the ultramicrotome cryochamber.

Grids with frozen sections are then cryotransferred to a cryostage-equipped TEM for
microanalysis (see Steinbrecht and Zierold, 1987, for further applications).

3. Structural Analysis
Examination of sections prepared from native frozen materials or samples prepared by

Tokuyasu (1973) techniques can provide structural information about tissues exposed to minimal
preparatory techniques. Native frozen sections have been exposed to no chemical treatments
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whatsoever, while Tokuyasu sections have been fixed only lightly, rinsed in buffers, put into
sucrose, and frozen, thereby eliminating osmium, dehydration agents, resins, and the heat used to
polymerize most conventional resins.

In most cases, these frozen sections must be stained to produce contrast (e.g., with
ammonium molybdate), although examining these materials with a TEM capable of electron
spectroscopic imaging, which can eliminate scattered electrons from the imaging process, should
produce good images even without staining.

B. Cryosubstitution

Cryosubstitution techniques have grown in popularity over the last 20 years for purely
morphological investigations. Several automatic cryosubstitution units, such as the Leica EM AFS
freeze-substitution system, currently marketed for under $18,000, are available.

Conventional chemical fixation and cryosubstitution produce different images (Fig. 89).
Cryosubstitution often reveals materials not preserved by conventional chemical fixation, but
freezing damage during initial cryofixation is a frequent artifactual element found in photographs
of these materials.

Monaghan et al. (1998) discuss different substitution media with and without dissolved
osmium, the effect of different rates of warming before embedment in epoxide resins, and alter-
native methods for embedment in low-temperature acrylic resins. With conventional chemical
fixation, plasmalemmal profiles are often wavy, while cryosubstitution produces smooth profiles
that are considered to be more representative of the living state. Studies of various fungi have
shown that the populations of vesicles involved in tip growth of fungal hyphae, which appear
homogeneous with conventional chemical fixation, show varied contents with cryosubstitution
methods (Howard and Aist, 1979).

Cryosubstitution starts with cryofixation followed by transfer of the sample to a cry-
ochamber containing a substitution agent that replaces water in the sample. After all the water has
been replaced by the substitution agent, more of the substitution agent in which various fixatives
have been dissolved is added to the chamber containing the samples. After a suitable time during
which the fixative-laden substitution agent has diffused throughout the sample, the chamber
temperature is raised slowly, allowing the fixatives to interact chemically with the samples.

Cryosubstitution assures rapid cessation of biological activity as a result of cryofixation
followed by dehydration and then infusion of chemical fixatives at temperatures too low (usually
—80°C) for chemical activity. As the chamber temperature is raised, the chemicals contained in
the substitution agent simultaneously fix all areas of the sample once they reach their particular
reactive temperature (e.g., —40°C for uranyl acetate and —20°C for osmium).

This is markedly different from conventional chemical fixation where the fixative diffuses
from the sample surface to the interior. During the process, the fixative becomes bound to tissue
constituents, thus diluting the fixative solution reaching the interior of the sample. In addition, as
the sample becomes fixed from the outside in, further diffusion of the fixation solution becomes
impeded by fixative cross-linking and chemical alteration of cellular constituents.

Some workers (Harvey, 1982) have used apolar substitution agents such as diethylether to
preserve the original distribution of water-soluble substances for subsequent microanalysis, which
presumably would have been mobilized by the use of polar substitution agents. Methods employ-
ing apolar agents take up to 14 days for cryosubstitution of the sample because of their poor
miscibility with water.
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Figure 89. (A) Escherichia coli fixed with conventional chemical methods. 32,308 X. (B) Escherichia coli fixed by
slam-freezing, followed by cryosubstitution. 32,308 X.

Most cryosubstitution is done using polar solvents (see Steinbrecht and Miiller, 1987) such
as acetone, which is the most widely used agent. Methanol has the advantage that it substitutes
more quickly at low temperatures than acetone and is more suitable for dissolving fixatives such
as glutaraldehyde.

Polar agents such as acetone or methanol placed over cryofixed samples held at —80°C
typically dissolve frozen water and replace the frozen water within 6-12 hr. During this time, the
substitution agent can be changed several times. The final change typically contains 2—4% osmium,
although some investigators have added acrolein, glutaraldehyde, and uranyl acetate (see
Steinbrecht and Miiller, 1987).
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Freezing artifacts may be induced in cryosubstituted samples by inadequate freezing rates,
too rapid thawing rates, or by excessive sample size (depth) (Monaghan et al., 1998). Evidence of
freezing damage in the form of clear areas caused by nucleation of ice crystals behind the front of
adequate freezing in a slam-frozen, cryosubstituted sample can be seen in Fig. 87.

C. Freeze-fracture

Steere (1957) demonstrated virus particles within cells with freeze-fracture techniques,
which ushered in the first widely applied cryotechnique applied to biological materials. Most early
workers felt that freeze-fracture techniques could eliminate the need for chemical fixation and
would provide a more realistic picture of cellular structures than chemical fixation. Unfortunately,
initial freezing of tissues and cells without cryoprotection showed freezing damage, so most
laboratories resorted to light aldehyde fixation followed by treatment with 20-25% buffered
glycerol for cryoprotection during subsequent manual immersion freezing in Freon 13 cooled with
liquid nitrogen.

The first commercially available freeze-fracture device was designed and marketed by
Balzers and Hans Moor in 1964. The current model now marketed by Bal-Tec AG (BAF 060) was
introduced in 1994 and has several specimen stages capable of holding small (3 mm in diameter)
gold planchets with favorable heat-transfer characteristics (Fig. 90). The cryoprotected sample is
loaded into the planchets, quickly frozen, and stored under liquid nitrogen until use. After the
knife arm and specimen stage have been cooled under vacuum to —150°C and —100°C, respec-
tively, the bell jar is brought to atmospheric pressure, and the specimen is quickly loaded onto the
specimen stage. The bell jar is then closed and evacuated to less than 10#Pa. At that time, the
knife-holding arm, which is loaded with a standard injector razor blade, is passed above the spec-
imen and slowly lowered in 1-pm increments until the specimen surface is fractured. It is impor-
tant not to make too many passes as the deeper part of the sample will generally not be frozen as
well as superficial regions. After the surface of the specimen is fractured, the knife is moved out
of the way, and a carbon/platinum coat is evaporated onto the specimen surface. Next, carbon is
evaporated onto the specimen for added replica stability. The chamber is then brought to atmos-
pheric pressure, the specimen is removed and thawed, and the replica is floated off the planchet
onto distilled water. The replica is then transferred with a loop to successive baths of acid and
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Figure 90. Gold specimen planchets used with Bal-Tec AG freeze-fracture units.
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sodium hypochlorite (bleach) with intervening distilled water washes and finally rinsed several
times in distilled water. The replica, which has now had all biological material corroded from its
surface, is picked up with a grid, dried, and examined with the TEM. The replica will reveal
cellular structures (Fig. 91) but is mostly used to examine intramembrane domains (Fig. 92)
demonstrating intramembrane protein particle distribution.

Figure 91. Freeze-fracture preparation of a rat kidney showing basement membrane (B), mitochondria (M), and basal
infolding (I). 24,519X.

Figure 92. Freeze-fracture preparation of Escherichia coli cells showing intramembrane protein particles. 44,135X.
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Figure 93. Freeze-fracture double-recovery device. Pin A is struck to open jaws (B, C) hinged at E. The sample (stippled)
frozen between the two planchets (D) is broken in two by the process and is subsequently shadowed.

An alternative preparative procedure utilizes matched holders held in a hinged device
(Fig. 93). The sample is placed between two planchets and then frozen. The frozen planchets with
the sample sandwiched between them are mounted on the cooled stage of the freeze-fracture
device, the bell jar is closed, and the system is evacuated. The knife-holding arm is used to open
the double-recovery device, exposing two complementary fractured specimen faces that are sub-
sequently shadowed, producing complementary replicas that are cleaned as above. The replicas
can be carefully examined, and complementary faces can be located to examine the insertion of
membrane proteins into the lipid bilayer.

Freeze-etch samples are prepared in the same way as for standard freeze-fracture samples,
except that after the specimen is fractured, the cold knife holder is suspended over the specimen
for a few minutes to allow frozen water from the sample to sublime and attach to the knife holder.
After the etching period is finished, the knife is moved out of the way, and a metal replica is made
as described above. The purpose of etching is to make nonaqueous domains of the cell stand up
in relief against the depressed areas from which water has sublimed.

Freeze-fracture techniques are not used as much today as in the past because of the develop-
ment of more sensitive techniques utilizing gold-labeled antibodies, which can not only localize the
protein components within a membrane but also can identify specific proteins, which is not possible
with freeze-fracture techniques. Coupling gold-labeled antibody techniques with high-resolution
Field Emission Gun (FEG) scanning electron microscopy allows the identification of several specific
proteins simultaneously and also can examine sample sizes much larger than possible with freeze-
fracture methods. However, there is still a place for freeze-fracture techniques in conjunction with
other methods such as negative staining and polyacrylamide gel electrophoresis. This combination
can answer basic cell biology questions, as was done in elucidating the structure and interaction of
streptolysin with the lipid component of natural and artificial membranes (Bhakdi ef al., 1985).

D. Freeze-Drying as Typified by Molecular Distillation

Linner et al. (1986) described an improved freeze-drying device called a molecular distil-
lation device (MDD) that is, unfortunately, no longer marketed. The MDD provided a means to
reproducibly dry a cryofixed specimen, which could then either be vapor-fixed with osmium prior
to infiltration with room temperature Spurr resin for routine ultramicrotomy or directly infiltrated
with a low-temperature acrylic resin such as Lowicryl. The former sample type proved to be good
for structural studies, immunolabeling, and autoradiography, while the latter type was primarily
intended for immunolabeling and microanalytical work.
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The advantage of this specimen preparation technique is that a native frozen specimen
could be infiltrated with resin (with or without osmium vapor fixation) without ever having been
exposed to aqueous fixatives, aqueous buffers, or dehydration agents. The dried sample was
directly infiltrated with resin, which was either polymerized by heat (Spurr) or polymerized with
ultraviolet light at low temperatures (Lowicryl). Thus, water-soluble enzymes and ions remained
as they were in life, rather than being removed or rearranged during the aqueous processing phases
employed during conventional fixation schedules.

After the sample was slam-frozen, it was put into a holder that was kept under liquid
nitrogen (Fig. 94). The holder was then placed in a container filled with liquid nitrogen, which
was attached to the bottom of the MDD device and, in turn, was suspended in a dewar of liquid
nitrogen. The chamber containing the specimens was bolted to the MDD and then connected to
a mechanical pump, which pumped the liquid nitrogen out of the specimen area (which was still
held at liquid nitrogen temperatures by the external dewar of liquid nitrogen in which it was
immersed). Following evacuation of the liquid nitrogen, the specimen chamber was disconnected
from the mechanical pump, and a turbomolecular pump backed by the mechanical pump was
connected to the specimen chamber. Water sublimed from the frozen specimens over a 5- to 7-day
period and was removed from the system by the turbomolecular pump. The temperature of the
specimen chamber was then brought up in steps specified by the MDD processing program until
the chamber reached —40°C, at which time Lowicryl resin was pulled into the chamber under
slight vacuum to infiltrate the specimens. The resin was then polymerized with ultraviolet radia-
tion before the chamber was brought to room temperature and pressure for specimen removal.
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Figure 94. LifeCell MDD-C molecular distillation dryer after Linner et al. (1986). (Courtesy of LifeCell Corporation.)
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Alternatively, the chamber containing dried specimens was brought to room temperature
and low vacuum, a vial of osmium crystals was attached to a port in the chamber, and the low vac-
uum was used to pull osmium vapor into the chamber to vapor-fix the samples. Then, the osmium
vapor was evacuated from the chamber, and Spurr resin was pulled into the chamber under low
vacuum. After the specimens were infiltrated, the chamber was opened, the specimens were
removed and put into molds with fresh Spurr resin, and the resin was polymerized with heat.
Figure 95 shows two products from this technique.

The equipment for this technique is no longer being marketed, and even when it was
readily available, it was expensive and most sample types had to have specific freezing methods

A LR P A

Figure 95. (A) Aspergillus fumigatus fixed with conventional chemical methods, embedded in Spurr resin, sectioned, and
stained with uranyl acetate and lead citrate. 25,962X. (B) Aspergillus fumigatus slam-frozen, followed by molecular
distillation, osmium vapor treatment, Spurr resin infiltration, sectioning, and uranyl acetate staining. 11,538X.
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designed for them. Fortunately, there are several other techniques that are less expensive and that
will answer the same questions. Unless the antigens that need to be localized are water-soluble,
Tokuyasu (1973) techniques employing cryoultramicrotomy for intracellular immunolabeling will
probably work well, take less time, and cost considerably less. Native frozen sections cut on a cry-
oultramicrotome, cryotransferred, and examined with a cryostage on a TEM will usually give the
same microanalytical possibilities as a section prepared by molecular distillation.

VII. ARTIFACTS AND THEIR CORRECTION

Materials prepared for electron microscopy utilizing cryotechniques suffer from many
different types of artifacts. If chemical fixation precedes freezing, as with Tokuyasu (1973)
techniques for cryoultramicrotomy, chemical fixation artifacts as described in Chapter 1 can occur.

Techniques that begin with cryofixation are consistently plagued with freezing artifacts. As
mentioned previously, most freezing techniques are capable of optimal sample freezing no more
than 10-15 pum from the sample surface. Figure 96 clearly illustrates the tissue distortion caused
by ice crystal formation and also shows that the farther from the sample surface, the larger the
artifactual holes formed.

Another interesting feature associated with cryofixation is the insulating aspect of
biological membranes. The freezing front passing through the tissue can be very irregular because
of this aspect. Figure 97 shows cells of the bacterium Escherichia coli that were slam-frozen,
cryosubstituted, and embedded in Spurr resin, followed by sectioning and normal poststaining
with uranyl acetate and lead citrate. The cells showing dark borders with large open areas in the
center were severely damaged during the freezing process. Note that relatively normal looking
cells are located back from the slammed surface, interspersed with damaged cells. This demon-
strates that the freezing process does not proceed in a strictly linear direction from the surface of
the sample inward, but skips around some cells.

Figure 96. Slam-frozen cells of Escherichia coli. The surface of the specimen is to the right. The entire thickness of the
slammed sample is shown. 6,731X.
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Slam-freezing is one of the most successful, reproducible, and widely used methods for
cryofixation, but it leads to a variety of artifacts. Numerous studies on different types of cells and
tissues have made it clear that each time a new type of sample is frozen, a series of trials to deter-
mine the best type of material to put behind the specimen must be undertaken. If the backing
material is inappropriate for the sample, crushing artifact may occur, even at the sample surface.
Figure 98A shows cells of the fungus Aspergillus fumigatus that were slam-frozen, freeze-dried

Figure 97. Slam-frozen cells of Escherichia coli showing cells with relatively well-preserved cytoplasmic contents
intermixed with cells severely damaged by the freezing process. 21,538 X.

Figure 98. (A) Slam-frozen cells of Aspergillus fumigatus that were subjected to molecular distillation, osmium vapor,
and Spurr resin embedment before being sectioned and stained with uranyl acetate. Note that the cell on the right has a
burst nuclear envelope, and nucleoplasm has spilled into the cytoplasm. The small electron-lucent areas in the cytoplasm
are areas of ice nucleation during the freezing process. 23,846 X.



148 Chapter 2

by molecular distillation, treated with osmium vapors, embedded in Spurr resin, sectioned, and
stained with uranyl acetate. The nucleus in the right-hand cell has a discontinuous nuclear enve-
lope because the cell was crushed during the cryofixation step. Figure 98B shows a mouse liver
that was slam-frozen and then cryosubstituted with acetone containing osmium, followed by
embedment in Spurr resin. The nuclei, mitochondria, and rough endoplasmic reticulum are clearly
visible, though their appearance is different from that seen with conventional chemical fixation.

Further discussions of cryofixation artifacts can be found in Crang and Klomparens
(1988), Robards and Sleytr (1985), and Steinbrecht and Zierold (1987).

Figure 98. (B) Slam-frozen mouse liver, cryosubstituted with acetone containing osmium, followed by embedment in
Spurr resin. 16,000X.
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CHAPTER 2 TECHNIQUES

Cryoultramicrotomy for Structural Examinations or Consequent
Immunolabeling

1. Applications and Objectives

This technique has been successfully used to prepare frozen sections for structural examination and
immunolabeling for a variety of tissues and cells. The technique was pioneered by Tokuyasu (1973, 1980)
and has since become a standard technique (Webster, 1998). The strength of the Tokuyasu technique is that
it employs minimal fixation, very few solvents, and no resins, and avoids the heating process normally uti-
lized to polymerize many embedding media. The procedure is quick and is one of the best ways to produce
materials for consequent intracellular immunolabeling.

2. Materials Needed

An ultramicrotome equipped with a cryostage

Glass knives prepared without boats

Eye brow lash on applicator stick

Standard loop for picking up sections

Small glass Petri dish

Formvar- and carbon-coated grids

Forceps

Single-edge razor blades

Whatman™ #1 filter paper

Liquid nitrogen

Freon 22™

2.3 M sucrose in DPBS. To prepare sucrose, put 7.378 g of sucrose into a vial and add approximately
5ml of DPBS to bring the volume up to 10 ml. Mark the vial at the 10-ml level with a marker first.
2% aqueous methylcellulose (Sigma M6385) solution. Stir the powder into hot water and then leave
at 4°C for 4 days to dissolve completely. After preparation, keep cool at all times.

Glutaraldehyde (25% biological grade)

Paraformaldehyde

0.1N NaOH

0.2 M sodium phosphate buffer

Single-edge razor blades

Stainless steel cup (50ml)

Wide-mouth, short (soup) thermos

2% aqueous ammonium molybdate

3. Procedure

1. Preparation of the fixative
a. Dissolve 2g of paraformaldehyde in 50ml of 70°C distilled water. Use a stir bar and work
under the hood.
Add 1 N NaOH with stirring until the solution clears.
Cool to room temperature.
Add 4 ml of 25% glutaraldehyde.
Add 0.2 M phosphate buffer pH 7.2-7.4 to bring the volume to 100 ml.

o a0 o
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2. Place small pieces less than 1-mm thick in the fixative solution.

3. After 1 hr at room temperature, use a razor blade to remove 0.5 X 1.0 mm pieces from the surface
of the fixed sample.

4. Rinse for 5min in DPBS (three changes).

5. Put tissues into 2.3 M sucrose in DPBS for 1 hr to overnight (store at 4°C).

6. Use a razor blade to prepare pieces of tissue approximately 0.5 X 0.2 mm. Mount them in a drop
of the sucrose medium on the tip of an ultramicrotome sample pin suitable for the cryostage
assembly available. Blot excess sucrose with filter paper.

7. Pick up the pin with attached tissue and quickly plunge it into a stainless steel cup containing
Freon 22™ that is suspended in a thermos containing liquid nitrogen (Fig. 99). Hold the pin below
the surface of the Freon for 30 sec and then quickly transfer it to another thermos containing lig-
uid nitrogen. The Freon will freeze in the cup, but a small area can be thawed out by inserting a
steel rod into the Freon just before the sample is introduced. Many workers freeze the samples
directly in liquid nitrogen with good results.

8. Mount the frozen sample in the chuck of the cryostage assembly being used. Do this quickly,
so the sample does not warm up. Adjust the knife temperature to —105°C and set the sample
temperature to —100°C.

9. Orient the chuck so that the top and bottom sides of the sample, as it will be sectioned, are
oriented vertically. Trim the vertical edges with a glass knife or carbide cutting tool in the ultra-
microtome chamber so that the vertical sides are absolutely parallel.

10. Rotate the block 90° to restore the top and bottom (trimmed edges) to a horizontal position. The
block should be oriented so that the longest block face is parallel to the knife edge. Do not trim
excessive amounts off of the surface of the block. Freezing artifacts will be noticed only several
cells from the surface of the tissue in some cases.

11.  Cut 70- to 90-nm-thick sections with a new, dry glass knife. The ultramicrotome should be set for
the maximum arm return speed and the smallest cutting window that will allow the entire block
face to be cut (as close as possible to 0.2 mm if the block face is trimmed as suggested above). Set
the cutting speed to 0.1 mm/sec or as close to that setting as the particular ultramicrotome will allow.

Figure 99. Apparatus for immersion-freezing samples showing stainless-steel cup suspended by wire from a ring such
that the base of the cup is immersed in liquid nitrogen contained in a soup thermos. Frozen samples are subsequently
dropped into the large glass Dewar at the left. Do not use the soup thermos lid when the container is filled with liquid N,
because the thermos could explode when the liquid N, becomes gaseous N,.
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12.  After a ribbon of three or four sections has been cut, use a standard section loop to pick up a drop
of 1 part of 2.3 M sucrose and 1 part of 2% methyl cellulose (keep the solution in a small tube on
ice before use). Lower the loop into the cryochamber and, just before the sucrose/methylcellulose
freezes, touch it to the sections near the edge of the knife (Fig. 88).

13. Remove the loop from the chamber and allow the sucrose droplet to reach room temperature.
Touch the surface of the droplet to the surface of a Formvar- and carbon-coated grid. This trans-
fers the sections to the grid as well as most of the sucrose/methylcellulose droplet.

14. If you wish to view the sections immediately, place the grid section-side down in a small Petri dish
of double-distilled water (DDW) to allow the sucrose/methylcellulose to flow off the surface of
the grid.

15. Use a piece of filter paper to wick the grid dry and then stain it for 30s with 2% ammonium
molybdate before wicking it completely dry with a piece of filter paper. Alternatively, the sections
can be stained in 9 parts of the methyl cellulose solution to 1 part of 3% aqueous uranyl acetate.
If this mixture is to be used, mix it up just before use and keep the solution on ice at all times.
Stain sections for 10 min and then dry with a piece of filter paper.

16. If the grid with sections is destined for immunolabeling, the droplet of sucrose/methylcellulose
may be allowed to dry down on the grid until immunolabeling proceeds, preferably within 24 hr.

4. Results Expected

When sections are examined with a TEM, no knife marks should be evident, cellular structures
should exhibit negative contrast from the uranyl acetate staining, and antigenic sites should be revealed by
gold particles.

5. Cautionary Statements

When freezing the sample, plunge it quickly into the cryogen to minimize ice crystal formation. In
addition, when transferring the sample to the cryostage, do so quickly to prevent thawing and consequent ice
crystal formation. Trim as little as possible off the surface of the block face to avoid revealing the inevitable
freezing damage found within the interior of the frozen sample. Samples left in 2.3 M sucrose overnight will
be easier to cut, but times as short as 30 min may work, though uneven infiltration may occur, compromising
section quality.
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Ultramicrotomy

I. ULTRAMICROTOMES
A. Purpose

An ultramicrotome is designed to cut ultrathin sections (10-100nm), semithin sections
(0.25-0.5 pum), and ultrathin frozen sections if suitably equipped. These requirements have
resulted in the development of two basic instruments over the years: thermal- and mechanical-
advance ultramicrotomes. An excellent and concise source of information on ultramicrotomy is
the booklet “Ultramicrotomy: Frequent Faults and Problems” by Sitte (1981). A more lengthy
discussion of ultramicrotomy can be found in Reid’s (1975) book.

B. Design
All modern ultramicrotomes have the following important features:

1. Aknife-holding stage with adjustments for lateral swings of the knife, as well as the abil-
ity to tilt the knife at various angles. The former feature allows lateral swings of the knife
edge to accommodate a block face trimmed to some angle other than perpendicular to its
long axis, while the latter feature allows adjustment of the holder for glass knives and
diamond knives that manufacturers specify for use at angles between 0 and 10°.

2. A movable specimen-holding arm, which either retracts or follows a circular arc to
permit single-pass cutting. This feature, the first major modification made to the original
design of histological-type microtomes, was added because the first microtomes did not
have single-pass cutting, which meant that the block face touched the knife edge on the
return stroke after a section had been cut. At the ultrastructural level, this contact causes
damage to the block face and thus the ensuing sections.

3. A knife stage with coarse and fine advance capabilities is necessary to approach the
block and to cut semithin sections.

4. A specimen-holding arm with ultrafine (nanometer range) advance capabilities, provided
by thermal or mechanical advance mechanisms, with or without stepping motors is nec-
essary to cut reproducible ultrathin sections. The thermal units accomplish this by heating
a thermally expansive block attached to the specimen arm with an internal light bulb con-
trolled by a rheostat (Reichert OM-U2 and OM-U3) or by having a set of coils wrapped
around the arm connected to a rheostat that allows adjustment of the heat delivered (LKB).
Some mechanical advance units have a simple threaded shaft with fine increments that
allow direct nanometer-level advance adjustments (Porter-Blum MT-1, MT-2, MT-2B),
while others utilize stepping motors to move the arm forward specified distances on a
finely threaded shaft (Sorvall MT-6000; RMC MT-X; Reichert, Ultracut-E, Leica UCT).
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5. Diffuse overhead lighting, provided by fluorescent tubes, is needed to judge section
thickness by interference colors produced when sections are floated off on water. The
diffuse light source reflects off the surface of the sections and also passes through the
section to reflect off the surface of the water beneath. The latter reflected light has a
slightly longer path back to the viewer than the former, so an interference color is
developed that can be used to determine the section thickness. All ultramicrotomes
designed after the 1970s also have some form of backlighting with an incandescent
source to aid in approaching the block with the knife.

6. All models produced since the 1980s can be adapted for cryoultramicrotomy. Some
cryostages are dedicated to their manufacturer’s ultramicrotomes (Leica), while others
may be fitted to a variety of instruments (RMC).

7. All ultramicrotomes have variable cutting speeds for flexibility when dealing with
different types of blocks. Thus, the user can adjust the ultramicrotome for use with
soft biological tissues in epoxide resins, frozen blocks of biological tissues, or resin-
embedded materials such as kidney stones or battery insulator plates.

8. Most ultramicrotomes have a slow cutting stroke and a faster return speed. Some
also have variable return speeds. The variable return speed is claimed to improve the
quality of ultrathin frozen sections (Sitte, personal communication).

9. Currently produced ultramicrotomes have an adjustable cutting window that allows the
user to position the slow cutting stroke portion of the arm movement such that it starts
shortly before the block passes by the knife edge and ends immediately after the block
has reached a position below the knife edge. This allows the user to work with different-
sized block faces as well as with blocks oriented in various ways in the chucks used to
hold them on the ultramicrotome arm.

10. Cutting force is supplied by gravity (LKB, Reichert/Leica), or the arm is driven
(Sorvall, RMC). Both systems seem to work equally well.

C. History

Early attempts toward ultramicrotome design go back to 1939 when Von Ardenne
modified a histological rotary microtome to cut wedges, the edges of which were thin enough to
allow the electron beam to penetrate them. During the early 1950s, single-pass ultramicrotomes
capable of cutting sections of uniform thickness were developed. Porter and Blum in the
United States initially produced a thermally advanced unit but found that the slightly later MT-1
design that utilized mechanical advance was superior. This instrument had mechanical advance
and was manually operated, with only a single fluorescent overhead light, making it the simplest
of the ultramicrotomes ever produced.

During the same time period, Sitte was working in Austria to develop the Reichert
OM-UI. This unit had thermal advance and cut sections automatically, but Sitte was never very
satisfied with its operation. In 1957, the British Huxley MK1, which was a manual instrument with
mechanical advance, was marketed.

The early 1960s saw another manufacturer enter the picture, the Swedish company LKB.
They marketed the Ultrotome I, which had thermal advance in an automatic machine with a mag-
netically retracted arm that allowed single-pass cutting.

By 1962, Porter and Blum had developed the mechanical-advance, automatic MT-2, which
quickly developed a reputation for reliability and stability. Many of these instruments can still be
found in operation in various laboratories. The Reichert OM-U2 appeared on the market in 1964,
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which was a thermal advance automatic unit with an adjustable cutting window, and variable
cutting stroke and return speeds. LKB developed the Ultrotome III, which had a novel lighting
arrangement, incorporating both an incandescent and fluorescent light in an overhead boom. The
light boom could be swung over a wide arc from behind the knife to in front of the knife, depend-
ing on whether the user wanted to see the interference colors of the sections or a good reflection
in the block face during the approach of the knife to the specimen. In 1970, Huxley released the
MK-2, which was a mechanical advance, automatic machine. Shortly afterward, Reichert mar-
keted the OM-U3, which had a backlight for specimen advance and various minor modifications
in the knife stage controls and specimen adjustment controls when compared to the OM-U2.

The late 1970s saw the development of a new generation of ultramicrotomes with an
emphasis on greater mechanical stability due to the increasing interest in cryoultramicrotomy,
which introduced new design problems that had to be addressed. Along with this development,
most of the manufacturers incorporated methods to have more adjustability in various operating
parameters. The MT-2B from DuPont/Sorvall had an adjustable return speed for the first time.
Reichert switched from their traditional thermal advance to mechanical advance with the Ultracut
(OM-U4) introduced in 1978. Sitte’s interest in producing an instrument more suited to cryo work
was the impetus behind the development of this ultramicrotome. LKB produced the Nova, which
abandoned the vacuum-tube technology of the Ultrotome III for more stable solid-state technol-
ogy and also introduced the Ultrotome IV as their top-of-the-line instrument. By the late 1970s,
DuPont/Sorvall produced the MT-5000, which had an adjustable cutting window for the first time
as well as a stepping-motor controlled mechanical advance for the automatic cutting cycle. In
addition, Huxley had bowed out of the ultramicrotome business.

During the 1980s, further refinements of ultramicrotome design devoted primarily toward
the growing cryo market resulted in the development of ultramicrotomes from each manufacturer
that could be adapted easily for cryoultramicrotomy.

In 1985, DuPont got out of the microtomy business and passed on most of its product line
to RMC. Around 1986 and 1987, a series of corporate mergers resulted in Cambridge Instruments
buying Reichert and then also buying LKB’s microtomy line. In 1990, Leitz bought out
Cambridge Instruments, and the various electron microscopes and specimen preparation equip-
ment, including ultramicrotomes, are now marketed under the name Leica. At the present time,
there are only three suppliers of ultramicrotomes in the United States: RMC, which offers the
MT-X, Leica, which offers the UCT, and Microstar, which offers the MS1B Ultramicrotome.

. KNIVES
A. History

Ultramicrotomy knife development began, as did ultramicrotome development, with the
utilization of materials available from histological microtomy. Thus, attempts to cut ultrathin sec-
tions began with steel knives that were polished to extremely thin edges. Unfortunately, it was
immediately determined that the microcrystalline structure of steel prevented the production of
knife-mark-free sections. In 1950, Latta and Hartman introduced glass knives made from plate
glass scored and broken into triangular pieces. These had the benefit of having extremely sharp
edges that could produce sections of resin-embedded materials fairly consistently without exces-
sive knife marks. These remain in routine use today with materials costing about 15¢ per knife.
Glass knives suffer from fragility, however, and only about 10 ultrathin sections are usually cut on
one area of a knife before significant knife marks begin appearing in sections. In addition, after
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one semithin section is cut on a sharp area of a glass knife, that area will probably be too
damaged to cut any further ultrathin sections.

The search for more durable knives was greatly aided by Dr. Umberto Fernandez-Moran
(see Hawkes, 1985), who realized that diamonds would be much harder than glass and developed
a process for sharpening gem-grade (flaw-free) diamonds, which ultimately had edges in the 1- to
1.5-nm thickness range. He reported on this finding in 1953 and ultimately set up a diamond-knife
manufacturing group utilizing gem-grade alluvial diamonds available in his native Venezuela.
Over the next 25 years, diamond knives became the tools of choice for cutting ultrathin sections
due to their durability when handled properly. Fewer than a half-dozen manufacturers exist to this
day, and the product is relatively expensive (approximately $2,500 for a 3-mm-long blade), but
diamond knives allow workers to cut hundreds of serial sections on one part of the knife edge, and
they can be resharpened a number of times for about $1,000 per sharpening.

In the late 1980s, sapphire knives became available as a compromise between inexpensive but
limited-life glass knives and expensive but long-life diamond knives. Sapphire is neither as expensive
as diamond nor as long-lasting. However, a sapphire knife will outlast a glass knife considerably.

‘When shopping for diamond knives, quite a variety are available from different vendors. There
are knives produced primarily for working with soft biological tissues, knives produced primarily for
materials scientists interested in sectioning extremely hard substances, knives without boats for use in
cryoultramicrotomy, and knives of a lower edge quality, marketed for cutting semithin sections.

B. Glass Knife Manufacturing

Glass knife manufacturing began with, and can still be conducted using, simple tools
available from the glazier’s supply house. A simple glass cutter, straight edge, and glazier’s pliers
can be used to make glass knives. To produce two sharp knives regularly from one small square
of glass usually requires the services of a knifebreaker specifically designed for the task. Several
manufacturers produce these instruments that allow the user to easily cut glass strips into glass
squares and then to cut the squares into two usable knives.

Glass knives for ultramicrotomy are made from plate glass, preferably “float” glass. This
glass is made by floating the molten glass onto a surface rather than running the molten glass
through rollers (“roller” glass) to dimension it. The latter develops many stress lines that may
affect the ability to fracture the glass in the plane desired when making knives. All the glass sold
by electron microscopy suppliers is float glass and will make suitable knives for sectioning.

C. Diamond Knives

Diamond knives are clearly superior to glass knives in that they can cut hundreds to thousands
of sections in the same place compared with 4-10 in the case of a glass knife. Unfortunately, they are
also considerably more expensive because they are made by fracturing diamonds of gem quality in
the plane of the crystal and then polishing them before they are mounted in a metal boat. Diamond
knives, when handled properly, are quite durable, but small mistakes can damage them instantly.
The edge of a diamond knife is about 10nm thick, so it is quite fragile. Any twisting of this
edge can fracture the diamond crystal lattice. Exceptionally thick sections can also break off the
edge of the knife. Diamond knives can tolerate quite a number of 0.25- to 0.5-pum-thick sections,
but they will dull the knife more quickly than ultrathin sections. If epoxide sections are allowed
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to dry on the knife edge, they can become molecularly bonded to the edge, necessitating knife
resharpening before sections can be successfully cut on that area of the knife again. The diamond
knife washers currently on the market do not seem to be able to correct this problem. Finally, it is
always wise to cut semithin sections and to stain them prior to cutting ultrathin sections to look
for knife-damaging materials in the block face. Various samples will be found to have some hard
substances in them that can be revealed by examining glass-knife-produced semithin sections with
a light microscope. If possible, it is a good policy to trim away these hard areas prior to ultrathin
sectioning to help preserve the edge of the diamond knife.

Manufacturers of diamond knives specify the angle to use for cutting, though this should
always be empirically checked by the user. It is imperative to check the quality of a new or newly
sharpened diamond knife immediately upon receipt. Most manufacturers give a limited warranty for
a month or so, during which time the knife can be sent back if it does not section adequately.
New knives sometimes do not cut well. Make sure all knives are checked before the warranty
expiration date.

Some manufacturers say never to clean the knife edge with balsa sticks or styrofoam
blocks, while others say you should. The best procedure is probably to follow the manufacturer’s
included suggestions for knife care.

I1l. BLOCK TRIMMING

Large block faces cause more stresses on knife edges, resulting in more compression in the
sections, more damage to the knife edge, and generally more artifact-laden sections. Thus, trim-
ming blocks to the proper size is an important activity. There are three major methods commonly
used to trim block faces:

1. Razor blades, and in particular single-edge razor blades, are most commonly used.
It is extremely important always to hold both edges of the razor blade. If the thumb and
forefinger of each hand are used to control the blade, the chance of any serious razor
blade wounds is drastically reduced. If only one side is held, there is a good chance that
the blade will slip, and the back of the other hand will be cut. Various chuck-holding
assemblies are provided by ultramicrotome manufacturers to hold chucks containing
blocks for trimming.

2. Milling machines are also available. Leica’s EM Trim Specimen Trimmer can be
provided with a diamond bit, which can mill the front and sides of a plastic block by
passing the diamond bit, rotating at approximately 10,000 rpm, past the block face. The
chuck holding the specimen can be moved in various directions for trimming the edges
as well as the face of the block. As mentioned in the section on resins, British investiga-
tors have suggested that some polymerized epoxide resins are carcinogenic and that the
fine plastic resin dust produced by milling operations may be dangerous. Leica’s
approach to the problem has been to provide a shield over the cutting area with a vac-
uum hose attached to pick up the resin dust. The main advantage of a milling machine
over razor blades is that it can produce absolutely parallel top and bottom faces that
have very smooth edges. This greatly improves the possibility of producing long ribbons
of sections (for serial section work).

3. Block trimming can be accomplished directly on most modern ultramicrotomes, since
most come with a device to hold a chuck in the same track that normally holds the knife
holder assembly. The blocks can then be trimmed with razor blades on the microtome.
This procedure produces a fair amount of potentially toxic epoxide debris that also gets
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into the ultramicrotome body itself, and thus is not recommended. A block held in the
chuck attached to the ultramicrotome specimen arm can also be trimmed with glass
knives, both on the sides and on the face. Again, this produces a large amount of debris
(potentially toxic) consisting of plastic sections.

IV. ULTRAMICROTOMY WORKING AREA

Ultramicrotomes should be set up in a vibration- and draft-free area (Fig. 100). In addition
to the ultramicrotome, the work area should be provided with glass microscope slides, a squeeze
bottle with distilled water for filling the knife boat, a tuberculin syringe with needle to adjust the
water level in the boat, a loop on a stick for picking up semithin sections, an eyelash or eyebrow
lash on a toothpick or applicator stick for moving sections around in the boat, fine-tipped forceps
for holding specimen grids, grids (200-mesh copper grids for routine work), grid cleaning solu-
tions, Whatman™ #1 filter paper in 10-cm disc form, and a small tape dispenser with Scotch™
tape. If using Spurr resin, which suffers from compression more than most epoxides, you will also
need a small bottle of xylene or chloroform and an applicator stick that can be soaked in the xylene
or chloroform and waved slowly over the ultrathin sections to stretch them out.

It is most convenient to have a hot plate adjusted to approximately 60°C nearby upon
which you can place the glass slides with semithin sections in water droplets to dry. If a sink is
directly adjacent to the hotplate, semithin sections can be stained and washed after they have
annealed to the glass slides.

Figure 100. Leica UCT ultramicrotome station.
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CHAPTER 3 TECHNIQUES
Making a Section Retrieval Loop

To make a loop with which to pick up semithin sections to be transferred to glass microscope slides,
carefully bend a 3-cm-long piece of 26-gauge or thinner nichrome wire over an applicator stick. Make the
bend about 0.5 cm from the middle of the wire (Fig. 101A). Hold the two ends of the nichrome wire with
needle-nose pliers and turn the applicator stick lengthwise to twist the wire ends together (Fig. 101B). This
will provide a nichrome wire loop with an inside diameter of approximately 2mm with a shank of twisted
wire culminating in a single wire about 0.5cm long. Next, prepare an applicator stick, as follows: heat a

Figure 101. (A) Bending nichrome wire over an applicator stick. (B) Twisting nichrome wire around applicator stick.
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Figure 101. (C) Burning a channel into the applicator stick with a dissecting needle. (D) The final nichrome wire loop
inserted into and glued to the applicator stick.

dissecting needle tip to red hot with a Bunsen burner and very carefully burn a small channel in the tip of the
applicator stick (Fig. 101C). Next, insert the end of the nichrome wire into the burned channel and secure it
by applying a small drop of 5-min epoxy to the assembly (Fig. 101D).

Making a Section Manipulation Tool

To move sections around in a knife boat, some sort of hair is attached to either a toothpick or
applicator stick. The most readily available source of short, fine-tipped hairs is eyebrows. Pull a few of these
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hairs out and pick the straightest one. Put one drop of 5-min epoxy on the end of the stick or toothpick and
use jeweler’s forceps to insert the hair root into the cement. Once the cement has hardened, the tool is ready
for use (Fig. 102).

Figure 102. Eyebrow hair attached to a toothpick with epoxy cement.

Making a Locking Ring for Forceps

Since several procedures require a grid to be held in jeweler’s forceps for a period of time, it is use-
ful to have a ring that can hold the forceps blades shut. In addition, the tip guards provided with new forceps
tend to get lost, so replacements are often needed to protect the forceps tips from damage. Both of these prob-
lems can be solved by cutting segments from a 1-ml plastic transfer pipet (Fig. 103A-C).

Making Glass Knives

Glass knives can be produced with various knife breakers. Glass strips suitable for glass knife making
(25 mm wide, 6-6.5 mm thick, and 15-30cm long) are available from electron microscopy supply houses.

Clean the glass strips by rubbing them with Kimwipes™. Be careful not to cut yourself with the sharp
edges of the glass strips. If the strips do not appear clean after wiping, they can be washed with soap and
water and dried before use.

Next, score and break squares from the glass strips. Adjust the knifebreaker so that the cutting wheel
does not actually score completely to the edge of the glass. This allows the break along the score line to
continue to the edge through the path of least resistance, thus ensuring a cleaner and sharper break. The
cutting wheel should be adjusted to barely cut the surface of the glass. As the cutter head is pulled across
the glass, a slight “snick” should be heard. The glass should be scored by quickly drawing the cutter across
the glass. If the cutter is moved slowly across the glass strip, the glass may not be adequately scored. If
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examination of the glass strip surface following scoring reveals small glass slivers or large chips of glass, the
cutting pressure should be decreased. The actual breaking of the knife is affected by quickly applying pres-
sure across a fulcrum. The resulting glass square is then cut diagonally to produce two knives. The normal
adjustment of the knifebreaker will result in the cutter scoring from outside and to the left of one corner to
outside and to the right of the diagonal corner opposite (Fig. 104). This results in the left knife having a sharp
edge away from you and a dull edge toward you while the right knife has a sharp edge toward you and a dull
edge away from you. As long as no major knife-edge flaws are noticeable to the naked eye, the knife is
probably usable. A small percentage of freshly made glass knives will have poor edges, but most sectioning

(B)

Figure 103. (A) Forceps, plastic transfer pipet, and razor blade. (B) Transfer pipet cut with the razor blade at appropriate
points.
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(C)
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Figure 103. (C) Forceps with tip guard and closing ring in place that were made from the transfer pipet.
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Figure 104. (A) Steps in knife-breaking. (B) The final knives.

difficulties with glass knives result from cutting too many sections in one area, cutting one or more sections
that are so thick that they damage the edge, or touching the edge with some blunt object.

A face-on view of a knife edge (Fig. 105) shows the fracture plane curving to the left side of the edge.
Where it intersects the knife edge, the knife is the most dull. Anywhere to the right of that area should be
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Figure 105. Face view of knife edge showing fracture plane.
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Figure 106. Face-on view of uneven knife edge, illustrating frequently encountered spur on right edge.

good for sectioning. Sitte (1981) has explained that the “whiskered” areas, which can be seen at the far right
of the knife edge with back-lighting under a dissecting microscope, represent stair-stepped glass that will
yield good sections after the first: However, most workers cut only semithin sections in this area.

The right side of many glass knives often visibly rises to a pointed spur (Fig. 106), but other than
losing the acute portion of the blade for sectioning purposes, these spurs are of no concern.

Making Glass Knife Boats

Boats may be made by affixing manufactured plastic or metal forms to glass knives with molten
dental wax or by attaching a segment of aluminized mylar™ tape to the knife and then sealing it with nail
polish. If the latter technique is used, dry the nail polish for at least 15 min before use to decrease the possi-
bility of boat leakage. Some workers apply a bead of molten dental wax some distance from the knife edge,
which will hold several drops of water onto which sections can be cut. Figure 107 shows the three varieties
of boats.

Glass Knife Storage

Glass knives can be stored for months before use, provided they are kept in dust-free conditions.
Applying double-stick tape to the bottom of a cardboard box allows the knives to be attached by their bases
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Figure 107. Three types of glass knife “boats.”

Figure 108. Glass knives affixed to the bottom of a box with double-stick tape.

to the tape to prevent their sharp edges from being degraded by contact with other surfaces (Fig. 108). Plastic
boxes with slots for glass knives also may be purchased from electron microscopy supply houses.
Block Trimming

Proper trimming of block faces will decrease section compression, damage to knife edges, and stain-
ing artifacts. In most cases, blocks are trimmed so that the entire block face is resin-embedded tissue
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(Fig. 109). If the sample has surfaces of interest, trim the block so that the block face contains empty plastic
beyond the surface (Fig. 110). In such cases, section the specimen at right angles to the potential direction of
separation between the sample-containing and sample-free areas.

Place the block in an ultramicrotome chuck held in a block-trimming holder. A dissecting microscope
makes it possible to observe the thin slices of resin removed with a single-edged razor blade. It should be
easy to see black material, indicating that you have trimmed down to the specimen.

The sides of the block should be cut down fairly obliquely (Fig. 111). If the sides are perpendicular
to the face, the tip of the block will be more likely to flex under the great forces generated during sectioning.
Cutting the sides at an oblique angle will provide more support at right angles to the cutting stroke.

Always control the razor blade by holding both edges of the razor blade while trimming (Fig. 112).
If the thumb and forefinger of each hand are used to control the blade, the chance of any serious razor blade

EVENLY DISTRIBUTED TISSUE

{-BLOCK

AN =KNIFE

Figure 109. A properly trimmed block face containing a homogeneous sample with no surfaces of interest.
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Figure 110. A properly trimmed block face containing skin, the surface of which is of interest and which may tend to
separate from the empty plastic during sectioning.
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Figure 111. A comparison of properly and improperly trimmed blocks.
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Figure 112. The safest method for holding a razor blade during block trimming. Note: Both hands are holding the razor
blade to totally control the cut.

wounds is drastically reduced. If only one side is held, there is a good chance that the blade will slip, and the
back of the other hand may be cut.

Sectioning Procedures

1.

S

10.

11.

Put a trimmed block into an ultramicrotome chuck and clamp securely. If working with flat blocks,
make sure that all four corners are contacting the chuck.

Clamp the block chuck securely in the specimen arm of the ultramicrotome.

Turn on the overhead (diffuse fluorescent) light source on the ultramicrotome.

Put a glass knife into the knife holder and securely tighten the knife securing screw.

Adjust the knife angle to 5-6° and tighten the knife angle screw securely.

Bring the knife holder stage to within several millimeters of the block held in the specimen arm
by looking from the side of the ultramicrotome.

Look through the ultramicrotome microscope and inject water into the knife boat with a water bottle
or a tuberculin syringe until the water level is convex and the knife edge is completely wetted.
Remove water from the knife boat with the syringe until a mirror-like area on the water surface
can be seen behind the knife edge while the knife edge remains wetted. If the water level is not
properly adjusted, the reflection of the knife edge will not be visible, which is critical for bringing
the knife and block together. In addition, the interference colors of the sections floating in the knife
boat will not be visible, which is critical for calculating section thickness visually and assessing
section quality.

Looking through the microscope, use the specimen arm control wheel to bring the specimen arm
through its cutting stroke to the point in its travel where the block is opposite the knife edge.
Carefully move the knife stage forward until it is within about 1 mm of the specimen block and
lock the knife holder stage securely in place.

Turn on the ultramicrotome backlight, if so equipped, and look through the microscope, while
advancing the knife stage toward the block with the coarse advance control.
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12. Depending on the type of ultramicrotome lighting, either a bright reflection or a dark shadow
is cast by the knife edge onto the block face when the two are close together. If this reflection
cannot be seen easily in the block face, the delicate approach of the knife to the block face will be
extremely difficult.

13.  Once the block face and knife edge are close enough to each other to produce a reflection or
shadow, switch to the fine advance control for the knife stage.

14. Rotate the specimen in the specimen arm as necessary until the top and bottom of the block are
parallel to the knife edge (Fig. 113).

15. Sweep the specimen arm slowly through its stroke while observing the reflection of the knife edge
in the block face. The reflection should appear as a band across the block face that becomes
increasingly narrow as the knife gets closer to the block. The specimen should be swept through
its cutting stroke after each forward adjustment to observe any reflection present, and to note how
wide the reflection is. A wider reflection indicates a greater distance between the block edge and
block face. If the reflection is the same width from right to left, the knife is parallel to the block
in a right-to-left direction. If it is wider on one side of the block than on the other, it means that
the knife stage should be swung toward the block on the wide side (Figs. 114 and 115). If the reflec-
tion is wider as the bottom of the block passes the knife edge and then becomes narrower as the top
of the block passes the knife edge (Fig. 116), this means that the top of the block is tilted toward the
knife compared with the bottom of the block. This is particularly dangerous if you do not approach
slowly, making a pass with each minor adjustment. If the reflection is wider at the bottom of the
block than at the top, and the clearance is taken up at the bottom of the block travel without going
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Figure 113. Block rotation to orient the specimen edge parallel to the knife edge.
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Figure 114. To correct the wide reflection seen on the right side of the block face, swing the knife clockwise.
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Figure 115. To correct the wide reflection seen on the left side of the block face, swing the knife counterclockwise.
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Figure 116. To correct the tilt of the block resulting in a reflective band that is wider at the bottom of the block than at
the top, swing the block in the direction shown.

16.

17.

18.

19.

completely through the cutting pass, the knife will be damaged during the next pass. Monitor the
distance between the knife and the rest of the block through the cutting cycle while the block is
some distance from the knife edge to avoid this problem.

After all the adjustments are made so that the reflection is now even side-to-side and stays the
same width as the block is passed by the knife edge, slowly advance the fine stage control until
the reflection is no longer visible.

Now, continue to use the fine stage control to advance the knife about 0.5 wm per cutting pass.
When the first semithin section is cut, continue to advance the stage 0.5 um with each pass until
three or four sections have been cut.

Pick up the sections with a loop and transfer them onto the drop of water on a microscope slide by
touching the section-containing side of the water drop in the loop to a large drop of distilled water
placed in the center of the microscope slide shortly before adding sections. Put the slide with semi-
thin sections floating on the water droplet onto a hot plate at approximately 60°C immediately. If the
water droplet spreads out before the slide is put on the hot plate, the sections will wrinkle as they
dry down because there is not enough surface tension exerted by the water to flatten the sections.
Continue cutting semithin sections until no surface imperfections left over from razor blade
trimming are visible in the sections floating in the knife boat.
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20. To begin cutting ultrathin sections, retract the knife stage somewhat so that the block is nowhere
near the knife edge. Then, move the knife stage laterally to a fresh knife edge and reapproach as
above. Note that the tilt of the specimen will not have to be readjusted, but the lateral swing adjust-
ments of the knife will have to be redone. After the lateral swing adjustments are made, slowly
bring the knife toward the block with the fine advance as before. Once the reflection is no longer
visible, adjust the cutting window, if the feature is available on the ultramicrotome, so that the
cutting stroke ends when the block is just below the edge of the knife. Then set the cutting speed
to 0.5-1.0mm/sec, and set the cutting thickness to 75-85nm. Switch the ultramicrotome to the
automatic mode and continually observe the cutting process. All ultramicrotomes will require
minor adjustments to section thickness during sectioning.

21.  When four to 10 ultrathin sections with a silver—gold interference color have been cut, turn off the
automatic cycle control and put the arm in its standby position safely away from the knife edge.
Remove the last section from the knife edge with an eyelash tool. This is especially important
if using a diamond knife, to prevent sections from drying on the knife edge. Once dried to the knife
edge, the sections can become permanently bonded to the edge of the diamond knife and will have
to be removed by resharpening the knife.

Semithin Sections

Semithin sections are usually cut about 0.25-0.5 wm thick (green to red in color in the boat under
diffuse light). They are used mostly to give us an idea of what is contained in the block face. Thus, it is
useful to include as much as is practical of the block face. Semithin sections are removed from the boat
by submerging a nichrome wire loop tool in the boat water and then bringing it up from beneath the sec-
tions. The captured drop of water containing the sections is inverted onto a drop of water previously placed
on a glass slide. The droplet is then heated on a hot plate at approximately 60°C so that the sections can
adhere to the glass, allowing them to be stained without loss from the slide. Put the water droplet on the slide
Jjust before adding the semithin sections to minimize the spreading of the water droplet, along with conse-
quent spreading out of the semithin sections on the slide. Twenty to 30 semithin sections can be cut at a
given point on a knife edge in most cases. With both semithin and ultrathin sections, the larger the
block face, the fewer sections that can be cut before the knife edge becomes degraded. It is generally safe to
continue cutting semithin sections until the sections begin to show lines in the direction being cut as they
come off into the boat from the knife edge. Many of these microscopic tears caused by degradation of the
knife edge will become invisible once the sections are covered with mounting medium and a coverslip is
applied.

Block trimming that produces an asymmetrical block face makes it easier to trim down to specific
features for subsequent ultrathin sectioning. When semithin sections are picked up and placed on a micro-
scope slide, the sections will be upside down. When they are finally viewed with a compound light micro-
scope, which projects an image of the specimen reversed right to left, the image will be properly oriented
in relationship to the block face viewed with a nonimage-reversing dissecting microscope. Thus, if a corner
of the block has been removed, or the block face is trimmed into an irregular trapezoid shape, it will be
possible to locate specific features noted during the microscopic evaluation of the semithin sections when
the block is once again viewed with a dissecting microscope. This will assure that further trimming of
the block face to make it small enough for ultrathin sectioning will not remove important features in the
specimen.

Larger sections do not spread out and adhere well to glass slides when heated in the drop of water on
a hot plate. If wrinkling is encountered, increasing the size of the water droplet into which the sections are
placed or increasing the hot plate temperature slightly may help. However, it may be necessary to reduce the
overall size of the block face.

Scotch™ tape can be used to remove excess sections from water-filled glass knife boats by touching the
tape briefly to the surface of the water. The tape with adherent sections then can be discarded.
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Grid Selection

Grids come in a variety of styles illustrated in Fig. 117 (square mesh, octagonal mesh, rectangular
mesh, holes, slots, bars), mesh sizes (50-1,000 mesh), and materials (copper, gold, nickel, stainless steel,
beryllium, nylon/carbon, gold). For routine work, 200 mesh copper grids are generally used because they
have a good electrical conductivity, which allows excess electrical charge from the electron beam to be
grounded to the microscope column. In addition, they offer good specimen support and a reasonable amount
of open (viewing) area, and are inexpensive. For special applications like cytochemical or immunocyto-
chemical procedures, stainless steel, nickel, or gold grids may be necessary, since they are inert and will not
interfere with biochemical reactions. Microanalytical specimens may be picked up on beryllium grids, which
are preferred by some workers because of their electron transparency, thus reducing the amount of X-rays
generated from the specimen support grid under the electron beam.

00000d

00000000
©90000

Figure 117. Various types of grids.

Grid Cleaning

Before picking up sections on copper grids, it is necessary to clean oxidation and manufacturing oils
from the grids so that the sections will adhere properly. The cleaning process should be done just before using
the grids, since the copper will oxidize again overnight.

The easiest method for cleaning the grids makes use of three scintillation vial-sized containers, the
first containing 0.1 N HCI, the second 95% ethanol, and the third 100% acetone:

Pick up a grid by the edge with forceps and dip it into the acid for about 10sec.

Dip quickly three times in 95% ethanol.

Dip quickly three times in 100% acetone.

Take a piece of Whatman™ #1 filter paper and slip it between the jaws of the forceps holding the
grid to absorb any liquid held there.

5. Place the grid on a clean piece of filter paper while simultaneously pushing it out of the forceps
jaws with a clean piece of filter paper. The grid is then ready to pick up sections.

Eal e M
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Ultrathin Sections

Ultrathin sections of 50-90-nm thickness, with gray to gold interference colors, respectively, are
picked up from below with a freshly cleaned grid. Sections picked up from below usually exhibit less wrin-
kling than those obtained by pushing the grid down upon the sections from above. Sections from block faces
larger than than 0.5mm? tend to have more chatter, wrinkles, and stain dirt. After the sections have been
picked up, blot the bottom (nonsection) side of the grid with a piece of filter paper to pull the drop of water
through the grid holes, thus pulling the sections tightly down on the grid surface. Use the manufactured edge
of a piece of filter paper to go between the forceps jaws to absorb water that has crept in between the forceps
jaws due to capillary action. Push the grid off onto a clean piece of filter paper in a Petri dish with the filter
paper piece.

Different workers insist that sections should be picked up on either the shiny side or the dull side of
copper grids that have sidedness. The argument is that the dull side is not as flat as the shiny side (it is
rougher). It makes no practical difference which side is used, but we pick up sections on the shiny side of
grids routinely, which allows any worker in the laboratory to know on which side of the grids the sections
are located for subsequent handling.

To be safe, no more than four ultrathin sections should be cut at a given point on a glass knife edge. If
each group of four sections is picked up on a grid immediately following cutting, the sections can be examined
with an electron microscope with the knowledge that one will probably be excellent, and the other three will
show increasing evidence of knife defects. If, however, numerous sections are cut from various areas of the
knife before any are put on grids, there is a great chance that a series of later sections from various areas on the
knife could be picked up on one grid, none of which will be of adequate quality to be worthy of photography.

The unsupported edges of sections will curl slightly under the electron beam and will move as they
become heated by the beam, so sample areas right at the edge of a section often cannot be photographed.
In addition, the junction between the specimen surface and empty resin can sometimes come apart during
sectioning, so it is advisable to orient this junction vertically for sectioning, if possible.

Common Sectioning Problems

1. If sections stick to the hair used for manipulating them, run the hair between your thumb and
forefinger to apply a slight coat of body oil. The oil should keep sections from sticking to the hair.

2. If the forming ribbon of sections curves excessively to one side or the other, rotate the block so that
the bottom edge is truly parallel to the knife edge. If this does not work, try to trim the block to
make the top and bottom edge parallel.

3. If an individual section has uneven bands of interference colors, something is probably loose on the
ultramicrotome. Check all locking knobs to make sure that they are tight. If you are using a Leica-
type chuck with stepped ledges to hold a flat block, make sure that all four corners of the block are
in contact with some chuck surface. Finally, make sure that there is no external source of vibration
in the room caused by large equipment or construction activity nearby. A section exhibiting uneven
thickness can also be indicative of poor resin quality (inadequately polymerized or unevenly poly-
merized) or poor specimen infiltration. There will always be a slight difference in resin quality
between areas with specimens and those that consist of resin alone.

4. If section thickness varies between consecutive sections, it usually suggests that ultramicrotome
knobs are not secured or that there are strong air currents resulting in local temperature changes
over short time intervals. If all else fails, increase the section thickness for the stroke that cuts the
thinner of the two sections. In other words, thicken the thinnest section. This remedy does not work
as well when the thicker section is thinned.

5. If sections show chatter, which is regularly spaced lines visible under the electron microscope beam
at a right angle to the direction of sectioning as shown in Fig. 118, or the more severe problem of
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Figure 118. A section exhibiting chatter, consisting of evenly spaced lines at a right angle to the cutting direction. This
resulted from an incorrectly set knife angle but could also be caused by poor infiltration, soft resin, or a block or knife
inadequately secured during microtomy.

compression, which can usually be seen while sectioning, it usually indicates that the knife angle is
wrong, the knife or specimen is not secured, or the plastic blocks are too soft. To determine if the
knife angle and sharpness are adequate, cut sections from a block with known sectioning qualities
and examine them. If they show chatter as well, increase the knife angle 1° and cut more sections
from the test block. If chatter remains, increase the angle 1° more. If chatter remains, the knife is
probably dull. If the test block cuts well at the normal knife angle, check that the new block is prop-
erly secured in the chuck. If it is, the resin is probably too soft. A day or two in the polymerizing
oven may salvage the block (it may be necessary to put it at 80°C).

6. Knife marks in the form of streaks or tears showing uneven spacing and width in the direction of
sectioning (Fig. 119) indicate either a dull knife or hard substances in the block face. The former is
cured by using a new knife, while the latter is best solved by removing the hard materials revealed
during semithin sectioning prior to cutting ultrathin sections.

7. If the block face wets as the block passes the knife edge, it indicates that the water level is too high
or that the knife angle is too shallow. Acrylic resin blocks are notorious for picking up water.
To solve the problem, it is often necessary to blot the block face with filter paper following each
cutting pass.

8. When sections are dragged out of the knife boat and down the back side of the knife with the next
cutting stroke, it is a clear indication that the boat water level is too high, or the knife angle is too
shallow.
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Figure 119. Knife marks, probably caused by hard materials in the block face.
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Staining Methods for
Semithins and Ultrathins

I. SEMITHIN SECTION STAINING

When we speak of staining semithins, we are generally referring to 0.25- to 0.5-pwm-thick
sections cut from blocks of epoxide-embedded tissues. There are other resins such as the acrylic
resins (Lowicryls, LR White and LR Gold) in common use that will have different staining
responses from epoxides because of their partial miscibility with water. In addition, semithin
frozen sections have still other staining characteristics resulting from their significant hydrophilic-
ity. For the purposes of this chapter, however, we will limit our discussion almost exclusively
to the epoxide sections, since these are the most commonly used resins for biological work. Any
of the stains for these resins will work with much reduced staining time on more water-miscible
sections.

Ideally, staining will produce sections with enough contrast for easy visualization and,
better yet, some sort of differential contrast for various cellular components. Histological sections
that have been deparaffinized so that only naked tissue remains on the slide accept a variety of
polychrome stains, which accomplish both these tasks admirably. Unfortunately, because of the
presence of osmium, the heavily cross-linked nature of the epoxide resins, and the hydrophobic-
ity of the resins, it is usually extremely difficult to obtain reproducible results from the numerous
staining regimens used for paraffin sections if applied to epoxide-embedded materials. Lists of
various stains with references to the original works may be found in Hayat (1975) and Lewis and
Knight (1977). Microwave staining has been used to achieve shorter staining times but generally
does not increase the list of stains that work well on epoxide sections.

Various solvents for epoxides have been used to partially dissolve the resins so that stains
could access the tissues more easily, but on a day-to-day basis, this procedure generally is more
trouble than it is worth. Semithin sections are typically just a step along the path to the finished
product, which are photographs of ultrathin sections. Most of these sections are used to determine
where to trim block faces so that ultrathin sections will contain materials of interest, so spending
a great deal of time producing semithins of publishable quality is usually counterproductive.

A. Toluidine Blue-O

Mixing 0.25 g of toluidine blue-O in a 1% solution of sodium borate will produce a stain-
ing solution capable of staining tissues embedded in epoxide resins. This is probably the most
commonly used semithin section stain. Various elements of tissues and cells will stain differen-
tially, yielding sections with a variety of shades of blue. Occasionally, lipids may take on a slightly
greenish hue, and other areas may exhibit a little metachromasia, appearing reddish. These effects

175



176 Chapter 4

can be very pleasing and can help to differentiate between cellular structures, but colors other than
basic blue are generally not consistently reproducible.

The standard procedure is to cut semithin sections and to transfer three or four of them
with a nichrome wire loop attached to an applicator stick to a 1-cm-diameter drop of distilled water
on a glass microscope slide. This slide is placed on a hot plate adjusted to approximately 60 °C
and left until the drop of water has dried completely, allowing the sections to anneal to the glass
slide. Next, a drop of stain is applied to the sections, and the stain drop is observed until the edges
become gold in color, about 15-30's on the hot plate. Then, it is important to rinse the stain droplet
off into a waste container with a stream of distilled water from a squeeze bottle quickly and com-
pletely. It is usually best to direct the stream of water to an area on the slide just above the sec-
tions rather than right at them to diminish the chance of washing them off of the slide. If the stain
dries on the sections, it will produce masses of crystallized stain, rendering the slide unusable (Fig.
120). Once the stain has been washed from the sections, the slide can be reheated for drying, and
then it should be removed from the hot plate.

The dried sections may now be observed with the light microscope. Unless a coverslip is
used, however, good resolution is not possible since most light microscope lenses are designed to
be used with #1.5 coverslips (0.17 wm thick, as marked on most objectives). In addition, any minor
section defects such as small wrinkles and small knife marks, will be clearly visible, which is not
the case after a mounting medium and coverslip are added.

It is important to remove all the water if you intend to use a coverslip on the sections, since
the common permanent mounting media are immiscible with water. A satisfactory temporary
mounting medium for observing semithin sections is either a drop of water or a drop of oil used
for oil immersion lenses.

If the permanent medium Permount® is used, make sure that the area containing the sec-
tions is circled with a marking pen on the bottom of the slide because the stain usually fades over
time as the mounting medium yellows. By marking the slides, the sections can be located again
fairly easily with a phase contrast microscope if the stain does fade. An alternative is to use

Figure 120. Stain dirt on a toluidine blue-O stained section of muscle tissue. 346 X.
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Polysciences Polymount®, which handles just like Permount®, except that it does not cause the
stain to fade, and it does not yellow with time. Polymount® has been used in our laboratory for 18
years, and few of our archived semithin section slides have faded, and none have yellowed.
If either of these media becomes too viscous, it may be diluted with xylene.

If numerous tiny wrinkles (Fig. 121) appear, increasing the hot plate temperature seems to
help. If the section dimensions are significantly larger than 1.5 mm?, large wrinkles are likely to
be a problem, and the stain tends to pool underneath the wrinkles, resisting removal by rinsing and
making these preparations unattractive. If sections are thicker than recommended or are overly
large, they are extremely likely to be washed off the slides during rinsing.

If sections refuse to stick to slides, try washing the slides before use, but this is now an
uncommon problem. Years ago, the slides had more oils on their surfaces from manufacturing,
necessitating washing. Slides may be subbed to help section adherence, as described in the
Techniques section of this chapter, or special coated slides may be purchased from various scien-
tific suppliers. Fisher Scientific markets their coated slides under the name Colorfrost®-Plus.

Figure 121. Small wrinkles on a toluidine blue-O stained section resulting from insufficient heat when sections were
dried onto the slide. 346X.

B. Toluidine Blue-O and Acid Fuchsin

Utilization of these two stains can result in polychromasia (Hayat, 1975; Hoffman et al.,
1983). Nuclei stain dark purple-blue, keratinized tissues stain red, collagen stains red, and other
tissue components stain bluish. Three stocks are necessary: (1) 1% toluidine blue-O in 1% sodium
borate (1 g of each in 100 ml of distilled water), (2) 1% sodium borate solution in distilled water,
and (3) 0.10 g of basic fuchsin dissolved in 100 ml of distilled water. Heat the water to 100 °C, add
the basic fuchsin, and then filter. This solution keeps for about 1 year at room temperature.

Heat-fixed sections are stained with the toluidine blue as described above and then quickly
rinsed. Just prior to use, mix equal parts of basic fuchsin stock and sodium borate stock in a test
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tube. Put a drop of the mixture on the sections and heat them briefly, then rinse with a jet of
distilled water and dry.

As with so many of the polychrome section stains designed for epoxide sections, the
results are not consistent, at least in our laboratory, and so this technique is recommended only
when a photographable section is needed, and time is available to repeat the procedure until the
stain produces the desired result. When staining produces poor results, the sections look very
much like toluidine blue-O-stained sections.

C. Basic Fuchsin/Methylene Blue

This technique, as described by Sato and Shamoto (1973), should produce polychromatic
sections, but unfortunately, the results are often erratic. Sections are stained on a heated slide for
about 4-5s. The staining procedure is essentially the same as for toluidine blue-O. The staining
solution contains the following ingredients:

0.5 g of monobasic sodium phosphate
0.25 g of basic fuchsin

0.2 g of methylene blue

15.0ml of 0.5% boric acid

70ml of distilled water

10ml of 0.72% NaOH

The pH should be adjusted to 6.8-7.5. If the pH is above 8.0, sections become excessively
blue. Once made up, the solution is stable for several months, though it should be shaken before
use. When the stain works properly, it colors mitochondria red, erythrocytes, glomeruli, and
kidney tubules pink, collagen brilliant pink, elastic lamina and zymogen granules reddish purple,
and nuclei bluish purple.

D. Methylene Blue

Some workers prefer a solution of 0.5-1.0% methylene blue in 1% sodium borate to
the toluidine blue-O stain described above. The procedures for use are identical, but the stained
sections have a more delicate blue than found with toluidine blue.

E. Periodic Acid/Schiff’s Reagent

The staining procedure that has been described by Pool (1973) is good at differentiating
polysaccharide-rich areas in epoxide sections. However, this stain cannot be used to definitively
locate polysaccharides because it can also stain glutaraldehyde molecules and often stains
the same areas whether or not periodic acid is used to open up hydroxyl groups. This stain
often produces somewhat inconsistent results, but it can give outstanding results when it works

properly.



Staining Methods for Semithins and Ultrathins 179

Il. ULTRATHIN SECTION STAINING
A. Purpose

The objective in staining ultrathin sections is to render materials with little inherent
contrast visible by causing the materials to scatter the electron beam. It is also useful to be able to
selectively stain various cellular components. Unfortunately, the commonly used poststains (lead
and uranyl stains) are only semiselective. Even this partial selectivity depends on a number of
factors such as pH, length of staining time, vehicle, previous chemical exposures during fixation,
and specific formulation used. Typically, the longer the staining time with a given stain, the more
elements within the tissue that become stained.

Various cytochemical procedures (see Chapter 5) have been developed to specifically
identify specific cellular components, but this section will be devoted primarily to the process of
poststaining to develop general contrast.

Embedding media and biological materials are chemically similar, containing large
amounts of carbon, hydrogen, oxygen, and other fairly electron-transparent atoms, and few atoms
of large atomic weight. Since major contrast differences between the specimen and the embedding
medium do not exist, other materials must be introduced to help develop contrast. The most
effective stains are those containing heavy metals such as lead, uranium, and osmium, which have
sufficient mass to block or scatter electrons that strike the specimen. The larger the mass of the
stain molecules, the better they will block the beam, but the size of the heavy metal ions deposited
during staining can also affect resolution in certain instances. Some workers also suggest
that staining helps to stabilize certain specimen components during bombardment by the
electron beam.

The effects of stain interactions within sections have been studied, and it has been noted
that dye-stacking effects can actually interfere with resolution, in some cases increasing the size
of specific biological structures (see Hayat, 2000 for a discussion of this issue). It has been
reported that poliovirus combines with approximately its own weight of stain before adequate
staining is achieved.

B. En Bloc versus Poststaining

An en bloc stain is used on wet tissue, whereas poststaining is done on sections of tissue
after embedding is completed. Even though osmium tetroxide is usually considered a lipid fixa-
tive (postfixative), it can also be thought of as an en bloc stain, since wherever it becomes reduced
and fixed into the sample, it confers an electron density because of the high atomic weight (190)
of osmium atoms (atomic number 76).

A commonly used en bloc stain is uranyl acetate (Fig. 122). The typical procedure is to rinse
samples thoroughly with distilled water after osmication, since the phosphate and cacodylate buffers
usually used with osmium react strongly with uranyl acetate, and to place them in 0.5% aqueous
uranyl acetate at 4 °C overnight. They are then rinsed with distilled water, dehydrated and embed-
ded. The disadvantages to this technique are that the fixation schedule becomes lengthened, and the
effect of the staining is less than that seen when it is used as a post-stain. Hayat (2000) recommends
using 2% uranyl acetate in the first alcohol or acetone step in the dehydration series for approxi-
mately 15 min, which eliminates one of the objections to en bloc staining with uranyl acetate.
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Figure 122. Horse kidney stained en bloc with 0.5% uranyl acetate. Poststained with Reynold’s lead citrate for
8 min. 5,077 X.

Poststaining of ultrathin sections has several features to recommend it: (1) it is a simple
procedure; (2) staining is more uniform than with en bloc procedures because access to the
sample is easier; (3) there is less chance of tissue damage than with en bloc procedures because
structures are stabilized with the resin matrix; (4) stains will not be extracted during subsequent
procession steps, when the en bloc stains are subsequently subjected to dehydration agents and the
extractive capabilities of the liquid resins themselves; (5) contrast builds faster and generally
exceeds that produced by en bloc staining; and 6) the effect of different staining procedures can
be quickly evaluated on serial sections from the same block, rather than having to process several
samples separately.

C. Commonly Used Post-Stains

1. Uranyl Stains

Uranium atoms with an atomic number of 92 (atomic weight = 238) are the heaviest stain
molecules used. As mentioned above, uranyl stains may be used en bloc, where they can also be
considered to have a fixative effect. They can also be used as poststains or as negative stains (see
Chapter 8). Uranyl stains interact with anionic compounds and are known to bind strongly to phos-
phate groups associated with nucleic acids and phospholipids. They also react with carboxyl
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groups so that various amino acids of proteins can become stained. Uranyl stains are usually used
at pH 3.5—4 and strongly stain proteins. If the pH is adjusted to higher levels, DNA becomes more
strongly stained.

One of the most important features of uranyl stains is that they serve as mordants for lead
stains. This means that subsequent staining procedures involving lead will interact much more
strongly with tissues that have had uranyl exposure. Thus, it is important to perform uranyl and
lead staining procedures in the proper sequence to achieve maximum staining.

Uranyl stains used en bloc must be handled carefully because they will interact with
phosphate and cacodylate buffers, coprecipitating with the buffer compounds and resulting in
ineffective staining. When used as poststains, uranyl solutions are made up in alcohol or water, so
this problem does not arise. Uranium is both a heavy metal and radioactive, though the product
marketed by electron microscopy supply houses is significantly depleted of its radioactivity. The
toxicity of this element mandates that it should be handled carefully, with all of the waste gener-
ated viewed as toxic. The staining solutions are photolabile and should be stored in the dark
between uses.

The mechanism of staining appears to be ionic, though it is not clearly defined in all cases.
Binding of uranyl ions can be reduced as much as 75% in phosphate-depleted cells (Van Stevenick
and Booij, 1964).

Uranyl ions form simple salts with phosphate groups of DNA and thus reduce the net
charge of DNA molecules, thereby allowing them to clump together to some extent. Bacterial
DNA is stabilized, and extraction of eukaryotic DNA from its histone shell is prevented by uranyl
acetate treatment (Stoeckenius, 1960). However, RNA is more reactive with lead stains. Huxley
and Zubay (1961) reported that sufficient uranyl ions complex with DNA to almost double its
weight.

Uranyl stains are known to reduce the solubility of phospholipids when used en bloc.
Uranyl ions have also been shown to interact with phosphate groups in lecithin monolayers and to
react with phosphate groups in both saturated and unsaturated lecithins, but not with the fatty-acid
side chains (Shah, 1969).

Proteins such as histones, ribonucleoproteins, and phosphoproteins stain, with the stain
density apparently related to the amount of charge on the protein molecule. The collagen protein
stains strongly, and the protein moieties in membranes seem to be largely responsible for
cytomembrane staining.

As with all staining regimens, prior treatment of the tissue with other chemical agents can
affect staining. In particular, if long osmium treatment is used, uranyl acetate staining is reduced.

There are a variety of uranyl stains utilized for poststaining such as uranyl acetate, uranyl
formate, uranyl magnesium acetate, and uranyl nitrate (see Hayat, 2000, for further discussion).
The most commonly used formulations are either aqueous or alcoholic uranyl acetate. Powdered
uranyl acetate can be purchased from all the electron microscopy supply houses. All resins except
Spurr resin and a few of the Epon 812 substitutes stain readily with a 3-4% aqueous solution pro-
duced by adding the powdered uranyl acetate to distilled water in a lightproof container, sonicat-
ing it briefly, and letting it sit overnight before use. If Spurr resin is used, either methanolic or
ethanolic uranyl acetate must be used to yield effective staining. A 4-5% solution is made up with
50-100% methanol. With all three of the solvents used, a saturated solution is generally the
objective, and solubility increases through the series from water to ethanol to methanol. Since the
solution is saturated, it is important not to pick up drops of the stain from the bottom of the con-
tainer, or masses of large, elongate crystals characteristic of uranyl acetate will be deposited on
the sections being stained (Fig. 123). Any time elongate crystals are seen on sections, the uranyl
acetate staining step should be evaluated.
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Figure 123. Needle-like crystals of uranyl acetate on muscle tissue section. 45,500X.

Since uranyl acetate solutions are photosensitive, some workers stain materials in the dark,
but this is not necessary. It is important to remove all the uranyl acetate stain because the solution
is acidic and will coprecipitate with the basic lead secondary poststains. Uranyl acetate solutions
stored in the dark will keep for approximately one month at room temperature. If large amounts
of precipitate are observed on the sides or bottom of the vessel containing the solution, discard it.
If such solutions are used to stain sections, it will become evident because the chromatin in nuclei
will be largely unstained, and mitochondrial membranes do not stain normally.

2. Lead Stains

Lead has an atomic number of 82 (atomic weight = 207) and is used as a poststain because
it scatters electrons very effectively. It has also occasionally been used en bloc (Pisam et al.,
1987). Lead salts produced in poststained sections increase contrast more intensely in the pres-
ence of reduced osmium bound to tissue than do uranyl salts. As mentioned in the previous sec-
tion, uranyl acetate poststaining serves as a mordant for lead stains, resulting in much more intense
staining. Figure 124 compares sections block of rat kidney that have received no poststaining
(Fig. 124A), have been poststained only with methanolic uranyl acetate (Fig. 124B), or have been
stained with methanolic uranyl acetate, followed by lead citrate (Fig. 124C).

Lead precipitates form quite readily because of the high reactivity of lead with carbon
dioxide and oxygen in the air to form lead carbonate (PbCO;), which may appear as finely
granular “pepper” precipitates. It may also present as larger granular aggregates (Fig. 125) or, in
some cases, as large globose deposits (Fig. 126). Many workers go to great lengths to exclude
air from staining dishes or to surround stain drops with carbon dioxide scavengers such as KOH.
Lead forms crystals with most anions, and these crystals are highly insoluble because they are
hydrophobic. Any lead solution with evidence of precipitate should be discarded because of the
likelihood of producing large amounts of stain dirt on sections. Lead staining solutions and waste
should be handled carefully because of their well-known toxicity.



Figure 124. Gold sections of rat kidney in Spurr resin. (A) No poststain. Minor electron density primarily due to osmium
incorporated during postfixation. 13,327 X. (B) Poststained only with methanolic uranyl acetate for 5 min. Overall increase
in contrast is obvious, particularly with membranes. Ribosomes are clearly visible in the cytoplasm, which was not the
case with (A) above. 13,327 X.
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Figure 124. (C) Poststained for 5min with methanolic uranyl acetate, followed by 8 min with Reynold’s lead citrate.
All cellular components are well defined. Membranes are dark, ribosomes are clearly obvious, and heterochromatin is well
stained. 13,327 X.

Figure 125. Granular lead deposits on sections of muscle resulting from contaminated lead poststaining solution.
21,923X.
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Figure 126. Globose lead stain deposits on tissue section. 38,127 X.

Lead staining is influenced by the fixatives used in tissue preparation and the individual
cellular constituents being examined. Nucleoli and ribosomes are stained more by lead in formalin-
fixed tissue than in tissues fixed with osmium alone, while glycogen stains about the same in both
instances.

Lead stains are most effective and stable at high pH. The widely used formulation of lead
citrate introduced by Reynolds (1963) has a pH of 12-13. As with most poststains, prolonged
staining results in less specific staining. All of the alkaline lead stains react with similar cellular
components, differing only in speed of staining, ease of formulation, and storage characteristics.

The detailed mechanisms of staining particular cellular components are not clearly under-
stood. Membrane staining is thought to result from lead interacting with the previously bound
acidic osmium molecules, which have an affinity for positive dye ions such as lead. Glycogen is
stained by the attachment of lead to the hydroxyl groups of carbohydrates by chelation, and then
additional lead accumulates around the primarily attached lead. Proteins with large numbers of
sulfhydryl groups stain readily, as do other proteins containing amino acids with negative charges.
Nucleic acids are stained when lead complexes with negatively charged phosphate groups. RNA,
in particular, has a high affinity for lead.

A number of lead formulations have been tried over the years. Watson (1958) worked with
lead hydroxide, which is probably the best stain, but it is tedious to formulate and forms lead car-
bonate upon reacting with air extremely readily. It also seems to produce higher levels of precip-
itate, probably because of the highly saturated nature of the solution. Lead acetate was introduced
by Dalton and Ziegel (1960) with the intention of reducing lead carbonate formation. Lead tartrate
(Millonig, 1961) was suggested as less likely to produce lead carbonate deposits because of the
chelation of lead by tartrate. Reynolds (1963) introduced the most widely used lead stain, lead
citrate. In his formulation, lead is strongly chelated with citrate, reducing its tendency to form lead
carbonate upon interaction with air while still producing better staining than the lead tartrate for-
mulation introduced earlier. The basic mechanism of action for this formulation is that anionic
staining sites have a greater affinity for lead cations than does the citrate portion of the solution,
while, at the same time, CO, and oxygen have less affinity for the lead.
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Dispose of all lead waste in dedicated containers that can be picked up by toxic waste dis-
posal personnel. Remember that the solutions are toxic, dried droplets of stain are toxic if inhaled,
and lead should not be discarded down drains.

As mentioned previously, uranyl acetate serves as a mordant for lead, so lead poststaining
should always follow uranyl acetate treatment (en bloc or as a poststain). Mollenhauer and Morré
(1978) suggested that grids floated on a droplet of lead stain will become more contaminated from
interactions with CO, in the air than those buried beneath the drop.

In recent years, we discovered that the pH of city water as well as deionized and distilled
water made from city water can have a disturbingly low pH on some occasions. If grids stained
with the typical combination of uranyl acetate followed by lead citrate have a final rinse in low pH
water (we have recorded tap water with a pH of less than 3.5 on occasion), the stain will be seri-
ously compromised (Fig. 127).

It is imperative that grids be carefully dried before going from uranyl acetate solutions to
lead solutions, to prevent coprecipitation of the stains. In addition, proper drying of grids will pre-
vent folds in sections, particularly with Spurr resin sections (Fig. 128). The method is described
in the section Chapter 4 Techniques.

Double lead staining has been recommended for tissues that do not stain well with con-
ventional procedures (Daddow, 1986). The procedure is to stain sections in Reynolds’ lead citrate
for 30s, rinse in distilled water, stain with uranyl acetate for 1 min, rinse again, and restain with
Reynolds’ lead citrate.

Figure 127. Section of rat kidney stained with uranyl acetate and lead citrate, inadvertently rinsed in distilled water at
approximately pH 3.5. 13,327X.
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Figure 128. Folds in an ultrathin section of a Spurr resin block, induced by improper drying of the sections. 2,720X.

3. Phosphotungstic Acid

Phosphotungstic acid (PTA) was first used to impart electron density to tissues by Hall
et al. (1945). It has been used as an en bloc stain but is most commonly employed as a negative
stain for bacteria, viruses, and subcellular particle suspensions (see Chapter 8 on Negative Staining).
Negatively charged molecules are the principal sites of PTA binding. Complex polysaccharides
with negative charges are stained well. The mechanisms of staining for various cellular compo-
nents are still uncertain. En bloc staining with PTA has been said to result in blocks that are more
difficult to section, and much of the bound PTA can be removed by the solvent activity of epox-
ide resins. Since most conventional fixation methods involve epoxide embedment, the use of PTA
as a general en bloc stain is not commonly seen. Hayat (2000) provides an extensive discussion of
PTA staining of tissues for the interested reader.

4. PTA/Chromic Acid

Roland et al. (1972) introduced a novel poststain composed of PTA and chromic acid that
preferentially stained the plasma membranes of plant cells while leaving the other cytomembranes
unstained. They did not know the mechanism or why it worked with tissues embedded in most
epoxide resins, but not Spurr resin. It has been used successfully to analyze populations of
isolated cytomembranes to determine the percentage of plasma membranes in the samples.

5. Barium Permanganate

Permanganates have been used as general poststains in the past, but because of frequent
precipitate formation on sections, they are not currently used much. Hohl er al. (1968) used
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barium permanganate as a specific stain for cellulose fibrils in the cellular slime mold,
Acytostelium. A solution of 0.5-1% in distilled water effectively increases the electron density of
cellulose if sections are stained for 1-2 min after lead staining (rinse with distilled water between
the stains). Stain precipitation can still be a problem, so excessive staining is to be avoided, and
careful washing is mandatory.

D. Microwave Staining

During the last 15-20 years, microwaves have come into common use for staining histo-
logical sections for light microscopy, particularly with those stains involving silver compounds
(Brinn, 1983). Various workers have also utilized microwave staining for ultrathin sections of
epoxide-embedded materials, particularly in the setting of human pathology laboratories where
diagnostic materials need to be processed quickly. Estrada ez al. (1985) described a procedure uti-
lizing a 400 W, 2,450 MHz microwave with a rotating platform to accelerate both uranyl acetate
and lead staining. They illustrated their work with photographs of human heart biopsy material
fixed with glutaraldehyde and osmium, dehydrated and embedded in Epon. They cut ultrathin sec-
tions, placed them on grids, and then immersed the grids in 3—4 ml of the staining solutions for the
microwave step. The two stains used were 4% aqueous uranyl acetate and Reynolds’ (1963) lead
citrate. If they microwaved the grids for 15 sec in each stain, they achieved excellent results. The
normal procedure they had previously used was 30 min in the uranyl acetate solution followed by
10 min in lead citrate. The materials so stained actually appeared slightly overstained in their illus-
trations, but their main point was that they could cut about 39 min from their procedures for
preparing sections to make diagnoses. They also mentioned that they used the technique success-
fully on kidney, liver, nasal brushings, skin biopsies, and tumors.

E. Dark-Field Imaging without Staining

Dark-field imaging is a method that can provide added contrast for low-contrast specimens,
though with a decrease in overall image intensity. Rather than utilizing the axial and only slightly
scattered part of the beam in imaging as is done with conventional TEM (bright-field) observa-
tion, the widely scattered part of the beam is used for imaging. Since the scattered part of the beam
is being used, the electrons have more varied energy levels than with bright-field viewing, leading
to greater levels of chromatic aberration and, hence, lower resolution.

There are two ways to produce dark-field images in a TEM. The first and simplest is
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